
mdpi.com/journal/bioengineering

Special Issue Reprint

Cell-ECM Interactions for 
Tissue Engineering  
and Tissue Regeneration 

Edited by 

Ngan F. Huang and Brandon J. Tefft



Cell-ECM Interactions for Tissue
Engineering and Tissue Regeneration





Cell-ECM Interactions for Tissue
Engineering and Tissue Regeneration

Editors

Ngan F. Huang

Brandon J. Tefft

Basel • Beijing • Wuhan • Barcelona • Belgrade • Novi Sad • Cluj • Manchester



Editors

Ngan F. Huang

Stanford University

Stanford, CA, USA

Brandon J. Tefft

Medical College of Wisconsin

Milwaukee, WI, USA

Editorial Office

MDPI

St. Alban-Anlage 66

4052 Basel, Switzerland

This is a reprint of articles from the Special Issue published online in the open access journal

Bioengineering (ISSN 2306-5354) (available at: https://www.mdpi.com/journal/bioengineering/

special issues/Cell ECM Interactions).

For citation purposes, cite each article independently as indicated on the article page online and as

indicated below:

Lastname, A.A.; Lastname, B.B. Article Title. Journal Name Year, Volume Number, Page Range.

ISBN 978-3-0365-9989-2 (Hbk)

ISBN 978-3-0365-9990-8 (PDF)

doi.org/10.3390/books978-3-0365-9990-8

© 2024 by the authors. Articles in this book are Open Access and distributed under the Creative

Commons Attribution (CC BY) license. The book as a whole is distributed by MDPI under the terms

and conditions of the Creative Commons Attribution-NonCommercial-NoDerivs (CC BY-NC-ND)

license.



Contents

About the Editors . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . vii

Preface . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . ix

Danielle Yarbrough and Sharon Gerecht

Engineering Smooth Muscle to Understand Extracellular Matrix Remodeling and Vascular
Disease
Reprinted from: Bioengineering 2022, 9, 449, doi:10.3390/bioengineering9090449 . . . . . . . . . . 1

Jeremy Goldman, Shu Q. Liu and Brandon J. Tefft

Anti-Inflammatory and Anti-Thrombogenic Properties of Arterial Elastic Laminae
Reprinted from: Bioengineering 2023, 10, 424, doi:10.3390/bioengineering10040424 . . . . . . . . . 17

Astha Khanna, Beu P. Oropeza and Ngan F. Huang

Engineering Spatiotemporal Control in Vascularized Tissues
Reprinted from: Bioengineering 2022, 9, 555, doi:10.3390/bioengineering9100555 . . . . . . . . . . 33

Bryan T. Wonski, Bruce Fisher and Mai T. Lam

Hydrogel Coating Optimization to Augment Engineered Soft Tissue Mechanics in Tissue-
Engineered Blood Vessels
Reprinted from: Bioengineering 2023, 10, 780, doi:10.3390/bioengineering10070780 . . . . . . . . . 59

Meike C. Ploeg, Chantal Munts, Tayeba Seddiqi, Tim J. L. ten Brink, Jonathan Breemhaar,

Lorenzo Moroni, et al.

Culturing of Cardiac Fibroblasts in Engineered Heart Matrix Reduces Myofibroblast
Differentiation but Maintains Their Response to Cyclic Stretch and Transforming Growth
Factor β1
Reprinted from: Bioengineering 2022, 9, 551, doi:10.3390/bioengineering9100551 . . . . . . . . . . 73

Alvis Chiu, Wenkai Jia, Yumeng Sun, Jeremy Goldman and Feng Zhao

Fibroblast-Generated Extracellular Matrix Guides Anastomosis during Wound Healing in an
Engineered Lymphatic Skin Flap
Reprinted from: Bioengineering 2023, 10, 149, doi:10.3390/bioengineering10020149 . . . . . . . . . 87

Kameel Zuniga, Neda Ghousifam, John Sansalone, Kris Senecal, Mark Van Dyke

and Marissa Nichole Rylander

Keratin Promotes Differentiation of Keratinocytes Seeded on Collagen/Keratin Hydrogels
Reprinted from: Bioengineering 2022, 9, 559, doi:10.3390/bioengineering9100559 . . . . . . . . . . 101

Neil J. Patel, Anisa Ashraf and Eun Ji Chung

Extracellular Vesicles as Regulators of the Extracellular Matrix
Reprinted from: Bioengineering 2023, 10, 136, doi:10.3390/bioengineering10020136 . . . . . . . . . 121

Calvin L. Jones, Brian T. Penney and Sophia K. Theodossiou

Engineering Cell–ECM–Material Interactions for Musculoskeletal Regeneration
Reprinted from: Bioengineering 2023, 10, 453, doi:10.3390/bioengineering10040453 . . . . . . . . . 137

Aylin Acun, Ruben Oganesyan, Maria Jaramillo, Martin L. Yarmush and Basak E. Uygun

Human-Origin iPSC-Based Recellularization of Decellularized Whole Rat Livers
Reprinted from: Bioengineering 2022, 9, 219, doi:10.3390/bioengineering9050219 . . . . . . . . . . 173

v



Yuanjia Zhu, Charles J. Stark, Sarah Madira, Sidarth Ethiraj, Akshay Venkatesh,

Shreya Anilkumar, et al.

Three-Dimensional Bioprinting with Alginate by Freeform Reversible Embedding of Suspended
Hydrogels with Tunable Physical Properties and Cell Proliferation
Reprinted from: Bioengineering 2022, 9, 807, doi:10.3390/bioengineering9120807 . . . . . . . . . . 189

vi



About the Editors

Ngan F. Huang

Ngan F. Huang, Ph.D. is an Associate Professor in the Department of Cardiothoracic Surgery at

Stanford University and a Research Career Scientist at the Veterans Affairs Palo Alto Health Care System.

Dr. Huang completed her BS in Chemical Engineering from the Massachusetts Institute of Technology,

followed by a PhD in Bioengineering from the University of California Berkeley and the University

of California San Francisco Joint Program in Bioengineering. Prior to joining the faculty, she was a

postdoctoral scholar in the Division of Cardiovascular Medicine at Stanford University. Her laboratory

investigates the interactions between stem cells and the extracellular matrix microenvironment to

engineer cardiovascular tissues to treat cardiovascular and musculoskeletal diseases. Her recent research

focuses on the role of microgravity during the drug screening of engineered muscle tissue. Dr. Huang

has authored over 90 publications and patents, including those in Nat Med, PNAS, and Circ Res. She is

the recipient of a Research Career Scientist Award from the Department of Veteran Affairs. She recently

received the Society for Biomaterials Mid-Career award and the Alan Hirsch Mid-Career Award in

Vascular Medicine from the American Heart Association. She has active or completed projects funded

by the NIH, NSF, AHA, Department of Defense, California Institute of Regenerative Medicine, and

Department of Veteran Affairs.

Brandon J. Tefft

Brandon J. Tefft, PhD is an Assistant Professor in the Joint Department of Biomedical Engineering

at the Medical College of Wisconsin and Marquette University. Dr. Tefft completed his BS in General

Engineering from the University of Illinois Urbana-Champaign, followed by a MS and PhD in Biomedical

Engineering from Northwestern University. He then completed postdoctoral research fellowship training

at Mayo Clinic in the Department of Cardiovascular Medicine. His research program focuses on

regenerative engineering strategies to treat cardiovascular diseases including coronary heart disease,

valvular heart disease, vascular disease, and congenital heart disease. His lab develops devices and

tissues to replace or reconstruct blood vessels, cardiac valves, and cardiac tissue. Dr. Tefft has received

numerous honors including a NSF Graduate Research Fellowship Program Award, NIH K99/R00

Pathway to Independence Award, and American Heart Association Career Development Award. He has

active or completed projects funded by NIH, NSF, AHA, and Advancing a Healthier Wisconsin.

vii





Preface

The extracellular matrix (ECM) is a dynamic scaffold structure that surrounds all cells in the body

and provides structural integrity as well as dynamic signaling cues. These ECM cues influence many

aspects of cellular function and phenotype, including cell death, proliferation, cell fate specification,

and tissue morphogenesis. Therefore, it is critically important to understand the impact of ECM

interactions on disease pathology, tissue engineering, and tissue regeneration. These original research

and review articles illustrate the importance of ECM interactions on fundamental cell behavior. Using

bioengineering and biomaterial strategies, the effects of the ECM on cell behavior and function can be

systematically studied. Cell–ECM interactions are further explored in a variety of tissue and disease

models, including cardiovascular, musculoskeletal, lymphatic, and skin applications. These articles

were published from 2022 to 2023 in Bioengineering.

Ngan F. Huang and Brandon J. Tefft

Editors
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Engineering Smooth Muscle to Understand Extracellular Matrix
Remodeling and Vascular Disease
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* Correspondence: sharon.gerecht@duke.edu

Abstract: The vascular smooth muscle is vital for regulating blood pressure and maintaining cardio-
vascular health, and the resident smooth muscle cells (SMCs) in blood vessel walls rely on specific
mechanical and biochemical signals to carry out these functions. Any slight change in their sur-
rounding environment causes swift changes in their phenotype and secretory profile, leading to
changes in the structure and functionality of vessel walls that cause pathological conditions. To
adequately treat vascular diseases, it is essential to understand how SMCs crosstalk with their sur-
rounding extracellular matrix (ECM). Here, we summarize in vivo and traditional in vitro studies of
pathological vessel wall remodeling due to the SMC phenotype and, conversely, the SMC behavior
in response to key ECM properties. We then analyze how three-dimensional tissue engineering
approaches provide opportunities to model SMCs’ response to specific stimuli in the human body.
Additionally, we review how applying biomechanical forces and biochemical stimulation, such as
pulsatile fluid flow and secreted factors from other cell types, allows us to study disease mechanisms.
Overall, we propose that in vitro tissue engineering of human vascular smooth muscle can facilitate a
better understanding of relevant cardiovascular diseases using high throughput experiments, thus
potentially leading to therapeutics or treatments to be tested in the future.

Keywords: tissue engineering; extracellular matrix; vascular smooth muscle cells; cardiovascular
disease

1. Introduction

Cardiovascular disease (CVD) is the leading cause of death worldwide and involves
a myriad of conditions evolved from different disease states affecting the behavior of the
major cell types in the vascular system [1]. Vascular smooth muscle cells (SMCs) play an
integral role in vasoconstriction and blood pressure regulation, and the pathological dys-
regulation of these vascular properties due to SMC dysfunction can lead to life-threatening
conditions. Along with fibroblasts, SMCs secrete and degrade the vessel wall’s extracel-
lular matrix (ECM). The components, structure, and mechanical properties of the ECM
dictate SMC phenotype via biomechanical and biochemical signals, and the SMCs, in turn,
remodel the ECM via secretory factors and direct interaction via the focal adhesions [2].
These interactions are essential to understand how the ECM’s crosstalk with the vasculature
contributes to life-threatening disease states, many of which are brought on by stiffening
arterial walls.

Animal models help us to understand these disease states on a systemic level [3].
The genome of rodents can be altered so that a specific phenotype corresponding to a
disease state of interest can be studied. However, there are reported differences in the
physiology and overall functionality of human vasculature compared to animal models [4],
and induced genetic mutations in rodents may not necessarily result in a relevant phenotype
in humans suffering from a similar genetic defect. Large animal models, such as swine and
sheep, allow for the pre-clinical testing of potential surgical or therapeutic treatments for

Bioengineering 2022, 9, 449. https://doi.org/10.3390/bioengineering9090449 https://www.mdpi.com/journal/bioengineering
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severe cardiovascular events [5]. Nonetheless, extensive animal studies are expensive and
not amenable to high throughput experimentation.

Tissue engineering with human cells offers a unique opportunity and ability to model
biological cues accurately in vitro [6]. Thus, engineered tissues can better recapitulate
how cells are likely to behave in the human body and enable a better understanding of
diseases and the underlying mechanisms governing them. In this review, we discuss recent
studies using traditional in vitro culture systems and animal models that have improved
our understanding of how specific properties of the ECM in the vasculature modulate the
SMC phenotype, and how the SMCs, in turn, alter the makeup of that ECM. We also discuss
how other external cues, such as flow, mechanical strain, and biochemical signals, are used
to create three-dimensional (3D) tissue engineered in vitro models of vasculature. These
models can help further elucidate the SMC behavior and contribute to a more profound
knowledge of cardiovascular diseases resulting from smooth muscle tissue dysfunction.

2. ECM Properties Affecting SMC Phenotype

Because SMCs are so vital to healthy vascular function, there is an extensive base of
knowledge around the various CVD phenotypes related to SMC behavior. Many of these
disease phenotypes result from SMCs exhibiting phenotypic plasticity, meaning they can
shift between a more mature or immature phenotype, depending on signals from the ECM.
When SMCs are in a more immature state seen during development and vascular disease
or injury, known as the synthetic phenotype, they proliferate quickly and secrete more
significant amounts of ECM proteins. On the other hand, when the vessels are healthy,
SMCs are typically in a more mature state, known as the contractile phenotype [7]. In vivo
studies, particularly in rodent models, have pinpointed the specific ECM molecules’ role in
SMC phenotypic shifting and the overall vascular function resulting from this behavior. The
ability to genetically modify these organisms has given investigators insight into how the
entire system is affected by the increased expression of a signaling molecule or the absence
of a certain protein. The isolation and in vitro culture of SMCs from these in vivo models
or human tissues has additionally prompted further insight into some of the mechanisms
behind these changes.

When SMCs are cultured on 2D substrates, detailed phenotypic characteristics can be
evaluated through a variety of methods. Contractile marker expression can be quantified
as protein or RNA transcript [8,9]. The degree of functional contractility can be determined
via planar cell surface area (PCSA) measurement before and after the treatment of cells
with vasodilating or vasoconstricting agents [10–12]. The calcium and potassium ion chan-
nel activity, which directly induces the SMC contractile function, can be evaluated via
electrical current measurement across the cell membrane using patch clamp electrophys-
iology [13–15]. Recent studies using methods such as these and the major findings are
discussed below and summarized in Figure 1 and Table 1.

Table 1. Summary of recent studies covering ECM factors involved in SMC behavior regulation.

Extracellular Matrix (ECM) Property Factor or Pathway of Interest Experimental Model Findings

Stiffness

Lysyl oxidase-like 2 (LOXL2) Human smooth muscle cells (SMCs) in
2D culture; LOXL2 knockout mice

• LOXL2 promotes vascular
stiffening by increasing overall
cell and matrix stiffness and
SMC contractility [16]

Mineralocorticoid receptor (MR) MR deleted male mice • Progression of cardiac fibrosis is
mitigated by MR deletion

• Therapeutic antagonism of MR
produced antifibrotic
biomarkers [17]

Circulating molecules Parabiosis with young and old mice • In young mice, introduction of
blood from old mice
upregulated genes related to
pathologic wall remodeling [18]

2
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Table 1. Cont.

Extracellular Matrix (ECM) Property Factor or Pathway of Interest Experimental Model Findings

Focal adhesion kinases (FAKs) and
N-cadherin

FAK knockout mice • Inhibition of FAK activity blocks
SMC proliferation and
neointimal hyperplasia after
injury [9]

FAK and N-cadherin knockout mice • N-cadherin, in response to FAK
activation, mediates cell–cell
adhesion and SMC proliferation
rate [19]

Transforming factor beta (TGF-β)
signaling pathway

Human SMCs on collagen I
(COL1)-coated polyacrylamide (PA)
gels

• SMC contractile phenotype is
induced as substrate stiffness
increased; Inhibition of
TGF-beta receptor reversed the
stiffness effects [8]

Human SMCs on polymethylsiloxane
(PDMS)

• SMCs expressed highest levels
of osteogenic markers on
intermediate stiffness gels (0.9
MPa) as opposed to high or low
stiffness [20]

Human SMCs on silk fibroin gels • Softer gels induced maturation
of mesenchymal stem cells into
SMCs [21]

DNA methyltransferase I (DNMT1) Human SMCs on fibronectin
(FN)-coated PA gels; acute aortic injury
and chronic kidney failure mouse
models

• Substrate stiffening induced
synthetic phenotype in SMCs

• DNMT1 is repressed in
stiffening arteries of both mouse
models

• DNMT1 inhibition facilitates
increased arterial stiffening in
mice, and cellular stiffening and
calcification in vitro [22]

Ascending thoracic aortic aneurysm Healthy and aneurysmal human SMCs
on compliant hydrogels

• Cytoskeletal stiffness was
increased as substrate stiffness
increased; aneurysmal cells
exhibited increased traction
forces compared to healthy
cells [23]

Fibrillar
Protein
Composition

Fibronectin Porcine SMCs suspended in COL1-FN
gels

• Fibronectin promoted elastin
deposition and expression of
assembly proteins; gel
contraction and elastic modulus
were increased in
fibronectin-laden gels [24]

Elastin Human smooth muscle cells on porous
collagen-elastin scaffold sheets

• Elastin promoted mechanical
and viscoelastic properties
similar to native vessels, and
contractile SMC phenotype [25]

Collagen 1 and fibronectin Human smooth muscle cells on
ECM-coated polyacrylamide gels

• SMCs on COL1-coated gels
showed decreased migration
and increased stress fiber
orientation, and more organized
cytoskeleton on stiffer gels,
while the reverse was true for
FN-coated gels [26]

Non-fibrillar Protein Abundance and
Structure

Advanced Glycation End products
(AGEs)

Mice models • AGEs increase vascular stiffness
by prompting collagen
crosslinking and inflammatory
activation [27]

Hyaluronic acid (HA) Human SMCs cultured on
micropatterned and HA/ECM-coated
titanium

• HA/ECM surface inhibits
excessive SMC proliferation [28]

Rho-related BTB domain–containing
protein 1 (RhoBTB1)

Angiotensin-II treated (hypertensive)
mice • RhoBTB1 alleviates arterial

stiffness via actin
depolymerization, but does not
reverse hypertension [29]

Elastin assembly proteins Knockout mice models • Genetic deletions of specific
elastin polymerization proteins,
such as fibulin-4, fibrillin-1, lysyl
oxidase, etc. degrade the
integrity of elastin-contractile
units, resulting in a range of
disease phenotypes [30]

3
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Table 1. Cont.

Extracellular Matrix (ECM) Property Factor or Pathway of Interest Experimental Model Findings

Small leucine-rich repeat
proteoglycans

Human coronary artery bypass
patients • High pulse wave velocity was

associated with significant
downregulation of these
proteoglycans, implicating
involvement of collagen
fibrillogenesis [31]

Lysyl hydroxylase I (PLOD1), lysyl
oxidase (LOX)

Human and mouse SMCs cultured in
osteogenic medium • LOX overexpressing mouse

SMCs exhibited increased
calcification and increased
collagen crosslinking [32]

Post-translationally modified
(glycosylated) fibronectin (gFN)

Rat SMCs on fibronectin • SMC adhesion to glycosylated
fibronectin (gFN) was increased
compared to native fibronectin,
and was integrin independent;
RAGE inhibition blocked
adhesion to gFN [33]

Protein and lipid phosphatase (PTEN) Mice with SMC-specific-PTEN
knockout; Isolated human
atherosclerotic arteries

• PTEN expressed in the SMC
nuclei regulates the Serum
Response Factor, maintaining
the contractile phenotype; and
PTEN expression is decreased in
human atherosclerotic lesions
[34]

Matrix metalloproteinase-12 (MMP12) MMP12 knockout mice • Deletion of MMP12 abrogates
arterial stiffening by reducing
elastin degradation [35]

Matrixmetalloproteinase-9 (MMP9) Macrophage depleted mice • Resident macrophages regulate
collagen production in SMCs by
MMP9 production, mediated by
interaction of macrophages with
hyaluronan [36]

 
Figure 1. Schematic illustration of factors that prompt SMC maturation in culture systems (top) or
disease progression in animal models (bottom). Created with BioRender.com.
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2.1. Stiffness

Stiffness is an important mechanical property of the ECM in vessel walls and tightly
regulates the ability of SMCs to control blood pressure. In turn, increased ECM stiffness,
associated with many prominent CVDs, can be exacerbated from changes in the expression
of specific genes and secreted factors by the cells. Genetically modified mice have been
used extensively to identify the mediators of vascular ECM stiffness in SMCs. In a study
of age-related vascular stiffening, the depletion of lysyl oxidase-like 2 (LOXL2) results in
increased stiffening with age in mice [16], and mineralocorticoid receptor depletion in aged
mice and pharmacological inhibition in elderly humans successfully mitigates vascular
fibrosis [17]. In addition, young mice introduced to blood flow from old mice via parabiosis
show an upregulation of the genes related to the pathologic vascular wall remodeling [18].
Focal adhesion kinases (FAK) and related focal adhesion proteins have also been an area of
interest in studying ECM stiffness effects, as SMC focal adhesions are highly dependent on
the stiffness of their matrix and regulate the contractile capability of the cells [37]. Transgenic
mouse models have revealed that the aberrant activation of FAKs (chemically induced)
contributes to increased neointimal hyperplasia via cyclin D1 signaling [9]. Additionally,
SMC proliferation and neointima formation were reduced in response to injury when FAK
and/or N-cadherin genes are knocked out. Complementary 2D in vitro studies indicated
that N-cadherin mediates stronger cell–cell adhesions and increased the proliferation rate
in response to increased ECM stiffness and FAK activation [19].

For many in vitro studies, the cells are cultured in two-dimensional (2D) Petri dishes
or gels engineered to have tunable chemistry and tightly controlled stiffness properties.
This allows for a detailed evaluation of how single variable changes in substrate stiffness
or other matrix mechanical properties affect cells. SMCs cultured on collagen I-coated
polyacrylamide (PA) gels (stiffness ranging from 1 to 100 kPa) exhibit increased expression
of contractile markers on stiffer substrates, mediated through transforming growth factor
beta (TGFβ) signaling [8], while SMCs on fibronectin-coated PA gels shifted to a synthetic
phenotype through the downregulation of DNA methyltransferase 1 as substrate stiffness
increased [22]. The SMCs deposit high levels of calcium and undergo osteogenesis on
poly(dimethylsiloxane) (PDMS) substrates of intermediate stiffness (0.91 MPa) when com-
pared to substrates of extreme high (2.33 MPa) or low (0.36 MPa) stiffness [20]. Meanwhile,
the actual stiffness of the cytoskeleton in the SMCs can be affected by the properties of the
surrounding matrix. Cytoskeletal stiffness can be analyzed using atomic force microscopy
(AFM), and this method has been used to show that increased substrate stiffness results in
significantly larger traction forces applied by aortic SMCs [23]. Alternatively, an increase in
cytoskeletal stiffness brought on by genetic mutation, such as a gain-of function mutation
in the hypoxia-inducible factor 2α gene, can lead to a positive feedback loop and signaling
cascade, ultimately leading to pathological vessel wall stiffening and hypertension [38].

2.2. Fibrillar Protein Composition

The composition of the ECM surrounding the SMCs in the vessel walls is tightly
regulated throughout the development and maturation of the vasculature. The most
abundant components in the ECM (most notably collagen, elastin, fibronectin, and laminin)
make up the fibrillar network and work together to provide support and flexibility to blood
vessels that need to expand and contract steadily throughout the human lifespan. When the
vasculature is diseased, the ratio of these vital components shifts due to changes in ECM
protein secretion and expression of ECM modifiers (crosslinkers and proteases) [39]. In a
diseased state, SMCs in their synthetic phenotype exhibit increased collagen expression,
decreased expression of mature contractile markers, and increased cell migration and
proliferation. On the other hand, healthy SMCs in their mature contractile phenotype
produce higher levels of elastin, and express robust contractile markers, such as smooth
muscle myosin heavy chain (SM-MHC) [7,40].

To understand their relationship with the ECM, these components are used in vitro to
promote either contractile or synthetic phenotype in SMCs. For example, the addition of

5
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soluble fibronectin in SMC-laden collagen I gel leads to faster gel contraction, enhanced
mechanical tension and compression properties, and upregulation of elastin assembly
proteins [24]. Additionally, by incorporating increased proportions of insoluble elastin into
fibrillar collagen in SMC-laden gels, the contractile marker expression increases [25].

The synergistic effects of mechanical and biochemical cues of ECM components are also
considered. For example, in SMCs cultured on stiffness-tunable gels with ECM coatings,
collagen I promotes a less proliferative and more migratory phenotype with increased
stiffness, while gels coated in fibronectin induce the opposite effects [26]. Meanwhile, the
myogenic differentiation of mesenchymal stem cells cultured on silk fibroin hydrogels with
TGF-β1 supplementation is significantly increased on soft gels (6 kPa) compared with stiff
(33 kPa) gels [21].

2.3. Non-Fibrillar Proteins and Matrix Modifiers

The importance of matricellular proteins has become increasingly apparent in recent
studies as the degree of crosslinking, presence of precursor and chaperone molecules,
and the post-translational modifications play a vital yet complex role in determining
ECM structural properties [2,41]. Numerous matricellular proteins regulate SMC behavior
and overall vascular dysfunction, and studies using isolated human cells or genetically
modified rodents have helped to pinpoint many of these proteins. Advanced Glycation
End products (AGEs) increase vascular stiffness via the crosslinking of collagen and gene
expression modulation via inflammatory cascade [27]. Matrix metalloproteinase (MMP)
-12 production is induced in SMCs after vascular injury in mice and is accompanied by
increased vascular stiffness, while deletion of MMP-12 in mice abrogates arterial stiffening
via a reduction in elastin degradation [35]. The resident macrophages in mouse and
human aortic tissue interact with the hyaluronic acid ECM produced by SMCs and can
modulate SMC collagen expression via MMP-9 production, ultimately preventing arterial
stiffness [36]. The Serum Response Factor (SRF) regulates the SMC phenotype through
the expression of a protein phosphatase, PTEN: with decreased PTEN expression in SMCs
isolated from human atherosclerotic lesions [34]. RhoBTB1 attenuates vascular stiffness via
actin depolymerization in mice with angiotensin-II-induced hypertension, though it does
not reverse the hypertension [29]. Meanwhile, disruptions in the polymerization of elastin
due to various genetic mutations in mice degrade the integrity of elastin-contractile units
with SMCs, which lethally affect the material properties of the arterial wall [30].

Again, in vitro studies are used to elucidate certain effects of non-fibrillar proteins that
may be difficult to decipher using mice. Tunable gels have been used to show that increased
collagen crosslinking induces ECM calcification and osteogenic trans-differentiation in
SMCs [32]. Additionally, a hyaluronic-acid micropatterned surface used for culturing vas-
cular cells promotes a contractile phenotype and decreased proliferation rate in SMCs [28].
In an example of the effects of post-translational modifications, SMC adhesion to glycosy-
lated fibronectin is significantly increased when compared to adhesion affinity with native
fibronectin [33].

In the interest of clinical applications for these findings, non-invasive methods for
studying human vessels, such as pulse wave velocity (PWV) measurements, have been
combined with proteome analysis of patient samples. In one study using this method, the
matricellular proteins involved in collagen fibril assembly and turnover were significantly
downregulated in samples from the patients with high PWV, implicating their role in
arterial stiffness and SMC dysfunction [31].

3. Engineering Complex In Vitro Models of Smooth Muscle

Traditional cell culture methods and animal models have yielded a vast improvement
in the knowledge of how specific aspects of the SMC phenotype are affected by individual
changes in the properties and composition of the surrounding matrix. However, it is still a
challenge to prompt SMCs to behave in culture as they behave in the body [40], so there
is a gap in our understanding of how exactly a specific pathology seen in vivo may be

6
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triggered on a cellular and molecular level [42,43]. This gap can be filled by using more
complex culture systems incorporating more of the biological cues that SMCs experience in
the body. These systems can range from simple mechanical stimulation to co-culture with
other cell types and organ-on-a-chip devices to complex tissue engineered vascular grafts,
as illustrated in Figure 2.

Figure 2. Schematic illustration of smooth muscle tissue engineering approaches. (top) Tissue
Engineered Vascular Grafts, (left) Mechanical Stimulation Systems, and (right) Vessel-on-a-chip and
multicellular culture systems. Created with BioRender.com.

3.1. Mechanical Stimulation in Culture Systems

Because SMCs are sensitive mechotransducers, many in vitro models attempted to
mimic physiological mechanical forces through various methods, such as axial stretch,
vacuum-driven strain, radial compression, or interstitial flow, as illustrated in Figure 2.
Using these models, investigators have observed that SMCs behave differently under
mechanical strain than in traditional static culture. This indicates that adding mechanical
cues to culture systems may better encompass the conditions needed to correlate in vitro
results with SMC behavior in vivo [43].

Cyclic strain is a standard method of mechanical stimulation applied to cell culture
constructs to induce the desired SMC behavior [44–46]. In one study, incrementally in-
creasing the frequency of cyclic stretch resulted in a higher degree of SMC alignment
and denser collagen structure but decreased the expression of many ECM proteins and
proteases compared to unstretched controls [47]. The impact of cyclic strain is also directly
compared between 2D and 3D SMC cultures. In one example of this, SMCs in 3D constructs
align parallel to the direction of strain and shift to a more contractile phenotype, while
the cells in 2D align perpendicularly to the direction of strain and showed no changes in
contractility [48]. Shear effects have also been compared between 2D and 3D—an increased
contractile phenotype was induced in SMCs cultured with interstitial flow in 3D gels com-
pared to SMCs cultured under laminar flow in 2D [49]. Alternatively to cyclic stretch, the
centrifugal compression of SMC-laden collagen gels has been used to simulate wall radial
strain, and compressed cells exhibited an increased expression of alpha-smooth muscle
actin (αSMA) and a decreased expression of MMPs and their inhibitors controls [50].

7
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3.2. Organ-on-a-Chip and Multicellular Systems

While mechanical stimulation does provide the strain that SMCs would experience
natively, the cells may still not respond as they would physiologically if they are not cultured
with other tissue cell types that communicate with SMCs and affect their interactions with
the surrounding matrix [42]. Thus, more complex models utilizing the 3D environment in
combination with co-culture techniques have been used to prompt SMC maturation and
more in vivo-like characteristics.

One promising direction for the in vitro modeling of SMC behavior in 3D matrices is
organ-on-a-chip technology [51]. Cellular crosstalk was successfully demonstrated between
ECs and SMCs when both of the cell types were cultured in a fibrin gel in a microfluidic
device modeling vasculogenesis [52]. A versatile device containing four microfluidic paral-
lel channels was used to co-culture SMCs and ECs in an anatomically accurate geometry
with tunable channel structures for different flow conditions [53]. Meanwhile, a microflu-
idic platform was fabricated for the culture and detailed assessment of explanted small
arteries [54].

Apart from microfluidics and organ-on-a-chip, other co-culture and 3D studies have
shown significant changes in cell behavior due to signaling between SMCs and other cell
types. The SMCs cultured with ECs in electrospun fibrin microfibers yielded a robust
microvascular structure with significant deposition of collagen I and elastin by SMCs [55].
When culturing monocytes with SMCs at different ratios, a 2:1 and 4:1 ratio resulted in bal-
anced protease activity and ECM deposition rate by SMCs, representing healthy tissue [56].
The SMCs cultured on fibrin discs or strands were treated with adipose stromal cell-secreted
factors—this induced increased expression of tropoelastin and elastin assembly proteins
and increased high stretch modulus, indicating the deposition of mature collagen [57]. The
maturation of mesenchymal cells into SMC-like cells has been achieved through co-culture
with fibroblasts in decellularized ECM; this maturation was confirmed using the PCSA
analysis [11]. Alternatively, endothelial cell adhesion properties were altered when the cells
were exposed to media from SMCs exposed to cyclic stretch, indicating the importance of
cell signaling from SMCs to other vascular cells as well [58].

3.3. Tissue Engineered Vascular Grafts and Pulsatile flow

As the most complex type of in vitro model, tissue engineered vascular grafts provide
the opportunity to recapitulate physiological geometry, biomechanical, and biochemical.
However, when constructing these systems, little focus is given to the accuracy of the ECM
components, structure, and bioactive nature. Instead, investigators prioritize the matrix
mechanical properties of strength and elasticity, with the clinical application of these grafts
typically an ultimate goal [6,59].

The common materials used for vascular grafts include synthetic polymer materials
such as poly(glycolic acid) (PGA), polycaprolactone (PCL), and polytetrafluoroethylene
(PTFE) [60–63]. These polymeric materials are specifically chosen for their proven strength,
biocompatibility, and elastic properties, as well as a well-characterized slow rate of degra-
dation in the body [64]. These properties have made them an attractive option for clinical
applications in recent years. For example, when PGA scaffolds were seeded with human-
induced pluripotent stem cell (iPSC)-derived SMCs and subjected to a radial strain of 1%
via pulsatile flow for 7 weeks, SMCs produced robust ECM and acquired a contractile
phenotype. These matured tissue constructs remained patent for 30 days after implanta-
tion into nude rats [60]. Poly(ethylene glycol)l dimethacrylate/poly(L-lactide) scaffolds
were seeded with iPSC-derived SMCs and subjected to pulsatile flow through the scaffold
lumen for 6 days, and the cells exhibited increased contractility, increased mature elastin
production, and better mechanical properties than the static controls [12].

It is evident through the evaluation of some of these models that the bioactivity of
the scaffold material, not just the material properties, significantly affects SMC behavior.
The phenotype of SMCs seeded on purely synthetic matrices differs from that on a syn-
thetic/natural mixture or just natural ECM components, and the benefits are generally seen
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with the addition of natural matrices. For example, TGFβ2-eluting scaffolds composed of
PCL and gelatin significantly altered SMC numbers and cell areas on seeded scaffolds by
changing the ratio of PCL to gelatin in combination with TGFβ2 dose [65]. Meanwhile,
vascular grafts, fabricated via co-electrospinning collagen and hyaluronic acid and im-
planted in rats, enhanced the host SMC regeneration and proliferation into the graft [66].
In another study, a PCL/collagen I scaffold seeded with endothelial progenitor cells (EPCs)
and SMCs, and implanted in sheep, exhibited extensive engraftment to the host vasculature
and produced vast amounts of collagen, elastin, and GAGs in a structure resembling native
ECM [67].

The most common natural ECM component to use as a scaffold for tissue-engineered
small diameter vascular grafts is collagen, but fibrin, elastin, chitosan, and silk are also
commonly used, in addition to decellularized blood vessels from animals [61]. In the
collagen scaffolds, the fibrillar collagen density has been shown to significantly modulate
the secretory factors and cytokines released by iPSC-derived SMCs, with higher densities
resulting in the creation of a hypoxic pro-angiogenic and anti-inflammatory microenviron-
ment [68]. In tubular nanofiber collagen scaffolds laden with iPSC-derived ECs internally
and iPSC-derived SMCs externally, the collagen fiber alignment prompted cell alignment
and consequently reduced the inflammatory response [69]. Meanwhile, in tubular collagen
gels with SMCs only, the addition of cyclic strain induced an increased contractile marker
expression and mechanical strength [70].

To better facilitate cell incorporation and growth in scaffolds, bioprinting has also
been used as an in vitro blood vessel fabrication method, utilizing various combinations
of natural and synthetic components and chemical modifications of these components.
This has resulted in successful long-term cell viability (120 days) [71], mature cellular
behavior [72], and recapitulation of some of the material properties (such as the storage
modulus) similar to that of in vivo measurements [73]. In one example, tubular coaxial
printing of patient-derived ECM encapsulating ECs or SMCs induced the successful and
extensive endogenous deposition of collagen I and some deposition of elastin after 2-week
culture with pulsatile flow through the lumen [74]. Separate from bioprinting but in another
whole-cloth construction methodology, tissue-engineered rings of iPSC-derived SMCs have
also been formed directly from a single cell suspension using clever ring-shaped culture
dishes [75], and Raman spectroscopic analysis enabled highly specific characterization of
iPSC-derived SMC phenotypic shift in response to growth media formulation [76].

4. Engineering of Smooth Muscle to Elucidate Mechanisms of Vascular Disease

Various tissue engineered constructs with human cells have already been applied
to model certain vascular diseases to understand the underlying mechanisms of disease
progression better. These models can also be used to identify therapeutic targets and to test
potential mitigation or treatment strategies in the human mimicry models, thus potentially
increasing successful clinical translation.

4.1. Hypertension, Pulmonary Arterial Hypertension, and Atherosclerosis

Tissue-engineered models have led to a better understanding of some of the mecha-
nisms involved in vessel wall remodeling, and they have been used to model hypertension
and pulmonary arterial hypertension (PAH). Both of these life-threatening pathologies are
generally defined by characteristic vessel-wall stiffening and medial thickening in arterial
vasculature induced by dysfunctional SMCs and fibroblasts [77,78]. While hypertension
is a very common systemic condition usually resulting from external factors or aging
and has a myriad of treatment options, PAH is an often incurable chronic condition in
which the lung vasculature becomes mechanically obstructed, and the specific cause or
disease mechanism is unknown for many patients [79]. Thus, it is important to be able to
model both of these conditions in different ways in vitro. In one model of hypertension,
explanted rabbit aortas were cultured under perfusion and showed activation of ERK 1/2
signaling cascade via FAK activation under high intraluminal steady stretch, while pulsatile
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stretch initiated the ERK1/2 signaling without FAK activation [80]. Meanwhile, PAH has
been modeled in an artery-on-a-chip device using patient-derived cells. The characteristic
PAH phenotype, including intimal thickening and arterial remodeling seen in vivo, was
successfully demonstrated in the in vitro model [81].

Atherosclerosis, another common life-threatening cardiovascular condition, is usually
brought on by external factors and aging, similarly to hypertension. Yet, the pathology
is defined by the formation of intimal plaques that obstruct blood flow. These form
due to inflammatory activation of ECs and lipid and immune cell accumulation, and
dysfunctional SMCs contribute to plaque formation and progression in several ways [82].
The mechanisms of SMC involvement in atherosclerosis have been elucidated using 3D
tissue-engineered models. In one example, a tissue-engineered “flap” laden with SMCs was
subjected to complex pulsatile flow to model pathological ECM production as seen in the
atherosclerotic plaques, and investigators found that doxycycline treatment abrogated the
effects of the complex flow [83]. In another study, the atherosclerotic plaques were modeled
with SMCs cultured in collagen gels in calcifying media, revealing that the extracellular
vesicles secreted by SMCs in these conditions were calcified, thus further contributing to
the plaque formation [84].

4.2. Insult and Acute Injury

Invasive procedures, such as plaque removal or vascular graft implantation, can
induce acute vascular injury. To model this type of injury and work toward mitigating
potential outcomes of restenosis or neointimal hyperplasia in patients, a bioreactor system
was developed to culture ex vivo rat and human vessels and subjected them to a controlled
injury that vigorously removed the luminal ECs from the vessels. The researchers found
that SMC proliferation and neointima formation was reduced by seeding the injured vessels
with human umbilical vein ECs prior to subjecting the vessels to simulated arterial flow in a
bioreactor. Importantly, this result correlates with the clinical outcomes after vascular graft
implantation in animals and humans [85]. Other insults investigated using tissue engineer-
ing techniques include radiation and oxidative stress. In one study, reactive oxygen species
production induced by the treatment of isolated arterioles with lysophosphatidic acid
resulted in significant changes in SMC contractile behavior in response to intraluminal flow
when the arterioles were cultured in a bioreactor system [86]. In addition to these examples,
a variety of acute insults including specific environmental factors and pharmaceuticals
could be readily modeled with similar tissue engineered systems.

4.3. Genetic Mutations

Genetic mutations can seriously inhibit the ability of SMCs to secrete ECM and main-
tain their contractile function properly, which can result in lethal cardiovascular dysfunction
in patients [87]. Tissue engineered models can provide deeper insight into the mechanisms
through which these genetic mutations manifest vascular dysfunction.

For example, human SMCs from either healthy patients or those affected by genetic
mutations resulting in abdominal aortic aneurysms (AAA) were isolated and cultured on
poly-lactide-co-glycolide scaffolds for up to 5 weeks, and the differences in cytoskeletal
alignment and ECM production were elucidated [88]. Progeria syndrome, a lethal vas-
cular disease resulting from a mutation in the Lamin A gene, was modeled using iPSCs
reprogrammed from a patient with progeria. The iPSC-SMCs were then seeded in tubular
collagen scaffolds and cultured with ECs under peristaltic flow. The constructs exhibited
increased medial thickness, calcification, apoptosis, and diminished vaso-activity, recapitu-
lating the progeria pathology [89]. Another genetic disease associated with SMCs and ECM
dysregulation, Marfan syndrome, was modeled using SMCs derived from iPSCs from a
Marfan patient. These SMCs were subjected to cyclic stretch and exhibited decreased con-
tractility, upregulated TGFβ signaling, and increased ECM accumulation: all characteristics
of the syndrome [90].
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5. Conclusions and Future Directions

Tissue engineering approaches have shown that SMCs respond differently to various
stressors when in a 3D multicellular environment with mechanical stimulation, rather
than the traditional 2D static culture systems. Additionally, further mechanistic insight
into specific disease phenotypes has been achieved with human cells in tissue engineered
in vitro models. A downfall of many of the successful tissue engineered models is that they
utilize primary, explanted patient blood vessels or cells, which can inhibit the ability to
achieve high throughput and clinically relevant experiments. A promising solution to this
is to combine the wide variety of 3D designs and mechanical/chemical stimulation with
the use of iPSC-derived SMCs from patients to minimize sample variability and provide
a readily available cell source [6,51,75,89–91]. One aspect that could be explored more
with these 3D models, particularly in the case of small diameter vascular grafts, is the
use of natural matrix materials that better encompass the composition and structure of
native ECM. The utilization of these materials has already been shown to induce more
native-like behavior in cultured SMCs, as described previously. Further exploration of
these materials in vascular grafts could facilitate more clinically relevant models and more
insight into CVD mechanisms than is currently possible [11,72]. In addition, computational
modeling before designing 3D vascular systems allows researchers to implement better
design principles and forego much of the costly empirical experimentation usually needed
to optimize these vascular systems [92–94]. Ultimately, combining all of these techniques
can move the field forward in analyzing cardiovascular disease mechanisms in more depth
and further testing potential future therapeutics or mitigation strategies that could help
patients. is a review article
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Abstract: Elastic laminae, an elastin-based, layered extracellular matrix structure in the media of
arteries, can inhibit leukocyte adhesion and vascular smooth muscle cell proliferation and migra-
tion, exhibiting anti-inflammatory and anti-thrombogenic properties. These properties prevent
inflammatory and thrombogenic activities in the arterial media, constituting a mechanism for the
maintenance of the structural integrity of the arterial wall in vascular disorders. The biological basis
for these properties is the elastin-induced activation of inhibitory signaling pathways, involving the
inhibitory cell receptor signal regulatory protein α (SIRPα) and Src homology 2 domain-containing
protein tyrosine phosphatase 1 (SHP1). The activation of these molecules causes deactivation of cell
adhesion- and proliferation-regulatory signaling mechanisms. Given such anti-inflammatory and
anti-thrombogenic properties, elastic laminae and elastin-based materials have potential for use in
vascular reconstruction.

Keywords: elastin; inflammation; thrombosis; intimal hyperplasia; arterial reconstruction

1. Introduction

The wall of arteries consists of extracellular matrix components, including collagen
matrix and elastic laminae. The essential functions of the extracellular matrix are to organize
vascular endothelial cells, smooth muscle cells, and fibroblasts into the intima, media, and
adventitia of the arterial wall, respectively; provide mechanical strength and elasticity to the
arterial wall; and participate in cell signal transduction involved in vascular development
and pathogenic processes such as inflammation, thrombosis, and atherosclerosis. Elastic
laminae work with the collagen matrix in an antagonistic manner to control vascular cell
and leukocyte adhesion, proliferation, and migration, which are cell activities directly
influencing inflammatory, thrombogenic, and atherogenic processes [1–4]. Whereas the
collagen matrix stimulates these cell activities, enhancing inflammatory, thrombogenic,
and atherogenic processes [5–7], the elastic laminae exert an opposite effect, suppressing
these pathogenic processes [8–21]. The antagonistic action of the elastic laminae helps
prevent excessive inflammatory responses and vascular disorders [8,9,11–21]. In arterial
reconstruction, these elastic lamina properties can prevent intimal hyperplasia, a process
leading to restenosis and failure of arterial grafts. This paper reviews the role of the
arterial elastic laminae in controlling inflammatory responses, thrombosis, and neointima
formation in reconstructed arteries.

Inflammation in reconstructed arteries is a series of processes activated in response
to surgery, mechanical injury, and exposure to biomaterials [1,22–26]. In the host artery
near the junction with a reconstructed artery, several inflammatory processes can occur,
including elevation in the endothelial permeability, interstitial edema, cytokine expression
and secretion, leukocyte adhesion to injured endothelial cells, smooth muscle cell and
fibroblast proliferation, extracellular matrix overproduction, and fibrosis. At the junction of
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the host artery and the reconstructed artery, blood coagulation may be induced in response
to injury and hemorrhage. These processes contribute to thrombosis and intimal hyper-
plasia, resulting in the formation of neointima. In reconstructed arteries, inflammation
and thrombosis occur during the early phase with the level dependent on the material at
the blood-contacting surface [27–29]. For instance, in autologous vein grafts, the causes
and pathological processes described above for the host artery occur. In synthetic material-
based arterial grafts, blood coagulation can be induced rapidly, resulting in thrombosis
(note that synthetic grafts can only be used under high flow conditions, which reduce
the rate of thrombogenesis, and it is necessary to use anti-coagulants to minimize the risk
of thrombus development). Following this phase, smooth muscle cells can proliferate
and migrate from the host artery into the thrombus of the reconstructed artery, contribut-
ing to the development of neointima, which can cause restenosis of the reconstructed
artery [30–38]. In autologous vein-based arterial constructs, smooth muscle cells in the
venous wall can also proliferate and migrate into the thrombus to form neointima. Thus,
a critical concern in arterial reconstruction is how to prevent inflammatory responses,
thrombosis, and neointima formation. As the arterial elastic laminae exert an inhibitory
effect on inflammatory responses, thrombosis, and smooth muscle cell proliferation and
migration [8,9], this extracellular matrix and elastin-based materials can potentially be used
as a surface material for arterial reconstruction.

2. Molecular Structure of Elastic Laminae

2.1. Elastin Gene

Elastin is a polymer, and its precursor, tropoelastin, is a protein encoded by the
ELN gene in humans [39]. The ELN gene is a 45 kb segment within chromosome 7q11.1.
It is comprised of 34 exons and nearly 700 introns [40]. Elastin consists of alternating
hydrophobic and hydrophilic domains. The hydrophobic domains are rich in hydrophobic
amino acids such as glycine and proline. These domains are important for the self-assembly
of supramolecular structure. The hydrophilic domains are rich in lysine residues. These
domains are important for crosslinking to form a highly stable, insoluble structure.

Elastin production occurs primarily during fetal development and postnatal growth
and is negligible by early adulthood [41–43]. ELN gene transcription is steady throughout
the lifespan and elastin production is primarily regulated by posttranscriptional destabi-
lization of tropoelastin mRNA in mature tissue [44,45]. The low synthesis and turnover of
elastin in adults has important implications in aging and disease.

There are at least 11 isoforms of elastin as a result of alternative splicing of the ELN
pre-mRNA [46,47]. These isoforms result in tissue-specific variants of elastin with unique
properties [48]. The structure and function of these isoforms are subjects of ongoing research.

2.2. Tropoelastin

Tropoelastin is the soluble protein precursor to elastin and has a molecular weight
of 60–70 kDa [49–51]. Once exported from the cell, tropoelastin molecules reversibly
self-assemble into globular aggregates of elastin. Self-assembly is caused by interactions
between the hydrophobic domains in a process known as coacervation [52–54]. This is
followed by irreversible crosslinking of lysine residues within the hydrophilic domains.
The crosslinking process involves the formation of desmosine and isodesmosine covalent
crosslinks by the enzyme lysyl oxidase (LOX) [55]. Both inter- and intra-chain crosslinks are
formed. Important for its mechanical characteristics, tropoelastin is sufficiently structured
to self-assemble, yet sufficiently flexible to maintain elasticity. Elastin’s remarkable extensi-
bility arises from the coil region near the N-terminus. This region acts like a spring, allowing
tropoelastin to stretch up to eight times its resting length when free of crosslinks [56].

2.3. Elastic Fibers and Elastic Laminae

Elastic fibers are composed of amorphous elastin and fibrous microfibrils (mainly
fibrillin-1 and/or -2) [57]. The microfibrils are attached to the cell surface via integrins and
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the elastin aggregates are integrated along the microfibril scaffold in a process known as
elastogenesis [58]. Once crosslinked, mature elastic fibers are insoluble and highly durable,
exhibiting a half-life of 74 years [59].

Elastic fibers in the medial layer of arteries are primarily produced by vascular smooth
muscle cells [60]. These elastic fibers orientate circumferentially and organize into fen-
estrated sheets called elastic laminae. The internal elastic lamina defines the boundary
between the intima and the media, and the external elastic lamina defines the boundary
between the media and the adventitia. Larger arteries have multiple concentric layers of
elastic laminae between the internal and external laminae.

3. Mechanical Properties of Elastic Laminae

Elastin is highly elastic and imparts unique mechanical properties to elastic laminae
within the arterial wall. Elastic laminae will stretch circumferentially when a load is applied
and then return to their original configuration when the load is removed. Energy loss is
minimal during the loading and unloading cycle, estimated to be 15–20% [61]. The elastic
laminae allow for pressure wave propagation in arteries to help the flow of blood. The
strain energy stored during systole allows blood to continue flowing downstream during
diastole as the elastic arteries recoil. This is especially important for the coronary circulation,
which is perfused during diastole.

Atomic force microscopy (AFM) measurements have determined that single elastic
fibers have Young’s moduli in the range of 0.3–1.5 MPa [62,63]. Elastin from aortic tissue
has a Young’s modulus in the range of 0.1–0.8 MPa and ultimate strain in the range of
100–120% [64,65]. Elastin is several orders of magnitude more compliant than collagen,
which has a Young’s modulus in the range of 300–1200 MPa [66,67].

Elastic fibers in the aorta of rabbits are oriented circumferentially (i.e., perpendicular to
blood flow) with the exception of the internal elastic lamina, where elastic fibers are oriented
longitudinally (i.e., parallel to blood flow) [68]. The circumferentially oriented elastic fibers
are able to support the circumferential mechanical stress that arteries experience during
systole. The longitudinally oriented elastic fibers are finer and more fenestrated to act as a
semi-permeable membrane.

The circumferential mechanical properties of elastin in the descending thoracic aorta of
pigs are position-dependent [69]. Elastin is 30% stiffer and 54% stronger near the diaphragm
compared to that near the aortic arch. This was explained by a progressive increase in
circumferential alignment of elastic fibers along the length of the aorta. The study has
also found that the circumferential strain of the aortic wall is relatively constant along the
aorta for a given pressure, indicating location-dependent variations in cellular and matrix
compositions, the arterial wall and lumen dimensions, and the distribution of arterial
wall stress.

The micromechanics of elastic laminae in arteries are determined by reversible struc-
tural changes: the folding and unfolding of elastic fibers/elastic laminae at the micro-level
and stretching and recoiling of elastin at the nano-level [70]. At an arterial blood pressure
level, the elastic fibers and laminae are unfolded, whereas at zero blood pressure (when an
arterial specimen is removed), these structures are folded. Likewise, the elastin molecules
are elongated at an arterial blood pressure level, whereas these molecules recoil at zero
blood pressure. Interestingly, the elastic laminae near the inner portion of the arterial wall
are wavier than those in the outer portion of the arterial wall and can therefore unfold to a
larger degree when blood pressure increases because of the presence of a more negative
stress (a higher compressive stress) in the inner portion. This is a mechanism to accom-
modate the larger circumferential stretch experienced by the inner portion of the wall in
response to an increase in arterial blood pressure. This results in approximately even stretch
of the elastic laminae and even stress distribution throughout the arterial wall, avoiding
inner-wall stress concentration, which is a condition that potentially causes inner-wall cell
injury. These findings were confirmed by a subsequent study using synchrotron-based
phase-contrast imaging [71].
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A study of biaxial mechanical properties of human arteries demonstrated that most
common carotid arteries, subclavian arteries, thoracic aortas, abdominal aortas, and com-
mon iliac arteries are stiffer in the longitudinal direction, while most renal arteries are
stiffer in the circumferential direction [72]. Elastic fibers were primarily circumferentially
oriented and localized to the medial layer in the common carotid artery, subclavian artery,
thoracic aorta, and abdominal aorta, reflecting the higher elasticity in the circumferential
direction. Elastic fibers were primarily longitudinally oriented and localized to the external
elastic lamina in the renal artery, reflecting the higher elasticity in the longitudinal direction.
Interestingly, the elastic fibers were also primarily longitudinally oriented and localized
to the external elastic lamina in the common iliac artery, opposing the higher elasticity
in the circumferential direction. The authors speculated that the longitudinally aligned
elastic fibers in the common iliac artery may be necessary to accommodate bending and
compression as the hip moves.

A study of human left anterior descending (LAD) coronary arteries found that the
intimal and adventitial layers are stiffer in the longitudinal direction compared to the
circumferential direction, whereas the reverse is true for the medial layer [73]. These
findings are consistent with the predominantly longitudinal orientation of collagen and
elastin fibers in the adventitial layer of coronary arteries, whereas these fibers have a more
complicated three-dimensional structure without a preferred orientation in the medial
layer [74].

4. Fundamental Pathogenic Processes in Reconstructed Arteries

4.1. Inflammation

Inflammation is a series of processes activated in response to surgical and mechanical
injury in reconstructed arteries. Inflammation can be divided into three phases: acute,
sub-acute, and chronic phases [1,22–26]. The acute phase starts immediately following an
injury and lasts several days. This phase is characterized by the activation of inflammatory
mediators, elevation in the endothelial permeability, and leukocyte activation and adhesion.
Inflammatory mediators include bradykinin, histamine, and cytokines. Bradykinin is a
peptide generated by kallikrein protease-mediated cleavage of plasma kininogen expressed
primarily in hepatic cells [75,76]. In blood vessels, bradykinin can cause vascular smooth
muscle cell relaxation, resulting in vasodilation and elevation in blood flow to injured areas,
and can induce an increase in endothelial permeability, facilitating inflammatory mediator
transport across the endothelium and leukocyte adhesion [77]. Bradykinin also causes pain,
swelling, and diuresis [78]. Histamine is an amino acid derivative from histidine under the
action of histidine decarboxylase in primarily mast cells and basophils [79] and is primarily
generated and stored in mast cells and basophils [80]. Upon inflammatory stimulation,
histamine can be released to act on vascular endothelial cells to open the tight junction,
resulting in an increase in endothelial permeability, a change causing edema. Cytokines
are a superfamily of small proteins, expressed and released from primarily leukocytes in
response to injury [1,81]. The majority of cytokines, such as interleukin 1α (IL1α), IL2,
IL3, IL6, IL12, and chemokines, induce leukocyte activation, adhesion, and extravasation,
although several cytokines such as IL10, IL27, and IL35 exert an opposite effect [1]. Overall,
during the acute phase, the inflammation-stimulating cytokines are dominant to accelerate
inflammatory responses.

The acute inflammatory phase is followed by the sub-acute phase, which lasts for
several weeks. This phase is characterized by growth factor upregulation, endothelial
cell proliferation and angiogenesis, vascular smooth muscle cell proliferation and migra-
tion from the host artery to the reconstructed artery, and over-generation of extracellular
matrix components, primarily including the collagen matrix and proteoglycans. Several
growth factors, including vascular endothelial growth factors (VEGFs), platelet-derived
growth factors (PDGFs), and fibroblast growth factors (FGFs), are commonly expressed
and released from vascular cells in response to injury [1]. These growth factors regulate
vascular cell proliferation and migration via autocrine and paracrine mechanisms. VEGFs
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can induce vascular endothelial cell proliferation, an essential process for the repair of lost
endothelial cells and angiogenesis. PDGFs and FGFs promote vascular smooth muscle
cell proliferation and migration from the host artery to the reconstructed artery [1,82]. In
autologous vein-based arterial constructs, smooth muscle cells can also migrate from the
venous media to the sub-endothelial space, contributing to neointima formation [32,35].
The growth-factor-activated vascular cells can express and release extracellular matrix
components, especially collagen, causing matrix accumulation and fibrosis. The chronic
phase of inflammation is characterized by the continuous generation of extracellular matrix
from the activated smooth muscle cells and fibroblasts, contributing to the advancement
of fibrosis.

4.2. Thrombosis

Thrombosis is an acute process initiated in response to endothelial injury, hemorrhage,
and exposure to biomaterial- and matrix-based arterial constructs. Thrombosis can start
with blood coagulation caused by the formation of insoluble fibrin gels from its soluble
precursor fibrinogen. This process requires the formation and action of thrombin, a pro-
teinase that can cleave fibrinogen to generate fibrin. Thrombin arises from its precursor
prothrombin, an inactive soluble plasma protein expressed and released from the liver [83],
under the action of the proteinase prothrombinase. Injured endothelial cells and fibroblasts
can express and release this proteinase [84], thus inducing blood coagulation.

Although blood coagulation is a process necessary to stop hemorrhage in the event of
trauma, it causes the formation of thrombi, which are pathological structures composed of
fibrin and blood cells, including erythrocytes, leukocytes, and platelets, and are found on
the surface of reconstructed arteries [1,85,86]. The fibrin gel established during coagulation
can attract and entrap blood cells. The entrapped leukocytes can upregulate and release
cytokines that can continuously activate and attract leukocytes from the circulatory system
to the fibrin gel [87,88]. This process, together with continuous fibrin gel development and
blood cell entrapment, contributes to thrombus development [1,87,88]. An extreme case of
endothelial injury in the host artery is endothelial denudation, resulting in the exposure of
the supporting extracellular matrix. Platelets can adhere to selected matrix components,
facilitating blood coagulation and thrombosis [89,90]. In mild injury, a thrombus grows
slowly and can be covered by endothelial cells that are regenerated from surrounding
endothelial cells. This endothelialization process prevents fibrin formation, blood cell
entrapment, and enlargement of the thrombus. A small thrombus usually does not signifi-
cantly interfere with blood flow. However, in severe injury, rapid fibrin gel formation and
blood cell entrapment can occur, resulting in the formation of massive thrombi that can
partially or completely obstruct blood flow and cause acute failure of reconstructed arteries.
Furthermore, thrombi are not stable and can detach from the base to form emboli, resulting
in blockade of distal arteries and ischemic injury [1].

4.3. Intimal Hyperplasia

Intimal hyperplasia in reconstructed arteries is cell proliferation to increase the cell
density within the intima, primarily involving smooth muscle cells, a process resulting
in the formation of neointima [30,91,92]. Neointima is focal in nature, often localized to
the junction of the host artery with the reconstructed artery, where anastomosis causes
injury, and regions exposed to vortex blood flow, where the level of fluid shear stress is
low [32,35,93]. In structure, neointima is composed of leukocytes, platelets, smooth muscle
cells, and extracellular matrix (primarily collagen and proteoglycans) with endothelial
cells on the surface [1,32,57]. In reconstructed arteries, neointima develops from thrombi,
involving smooth muscle cell migration from the host artery (and the vascular wall in
the case of vein-based arterial constructs) and endothelialization. The consequence of
neointima formation is restenosis and failure of reconstructed arteries.
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5. Anti-Inflammatory and Anti-Thrombogenic Activities of Elastic Laminae

5.1. Elastic Laminae-Based Protection against Arterial Inflammation

The arterial media experience much reduced inflammatory activity compared with
the arterial intima in response to a given level of injury. The arterial intima is susceptible
to leukocyte infiltration, erythrocyte and platelet deposition, and smooth muscle cell
hyperplasia, resulting in inflammation, thrombosis, and intimal hyperplasia, whereas the
arterial media are rarely inflicted by these pathological processes. The arterial medial
resistance to inflammation, thrombosis, and cell hyperplasia can possibly be attributed to
the presence of elastic laminae. Key evidence that supports this concept is the capability of
the elastic laminae to suppress leukocyte activities.

The arterial elastic laminae resist leukocyte adhesion. In a cell-culture-based test, the
elastic-lamina-rich medial matrix and the collagen-rich adventitial matrix were prepared
from the mouse aorta, and the elastic lamina surface was exposed by NaOH treatment [8,9].
The prepared matrix specimens were placed on separate culture dishes. Mouse leukocytes
were isolated and cultured on the elastic-lamina-rich and collagen-rich matrix substrates.
At selected time points (3, 6, 12, and 24 h), the matrix specimens were removed from the
culture dishes and used for counting leukocytes. The density of leukocytes on the surface
of the collagen-rich adventitial matrix was about 50 to 105 times higher than that on the
elastic-lamina-rich medial matrix from 3 to 24 h of culture. These observations support the
concept that the elastic laminae prevent leukocyte adhesion.

The arterial elastic laminae prevent leukocyte migration. In a rat arterial reconstruction
model in vivo, allogenic aortic matrix scaffolds were prepared by removing cells and grafted
into the aorta [9]. Whereas dense leukocytes were found in the collagen-rich adventitia
of the aortic matrix scaffold at 1, 10, and 30 days following aortic grafting, leukocytes
were rarely present in the elastic-lamina-rich media of the aortic matrix scaffold. The
density of leukocytes within the collagen-rich adventitia was about 2000 to 4000 times
higher than that within the elastic-lamina-rich media of the aortic matrix scaffold. An
interesting observation was that, even at the end of the aortic matrix scaffold, leukocytes
were unable to migrate into the inter-elastic lamina gaps, which were considerably larger
than the leukocytes. These observations demonstrate the capability of the elastic laminae
to inhibit leukocyte migration.

It is important to note that the arterial elastic laminae and their degradation prod-
ucts, elastin-derived peptides, may behave differently in the regulation of inflammatory
responses. Whereas the elastic laminae prevent leukocyte adhesion and infiltration, elastin-
derived peptides exert the opposite effect [94]. Selected elastin-derived peptides may
induce inflammation-stimulating processes by activating the elastin receptor complex and
cathepsin A-neuraminidase 1 complex signaling systems, which contribute to inflamma-
tory responses and atherogenesis [94]. It is possible that the exposure of selected domains
of a complete 3D-folded elastin molecule is required for the anti-inflammatory action of
the arterial elastic laminae. Selected elastin-derived peptides, on the other hand, may
exhibit a pro-inflammatory action when the inhibitory domains are disassembled during
elastin degradation.

Another point to address is why the arterial media are more resistant to leukocyte
infiltration than the arterial intima. In addition to the difference in extracellular matrix
composition as discussed above, different cell types—endothelial cells in the intima and
smooth muscle cells in the media—may play distinct roles in the control of inflammatory
responses. Injured endothelial cells may facilitate leukocyte adhesion and infiltration,
whereas smooth muscle cells may hypothetically inhibit these inflammatory activities.
However, the following evidence does not support the anti-inflammatory role of smooth
muscle cells. First, when the internal elastic lamina was damaged mechanically, leukocytes
were able to migrate into the arterial media in the presence of smooth muscle cells in vivo [9].
Second, in decellularized arterial scaffolds, leukocytes were not able to migrate into the
gaps between the elastic laminae, even though the gap width was larger than the leukocyte
diameter [9]. Thus, the arterial elastic laminae, but not the smooth muscle cells, resist
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leukocyte adhesion and infiltration. It should be noted that elastic lamina fragmentation
occurs in aged arteries. This change often leads to smooth muscle cell migration from the
arterial media to the intima, contributing to neointima formation [95,96]. It remains to be
demonstrated whether leukocytes can migrate into the media of aged arteries.

5.2. Elastic Lamina-Mediated Prevention of Vascular Smooth Muscle Cell Proliferation and
Neointima Formation

The arterial elastic laminae suppress vascular smooth muscle cell proliferation be-
cause of the inhibitory action of elastin [13,15,16]. In mice with elastin gene deficiency
(Eln−/−), the arterial smooth muscle cells exhibit an over-proliferative phenotype [15].
Humans with elastin gene mutation and elastin deficiency, found in supravalvular aortic
stenosis and Williams–Beuren syndrome, express a similar phenotype in large arteries,
often associated with excessive smooth muscle cell proliferation and arterial hypertrophy
and stenosis, resulting in blood flow obstruction [12,14–16,19,21]. In experimental coro-
nary artery restenosis, administration of elastin peptides to the injured artery results in a
significant reduction in the rate of neointima formation [13].

Arterial elastic laminae could effectively prevent neointima formation in an arterial
matrix implantation model [8]. In this investigation, aortic extracellular matrix scaffolds
were harvested from donor rats and prepared to remove cells and expose the basal lamina,
internal elastic lamina, or adventitial collagen by NaOH treatment. Matrix scaffolds with
the three different surface components were implanted into the aortas of recipient rats and
examined at 5, 10, and 20 days. The rate of smooth muscle cell proliferation, evaluated by
the BrdU incorporation assay, differed substantially across the three allogenic aortic matrix
scaffolds with distinct surface components. The elastic lamina surface exhibited the lowest
BrdU index compared with the basal lamina and collagen surfaces at a selected time point.
The highest BrdU index was found at the collagen surface. In the same allogenic aortic
matrix scaffold implantation model, the elastic lamina surface was associated with the
lowest level of neointima compared with the basal lamina and collagen surfaces, whereas
the collagen surface was associated with the highest level of neointima. These observations
support the concept that the arterial elastic laminae inhibit smooth muscle cell proliferation
and neointima formation.

5.3. Elastin-Enhanced Actin Filament Generation in Vascular Smooth Muscle Cells

The coexistence of elastic laminae in the arterial media suggests a role for elastin in
the development and maintenance of the contractile phenotype of the vascular smooth
muscle cells. The building block of elastin, tropoelastin, has been demonstrated to cause
the generation of actin filaments in vascular smooth muscle cells [7,97]. One peptide
from tropoelastin, VGVAPG, has been suggested as a key element responsible for the
myofibrillogenesis of smooth muscle cells [97]. Mechanistically, this short peptide, as
well as tropoelastin, can induce actin polymerization by activating the G protein-coupled
receptor, i.e., the RhoA signaling pathway [97]. These observations support the concept
that the elastic laminae serve as a regulatory factor for the development and maintenance
of the contractile phenotype of vascular smooth muscle cells.

The arterial elastic laminae play a role in the development of vascular smooth muscle α
actin filaments in bone-marrow-derived CD34-positive cells [10]. Organ- and tissue-specific
environmental conditions have long been considered cues that induce stem cell differenti-
ation into specified functional cells. The arterial elastic laminae can create a condition in
favor of developing the smooth muscle cell contractile phenotype, characterized by the
presence of orderly aligned smooth muscle α actin filaments, which contrasts with the
proliferative and synthetic phenotype found in the neointima. In an in vitro test, bone-
marrow-derived CD34-positive cells developed smooth muscle α actin filaments when
cultured on the surface of the mouse arterial elastic laminae, but these cells did not form
smooth muscle α actin filaments when cultured on the adventitial collagen matrix [4].
These observations are consistent with the coexistence of smooth muscle cells with the
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elastic laminae in the arterial media, but not with the collagen matrix in the adventitia,
supporting a role for the elastic laminae in the induction of smooth muscle cells from stem
cells as well as in the maintenance of the contractile phenotype of the smooth muscle cells.

5.4. Mechanisms of the Inhibitory Action of Elastic Laminae

A fundamental question is how the arterial elastic laminae exert an inhibitory effect
on the adhesion, proliferation, and migration of vascular cells and leukocytes. A prior in-
vestigation demonstrated that an inhibitory signaling pathway, involving signal regulatory
protein α (SIRPα) and Src homology 2 domain-containing protein tyrosine phosphatase-1
(SHP1), potentially mediates the inhibitory action of the arterial elastic laminae [9]. The
elastic lamina component, elastin, can bind to and activate SIRPα, a transmembrane recep-
tor that can recruit and activate SHP1, an enzyme capable of dephosphorylating selected
substrate proteins, including growth factor receptor protein tyrosine kinases, focal adhesion
kinase, and Src homology 2 domain-containing protein tyrosine kinase (Figure 1). Growth
factor receptor protein tyrosine kinases transmit growth factor signals to cause cell prolifer-
ation and migration, and focal adhesion kinase and Src homology 2 domain-containing
protein tyrosine kinase relay matrix-dependent integrin signals to stimulate cell adhesion.
Dephosphorylation of protein tyrosine kinases usually suppresses the activity of these ki-
nases as well as the kinase-induced cell activities. Given such actions of the protein tyrosine
kinases, the deactivation of these kinases in response to SHP1 results in the inhibition of
vascular cell and leukocyte adhesion, proliferation, and migration [9]. In summary, the
inhibition of the growth factor protein tyrosine kinase activity by the SHP1 action may
promote the development of the contractile phenotype of vascular smooth muscle cells.
This concept is consistent with the observation that growth factor-activated proliferative
smooth muscle cells in injury-induced neointima (a structure without elastic laminae, but
with elevated growth factor signaling actions) exhibit much reduced and more irregularly
organized α actin filaments compared with healthy arterial medial smooth muscle cells that
reside within the gaps between elastic laminae and are subject to a minimal level of growth
factor activity [32,35,36]. However, the molecular regulatory mechanisms downstream to
SHP1 need further investigation.

Figure 1. Mechanisms of the inhibitory action of elastin. SIRPα: Signal regulatory protein α. GFRPTK:
Growth factor receptor protein tyrosine kinases. FAK: Focal adhesion kinase. Src: Src homology
2 domain-containing protein tyrosine kinase. SHP1: Src homology 2 domain-containing protein
tyrosine phosphatase-1.

6. Application of Elastic Laminae and Elastin-Based Materials to Arterial Reconstruction

Autogenous vein- and arterial graft-based arterial reconstruction is an effective ap-
proach for the treatment of occlusive arterial disorders. Autogenous venous and arterial
grafts have been considered the most reliable graft types because of their natural properties
and performance, although these grafts are prone to thrombosis, inflammation, and inti-
mal hyperplasia, resulting in graft stenosis and failure [98–103]. However, due to limited
quantity, vascular disease, or prior harvests, suitable autogenous grafting materials are
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often unavailable. Consequently, researchers have been working intensively over the past
several decades to develop reliable tissue-engineered and synthetic-material-based grafts
for vascular reconstruction.

A major challenge in the development of effective tissue-engineered and synthetic
vascular grafts is the prevention of inflammatory and thrombogenic responses [104–107].
Numerous synthetic vascular graft types have been developed, but are not suitable for
small diameter artery reconstruction due to host inflammatory and thrombogenic responses.
Synthetic materials possess poor blood compatibility, often activating leukocytes and
causing blood coagulation, which are fundamental processes that lead to inflammation and
thrombosis [108].

Tissue-engineering approaches have been used to develop patient-matching cellu-
larized vascular constructs with natural properties [107,109], which are efficacious for
replacing failed small diameter arteries. Although few tissue-engineered vascular grafts
have attained widespread clinical acceptance, several vascular tissue-engineering strategies
have been promoted for developing arterial constructs. In particular, cell-sheet-based
approaches have been used to produce natural blood-vessel-like constructs, some of which
have been tested in clinical trials with excellent results [108]. For example, long-term
results from a recent human study with a cell-sheet-derived graft for hemodialysis access
showed great promise as an alternative to synthetic grafts [109,110]. However, these ap-
proaches require tedious and complex culture and maturation processing. They also require
a patient-matching cell harvest and expansion phase. The need for patient-matching cells
extends the preparation time, increases the cost, and shortens the shelf-life, all of which
precludes the feasibility of meeting the urgent needs of patients who require off-the-shelf
grafts. Furthermore, it may not be possible to reproduce the exquisite material properties
inherent to native arterial tissue.

Decellularized arterial matrix scaffolds hold greater promise as implant materials for
small-diameter arterial reconstruction [111,112]. These scaffolds possess ideal mechani-
cal properties, porosity, and cell adhesive and regenerative properties. However, native
arteries that are decellularized to avoid immunogenic responses no longer have an en-
dothelium, displaying an exposed thin collagen-rich matrix layer (from the basal lamina) to
the circulating blood, promoting potent thrombosis and inflammation upon engraftment.
Decellularization approaches therefore typically require a patient-matching endothelial
layer on the luminal surface of arterial constructs before engraftment [107]. However,
endothelial cells grown on arterial constructs are not stable and can detach rapidly when
exposed to the arterial blood flow. The field of vascular engineering has not developed
an effective arterial construct with an intact native endothelium despite many decades of
intensive effort [113]. Furthermore, this approach requires cell harvesting, seeding, and
expansion, precluding urgent uses.

To date, materials used for vascular graft engineering, including synthetic polymers
and collagen matrices, can cause profound inflammatory and thrombogenic responses
when placed in blood contact [104,107,114], contributing to intimal hyperplasia and graft
stenosis. Since the arterial elastic-lamina-dominant matrix can effectively prevent leukocyte
adhesion and transmigration in matrix-based arterial reconstruction and reduce inflam-
mation and thrombosis [115,116], this matrix may be used to establish a blood contacting
layer, as a substitute for an intact endothelium, to alleviate inflammatory and thrombogenic
responses in engineered vascular grafts. Several vascular graft-engineering approaches
have been developed to exploit the anti-inflammatory and anti-thrombosis properties of
elastin [117]. One approach incorporates synthetic elastin or the tropoelastin precursor
into engineered materials [118–125]. This approach can produce a synthetic graft with
thrombogenic and immunogenic suppressive properties; however, the elastin-containing
material lacks the mechanical properties of the native artery that has been optimized
through evolution for cell and tissue regeneration/remodeling.

Another approach relies on decellularized arterial elastic laminae. In this approach, the
elastic laminae are either completely purified from a donor artery or left interconnected with
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a portion of the native collagen matrix. In the case of complete elastic lamina purification,
a synthetic scaffold is required to support the purified native elastic lamina layer due to
the loss of the mechanical strength from the removal of the collagen matrix [126]. In the
other case, if the elastic laminae remain interconnected with the native collagen matrix, it
is necessary to deplete the basal lamina to expose the internal elastic lamina as the blood-
contacting surface while maximizing the preservation of the mural collagen matrix and
other native constituents to retain the natural regenerative properties. One approach is to
incubate the native artery in an acidic or basic solution for varying times to completely
deplete the basal lamina from the blood-contacting surface while reducing the dissolution
of mural collagen matrix [8].

All materials developed so far for vascular graft engineering have critical limitations
that preclude their widespread clinical acceptance. There is a pressing need to develop
clinically feasible, universally applicable, and shelf-stable vascular grafting materials.
An ideal vascular graft should match the mechanical characteristics of the native artery.
Concurrently, viable vascular grafts must re-establish the properties of a native endothelium
at the blood-contacting surface, avoid provoking inflammatory responses, remain shelf-
stable over extended time periods prior to use, be easy to handle, and be commercially
and clinically feasible. The main challenges have been mimicking a confluent endothelium
on the luminal surface of grafting materials and difficulties in generating biocompatible
arterial constructs. A future direction is to use decellularized native matrix materials
with a uniform elastic lamina blood-contacting surface while retaining the outstanding
mechanical properties, porosity, and cell-interaction capability of native arteries. We
have made considerable progress in engineering such a vascular grafting material by
selective surface collagen depletion in decellularized porcine internal mammary arteries
(Figure 2). Once the approach is optimized, the elastin-rich grafts may be used for arterial
reconstruction without the need for endothelialization. Acellular grafting materials with
a luminal elastic lamina surface are shelf-stable and can be stocked and used to meet the
urgent needs of patients.

 
Figure 2. Preparation of arterial matrix scaffolds with a luminal elastic lamina surface. (A,B) Porcine
mammary artery cross section (A) and close-up (B) showing collagen matrix (red) and abundant
elastic laminae (black) in the arterial wall. The thin layer of native luminal surface collagen is
identified by arrows. (C–E) Arterial matrix specimens processed by using high-viscosity acidic
gels ((C), control gel; (D), 2 h treatment in glycolic acid gel; (E), 2 h treatment in lactic acid gel).
These treatments can selectively remove the internal collagens while preserving the mural collagens.
Additional work is required to optimize this approach.
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It is important to address the technical aspect of preparing arterial matrix scaffolds
with a luminal elastic lamina surface. We have used a high viscosity acidic gel to restrict
matrix depletion activity to the artery luminal surface. The gel (made from polylactic acid
or polyglycolic acid) is of sufficient molecular weight to reduce acid diffusion into the
arterial wall. Thus, the natural matrix composition and structure of native arteries can
be preserved, including mechanical and remodeling properties. Future work along this
direction could produce commercially and clinically feasible small-diameter vascular grafts
that can be mass-produced at low cost by using donor specimens. These strategies will
potentially establish a basis for the development of matrix material-based grafts for small
artery reconstruction.

Another potential application for elastin-based materials is to coat arterial stents for
preventing in-stent thrombosis and neointima formation. Similar to biomaterial-based
arterial constructs, stents can cause thrombosis rapidly following placement, resulting in
neointima formation and arterial restenosis [127,128]. This has long been a challenging
problem. Coating stents with various agents, such as anticoagulants, biomaterials, an-
timitotic substances, and corticosteroids [127], has been considered a potentially effective
approach for reducing stent-induced neointima formation. However, the current coating
agents may cause substantial inflammatory responses (biomaterials) or may only exert anti-
thrombogenic and anti-hyperplastic effects for a short period (anticoagulants, antimitotic
substances, and corticosteroids). Elastin is an insoluble stable polymer that, if able to firmly
adhere to stents, may exert anti-inflammatory, anti-thrombogenic, and anti-hyperplastic
effects for a longer time.

7. Concluding Remarks

The elastin-based extracellular matrix exhibits an inhibitory effect on leukocyte and
vascular smooth muscle cell proliferation, adhesion, and migration. Given that these cell
activities contribute to neointima formation in reconstructed arteries, this feature renders
the elastin matrix a potential material for constructing the blood-contacting surface of
arterial constructs. Preliminary experimental investigations have provided promising
results. However, the mechanisms of the inhibitory elastin action remain to be investigated,
and it is challenging to coat the luminal surface of an arterial construct with an elastin-
based matrix.
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Abstract: A major challenge in engineering scalable three-dimensional tissues is the generation of
a functional and developed microvascular network for adequate perfusion of oxygen and growth
factors. Current biological approaches to creating vascularized tissues include the use of vascular
cells, soluble factors, and instructive biomaterials. Angiogenesis and the subsequent generation
of a functional vascular bed within engineered tissues has gained attention and is actively being
studied through combinations of physical and chemical signals, specifically through the presentation
of topographical growth factor signals. The spatiotemporal control of angiogenic signals can generate
vascular networks in large and dense engineered tissues. This review highlights the developments
and studies in the spatiotemporal control of these biological approaches through the coordinated
orchestration of angiogenic factors, differentiation of vascular cells, and microfabrication of complex
vascular networks. Fabrication strategies to achieve spatiotemporal control of vascularization in-
volves the incorporation or encapsulation of growth factors, topographical engineering approaches,
and 3D bioprinting techniques. In this article, we highlight the vascularization of engineered tis-
sues, with a focus on vascularized cardiac patches that are clinically scalable for myocardial repair.
Finally, we discuss the present challenges for successful clinical translation of engineered tissues
and biomaterials.

Keywords: vascularization; tissue engineering; 3d bioprinting; biomaterials; cardiac engineering;
extracellular matrix

1. Introduction

Cardiovascular disease (CVD) remains a major cause of morbidity and mortality all
over the world, causing approximately 17.9 million deaths per year in the United States [1].
Heart failure, the inability of heart to provide sufficient blood flow to the body, is largely
attributed to the non-regenerative cardiomyocytes that provide contractility to the heart [2].
Myocardial injury results in cardiac remodeling and adverse fibrosis, resulting in fibrotic
scar tissue [3]. Patients with advanced failure resort to autologous or allogenic graft
transplantation, often limited by factors such as donor site morbidity, non-availability
of appropriate donor tissue in autologous transplantation, and the high probability of
disease transmission associated with immunosuppression in allogenic transplantation [4].
However, failure of graft integration by inadequate vascularization post implantation
can result in failure of graft. Tissue engineering to replace diseased tissues and organs is
an alternative to autologous or allogenic graft transplantation. In the last two decades,
tissue engineering has advanced the restoration and replacement of tissues and organs
by using cells and biomolecules in three-dimensional (3D) biomaterials [4]. Although
different avascular tissues such as bladder, cartilage, and epidermis have been successfully
fabricated and progressed to clinical translation [5], tissue engineering of complex tissues
that are thicker and vascularized have been limited in success due to the lack of a robust
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microvascular network [5]. Living cells typically reside within 200 μm of blood circulation
for efficient oxygen and nutrient exchange for survival and functional bioactivity long-term.
Due to the constraint of oxygen diffusion limit, most 3D engineered tissues of physiological
architecture require adequate vascularization of tissue or perfusion source [5].

Strategies to induce vasculature formation in engineered tissues seek to mimic the
re-vascularization process known as angiogenesis in response to tissue ischemia [6]. Un-
derstanding the mechanisms regulating angiogenesis can help discover clues to fabricate
engineered tissues embedded with functional and mature vascular network [7]. The process
of angiogenesis involves stimulation of quiescent vascular endothelial cells (ECs) from an
existing vessel and their activation caused by high concentration of pro-angiogenic factors
released by inflammatory cellular population as a signaling response to injury, hypoxia, or
a combination of both. The ECs activate by proliferating and sensing the chemical gradients
of soluble factors, resulting in stimulus directed elongation of new vessels via migration
and secretion of soluble factors molecules that recruit perivascular support cells [7]. Perivas-
cular cells, composed of capillary pericytes and smooth muscle cells in larger vessels, move
towards the new vessels formed to cover the endothelium, imparting stability, inducing cell
differentiation, and regulating permeability of vessel [8]. The critical processes include tem-
poral regulation, spatial arrangement of the stimuli, crosstalk between cells and molecules,
active remodeling, and organization of extracellular matrix (ECM). Dysregulation of any
of the processes can result in abnormal development of new vasculature can occur due to
disruption of the tightly regulated factors needed for angiogenesis.

Numerous engineering techniques have been developed to generate biomaterial con-
structs with unique spatial modifications and complex microarchitectures. In this review,
we highlight the recent developments and state-of-the-art approaches in biofabrication tech-
niques, including, but not limited to, electrospinning, micropatterning, and 3D bioprinting
techniques for the generation of spatially defined biomaterials of optimal geometrical and
topographical characteristics for modulating proliferation, migration, and differentiation of
cells in contact with engineered scaffolds (Figure 1). We also review the temporal control
advancements focused on the controlled release of growth factors and drugs to recapitulate
the unique dynamic features of the ECM to direct biological processes, such as stem cell
differentiation and functional tissue regeneration. The advancements and limitations of
current biofabrication techniques for spatiotemporal regulation in multiscale materials and
biomimetic microenvironments are also discussed. As an example, the spatiotemporal
regulation strategies for the generation of vascularized engineered cardiac patches are
discussed. Finally, we conclude by providing a perspective on the future challenges and
opportunities in the development of biomaterials for tissue engineering applications.
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Figure 1. Overview of vascularization strategies using biochemical and biophysical factors.

2. Temporal Biology of Angiogenesis

During the process of angiogenesis, novel capillaries are formed from existing vascu-
lature via the process of sprouting and intussusception. Several cellular functions occur
during angiogenesis categorized into a phase of activation involving initiation and pro-
gression and a phase of resolution that includes processes of termination and maturation
of vessel [9]. Biochemical processes such as ischemia or inflammation causes sprouting
that promotes stimulatory autocrine and paracrine cytokines release, including the very
potent vascular endothelial growth factor (VEGF) [10]. Leaky vasculature results from local
basement membrane degradation and vessel endothelial cell’s migration, governed by a
specialized tip cell [11]. Dll4-Notch lateral inhibition between neighboring endothelial cells
in a feedback loop with VEGF–VEGF receptor (VEGFR) signaling is characterized to be the
‘central pattern generating’ (CPG) mechanism that results in the selection of migratory tip
cells. The tip cells inhibit their neighboring cells, which are termed ‘stalk cells’ [11]. Several
studies have demonstrated the part of ECM in the process of angiogenesis. The ECM
creates physical scaffold necessary to maintain blood vessel organization and participates
in biochemical and biophysical signaling transduction during angiogenesis. Specifically,
collagen and fibronectin stimulate EC tubular morphogenic events [12]. Laminin facil-
itates endothelial cell tip formation and sprouting and are also critical for maintaining
vascular homeostasis, and proteoglycans regulate endothelial cell migration to form new
vessels [12]. During angiogenesis, matrix metalloproteinases (MMPs) degrade collagen and
other ECM components, facilitating endothelial cell migration from pre-existing vessels
towards angiogenic stimuli. Polymerization of plasma-derived proteins such as fibrino-
gen and fibronectin cause generation of a provisional ECM that facilitates endothelial cell
extension in the environment. Stalk cells proliferation behind the tip cell, and mural cell
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populations recruitment induce the sprout’s elongation and formation of lumen [13]. The
process of intussusception encompasses the existing vasculature remodeling through the
protrusion and fusion of opposite vessel walls via split of an existing vessel to form a
branched structure.

In comparison to sprouting, intussusceptive angiogenesis is rapid in capillary network
expansion as it relies on reorganizing existing endothelial cells and not cellular division.
Triggers such as hypoxia and injury facilitate angiogenesis resulting in immature microvas-
cular networks through processes such as sprouting and intussusception, and pericyte
invasion and subsequent cytokine-mediated cell induction that stabilizes the vessel walls
and basement membrane followed by remodeling [13]. The premature vessel network
is further remodeled to form an efficiently perfused vascular bed for oxygenation of the
tissue. Vessel ablation of this nature is regulated by hemodynamic signals from local vascu-
lature as endothelial cells integrate with nearby perfused network or undergo apoptosis
causing vascular regression without pro-survival stimuli including shear flow and growth
factor gradients [14].

Tissue engineering aims at inducing an angiogenic response from host ECs to utilize
the natural capacity of our system for tissue vascularization through angiogenesis and
regenerative techniques employed in specific applications, such as an infarcted heart. At
the cellular level, mechanical and chemical signals govern the internal signaling effect and
consequent biological responses including migration, proliferation, and differentiation.
Hence, temporal conjugation of biomolecules in a tissue engineered scaffold plays a major
role in development of mature vascular network. Commonly, non-covalent adsorption of
growth factors and other molecules incorporated into engineered scaffolds is employed.
Thus, growth factor release depends on the affinity of the molecules with the scaffold
material or regulated through molecular diffusion kinetics. This approach is advantageous
when scaffolds are employed for the controlled release of molecules to organs or tissues.

3. Growth Factors Regulation in Angiogenesis

Angiogenesis is controlled by cell–cell and cell-ECM interactions through crosstalk be-
tween VEGF and Notch signaling mechanisms. Novel vascular structures are regulated by
the surrounding cells and modulated by secretion of platelet-derived growth factor (PDGF)
and VEGF secreted by ECs and vascular smooth muscle cells [15]. Among the factors that
impact EC activation status are proteins called cytokines. A tissue can dictate the cellular
response to a given cytokine. Hence, cytokines are considered as specialized symbols
in intercellular interaction. This interaction is influenced by three factors, including the
concentration of other cytokines in the environment; chemical and biological interactions
between ECM, cells, and cytokines; and the cytoskeleton [16].

The signal protein most commonly studied to influence angiogenesis are VEGF, acidic
fibroblast growth factor (aFGF), and basic fibroblast growth factor (bFGF) [17]. VEGF and
FGF-2 have been studied in vitro to positively regulate several endothelial cell functions,
that includes cellular proliferation, migration, extracellular proteolytic activity, and tube
formation [17]. In addition, although a myriad of factors have been demonstrated to be
active in the experimental setting, they are not all relevant to the endogenous regulation of
new blood vessel formation. On the list of molecules that are active during the phase of
activation, VEGF meets most of the criteria of a vasculogenic or angiogenic factor.

Angiogenesis regulators may act either directly on ECs or indirectly by inducing the
production of direct-acting regulators by inflammatory and other non-EC populations.
Thus, in contrast to VEGF and FGF-2, which are direct endothelial cell mitogens, the
cytokines transforming growth factor-β (TGF-β) and tumor necrosis factor-α (TNF-α)
have been studied to inhibit EC growth in vitro and are therefore direct-acting negative
regulators [18]. However, both TGF-β and TNF-α are angiogenic in vivo, and it has been
demonstrated to induce angiogenesis indirectly by stimulating the production of direct-
acting positive regulators from stromal and chemoattracted inflammatory cells; hence,
TGF-β and TNF-α are considered to be indirect positive regulators [19]. TGF-β has also
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been proposed to be a potential mediator of the phase of resolution due to its capacity to
inhibit endothelial cell proliferation and migration directly, reduce extracellular proteolysis,
and promote matrix deposition in vitro. In vitro, TGF-β has also been studied to promote
the organization of single endothelial cells embedded in three-dimensional collagen gels
into tubelike structures, further signifying its role in the phase of resolution [18].

Other cytokines that have been studied to regulate angiogenesis in vivo include HGF,
EGF/TGF-α, PDGF-BB, interleukins (IL-1, IL-6, and IL-12), interferons, GM-CSF, PlGF,
proliferin, and proliferin-related protein. Angiogenesis can also be regulated by a variety of
noncytokine or nonchemokine factors, including enzymes (angiogenin and PD-ECGF/TP),
inhibitors of matrix-degrading proteolytic enzymes (TIMPs) and of PAs (PAIs), extracellu-
lar matrix components/coagulation factors or fragments (thrombospondin, angiostatin,
hyaluronan, and its oligosaccharides), soluble cytokine receptors, prostaglandins, adipocyte
lipids, and copper ions. The roles of these bioactive molecules are summarized in Table 1.

Table 1. Bioactive molecules and their effects on vascularization of tissue engineered constructs.

Bioactive Molecules Angiogenic Effects Ref

VEGF
Facilitates EC migration and proliferation

Regulates EC proliferation, migration, and survival; allows mobilization of BM-derived cells such
as HSCs, and recruit SMCs for stabilization of vessel.

[20]

FGF

FGF-2 Enhances EC proliferation.
bFGF facilitates the activation, proliferation, and migration of EPC; regulate vasculogenesis and

the formation of immature primary vascular networks.
FGF-2 Interacts with ECM molecules such as heparin, heparan sulfate proteoglycans (HSPGs);

promotes EC response and neovascularization process.
FGF-2 facilitates proliferation of ECs, SMCs; endothelial capillary formation

[20]

IGF-1
Facilitates formation of neovasculature from the endothelium of pre-existing vessels andInduces

endothelial cell migration for vascularization
Induces the activation of the PI3-kinase/Akt signaling pathway and expression of growth factors

[21]

PDGF

Promotes vessel maturation by recruitment of MSCs, pericytes, and SMCs.
Facilitates remodeling by inducing collagenases secretion by fibroblasts.

Increases VEGF production and promote angiogenesis
Regulates the production of ECM molecules for basement membrane and blood

vessel stabilization

[22]

TGF-β

Promotes EC migration, proliferation, and differentiation.
Increases VEGF secretion by ECs; and PGF and bFGF expression by SMCs. Enhances

angiogenesis.
Facilitates vessel stabilization and maturation

Stimulates ECM deposition

[23]

HGF Induces VEGF secretion
Promotes angiogenesis by ECs expression of VEGF. [24]

TNF-α Inhibits proliferation of endothelial cells; promotes angiogenesis [23]

Angiopoietin

Facilitates TGF-β-induced differentiation of MSCs.
Promotes vessel maturation

Inhibits VEGF activity and facilitates EC-SMC interactions
Enhnaces type IV collagen deposition

Promotes EC proliferation
Induces VEGF mediated angiogenic sprouting.

[22]

SDF-1 Facilitates vessel stabilization by recruitment of progenitors of SMCs
Initiate vascular remodeling; upregulate metalloproteinases and downregulate angiostatin [25]

Abbreviations: VEGF (Vascular Endothelial growth factor); FGF (Fibroblast growth factor); IGF-1 (insulin-
like growth factor); PDGF (Platelet-derived growth factor); TGF-ß (Transforming growth factor-beta); HGF
(Hepatocyte-growth factor); SDF-1 (Stromal cell derived growth factor); MSCs (Mesenchymal stem cells); VSMCs
(Vascular Smooth muscle cells); TNF-α (Tumor necrosis factor α); EC (Endothelial cells); PGF (Placental growth fac-
tor); IGF-1 (Insulin growth factor -1); SMCs (Smooth muscle cells); EC (Endothelial cells); HSPGs (Heparan sulfate
proteoglycans); FGF-2 (Fibroblast growth factor -2), bFGF (basic Fibroblast growth factor); HSCs (Hematopoietic
stem cells); BM (Bone marrow); PGF (Placental growth factor); ECM (Extracellular matrix).
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Combinatorial Regulation Chemical Factors in Engineering Vascularized Tissues

Biomaterial matrices functionalized with angiogenic growth factors have been ex-
tensively researched to promote vascularization. A myriad of angiogenic growth factors
such as VEGF, PDGF-BB, bFGF, hepatocyte growth factor (HGF), insulin-like growth factor
(IGF), and TGF-β have been widely studied to promote vascularization in pathological
disease models [26]. All key angiogenic growth factors (VEGF, FGF-2, IGF, HGF, PDGF-BB,
and TGF-β1) bind to specific sites in the ECM; their release kinetics are based on their
binding affinity and the proteases action to cleave the ECM or the ECM-binding growth
factor domain [26]. It has been demonstrated through in vitro and in vivo studies that
insufficient angiogenic growth factor exposure can inhibit angiogenesis, and subsequently,
overexpression of growth factor can inhibit the function of vascular smooth muscle cells
and pericytes population and form immature and unstable vessels [27]. The dose and
duration of growth factor release has been studied to play a critical role in therapeutic appli-
cations. Several strategies have been employed to control the release of growth factors from
biodegradable scaffolds. For example, angiogenesis has been enhanced using heparin or
heparan sulfate-mimetic molecules covalently crosslinked with the collagen type I scaffold
via 1-ethyl-3-dimethyl aminopropyl carbodiimide (EDC) and N-hydroxysuccinimide (NHS)
for release of heparin-binding growth factors [28]. Further, angiogenesis has been studied
to be enhanced by the combination of VEGF and FGF with a heparin-immobilized scaffold
compared with a single growth factor molecule. Biomaterials have also been functional-
ized using surface modification strategies or heparin-binding ECM domain addition. For
example, sequestration of multiple growth factors (VEGF-A165, PDGF-BB, and BMP-2) can
be achieved using a fibrin matrix covalently crosslinked with multifunctional recombinant
fibronectin (FN) fragments, including both its 12th and 14th type III repeats (FN III12-14)
and FN III9-10 for enhanced angiogenic effects [29]. Angiogenic growth factors can also
be altered for enhanced binding affinity to biomaterials for enhanced affinity with growth
factors. Sacchi et al. achieved covalently crosslinking of fibrin hydrogels with VEGF fused
to a sequence derived from α2-plasmin inhibitor (α2-PI1–8) for controlled VEGF release by
enzymatic cleavage, that resulted in stable and functional angiogenesis [30].

Incorporation of short bioactive peptides onto 3D scaffolds has gained interest as an
effective method to achieve vascularization. Several approaches have been employed to
study the effects of the immobilized bioactive peptides on vascular network formation.
Increased EC attachment, growth, and migration were achieved by incorporation of integrin
to ECM derived short peptide adhesive sequences such as collagen (Arg-Gly-Asp (RGD)),
laminin (e.g., Tyr-Ile-Gly-Ser-Arg (YIGSR) and Ser-Ile-Lys-Val-Ala-Val (SIKVAV)), and FN
(e.g., RGD and Arg-Glu-Asp-Val (REDV)) that increased angiogenesis [31]. Hydrogel
activation by functional RGD and REDV sequences in an elastin-like recombinamer-based
hydrogel caused improved EC adhesion and in vivo angiogenic potential via general cell
adhesion and specific endothelial cell adhesion.

Several strategies have been taken to deliver bioactive molecules from tissue engi-
neered scaffolds that mimic those associated with angiogenesis. Although the delivery of
single-factor soluble factors such as bFGF can induce EC proliferation [32], the delivery of
combinatorial growth factors better mimic the complexity of the angiogenic process. Vari-
ous studies have demonstrated controlled dose and duration of growth factor release from
biodegradable materials. Heparin-binding growth factors, VEGF and FGF-2 delivered from
heparin-immobilized scaffolds exhibited an increased degree of angiogenesis in comparison
to individual growth factor response [33]. Multiple growth factors (VEGF-A165, PDGF-BB,
and BMP-2) were sequestered using fibrin matrix covalently crosslinked with multifunc-
tional recombinant fibronectin (FN) fragments (12th and 14th type III repeats (FN III12-14)
and FN III9-10) and exhibited enhanced angiogenic effects in a mouse model of chronic
wound healing [33]. In another example, Kuttappan et al. functionalized a nanocomposite
fibrous scaffold with combinations of VEGF, FGF-2, and BMP2 for differential growth factor
release [34] that resulted in increased tissue vascularization. Furthermore, since growth fac-
tor delivery based on scaffold degradation can lead to an initial burst release, it was shown
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that increasing the crosslinking density of gelatin could improve growth factor retention.
Turner et al. achieved controlled release of VEGF or BMP2 based on the progressive prote-
olytic degradation of the scaffold using crosslinked gelatin microspheres. However, the
non-specific degradation of the scaffold and non-uniform growth factor release necessitates
the need for development of more advanced systems for optimal release [35].

Incorporation of different bioactive molecules in sequential layers of polymers; a
technique called layer-by-layer (LBL), can be employed for sequential delivery of growth
factors. The incorporation of bioactive molecules and action of matrix-degrading enzymes
causes sequential delivery of growth factors. A Polycaprolactone (PCL) scaffold was
developed with sequential layers of heparin and VEGF was developed. Long-term anti-
thrombogenic effect of tissue engineered graft was achieved by initial burst release of VEGF,
facilitated by ECM degrading enzyme metallopeptidase-2 (MMP-2) and controlled release
of heparin [36].

An enzyme-sensitive linker to link pro-angiogenic molecules covalently to the scaffold
has been studied to promote angiogenesis. Linking the linker sequence to a specific enzyme
(e.g., MMPs, serine, or cysteine proteinases) regulates time-bound release as enzymes are
produced by cells at specific times during differentiation or angiogenesis. Light, an external
stimulus for smart drug-delivery platforms, has been studied in various biomedical appli-
cations including image-guided surgery, and the photopolymerization and -degradation of
tissue engineering scaffolds, for the advantages of its noninvasive properties, high spatial
resolution, temporal control, and simple to use [37]. Light-sensitive linkers have been
used to covalently bind molecules, with UV or near infrared (NIR) light used to release
“incorporated” biomolecules. Light-responsive delivery systems must possess high spa-
tial and temporal regulation over drug release, employ nonionizing radiation, formed of
biocompatible materials, and flexible to be tailored to the needed application [38].

Encapsulation is another technique for controlled release of bioactive molecules. It has
the advantage of providing protection for growth factors, increasing their half-life. Studies
have been performed to design a scaffold patterned with composite microspheres, with the
spatiotemporal release of proteins [39]. Lai et al. employed the technique of encapsulation
via nanofibers and gelatin nanoparticles to form a scaffold for sequential release of VEGF,
PDGF, FGF, and EGF (epithelial growth factor). This resulted in enhanced endothelial cell
proliferation and development of vascular networks [40]. Various approaches have been
employed for controlled local delivery of angiogenic growth factors, however, the limitation
of their inherent inability to control the geometric architecture of vascular networks needs
to be addressed for optimal 3D tissue construction. These techniques can be employed to
control growth factor delivery recapitulating the temporal pattern observed in physiological
angiogenesis, but with limited complexity. Despite the promise growth factor delivery
or bioactive-peptide-guided vascular network formation, these approaches still lack the
control network geometry, for generation of a spatially controllable 3D mature vascular
network. Therefore, advancements in fabrication technologies below aim to fabricate
spatially controllable 3D vascular networks using scaffolds.

4. Spatial Control in Engineering Vascularized Tissues

Besides temporal regulation of growth factors, angiogenesis is strictly regulated by
spatial signals to govern vessel sprouting and maturation. Physiological cues including
inflammation and ischemia induce release of growth factor molecules, cytokines to create a
gradient within the extracellular matrix domain that results in generation of a spatially con-
trolled rearrangement of neovessels. Tissue engineering strategies seek to develop systems
with spatial control, such as direct cellular patterning using 3D bioprinting, electrospinning
and soft lithography for more precisely controllable neo-vessel formation. These systems
have been highlighted below.
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4.1. Three-Dimensiona; Bioprinting

Three-dimensional bioprinting is a multidisciplinary approach to spatially pattern
cellular and biological components by employing a layer-by-layer process to deposit and
generate 3D organ analogs and tissues platforms. Researchers have widely employed 3D
bioprinting to generate 3D constructs with vascular networks for creation of more geomet-
rically complex tissue structures. Bioprinting utilizes two manufacturing approaches of
direct and indirect printing to create tissue constructs. Direct printing includes printing
of bio-ink droplets (cell-laden hydrogels) containing cellular and extracellular compo-
nents into designed vascular network structures. In contrast, indirect printing involves a
cell-free scaffold or component bioprinted with cell-laden hydrogel layers. Using these
methods, combination of cells, biomaterials, and growth factors can produce complex
constructs with spatial organization with dimensional micron-sized channels and pore
sizes to direct angiogenesis.

The most commonly employed bioprinting techniques are based on inkjet, extrusion,
and lasers methods (Table 2). Inkjet bioprinting involves layer-by-layer dispersion of bio-
ink droplets on a construct using a thermal or piezoelectric actuator. In inkjet bioprinting,
the printhead is placed over the printing bed, followed by generation of a 3D tissue using
bioink droplets created by thermal, electrostatic, or piezoelectric inkjet bioprinters [41].
This approach has the advantage of generating picoliter-scale drops with a ~30 to 60 μm
printing resolution. It utilizes crosslinking molecules with hydrogels having rapid gelation
characteristics for generation of organized networks. For example, alginate-based bio-inks
can be printed into a calcium chloride solution as they rapidly crosslink. This technique has
been used to create 200-μm diameter vessels. Cui et al. demonstrated effective simultaneous
printing of ECs and fibrin-based vascular networks. The aligned ECs proliferated to form a
confluent tubular form within the printed channels within the fibrin scaffold after 28 days
of culture [42]. This approach has the advantage of low cost due to the potential to adapt
regular printers and for printing multiple cell types. The thickness of constructs printed
using inkjet methods are limited by weak structural support due to low concentration
of hydrogel.

Extrusion-based bioprinting encompasses layer-by-layer printing of bio-ink by employ-
ing a syringe and piston for dispensing through nozzles on a microscale level. Extrusion-
based approaches employ relatively higher amounts of hydrogels such as alginate and
Pluronic F-127 for the generation of stable 3D cellular constructs. Millik et al. optimized
an advanced extrusion system and bio-ink blend for generation of highly organized and
perfusable cell-loaded microvasculature [43]. Tubes produced with a wide range of diame-
ters (500–1500 μm) and wall thicknesses (60–280 μm) using the co-axial system. Gao et al.
recently constructed a coaxial extrusion system for concurrent flow of calcium solution
(interior) and alginate solution (exterior) [44]. Hollow and high strength calcium alginate
filaments of cell-laden, 3D hydrogel structures were successfully fabricated with microchan-
nels that were perfusable. One of the limitations is the sub-optimal mechanical stability
and structural integrity, for printing clinically scalable tissue constructs. In a study con-
ducted by Kim et al., an advanced 3D printer known as an integrated tissue-organ printer
(ITOP), was employed to generate stable and multiform human-scale tissue constructs. [45].
The ITOP patterns multi- cell-laden composite hydrogels composed of gelatin, fibrinogen,
hyaluronic acid, and glycerol and present a PCL polymer (of high strength) and a sacrificial
Pluronic F-127 hydrogel with strong mechanical characteristics. The application of ITOP
to generate a human-scale mandible, calvarial bone, cartilage, and skeletal muscle was
successfully performed in vivo with mature and perfusable tissue formation [46]. The
ITOP has been demonstrated to allow advanced 3D bioprinting and generation of clinically
translatable tissues.

Lastly, laser-assisted bioprinting is an effective method for printing precise microvas-
culature, although fewer studies have been discussed on this. Laser-based bioprinting
can be conducted using photopolymerization or laser-induced forward transfer method.
Although this technique is costly, it can print cells at very high resolution obviating the
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exposure to high shear stress Wu and Ringeisen [47] employed laser bioprinting for gener-
ation of branch/stem structures with HUVECs followed by culture of human umbilical
vein smooth muscle cells on the printed HUVEC constructs. The formed microvasculature
possessed two stems and a stable lumina recapitulating the microvascular network.

Table 2. Comparison of bioprinting methods for fabrication of vascularized engineered tissues.

Bioprinting
Technique

Bioprinted Cellular
Types

Vascularization Application Limitations Ref

Inkjet Based
Bioprinting

Human umbilical
vein endothelial
cells (HUVECs)

Rat Smooth muscle
cells (SMCs)

• Heterocellular tissue patterned
with <100 μm droplets.

• Employs thermal, electromagnetic,
or piezoelectric strategy for
deposition of “ink” droplets

• Rapid printing speeds with
high resolution.

• Potential to print biomaterials with
low viscosity.

• Availability and ease of using
multiple bioinks. High-cellular
viability and relatively
less expensive

• Low material viscosity
(<10 Pa.s).

• Lack of precision with respect
to droplet size. Requirement
for low viscosity bioink.

• Nozzle clogging and cellular
distortion due to high-cell
density.

• Low mechanical strength.
Inability to provide continuous
stream of material

[48]

Extrusion
Based

Bioprinting

Human umbilical
vein endothelial
cells (HUVECs)

Human umbilical
vein smooth muscle

cells
(HUVSMCs),
human bone

marrow derived
mesenchymal stem

cells (hMSCs)
Mouse embryonic
fibroblasts (MEF)

• Coaxial extrusion enables >80 cm
long vascular conduits of lumen
diameter 1520 μm to be developed.
Heterogenous tissues constructs
can be created (>1 cm in thickness
and 10 cm3 volume). Multicellular
spheroids (>400μm diameter) are
bioprinted and double layered
small diameter conduits of
diameter 2.5 mm.

• Potential for printing biomaterials
with high cellular densities (higher
than 1 × 106 cells/mL).

• Continuous stream of material can
be generated High viscosity
bioinks such as polymers,
clay-based substrates can
be printed.

• Low printing resolution (>100
μm) and slow printing speeds.

• Loss of cellular viability and
distortion of cellular structure
due to the pressure to expel
the bioink.

[49]

• Microchannels of width > 100μm
can be obtained. Fast printing
speeds and potential to print
biomaterials with broader viscosity
gradient (1–300 mPa/s).

• High precision and resolution (1
cell/droplet) can be achieved.

• High density of cells can be
printed- 108/mL

• Takes longer to generate—need
to prepare reservoirs/ribbons.
Low cellular viability
compared to other techniques.

• Thermal damage can cause loss
of cells.

• Intense UV radiation needed
for SLA for crosslinking
process.

• Large amount of materials
needed and high cost.

• Longer post processing time
and fewer materials have been
found SLA-compatible.

[50,51]

Abbreviations: HUVEC (Human Umbilical Vein Endothelial Cells); hMSCs (Human Mesenchymal Stem Cells);
MEF (Mouse Embryonic fibroblasts); NIH ST3 (Murine Fibroblasts); SMCs (Smooth Muscle cells); SLA (Stere-
olithography) bioprinting.

41



Bioengineering 2022, 9, 555

Multi-Material Bioprinting

For printing heterogenous and complex tissues, traditional bioprinters have the limita-
tion of deposition of single bio-ink formulation from the single nozzle or postprocessing
through layer-by-layer deposition. Multi-material bioprinting integrating multi-material
platforms for bioprinting heterogenous, multicellular and functional tissue constructs has
recently gained attention. It is advantageous for concurrent or sequentially depositing
different materials such as cell-laden hydrogels or extracellular matrix structures, sacrificial
materials, and polymers for scaffolding with hierarchical microstructure. These have been
very promising for native tissue biomimicry. A myriad of multiple-head multi-material
bioprinting strategies have been established for the constructing multicellular and zonally
stratified organization of blood vessels for cell depositing on exogenous or other biomateri-
als. Tan et al. employed multi-head multi materials bioprinting for generation of generated
concentric and self-supporting tubular structures. The group used two extrusion-based
bioprinting printheads; first printhead was employed to extrude the alginate-xanthan
gum hydrogel blend bio-ink in a circular pattern and, second printhead was designed
for extruding crosslinker solution into inner-side of the printed circular pattern for high
mechanical stability of tube wall [52]. Another group, Campbell et al., extruded several
hydrogels using integration of a single printhead equipped with a selector valve to switch
between separate syringe pumps, to allow sequential and controlled biofabrication of
heterogeneous, multilayered and multicellular complex vascular tissue structures [53].
Pre-crosslinked cell-laden alginate-collagen blends of specific viscosity used as bio-ink
with EC-laden bio-ink. This was successfully deposited and sequentially surrounded by
extrusion of SMC-laden bioink.

Besides using bio-ink-based bioprinting, a scaffold-free approach using multicellular
spheroids and cylinders have been employed using for generating vascular constructs [54].
Forgacs et al. demonstrated the application of scaffold-free multi-material bioprinting mul-
tilayered and multicellular vascular tubes, as one printhead was employed for deposition
of agarose rods (molding template) and other was a pre-set extruded multicellular spheroid
or cylinder [55] The fabrication of vascular tubes with linear and bifurcated geometries has
been employed. Furthermore, a double-layered vascular construct composed of inner layer
(HUVSMCs cylinders) and outer layer (human dermal fibroblast (HDF) cylinders) was
created to recapitulate layers of native blood vessels –tunica media and tunica adventitia,
respectively. Kucukgul et al. generated a biomimetic macrovascular construct using an
algorithmic model and successfully performed scaffold-free bioprinting of aortic tissue
constructs on capillary-based extrusion. Human aorta of mouse embryonic fibroblast (MEF)
aggregates and agarose structures from two separate printheads were imaged [56].

Microfluidic multi-material bioprinting techniques have also been employed for the
fabrication of vascular structures [57,58]. Attalla et al. deposited several viscous hydrogels
from a multiaxial microfluidic printhead to engineer tubular constructs with cell-laden
bioinks and the crosslinker solution added using needles in the microfluidic chip and
concentrically dispensed from the nozzle [57]. Zhou et al. bioprinted a vessel-like tubular
construct by employing a capillary-based microfluidic printhead where cell-laden alginate
was released from six outer channels of the multi-barrel capillary nozzle, and CaCl2 was
released from the central channel for crosslinking the bioink solution into a lumen [58].
Feng et al. developed a multicomponent bioprinting platform for biofabrication of artificial
vessels where two alginate-based bioinks encapsulated with HUVECs and embryonic
rat cardiomyocytes were extruded from the coaxial microfluidic printhead on a rotating
material resulting in layer-by-layer fabrication of concentric ring structure [59]. Table 3
provides a comparison of various multi-material bioprinting approaches for the fabrication
of vascular tissues.

42



Bioengineering 2022, 9, 555

Table 3. Multi-material bioprinting strategies for generation of vascularized tissues.

Bioprinting
Approach

Targeted
Vascularized

Tissue
Bioprinter Used Bioink Vascularization Impact Ref

Multi-material
bioprinting

Vascularized liver Double nozzle
printing system

ADSC-laden
gelatin/alginate/fibrinogen

Hepatocytes-laden
gelatin/alginate/chitosan

Functional hepatocytes were
formed with endothelial like

structures in tissue
construct.

[60]

Vascularized bone
3D-bioprinter with

two controllable
printheads

hMSCs laden
gelatin-fibrinogen

HUVEC laden
gelatin-fibrinogen

hydrogel

Osteogenic differentiation
factors perfusion through

vascular network resulted in
osteogenic tissue formation.

[61]

Vascularized
cardiac patch

Multi-head
extrusion-based
3D bioprinting

ECs within sacrificial
gelatin

CMs laden ECM bioink

Heart structure with
mechanically stable and
robust perfusable vessels

[62]

Vascularized tissue
model

3D bioprinter with
more than two

controllable
printheads

Fibroblast-cell laden
GelMA

EC injection through
microchannels

Fabrication of vascularized
tissue constructs. [63]

Dual 3D
bioprinting

SLA-based and
extrusion-based

bioprinting
Vascularized bone

ECs and hMSCs laden
VEGF modified Gel MA-

based bioink

Spatial controlled
localization of growth

factors and perfusion lead to
interconnected vascularized

bone construct.

[64]

Extrusion and
inkjet bioprinting Vascularized skin

Adipose-derived dECM
and fibrinogen bioink
encapsulated human

adipocytes
Fibroblast cells laden skin

dECM and fibrinogen

Formation of vascularized
channels between dermis
and hypodermis leads to
maturation of epidermis

with human like structure.

[65]

Extrusion-based
and SLA-based

bioprinting
platform

Multiphasic hybrid
construct vascular

conduit model

Cells encapsulated within
PEGDA

Diffusion of media into cells
resulted in a thick construct [66]

Co-axial and
extrusion

bioprinting
platform

Vascular model
Human coronary artery

SMCs laden modified Gel
MA

Bioprinted vascular
construct with

biomechanics, perfusion
ablility and permeability.

[67]

Co-axial
Bioprinting

Coaxial nozzle
bioprinting

Vascularized
muscle

Endothelial cell-laden
vascular dECM

Formation of
pre-vascularized muscle
with integration into the

host tissue and functional
recovery.

[68]

Coaxial nozzle
bioprinting

Perfusable renal
tissue

Hybrid hydrogel bioink
incorporated with kidney

dECM and alginate

Renal proximal tube
integrated into the host

tissues in vivo
[69]

Coaxial nozzle
bioprinting

Vascularized
intestinal villi

HUVEC extruded from
core region of coaxial

nozzle

Human intestine
regeneration and

organ-on-a-chip system
[70]

Coaxial
bioprinting

platform

Vascularized tissue
> 1 cm

Cell-laden GelMA
Endothelial cell laden

gelatin
Generation of tissue models [71]

Light-based
bioprinting

LIFT-Based
bioprinting

Vascularized
cardiac patch

Deposition of MSCs on a
cardiac patch within ECs

mesh structure

Pre-vascularized patches
with enhanced angiogenesis [72]

DLP
based-bioprinting

Vascularized thick
tissue

Photopolymerizable
glycidyl methacrylate-
hyaluronic acid and

GelMA

Fabrication of vascularized
tissue constructs with high

resolution.
[73]

Abbreviations: EC (Endothelial cells); dECM (decellularized extracellular matrix); MSCs (Mesenchymal stem
cells); Gel MA (Gelatin methacryloyl); HUVEC (Human vascular endothelial cells); PEGDA (Polyethylene glycol
diacrylate); DLP (Digital Light Processing); SMCs (Smooth muscle cells); VEGF (Vascular endothelial growth
factor); LIFT (Laser-induced forward transfer); CMs (Cardiomyocytes); ADSC (Adipose derived stem cells);
SLA (Stereolithography).

43



Bioengineering 2022, 9, 555

Despite its capability for extruding meter-long vascular-like constructs, this approach
is limited in the recapitulation of branched vascular tissues. Microfluidic multi-material
bioprinting approaches, particularly the ones combined with coaxial nozzles, have the capa-
bility to recapitulate the native vascular tissues. Therefore, microfluidic printheads should
be studied further to support the creation of freeform, multiscale vascular constructs in
integration with the embedded bioprinting technique. Multi-material bioprinting platforms
emerge as a powerful tool for replication of heterocellular and hierarchical composition
of living tissues and organs needed for successful translation of engineered tissues and
organs for clinical applications.

4.2. Electrospinning

Electrospinning employs electrical forces to generate nanofibers of a wide range of
materials [74]. Nanofibers are generated using a polymeric solution injected from the
syringe to a center of high electric field. As electrostatic forces get higher than the surface
tension of the polymeric solution, this results in the formation of a Taylor cone with rapid
acceleration of narrow jet towards the target (collector), connected to the ground with
opposite charge [74]. In the past decade, electrospinning has been explored for generation
of nano-fiber based microvasculature. This approach allows for fine control over diameter,
porosity, and degradation rate. In addition, this technique results in formation of fibers
having diameter similar to native ECM (50–500 nm) and mimic natural topographical
cues [75]. Bioink deposited remade nanofibers have been designed for macroscale hydrogel
constructs with nanoscale spatial control. Integration of electrospinning with 3D fiber depo-
sition has been used to generate multiscale scaffold of a PEG/poly (butylene terephthalate)
(PBT) block copolymer of native microarchitecture. In vitro studies revealed long term
viability and high metabolic rate of human mesenchymal stromal cells cultured on these
scaffolds arranged aligned along the scaffold [76]. This study demonstrated the application
of multiscale, multi-compound, and multifunctional engineered tissues to recapitulate the
complex native tissues.

In another study, Kim et al. studied endothelial differentiation of induced pluripo-
tent stem cells (iPSCs) with topographically aligned 3D electrospun PCL scaffolds to
produce iPSC-derived ECs (iPSC-ECs) [77] (Figure 2). The group reported enhanced gene
expression of EC phenotypic markers CD31, CD144, and nitric oxide synthase within
3D scaffolds, compared to on 2D PCL films. Parallel-aligned vascular-like networks cul-
tured with iPSC-ECs displayed 70% longer branch length in comparison to randomly
oriented scaffolds (Figure 2C) This study revealed ability of fiber topography mechanism
for modulating vascular network-like formation and patterning of structures. Wanjare
et.al engineered cardiovascular tissues and demonstrated a dominant role of scaffold
anisotropy to maintain human induced pluripotent stem cell-derived organization of car-
diomyocytes (iCMs) and contractile function [78]. In another example, Kenar et al. blended
poly(L-lactide-co-ε-caprolactone) (PCL) with collagen and hyaluronic acid and designed a
micro-fibrous composite scaffold with enhanced length of vasculature [79]. Furthermore,
Cui et al. demonstrated improved pre-vascularization of constructs by pre-seeding HUVEC
on LBL aligned (PCL)/cellulose nanofiber matrices pre- implantation [80]. In vivo, the
aligned fiber matrices integrated with the host vasculature. Electrospinning has the po-
tential to produce matrices capable of mimicking ECM for enhanced in vivo angiogenesis
through the fiber spatial organization, further highlighting the scope of the technique to
improve vascularization.
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Figure 2. Vascular network-like formation in 3D microfibrous scaffolds. (A) 3D stacked confocal
images of CD31 staining in 2D PCL film, 3D randomly oriented scaffold, and 3D aligned scaffold.
(B) Transformation of CD31 expression into skeletonized filaments; (C,D) Quantification of branch
length (C) and branch points (D). * indicates statistically significant relationship to 2D polycapro-
lactone (PCL) film, and # indicates statistically significant comparison between 3D groups. p < 0.05
(n = 5). Reproduced with permission from [77].

4.3. Patterning of Bioactive Molecules

Biofabrication methods can be employed to pattern bioactive molecules within scaf-
folds to emulate biochemical gradients present in natural angiogenesis and promote in situ
vascularization via integration with the host vascular network. Owing to its potent effect
on angiogenesis, VEGF is the most commonly employed growth factor for the patterning
of scaffolds. For example, Alsop et al. printed VEGF in a spatially defined manner onto a
collagen-glycosaminoglycan scaffold by employing photolithography. The group reported
high cell infiltration and immature vascular networks [81]. Directional vessel growth via
pre-defined release of VEGF have been induced by using hydrogels [82]. Promotion of
aligned vasculature as the hydrogel is printed parallel to existing vasculature and not
perpendicular depicts the precise control. Studies have also incorporated growth factor
combinations into the scaffold material for recapitulating the sequential stages of angio-
genesis. Combinations of VEGF, FGF, and BMP2, and with VEGF and Angiopoietin have
been studied to improve angiogenesis [83]. Even with the use of multiple growth factors,
the platforms are still relatively basic compared to the complex process of angiogenesis.
Incorporation of bioactive molecules in the scaffold material does not adequately ensure
its spatial localization due to diffusion and burst release. Therefore, for development
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of functionalized decellularized scaffolds, several strategies have been employed to use
heparin via endpoint attachment. This approach has been successful for binding and
controlled release of heparin-binding growth factors, for example, VEGF, for enhanced
angiogenesis [84]. Another group printed biodegradable polymer scaffold with concurrent
zones of VEGF and VEGF inhibitors and achieved spatially restricted signaling [85].

Patterning bioactive molecules within scaffolds is another way for mimicking bio-
chemical gradients or promoting in situ vascularization as a result off integration with the
host vascular network. This spatial micropatterning approach to formation of vascular
network can achieve a spatial resolution of less than 10 μm. This technique can engineer
spatially organized ECs using microfabrication technologies, such as soft lithography and
photopolymerization [86]. The steps to soft lithography include (1) design of pattern;
(2) photomask and master fabrication; (3) fabrication of polydimethylsiloxane (PDMS)
stamp; and (4) micro- and nano-structure fabrication employing the stamp. Raghavan et al.
employed soft lithography techniques on microfabricated PDMS templates with intended
geometries [87]. Spatially arranged endothelial cords were formed using a suspension
of ECs in collagen gel introduced into the channel and stimulated with VEGF and bFGF.
Baranski et al. studied micropatterned EC cords with human hepatocytes implanted into
nude mice. Implanted cords directed rapid vascularization, and anastomosis of the cords
with the host vasculature. [88] Another strategy for the controlled release of bioactive
molecules is encapsulation. Encapsulation also provides a layer of protection for growth
factors, improving their short half-life. Minardi et al. achieved the spatiotemporal re-
lease of proteins by patterning the scaffold with composite microspheres [89]. In addition,
Nazarnezhad et al. produced a scaffold to achieve concurrent release of VEGF, PDGF, FGF,
and EGF by encapsulation via nanofibers and gelatin nanoparticles [90]. Due to gradual
release of these growth factors sustained for 45 days, enhanced endothelial cell proliferation
and development of vascular-like structures was observed.

Along with growth factors, scaffolds have been functionalized with peptides to induce
vascular growth and network formation. Covalent binding of peptides to the scaffold helps
to pattern peptides on to surfaces and scaffolds with relative resilience to processing. These
peptides possess greater flexibility than growth factors and can incorporate angiogenic
domains. Lei et al. micropatterned SVVYGLR peptide strips on polymer surfaces using
photolithography. Directional regulation and morphogenesis of ECs cultured onto 10, and
50 μm aligned peptide strips generated tubular structures [91]. Chow et al. employed
peptide-PCL conjugates with selective affinity for glycosaminoglycans (GAGs), in combina-
tion with sequential electrospinning techniques, to direct the spatial patterning of GAGs all
through the scaffold [92]. This helps to protect the bioactivity of the GAGs and native ECM,
for a more clinically translatable tissue structure. These studies underline the importance
of spatial organization in vascularization strategies. Angiogenesis has been studied to be
modulated by micropatterning strong mechanical forces, as convex part of micropatterned
vessel walls allows for preferential blood vessel formation. Huang’s group demonstrated
parallel-aligned micropatterned channels as well as nanopatterned collagen scaffolds to
promote the organization and migration of ECs [93]. Laminar flow applied to EC-seeded
parallel-aligned nanofibrillar collagen scaffolds and orthogonal to the direction of collagen
patterning, the cellular population preferentially remained organized along the spatial
patterning direction.

Patterning of biomolecules shows great promise for promoting vascularization in
engineered scaffolds and tissues owing to the high spatial precision of micropatterning
techniques, Biomolecules such as peptides can be incorporated into micropatterned or
nanopatterned scaffolds (Table 4). The limitations of random distribution of growth factors
have been addressed by biomolecules encapsulation pre-patterning of scaffolds. The use of
nanoparticles is being explored for strict control on biomolecule patterning and release. In
addition, as the size-scale of spatial micropatterned substrates is limited, hence, strategies
that allow generation of larger-scale vascular networks are actively studied.
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Table 4. Fabrication techniques/structures to promote vascularization in tissue engineered constructs.

Technique/Structures Application Limitations Ref

3D Bioprinting

• Developed tissue constructs mimic the spatial,
mechanochemical, and temporal characteristics of
native tissues

• Microchannels of width > 100 μm can be obtained
• Heterogenous tissues constructs can be created (>1 cm

in thickness and 10 cm3 volume). Multicellular
spheroids (>400 μm diameter) are bioprinted and
double layered small diameter conduits of diameter
2.5 mm.

• High accuracy and reproducibility
• High precision in 3D structure
• Modularity of bio-inks

• Print resolution is
limited

• Print size limited to
diffusion

[94]

Micropatterning

• Promotes cell alignment and cell density
• High reproducibility
• Can be integrated with other techniques.

• Limited complexity of
organized tissue.

• Constructs unable to be
implanted

• Size scale is limited

[95]

Hydrogel
• Biocompatible
• Can match tissue stiffness

• Limited cell
directionality

• Fragile construct [96]

Electrospinning

• High reproducibility
• Relatively low cost
• Cellular alignment maintained

• Low biocompatibility
• Limited tissue

complexity. [97]

Decellularized
Scaffolds

• Recapitulate 3D organ specific architecture
• Native vascular network is largely preserved
• Low cytotoxicity

• Limited efficiency
• Limited tissue/organ

donor availability
• Antigenicity from

xenogenic tissues

[98]

Tissue Engineered
Heart

• Constructs have native myocardial structure
• Cardiomyocyte contractility is maintained

• Low apparatus
modularity

• Restricted applications [99]

Scaffold-free
Engineering

• High reproducibility and efficiency
• Physiological Cell–cell interaction
• Controlled growth factor release

• Limited accessibility
• Restricted applications.
• Lack of precision in

network architecture
[100]

Abbreviations: 3D (Three dimensional).

5. Spatiotemporal Regulation of Engineering Vascularized Cardiac Patches

5.1. Vascularized Cardiac Patch with Temporal Regulation
5.1.1. Engineering Vascularized Patch with Temporal Regulation In Vitro

Tissue engineering encompasses principles of engineering and biology for the gen-
eration of living tissues studied for drug screening, disease modeling, and therapeutic
regeneration. Techniques to reprogram human somatic cells into iPSCs and differentiation
into cardiomyocytes and other cardiac cells have been extensively studied to be efficient,
which has led to accelerated progress towards the generation of engineered human cardiac
muscle patch (hCMP) and heart tissue constructs [101,102]. Traditional methods for hCMP
fabrication involve suspending cells within biocompatible material scaffolds or culture of
two-dimensional sheets to form multilayered constructs. Recently, spatiotemporal tech-
niques such as micropatterning and three-dimensional bioprinting have been employed
to generate hCMP architectures at unprecedented spatiotemporal resolution [102]. One
limitation of hCMP-based strategies for in vivo tissue repair is inadequate scalability, poor
integration and engraftment rate, and the lack of functional vascular networks. Therefore,
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cardiac patches must be designed to allow assimilation with the host myocardium and
synchronization. Porous scaffolds have been widely studied as a promising biomaterial
as the architecture provides appropriate directions for cells for matrix penetration. This
strategy can induce adequate rate of biomaterial degradation for new tissue reconstruc-
tion with improved nutrient supply and electrophysiological mediated integration. For
instance, improved in vivo vascularization within the patch was achieved using VEGF-
containing scaffolds [103]. Pre-vascularization of cardiac patch scaffolds has also been
studied to improve mass transport. MSCs, through the release of angiogenic factors have
been shown to support the formation of microvessels and their structure. ECM nanofibers
and MSCs were shown to promote vascular constructs as a sheet when co-cultured with
ECs. Shevach et al. suggested decorating decellularized matrices with gold nanoparticles
and nanowires for improved electrical coupling, presenting stronger contractile force and
lower excitation frequency [104].

Induced pluripotent stem cells (iPSCs) have gained attention as a key component
of cardiac tissue engineering for understanding of cardiovascular disease mechanisms,
drug responses, and developmental processes in human 3D tissue models. A wide range
of iPSC-derived cardiac spheroids, organoids, and heart-on-a-chip models have been de-
veloped since the very first engineered tissue was fabricated more than two decades ago.
The iPSC-derived cardiovascular cells can be differentiated by soluble factors (e.g., small
molecules), extracellular matrix scaffolds, and exogenous biophysical maturation cues [105].
Efficient cardiomyocyte (CM) differentiation protocols, in combination with advancements
in engineered biomaterials and organ-on-a-chip technology, have led to a variety of in vitro
cardiac tissue models, ranging from spheroids and organoids to transplantable cardiac
patches and 3D-bioprinted hearts. Protocols for differentiation into other major cardio-
vascular cell types (iPSC-derived endothelial cells, iPSC-ECs and iPSC-derived vascular
smooth muscle cells) have been extensively studied in the past decade [106–109]. The major
advantage of incorporating various iPSC derived cardiovascular cell types is to generate a
more physiological construct, as demonstrated by the improved structural and functional
maturity of multi-cell type microtissues. Multi-cellularity also enables researchers to study
pathogenic mechanisms and drug responses to a specific cell that provides a versatile tool
to study intercellular communication mechanisms (e.g., paracrine or contact-mediated).
Despite the promise of CMs derived from human induced pluripotent stem cells (hiP-
SCs), these cells are found to be functionally immature and exhibit fetal-like features. To
improve CM maturation, Mummery et al. showed that the tri-cellular combination of
hiPSC-derived CMs, cardiac fibroblasts, and iPSC-ECs could enhance CM maturation in
scaffold-free, three-dimensional microtissues [105,106]. Integration of engineered biomate-
rials with various microfabricated devices, stretch, and electrical circuits with conventional
2D approaches is being studied to overcome these limitations [110,111].

Biological materials have been extensively used as drug delivery vehicles. Various
polymeric materials have been successfully studied to encapsulate or entrap biomolecular
components resulting in low-dimension particles (microns to sub-nano scale). Such par-
ticles enable the delivery of soluble and insoluble bioactive molecules to the target site,
providing enhanced stability, drug half-life, pharmacokinetics, and drug specificity. Drug
delivery platforms could also be fabricated from biomaterials incorporated with delivery
agents. Different fabrication methods and chemical formulations could be designed for
tailoring the mechanical properties of biomaterials. These matrices are used for the con-
trolled release of drugs, depending on factors such as degradation/erosion rate, triggers, or
environment factors. Neighboring cells in the natural microenvironment communicate with
each other via paracrine pathways and factors mediated by proteins, small RNA molecules,
and extracellular vesicles (EVs). ECM acts as a reservoir of signaling components, the
incorporation of proteins and protein-binding features into biomaterials could mimic ECM
function and induce cellular responses, such as cell proliferation, migration, and differ-
entiation [112]. Therefore, ECM-based biomaterials are potential candidates as advanced
drug delivery systems for spatial–temporal presentation and delivery of therapeutic drugs,
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imperative for endogenous cardiac tissue regeneration and to restore functionality post
cardiac injuries.

5.1.2. Engineering Vascularized Patch with Temporal Regulation In Vivo

For localized and temporary delivery of bioactive molecules, controlled and sus-
tained release systems have been designed. Polymeric materials, forming 2D and 3D
matrices, have been extensively studied. As endogenous cardiac regeneration strategies
usually target localized action, delivery systems impregnated within hydrogels and car-
diac patches have gained interest. Injectable hydrogels have been shown to enhance cell
survival and attenuate fibrotic responses immediately after myocardial infarction. Ruvi-
nov et al. demonstrated improved cardiac regeneration by facilitating the release of two
GFs-IGF-1 (considered cardioprotective) and hepatocyte growth factor (HGF; considered
anti-fibrotic) [113]. The group used injectable alginate hydrogel capable of binding to
growth factors with affinity-binding AlgS [114]. The injection of the proposed hydrogel into
infarcted rat hearts resulted in reduced myocyte apoptosis and fibrosis, and cardiomyocyte
proliferation attenuated infarct tissue. Cell-free heart patches have also been extensively
studied to effectively induce endogenous cardiac regeneration such as the “paracrine effect”.
Cell-based therapies to improve cardiac regeneration involve secretion of cardioprotec-
tive factors that signal cells in the infarcted area. In one study, Jeske et al. hypothesized
that iPSC- or iPSC-CM-derived EVs (i.e., microvesicles and exosomes) revealed similar
effect [115]. The group studied and isolated these EVs in vitro for studying the function
of miRNA content. The isolated EVs were encapsulated in a cell-free collagen hydrogel
for their tendency to get rapidly consumed by recipient cells, to increase treatment efficacy.
Prolonged release of EVs was achieved using a collagen hydrogel for up to 1 week in vivo.
In a rat myocardial infarction model, the collagen hydrogel patch reduced scar formation
and apoptosis of CMs and enhanced recovery of contractile functions. This system has the
advantages of being independent of any cellular component, low risk of immunogenicity
and optimal cellular viability and retention. In the following section, spatial regulation is
discussed for engineered cardiac patches.

5.2. Engineering Vascularized Patch with Spatial Regulation
5.2.1. Engineering Vascularized Patch with Spatial Regulation In Vitro

Multiscale architectures can be precisely engineered using capillary force lithography
to recapitulate the topographical and ECM cues. Cellular morphology and directionality
can be regulated by nanopatterning of materials through UV-assisted capillary force lithog-
raphy technique that can impart ECM cues needed. Structures and directions of fibroblast
cells have been studied to be predominantly influenced by nano-topography instead of
microtopography [116]. Further, micro/nanopatterned transplantable patches composed
of PLGA have been fabricated using capillary force lithography/wrinkling combinatory
technique. The multiscale PLGA patches displayed augmented tissue adhesion to the
underlying native tissue and optimal mechanical strength compared to the merely nanopat-
terned counterparts [117]. This combinatory strategy can greatly benefit by manipulating
the substrate of cell culture to govern cell fate and functionality. Clinically relevant size
constructs of hCMPs have been generated. However, patches with relatively larger surface
areas (e.g., 8 cm2) are comparatively thin (1.25 mm), leading to limited direct perfusion and
limited thickness of hCMP to 1–2 mm. Hence, larger and thicker hCMP constructs have
been optimized and improved. Engineering thick and viable hCMP generation is limited
by inadequate recapitulation of characteristics of native myocardium, such as generation
of optimum forces and action potentials. hCMP thickness is limited by the oxygen and
nutrients from the vascular network post-transplantation, necessitating the cardiomyocytes
to be within 100–200μm distance from the capillaries [118]. hCMPs of optimum thicknesses
need the formation of a dense internal vascular network that integrates with native circu-
lation post-transplantation. Vascularization can be enhanced by including a combination
of vascular and other cell types (ECs, SMCs, fibroblasts) and also employing nanoparticle-
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mediated extended release of pro-angiogenic factors, e.g., vascular endothelial growth
factor (VEGF), fibroblast growth factor (FGF), and the Wnt activator CHIR99021 for infiltra-
tion of the native circulatory loop [119]. In addition, advanced biofabrication methods (e.g.,
micropatterning and 3D bioprinting) can be used to control the spatial orientation of the
vascular network to improve mass transport and perfusion. These examples demonstrate
the various techniques that can be used to induce spatial patterned vascularized patches.

5.2.2. Engineering Vascularized Patch with Spatial Regulation In Vivo

In the beginning, tissue printing was employed for generation of constructs human
cardiac-derived CPCs and alginate with cardiac lineage commitment and high viability for
7 days in culture [120]. In subsequent experiments, human cardiomyocyte progenitor cells
were printed in six perpendicularly printed layers into a hyaluronic acid matrix, and gelatin
formed a patch of 4 cm2 surface area. Improved measures of cardiac function were observed
with increased expression of cardiac and vascular differentiation markers within 4 weeks
in a murine MI (myocardial infarction) model [121]. Scaffold-free bioprinted hCMPs
have been generated using loaded spheroids onto an array of needles, fused and hCMP
cultured as needle holes got filled with surrounding tissue [122]. The construct remained
engrafted and displayed vascularization for 7 days after implantation into infarcted rat
hearts. Recently, a customized device has been developed for simultaneous loading of layer
of spheroids into the needle array, substantially improving print time for larger engineered
constructs. An advanced technique called multiphoton-excited (MPE) 3D bioprinting has
been employed to improve limitation of low resolution of traditional bioprinting strategies
that limit printing structural details to facilitate cellular interactions. This technique controls
the architecture of photoactive polymers to reproduce the structural features of the ECM
with high fidelity. MPE 3D-printed hCMPs composed of iPSC-derived CMs, ECs, and SMCs
in a gelatin scaffold generated calcium transients post fabrication and beat synchronously
within 1 day [123]. The printed patches exhibited significant improvements in a murine
MI model with enhanced cardiac function (left ventricular ejection fraction and fractional
shortening), apoptosis, vascularity, and cell growth. Photoactivated 3D bioprinting has also
been studied with a bioink incorporating both ECM proteins and hiPSCs for fabrication
of two-chambered structures with both inlet and outlet vessels. Mature cardiac cells were
formed from proliferation and differentiation of hiPSCs in situ with human cardiac muscle
recapitulating the chambers and large vessels of a human heart [124].

Elaborate research has been conducted for replacement of infarcted cardiac tissue with
tissue engineered cardiac patches generated from biocompatible and bioabsorbable compo-
nents including purified ECM molecules and heterogeneous mixtures of ECM molecules.
Jang et al. generated a 3D prevascularized stem cell patch using the spatial arrangement
of cardiac progenitor/MSCs with decellularized ECM bio-ink [125]. The cardiac patch
reduced fibrosis and cardiac remodeling with enhanced cardiomyogenesis and neovascular-
ization at the injured myocardium post-transplantation. Gao et al. successfully 3D printed
an EPC/atorvastatin-loaded PLGA microspheres laden bioink (vascular tissue-derived
ECM and alginate) and bio-blood vessel [126]. The engineered tissue exhibited enhanced
viability, proliferation, and differentiation of endothelial progenitor cells (EPCs) with im-
proved in vitro endothelialization. The bioblood vessel (BBV)-based technique showed
significantly improved EPC function and recovery of ischemic injury in a nude mice hind
limb ischemia model. We have previously shown that electrospun aligned microfiber
scaffolds could be used for the co-culture of iPSC-derived cardiomyocytes and endothelial
cells [78] Upon implantation in vivo, the patches composed of aligned scaffolds induced
the formation of microvasculature that were preferentially aligned along the direction of
the scaffold microfibers [127] (Figure 3).
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Figure 3. Vascularization of engineered myocardial tissue following subcutaneous implantation into
mice. (A) Representative confocal microscopy images of CD31 staining (green) within en face sections
of engineered myocardial tissues derived from randomly oriented or aligned nanofibrillar scaffolds
containing iPSC-derived cardiomyocytes (iCMs), iPSC-derived endothelial cells (iECs), or iCM +
iECs at 2 weeks after subcutaneous implantation. Acell denotes acellular scaffold. (B) Distribution of
vessel orientations within explanted engineered myocardial tissue, relative to the axis of the aligned
microfibers as longitudinal, transverse, or other. (C) Quantification of the global angle of vessel
alignment within subcutaneously explanted engineered myocardial tissues, relative to the axis of
the aligned microfibers. The global angle of vessel alignment is calculated as the angle formed by
the direction of the longitudinally oriented vessel with respect to the axis of the aligned microfibers.
For randomly oriented scaffolds, an arbitrary axis was selected (n ≥ 3). Reprinted with permission
from [127]. * Denotes statistically significant in comparison (p < 0.05).

In terms of vascularization of patches, apart from infiltration from the native vascula-
ture, thicker hCMPs will likely need engineered vascularity pre-transplantation. Vascular-
ization has been studied to be induced during the fabrication process by encapsulation of a
sacrificial gelatin mesh in scaffold material, with subsequent melting of the gelatin mesh
to produce a network of interconnected microfluidic channels. The sacrificial scaffolds
generated a rudimentary endothelial network when seeded with human microvascular
ECs. An alternative strategy using the sustained release of the angiogenic factor thymosin β

to promote the outgrowth of vessels from explanted veins and arteries, forming a capillary
bed within a hydrogel scaffold mimics the endogenous angiogenic process [128]. Vessel
growth can also be induced with micropatterned polyglycerol sebacate scaffolds as they
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degrade post transplantation with infiltration of host blood cells into the microvessels [129].
Micropatterning has also been employed for organization of ECs into ‘cords’ that induce
the capillary for integration with the host tissue post-transplantation. A recent study of 3D
printed vessels using thermal inkjet printer for bioprinting human microvascular ECs and
fibrin, resulting in generation of micro-sized fibrin channels lined with confluent cells [130].
Vasculature has also been bioprinted with an advanced extrusion platform that generated a
sheath of photoactive, cell-laden bioink around an alginate core structure [131]. The algi-
nate was dissolved with a Ca2+ chelating agent post UV crosslinking, allowing the cellular
population to proliferate and spread forming a perfusable biomimetic vasculature. How-
ever, due to limited penetration of UV radiation, in-depth polymerization can be induced
via enzymatic reactions, such as the conversion of fibrinogen into fibrin with thrombin as a
catalyst [132]. Thick (>1 cm) engineered osteogenic tissues [133] have been generated using
the technique of co-printing of vascular and cellular inks in cast ECM material.

6. Challenges and Future Prospects

Despite the significant advancements in the field, the generation of thick tissues with
functional and mature microvascular networks in vitro faces major challenges for successful
clinical tissue/organ translation. Although successful vascularization attempts have made
remarkable progress for implantable 3D constructs at clinically relevant scale, building
vascular networks that mimic the complexity, microstructure, geometry, biochemical cues,
and optimal organ cellular density remains a challenge. Furthermore, the appropriate
and timely vascularization of the implanted 3D constructs needs more attention. Direct
anastomosis of host microvascular network and preformed microvasculature as reperfusion
process for clinically scalable 3D constructs is challenging. Therefore, newer techniques for
rapid vascularization are required.

A prominent challenge in angiogenic therapy is the risk of undesired and uncontrolled
tissue ingrowth. Significant challenges to fully utilize the potency of angiogenic growth
factors therapy include precisely controlling in vivo distribution of growth factor dose and
time-duration of bioactivity. Such optimizations are necessary to obviate unstable vessel
formation and subsequent regression, hemangioma formation, or neointimal thickening.

Fabrication techniques for sustained release of growth factors from biomimetic scaf-
folds should render engineered scaffolds with optimal physical properties (e.g., pore size,
water content, porosity, the interconnection of pores, etc.) for adequate vascularization.
Cells cultured within matrices for generation of vascular structures by themselves result in
unwanted architecture and patterns. Advanced techniques like electrospinning, pattern-
ing, and 3D printing can be combined to provide a scaffold-guided path for the cellular
population [134]. Mimicking the natural hierarchical structure of tissue is imperative for
engineered vascularization. Since the effectiveness of bioactive factors vary in vitro and
in vivo environments, optimal properties of growth factor delivery from scaffolds should
be carefully determined. Along with the need to improve in vitro vascularization strategies
is the need to generate immune-evasive cells that can be genetically modified to prevent
rejection. Successful implantation and anastomosis of vascularized tissues will further
require advanced microsurgical expertise. Although technological advances have now
led to the formation of functional and mature vasculature, some challenges remain. Cur-
rently, no single vascularization approach can produce a functional, bioactive, stable, and
scalable vascular structure, although thin, simple vascular networks have been generated
successfully. An optimized approach consisting of a tailored, synergistic combination of
several tissue engineering techniques (cells, decellularized tissue, and growth molecules
delivery) and inter-disciplinary systems (functionalized biomaterials and fabrication meth-
ods) will allow us to engineer improved vascular networks for the development of scalable
vascularized 3D tissues.

With respect to the clinical translation of cardiac patches, successful translation will
require tissue integration with the surrounding myocardium at three levels: physical and
biochemical continuity, electrophysiological cues, and nutrient perfusion. Even though
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cardiac patches have been successful in improving cell viability and retention, there is a high
risk of cells engrafted through such constructs or through intracardiac injection to provoke
an immunogenic response, to result in immune rejection of the allograft [135]. In addition,
cardiac patch transplantation not accompanied by immunosuppressants can significantly
risk transplanted cell survival rate and can cause failing integration. Accessibility for cell
migration from areas close to the infarcted zones needs to be allowed by optimal design for
formation of blood vessels and nerves to integrate with the host. The presence of a fibrotic
scar barrier results in failure of electrical integration with the host. Hence, these limitations
must be addressed by cardiac patch designs to be clinically relevant for assimilation with
the host myocardium and synchronization over large distances. Despite these challenges,
it is envisioned that these limitations will be successfully overcome with time, and the
successful implementation of scalable vascularized tissues will become reality in the future.
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Abstract: Tissue engineering has the advantage of replicating soft tissue mechanics to better simulate
and integrate into native soft tissue. However, soft tissue engineering has been fraught with issues of
insufficient tissue strength to withstand physiological mechanical requirements. This factor is due
to the lack of strength inherent in cell-only constructs and in the biomaterials used for soft tissue
engineering and limited extracellular matrix (ECM) production possible in cell culture. To address
this issue, we explored the use of an ECM-based hydrogel coating to serve as an adhesive tool, as
demonstrated in vascular tissue engineering. The efficacy of cells to supplement mechanical strength
in the coating was explored. Specifically, selected coatings were applied to an engineered artery
tunica adventitia to accurately test their properties in a natural tissue support structure. Multiple
iterations of three primary hydrogels with and without cells were tested: fibrin, collagen, and gelatin
hydrogels with and without fibroblasts. The effectiveness of a natural crosslinker to further stabilize
and strengthen the hydrogels was investigated, namely genipin extracted from the gardenia fruit. We
found that gelatin crosslinked with genipin alone exhibited the highest tensile strength; however,
fibrin gel supported cell viability the most. Overall, fibrin gel coating without genipin was deemed
optimal for its balance in increasing mechanical strength while still supporting cell viability and was
used in the final mechanical and hydrodynamic testing assessments. Engineered vessels coated in
fibrin hydrogel with cells resulted in the highest tensile strength of all hydrogel-coated groups after
14 d in culture, demonstrating a tensile strength of 11.9 ± 2.91 kPa, compared to 5.67 ± 1.37 kPa for
the next highest collagen hydrogel group. The effect of the fibrin hydrogel coating on burst pressure
was tested on our strongest vessels composed of human aortic smooth muscle cells. A significant
increase from our previously reported burst pressure of 51.3 ± 2.19 mmHg to 229 ± 23.8 mmHg was
observed; however, more work is needed to render these vessels compliant with mechanical and
biological criteria for blood vessel substitutes.

Keywords: tissue engineering; vascular graft; biomaterials; cells; hydrogels; fibrin; collagen; gelatin;
genipin

1. Introduction

The engineering of soft tissues, despite its great potential to solve patient tissue supply
issues, has yet to reach the clinic. The main issue is that engineered soft tissues continue to
lack the strength needed for human application. Traditionally, stiff scaffolds were used to
provide the needed strength; however, they create a significant difference in mechanical
properties compared to the native tissue. In terms of blood vessel tissue engineering,
commonly used stiff polymer scaffolds adversely result in compliance mismatch. Our labo-
ratory established a scaffold-less technique to engineer blood vessels in which individual
vascular ring segments are self-organized and then stacked into tubular structures to create
an engineered vessel [1–3]. The advantage of a completely biologically engineered soft
tissue, such as ours, is the biocompatibility in terms of mechanical property matching and
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cell matrix support. The disadvantage is the lack of extracellular matrix (ECM) resulting in
insufficient strength.

In natural tissues, the ECM is the proverbial glue holding them together. The scientific
question is whether the ECM can be sufficiently reproduced for engineered tissue con-
struction. Replication of the ECM in cell culture continues to be significantly restricted
due to the currently available tools. Growth factors have been the primary route to induce
ECM production and deposition in cell culture with continued limited results [2,4,5]. Bio-
materials are a viable option for exploration. Typically, polymers are the primary choice;
however, issues of foreign body reaction and the discrepancy in mechanical properties
between the polymer and natural tissue hinder soft tissue mechanics. Stiff polymers create
compliance mismatch, interrupting hemostasis and inducing intimal hyperplasia, leading
to occlusion [6,7]. Cell sheets formed into a tubular shape have offered a completely biolog-
ical option that better matches the mechanical properties of blood vessels [8,9]. However,
cell sheets lack the strength needed to function under blood pressure and are typically
mechanically conditioned for months to promote sufficient ECM deposition to strengthen
the vessel [9]. Hydrogels are often derived from ECM components and are more similar to
soft tissue mechanics. Our hypothesis is that a hydrogel coating for a soft tissue-engineered
blood vessel would serve as supplemental ECM, thus increasing vessel strength.

The goal of this research was to test a range of hydrogel coatings for their effects on the
mechanical properties of engineered blood vessels. Fibrin, collagen, and gelatin hydrogels
were chosen as viable candidates as they all serve naturally as matrix components. Fibrin
forms a provisional scaffold during vessel injury repair as part of the coagulation cascade,
encouraging cell adhesion, migration, proliferation, and differentiation [10]. Collagen is
a major structural protein that constitutes the main support framework of the vascular
ECM [11]. Gelatin is a sub-component of the collagen molecule, derived through col-
lagen hydrolysis with beneficial properties of compliance and biodegradability [12,13].
Crosslinking agents facilitate a standard protocol for tuning hydrogel properties and for
preventing the rapid biodegradation of hydrogels [14]. Glutaraldehyde and formaldehyde
are commonly used crosslinkers for their effectiveness; however, they are highly cytotoxic
and promote inflammation [15]. More recently, genipin was explored for its low toxicity as
a new crosslinking agent [14]. Genipin is a natural substance derived from the gardenia
fruit which bonds the free amino groups of lysine on the collagen molecule [14,15].

ECM-based fibrin, collagen, and gelatin hydrogels with and without genipin crosslink-
ing were evaluated for their ability to serve as an effective outer surface coating to en-
gineered vessels to improve overall vessel stability and strength. To test the coatings in
a representative mechanical application, the coatings were applied to tissue-engineered
tunica adventitia vessels as the adventitia is the primary strength element in a blood vessel.
To further enhance the ECM properties, the effect of adding cells, i.e., fibroblasts, to the
hydrogel coatings was explored with the rationale that the mechanical properties of the
cells themselves would add structural integrity in addition to depositing additional ECM.
The multiple coating iterations were applied to the engineered blood vessels. The coatings
were evaluated for their mechanical strength. The coatings exhibiting the highest mechan-
ical strength were then tested with cells. Burst pressure was evaluated with the optimal
hydrogel coating. A hydrogel coating could effectively solve issues of the lack of ECM in
engineered soft tissues, thus restoring mechanical strength and stability in a much simpler
method than the current technique of weeks of mechanical conditioning. In addition, such
a hydrogel coating has plausible applications for other engineered soft tissues.

2. Materials and Methods

Patient Cell Harvest and Culture. Patient cells were harvested from human abdominal
skin tissues acquired with informed patient consent from abdominoplasty surgeries at Henry
Ford Hospital (Detroit, MI, USA) and Henry Ford Medical Center Cottage (Grosse Pointe
Farms, MI, USA) in accordance with both Wayne State University and Henry Ford Health
System Institutional Review Board (IRB) guidelines. Patient dermal fibroblasts (PtFib) were
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extracted through an explant culture of full-thickness skin following adipose tissue removal.
Skin tissues were cut into 3 × 3 mm sections and placed on 10% gelatin-coated Petri dishes.
Following 1–2 weeks, PtFibs colonies populated the culture plate surface and the skin sections
were discarded. PtFib cell cultures were maintained in growth media consisting of 89%
Dulbecco’s Modified Eagle Medium (DMEM) high glucose, 10% fetal bovine serum, and 1%
antibiotic-antimycotic. Cells were expanded in 150 mm Petri dishes in an incubator at 37 ◦C
and 5% CO2 until their use in vascular tissue formation and in the coatings. Experiments were
performed using cells between passages 3 to 8 to ensure a healthy morphology.

Human aortic smooth muscle cells (HASMCs; PCS-100-012, ATCC, Manassas, VA,
USA) were used to assess vessel hemodynamics for burst pressure. HASMCs were ex-
panded in smooth muscle growth media consisting of 88.5% DMEM; 5% of L-glutamine
and fetal bovine serum; 1% antibiotic-antimycotic; and 0.1% of recombinant human in-
sulin (rH-insulin), recombinant human epidermal growth factor (rH-EGF), recombinant
human fibroblast growth factor (rH-FGF), and ascorbic acid. Cells were incorporated into
engineered tissues in healthy morphologies of passages 3–6.

Hydrogel Composition and Mechanics. Concentrations of fibrin, collagen, and gelatin
hydrogel coatings alone were optimized based on maximizing tensile mechanics. To pre-
pare the hydrogels for tensile testing, hydrogels were molded into strips. Rectangular molds
were created by embedding a 3D-printed polylactic acid (PLA) rectangular shape (25 mm ×
10 mm × 6 mm) into an uncured 10:1 base to curing reagent ratio of poly(dimethysiloxane)
elastomer (PDMS) within a 60 mm polystyrene culture dish. Following overnight polymer-
ization, the PLA was carefully removed and the PDMS culture dishes were sterilized by
ethanol and UV prior to use. PLA filament (MP05823, MakerBot PLA Filament, Makerbot,
New York, NY, USA) was printed on a MakerBot Replicator Mini (Makerbot).

Hydrogel strips were fabricated by casting 1 mL of the following hydrogel mixtures
in a rectangular mold and incubated at 37 ◦C and 5% CO2 overnight for 16 h. Two fibrin
hydrogel compositions consisting of either 4.8 mg/mL or 9.6 mg/mL fibrinogen (0215112205,
MP Biomedicals, Santa Ana, CA, USA) suspended in 880 μL of growth media and 120 μL of
100 U/mL thrombin (7592, BioVision, Milpitas, CA, USA) per gel were assessed. Additionally,
fibrin–genipin gels were investigated by incorporating 2% weight genipin (G4796, Millepore
Sigma, Burlington, MA, USA) to weight ECM (w/w) into the fibrinogen solution; however,
the addition of genipin inhibited fibrin gel formation at this concentration. Genipin is derived
from the gardenia fruit and is known for its crosslinking properties with low toxicity. Collagen
hydrogels with and without 2% w/w genipin crosslinking were created by combining 0.9 mL
collagen solution and 0.1 mL neutralization solution (Rat Collagen Type I Acid Soluble Rat
Tail Collagen, Advanced Biomatrix) for a final collagen concentration of 4 mg/mL. Gelatin 3D
gels required the addition of genipin for thermal stability around 37 ◦C. Therefore, “gelapin”
coatings consisting of 5 or 10% weight to volume (w/v) gelatin (G2500500G; Millepore Sigma,
Burlington, MA, USA) solution in combination with 2, 5, or 10% w/w genipin were tested.
The composition of gelapin hydrogels were denoted by the percentage w/v of gelatin and
percentage w/w of genipin. For example, 5:2% gelapin indicates gelapin gels composed of
5% w/v gelatin and 2% w/w genipin.

The mechanical properties of the hydrogel strips (n = 3–5 per group) were analyzed
with tensile testing using a UStretch system equipped with 5 N load cell (CellScale,
Waterloo, ON, Canada). Hydrogels were mounted to the actuators by BioRakes with
1.3 mm penetration depth and 0.9 mm spacing. Once attached to the system and under
tension, digital calipers were used to measure the sample’s initial length, width, and
thickness. Uniaxial tensile testing was performed at a strain rate of 0.4 mm/min until
failure. Stress–strain curves were produced from force–displacement data to determine
the elastic modulus (E), ultimate tensile strength (UTS), max force, failure strength (FS),
and elongation at failure of each sample. The optimized concentration determined for each
hydrogel group was then applied to the tissue engineered blood vessel to test as a coating.

Engineered Vessel Plates and Coating Mold Fabrication. Vascular tissue ring and ves-
sel culture plates were created using a modified version of our lab’s previously established

61



Bioengineering 2023, 10, 780

methods [1–3]. For the ring culture plates, 35 mm diameter 6-well culture dishes were
surface coated with PDMS consisting of a 10:1 base-to-curing reagent ratio and left to cure
overnight. A 5 mm biopsy punch was used to create posts from a poured slab of cured
PDMS. Once the 6-well plates’ surface coatings had solidified, a 5 mm diameter PDMS
post was adhered to the middle of each well using more PDMS. The vessel culture dishes
consisted of polycarbonate tubing attached to a polycarbonate base using an acrylic solvent.
PLA posts of 5 mm in diameter and post holders were 3D-printed and filed for smoothness.
The posts were thinly coated with PDMS to reduce friction during ring stacking and vessel
removal. Post holders were embedded in PDMS in the center of each vessel culture dish.

Molds for coating the vessels were created. A PLA model of a 5 mm diameter vessel
with a 1.75 mm uniform wall thickness and 10 mm length fixed in the center of a 5 mm
diameter and 20 mm long cylindrical post was 3D-printed. Negative impressions were
created by placing a 3D-printed model horizontally on the PDMS surface coated 60 mm
polystyrene culture plates followed by filling the dish with uncured PDMS until half of the
model was submerged. After overnight polymerization, PLA models were removed from
the PDMS leaving behind a negative cavity for vessel coating. Finally, all culture dishes
were treated aseptically with ethanol and UV.

Fabrication of Engineered Vascular Rings. Tissue-engineered vascular rings were formed
using our lab’s previously published methods [2]. Fibrin hydrogels were polymerized in
custom 6-well culture dishes by depositing 0.5 mL of growth media followed by the addition of
40 μL of 100 U/mL thrombin followed by 160 μL of 20 mg/mL fibrinogen containing 1 × 106

HASMCs or PtFibs. Once polymerized, 2 mL of growth media containing an additional
1 × 106 HASMCs or PtFibs and supplemented with ascorbic acid and transforming growth
factor-beta 1 (TGF-β1) was seeded dropwise onto the hydrogel surface. Culture media was
replaced 24 h after seeding and every 48 h thereafter. After seven days in culture, tissue rings
were removed from the posts with sterile forceps and stacked to form vessels.

Assembly of Engineered Vessels. Tissue-engineered vessels consisting of six or more
rings were constructed; the rings adhered together by the optimized concentrations of each
hydrogel: gelatin + genipin (termed “gelapin”), fibrin, collagen, or collagen–genipin. The
culture time served as another variable in order to test the effects of matrix remodeling over
time. Vessels were cultured for 1 d or 14 d and tested for circumferential and longitudinal
strength (n = 4–7, 6-ring vessels) and for 4 or 16 weeks for hemodynamic analysis (n = 2–4,
12-ring vessels). After 7 days in culture, vascular tissue rings were transferred onto PLA vessel
posts in the vessel plates and carefully pushed together. Next, 0.5 mL of solubilized hydrogel
components containing 500 × 103 cells for every six rings stacked (i.e., 0.5 mL for 6-ring
and 1 mL for 12-ring) were transferred into the vessel mold cavity followed by immediately
submerging the tissue stack into the hydrogel solution (Figure 1). Vessel molds were placed in
an incubator at 37 ◦C for 1 h after which the posts were rotated 180◦ and the hydrogel coating
process was repeated to achieve complete coverage. After the vessels were fully coated, they
were removed from the molds, inserted into the post holder of the vessel culture plates, and
maintained in growth media until they were analyzed histologically and mechanically.

 

Figure 1. Protocol for hydrogel coating engineered vessels. Tissue rings were formed by inducing
the self-organization of a vascular cell monolayer around a central post in a dish to form a ring.
Rings were stacked to form the engineered vessel. The vessel was transferred to a mold containing
a solution of an extracellular matrix hydrogel and cells (i.e., fibroblasts). After the first round of
hydrogel coating polymerization, the vessel was rotated 180◦ and the coating process was repeated
for complete coverage.
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Hydrogel Cell Viability Assay. The effect of the hydrogels alone on cellular viability
was determined by a live/dead stain over a 7-d period. Gelapin, fibrin, collagen, or
collagen–genipin hydrogels containing 200 × 103 PtFibs (n = 3 for each time point) were
formed in custom-fabricated 6-well culture ring plates. On days 1, 3, and 7, the culture
media was supplemented with green fluorescent calcein acetoxymethyl and red fluorescent
ethidium homodimer-1 (Live/Dead Viability Cytotoxicity Kit, ThermoFisher, Waltham,
MA, USA) demarcating live and dead cells, respectively. After 1 h, the hydrogels were
transferred to fresh 35 mm polystyrene plates and five randomly selected areas on each gel
were imaged by an EVOS Fluorescent Cell Imaging System for viable cell counts.

Tissue Histology. Adventitia vessels cultured for 14 d in vitro were fixed in 10% formalin
for 24 h and stored in 70% ethanol at 5 ◦C until dehydration. Tissue samples were dehydrated
in graduations of 70%, 95%, and 100% ethanol over 8 h followed by xylene for 2 h. Following
dehydration, samples were submerged in liquid paraffin wax for 2 h at 60 ◦C and then embedded
in paraffin blocks for tissue sectioning. Cross-sectional tissue sections were cut at a thickness of
10 μm. The cellularity of adventitia vessels was assessed by hematoxylin and eosin (H and E)
staining, while Picrosirius Red and Masson’s Trichrome stains were used to visualize collagen.

Mechanical Analysis of Vascular Tissues. Longitudinal and circumferential tensile
mechanics of hydrogel-coated 6-ring adventitia vessels were obtained using a UStretch
system equipped with a 5 N load cell (CellScale, Waterloo, ON, USA). Adventitia vessels
cultured for 1 d and 14 d (n = 4–7 per hydrogel group at each time point) were tensile
tested longitudinally. For longitudinal tensile tests, 3D-printed PLA stages were utilized
to mount samples onto the UStretch actuators. Prior to mounting, the inner and outer
diameter of each sample was measured with digital calipers. The vessels were adhered to
the 3D-printed stage at each end by VetBond tissue adhesive (3M, St. Paul, MN, USA) and
the initial length (L0) was recorded. Samples were stretched at a strain rate of 0.4 mm/min
until complete failure. The optimal hydrogel group was defined as the group with the
highest longitudinal tensile strength. Once the optimal group was identified, in this case,
the fibrin hydrogel group, the remaining mechanical analyses were focused on this group.

Circumferential tensile experiments were performed on fibrin-coated vessels following
1 d (n = 5) and 14 d (n = 7) culture periods. Briefly, vessels were mounted to the actuators
by inserting metal hooks through the lumen. Under slight tension, wall thicknesses, length,
and initial width measurements were recorded. Samples were stretched until failure at a
strain rate of 0.4 mm/min. Following longitudinal and circumferential testing, stress–strain
data were analyzed to determine the elastic modulus, ultimate tensile strength, maximum
force, failure strength, and elongation at failure.

Hemodynamic Analysis. The hemodynamic strength of fibrin-coated engineered tunica
media vessels was evaluated by burst pressure testing following 16 weeks of culture. A custom
bioreactor consisting of a peristaltic pump (WT600-2J, Longer Precision Pump Corporation,
Boonton, NJ, USA) connected by silicone tubing to a media reservoir, vessel chamber with
3D-printed vessel tubing connectors, and pressure gauge was used to subject vessels to pulsatile
flow. Vessels were perfused with water at a pulse rate of 60 pulses per minute for 30 s. Following
the 30 s priming period, the tubing downstream of the pressure gauge and vessel chamber was
clamped and pressure was monitored on the pressure gauge until the vessel ruptured.

Statistical Analysis. All statistics were performed in SPSS (IBM, Armonk, NY, USA). Results
are presented as means ± standard deviation. For preliminary ECM material concentration
mechanical testing, statistical analysis within each group (fibrin, collagen, and gelapin) was
performed by one-way ANOVA for gelapin strips, whereas independent t-tests were used to
compare the two fibrin concentrations, collagen, and collagen–genipin hydrogels. Additionally,
one-way ANOVAs were performed to compare the longitudinal mechanics between groups for
the hydrogel and adventitia vessel mechanics. To compare the effects of cell incorporation into
the hydrogel coatings on longitudinal and circumferential mechanics, vessels cultured for 1 d or
14 d were analyzed via independent t-tests for each coating group. Following the ANOVA test for
multiple groups, Tukey’s B post hoc test was performed to determine the significance between
groups. The statistical significance was assessed using a p-value less than or equal to 0.05.
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3. Results

Genipin Crosslinker Increases the Mechanical Properties of Hydrogels. Gelapin, fibrin, and
collagen-based hydrogel mechanical properties were analyzed by tensile testing to identify the
ideal concentration within each group based on the ultimate tensile strength (Table 1; Figure 2a).
Pure gelatin gels (without genipin) remained in the liquid form at incubator temperatures (37
◦C) and hence were not stable as hydrogels alone in this application. Increasing the gelatin
concentration from 5% to 10% resulted in a higher average ultimate tensile strength when
compared to gels with equivalent genipin concentration ratios. Interestingly, the genipin
concentration was found to be inversely related to the average ultimate tensile strength,
failure strength, and elongation of gels with constant gelatin concentration. Gelapin hydrogels
consisting of 10% gelatin and 2% genipin (i.e., 10:2% gelapin) had a significantly higher average
ultimate tensile strength of 6.46 ± 1.19 kPa (p < 0.05) relative to all other hydrogel combinations
and thus was determined to be the optimized gelapin hydrogel for coating.

Table 1. Average tensile properties of hydrogels alone.

Material
E

(kPa)
UTS
(kPa)

Max Force
(N)

FS
(kPa)

Elongation
(%)

5:2% Gelapin 2.25 ± 0.597 4.26 ± 0.556 c,d 0.125 ± 0.008 c,d 3.76 ± 0.427 151 ± 22.9

5:5% Gelapin 2.82 ± 0.310 2.68 ± 0.572 d 0.080 ± 0.010 d 2.63 ± 0.528 85.8 ± 11.9

5:10% Gelapin 5.36 ± 1.85 1.81 ± 0.615 a,d,e 0.063 ± 0.018 a,d,e 1.35 ± 1.07 43.3 ± 11.9

10:2% Gelapin 7.04 ± 1.79 f,h,i 6.46 ± 1.19 a,b,c,e,f,g 0.182 ± 0.037 a,b,c,e,f 6.12 ± 1.03 99.1 ± 15.8

10:5% Gelapin 12.6 ± 4.35 a,b,c 4.24 ± 0.546 c,d 0.141 ± 0.025 c,d 3.79 ± 0.565 45.5 ± 13.2

10:10% Gelapin 17.3 ± 4.50 a,b,c,d 3.05 ± 0.644 d 0.103 ± 0.027 d 1.87 ± 0.700 26.8 ± 4.36

Fibrin (4.8 mg/mL) 2.68 ± 0.693 1.98 ± 0.413 0.057 ± 0.008 1.79 ± 0.229 70.5 ± 15.9

Fibrin (9.6 mg/mL) 2.54 ± 0.247 h,i 2.31 ± 0.781 d,i 0.061 ± 0.017 2.22 ± 0.680 81.1 ± 6.95

Collagen (4 mg/mL) 24.8 ± 6.77i 3.99 ± 0.808 d 0.089 ± 0.016 0.78 ± 0.386 118 ± 40.2

Collagen–Genipin
(4 mg/mL—2%) 38.2 ± 13.6 d,g,h 5.15 ± 1.51 g 0.102 ± 0.022 0.808 ± 0.566 102 ± 42.3

a Statistically significant difference relative to 5:2% gelapin (p < 0.05). b Statistically significant difference relative
to 5:5% gelapin (p < 0.05). c Statistically significant difference relative to 5:10% gelapin (p < 0.05). d Statistically
significant difference relative to 10:2% gelapin (p < 0.05). e Statistically significant difference relative to 10:5%
gelapin (p < 0.05). f Statistically significant difference relative to 10:10% gelapin (p < 0.05). g Statistically significant
difference relative to 9.6 mg/mL fibrin (p < 0.05). h Statistically significant difference relative to collagen (p < 0.05).
i Statistically significant difference relative to collagen–genipin (p < 0.05).

 

Figure 2. Mechanical properties of extracellular matrix hydrogels alone. (a) Tensile setup for a gelapin
hydrogel sample. (b) Average stress–strain graphs of 10:2% gelapin, 9.6 mg/mL fibrin, 4 mg/mL collagen,
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and 4 mg/mL—2% collagen–genipin demonstrate the (c) elastic moduli and (d) ultimate tensile
strength varied significantly between optimized hydrogels. * Denotes significance between groups
(p < 0.05). Scale bar = 5 mm.

The ideal fibrinogen concentration for the fibrin gel was determined. Increasing the
concentration of fibrinogen by 2-fold did not result in any significant difference in the
mechanical properties of fibrin hydrogels. The addition of genipin to the fibrinogen so-
lutions prevented gel formation, likely due to the inhibition of fibrinogen cleavage by
attachment of the genipin molecules (as further discussed in the Discussion). The average
elastic modulus, ultimate tensile strength, failure strength, and elongation at failure of
fibrin gels composed of 4.8 mg/mL fibrinogen were 2.68 ± 0.693 kPa, 1.98 ± 0.413 kPa,
1.79 ± 0.229 kPa, and 70.5 ± 15.9%, respectively; whereas, in fibrinogen gels these prop-
erties were 2.54 ± 0.247 kPa, 2.31 ± 0.781 kPa, 2.22 ± 0.680 kPa, and 81.1 ± 6.95% for
9.6 mg/mL, respectively. Given the mechanics and the consistency of gel formation and
handleability, the 9.6 mg/mL fibrinogen concentration was identified as the ideal concen-
tration to utilize in creating the optimized fibrin coating.

Mechanical properties of collagen gels at 4 mg/mL with and without the addition of
2% w/w genipin were examined (Table 1). Collagen gels had an average elastic modulus, ul-
timate tensile strength, failure strength, and elongation of 24.8 ± 6.77 kPa, 3.99 ± 0.808 kPa,
0.78 ± 0.386 kPa, and 118 ± 40.2%, respectively. The average elastic modulus, ultimate ten-
sile strength, failure strength, and elongation of collagen–genipin gels were 38.2 ± 13.6 kPa,
5.15 ± 1.51 kPa, 0.808 ± 0.566 kPa, and 102 ± 42.3%, respectively. No significant differences
were found between either group, though the introduction of genipin crosslinking yielded
a higher average ultimate tensile strength (p = 0.149) and elasticity modulus (p = 0.068).
Both groups were further tested for cellular toxicity and vessel longitudinal mechanics.

The tensile mechanics between optimized hydrogels of each group varied significantly
as shown by the average stress–strain curves (Figure 2). Collagen-based gels were signif-
icantly stiffer than fibrin and gelapin (p < 0.05) (Figure 2b). The addition of genipin to
collagen gels resulted in a significantly higher elastic modulus compared to collagen alone
(p < 0.05). The ultimate tensile strength of gelapin was significantly stronger than fibrin
and collagen alone (p < 0.05).

Genipin Crosslinking Inhibits Fibroblast Viability and Proliferation. The cellular
proliferation and morphology of fibroblast-embedded hydrogels were assessed through
fluorescent live cell imaging over a 7 d period (Figure 3). After 1 d, fibrin gels were
noticeably more cell populated demonstrating the cellular compatibility of the fibrinogen
and thrombin precursors. Gelapin and collagen–genipin gels showed limited cell survival.
Fibroblast morphology exhibited limited cell spreading and live cells were present in
all gel types. Following 3 d of culture, PtFibs readily proliferated in fibrin and collagen
matrices. However, fibrin encouraged morphological changes from condensed rounded
cell bodies towards an elongated spindle shape. The differences in cell proliferation and
shape between fibrin and collagen gels became more apparent on day 7 where fibrin
yielded highly populated gels consisting of interconnected networks of elongated PtFibs.
Conversely, collagen gel cellularity was similar to day 3 and cell morphology remained
rounded with limited cell-to-cell connections.
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Figure 3. Fibrin stimulates fibroblast proliferation and healthy elongated morphology. Live cell
fluorescence images of fibroblasts (green) embedded into the hydrogel groups reveal greater cellular
viability in fibrin followed by collagen hydrogels over a 7 d culture. Scale bar = 500 μm.

Fibrin Strengthens Longitudinal Vessel Mechanics With Time. Longitudinal tensile
mechanics of engineered adventitia vessels altered based on coating type and culture
duration as shown by average stress–strain plots and mechanical properties (Figure 4,
Table 2). One day after vessel formation, elastic moduli and failure strengths were similar
between all groups. However, initially, collagen-coated vessels exhibited the highest
ultimate tensile strength of 6.08 ± 2.99 kPa, which was significantly greater in comparison
to vessels coated in gelapin (p < 0.05).

 

Figure 4. Fibrin hydrogel coating with cells strengthens vessel longitudinal mechanics over time.
(a) Tensile setup and average stress–strain graphs of adventitia vessels coated with each hydrogel type
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cultured for 1 d and 14 d. Fibrin gel significantly increased vessel longitudinal (b) elastic modulus and
(c) ultimate tensile strength over the culture duration. Additionally, fibrin was significantly stronger
than collagen and collagen–genipin at 14 d. * Denotes significance between groups (p < 0.005). Scale
bar = 5 mm.

Table 2. Average longitudinal tensile properties of hydrogel-coated adventitia vessels.

Material Coating
Culture

Duration
E

(kPa)
UTS
(kPa)

Max Force
(N)

FS
(kPa)

Elongation
(%)

Gelapin
(10:2%)

1 d 4.55 ± 3.12 d 1.89 ± 0.827 d 0.103 ± 0.594 0.493 ± 0.127 b 99.2 ± 15.6 b

14 d -- -- -- -- --

Fibrin
(9.6 mg/mL)

1 d 6.10 ± 2.22 c 4.91 ± 1.56 c 0.141 ± 0.045 c 1.30 ± 0.56 a,c 248 ± 95.7 a

14 d 15.9 ± 6.20 b 11.9 ± 2.91 b,e,g 0.203 ± 0.056 b,e,g 2.51 ± 1.29 b 214 ± 119

Collagen
(4 mg/mL)

1 d 9.34 ± 1.42 a,f 6.08 ± 2.99 a,f 0.185 ± 0.084 e 0.848 ± 0.331 173 ± 30.6 e

14 d 15.9 ± 8.67 5.67 ± 1.37 c,g 0.087 ± 0.035 c,d 0.922 ± 0.236 242 ± 20.4 d

Collagen–Genipin
(4 mg/mL—2%)

1 d 4.36 ± 1.80 d 2.62 ± 1.38 d 0.069 ± 0.039 0.645 ± 0.278 134 ± 88.4

14 d 8.40 ± 4.76 2.31 ± 0.626 c,e 0.063 ± 0.022 c 0.550 ± 0.118 121 ± 43.1

a Statistically significant difference relative to gelapin 1 d (p < 0.05). b Statistically significant difference relative to
fibrin 1 d (p < 0.05). c Statistically significant difference relative to fibrin 14 d (p < 0.05). d Statistically significant
difference relative to collagen 1 d (p < 0.05). e Statistically significant difference relative to collagen 14 d (p < 0.05).
f Statistically significant difference relative to collagen–genipin 1 d (p < 0.05). g Statistically significant difference
relative to collagen–genipin 14 d (p < 0.05).

Significant differences in mechanical properties were observed following 14 d in
culture. Particularly, the extended culture period resulted in a 2-fold increase in the
ultimate tensile strength of fibrin-coated vessels from 4.91 ± 1.56 kPa to 11.9 ± 2.91 kPa
(p < 0.005; Figure 4). The elastic modulus of fibrin vessels significantly increased from
6.10 ± 2.22 kPa on day 1 to 15.9 ± 6.20 kPa on day 14 (p < 0.05). However, the mechanics
of gelapin, collagen, and collagen–genipin gels did not increase with time in culture. The
elastic modulus and ultimate tensile strength of gelapin vessels following 1 d of culture
were 4.55 ± 3.12 kPa and 1.89 ± 0.827 kPa, respectively. Gelapin coated vessels were
not able to be tested as the exterior coating was fully degraded after 14 d. Interestingly,
collagen-coated vessels had a significant decrease in maximum force from 0.185 ± 0.084 N
to 0.087 ± 0.035 N, although no significant difference in ultimate tensile strength from
6.08 ± 2.99 kPa on day 1 to 5.67 ± 1.37 kPa was observed.

No significant differences in mechanical properties were observed between collagen–
genipin vessel time points. The elastic moduli and ultimate tensile strength of collagen–
genipin vessels were 4.36 ± 1.80 kPa and 2.62 ± 1.38 kPa on day 1 and 8.40 ± 4.76 kPa and
2.31 ± 0.626 kPa. Overall, fibrin-coated vessels cultured for longer periods of time had
significantly higher ultimate tensile, maximum force, and failure strength relative to those
coated in collagen or collagen–genipin (p < 0.001).

Fibrin-Coated Vessels Exhibited a Significant Increase in Circumferential Mechanics
and Hemodynamics. Adventitia vessel circumferential mechanics varied significantly with
culture duration (Figure 5). Fibrin-coated vessels cultured for 1 d had an elastic modulus
of 21.1 ± 3.52 kPa and ultimate tensile strength of 30.5 ± 8.51 kPa. Following 14 d of
culture, the vessel circumferential elastic modulus and ultimate tensile strength signifi-
cantly increased to 28.6 ± 5.73 kPa (p = 0.027) and 42.5 ± 9.69 kPa (p = 0.05), respectively
(Figure 5c,d).
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Figure 5. Circumferential strength of fibrin-coated vessels increased over time. (a) Circumferential
tensile setup and (b) average stress–strain graphs of fibrin coated adventitia vessels after 1 d and
14 d of culture. Prolonged culture resulted in significantly higher (c) elastic moduli and (d) ultimate
tensile strength. Scale bar = 10 mm. * Denotes significance between groups (p < 0.05).

Finally, hemodynamic analysis was performed on tunica media vessels assembled with the
optimized fibroblast-embedded fibrin hydrogel coating. Vessels cultured for 16 weeks exhibited a
maximum burst pressure of 229 ± 23.8 mmHg, representing a physiological blood pressure level.

ECM Structural Proteins Evident in Vessels. Hematoxylin and eosin, Masson’s trichrome,
and Picrosirius Red stains were performed to visualize the cellular and extracellular matrix
content and organization within the adventitia vessels coated with fibrin and collagen without
genipin as the optimized groups (Figure 6). Histology showed that the base fibrin hydrogel
that is a part of the original ring structure was evident along the borders of the rings. The
cells inside the ring exhibited circumferential alignment. The cell-loaded fibrin and collagen
coatings formed distinct layers along the abluminal surface of the tissue rings. Collagen
deposition was observed within the cellular layer of the engineered vessels of both fibrin
and collagen-coated groups (Figure 6b,c,e,f). Collagen fiber and cell orientation concurrently
aligned circumferentially along the vessel.

 

Figure 6. Adventitia vessel histology reveals cellular organization and collagen production. Hema-
toxylin and eosin staining of (a) fibrin- and (d) collagen-coated vessels show a robust cellular layer
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bordered by fibrin hydrogel and localization of the exterior coating on the abluminal surface. (b,e) Pi-
crosirius Red and (c,f) Masson’s Trichrome showed collagen presence within the tissue. Collagen was
observed in both fibrin and collagen hydrogel groups with evidence of more collagen in the collagen
group. L indicates lumen area. Scale bar of 4× images = 500 μm. Scale bar of magnified 10× images
(dashed border) = 200 μm.

4. Discussion

This work evaluated the use of a cell-loaded hydrogel as a coating for soft tissue
engineering applications, demonstrated here for vascular tissue engineering. The main
purpose was to determine how to strengthen and improve the cohesiveness, and hence,
more importantly, the strength, of engineered soft tissue. This is especially pertinent to
our particular engineered vessel methodology wherein independent rings are used to form
the final structure. Genipin was explored as a crosslinking agent to further strengthen the
tissues; however, in this study, we found that its presence hindered cell viability and hence
optimized coatings did not incorporate genipin. Cells were added to the hydrogel coatings
to test their contribution to the stiffness of the coating due to the cells’ own mechanical
properties of their cell membrane. In addition, cells, especially fibroblasts, deposit ECM
components such as collagen which further strengthen the coating. Hydrogels with material
properties closer to soft tissue mechanics were chosen here for that purpose, specifically
different combinations of gelatin, collagen, and fibrin gel. Proprietary hydrogel mixtures
from the dental clinic were also investigated called “Silicone Soft Relining System” and
“Take1 Advanced” both by Kerr (provided by co-author BF); however, these hydrogels were
too stiff to apply as a coating on the soft tissues. The advantage of the gelatin, collagen, and
fibrin hydrogels is their tunability of properties with cross-linkers. Standard cross-linker
glutaraldehyde was excluded from this study due to its toxicity. Instead, genipin was
explored as a viable hydrogel cross-linker. Genipin is a naturally occurring cross-linker
derived from the gardenia plant [16,17].

Our results correlate with others’ findings, showing increased gelapin stiffness with
increased genipin concentration (Table 1) [18,19]. Interestingly, the ultimate tensile strength
was inversely related to the genipin concentration of gelapin gels most likely through
genipin aggregate formation [20,21]. Higher genipin concentrations had a negative impact
on the formation of fibrin hydrogels, although recent studies have demonstrated fibrin–
genipin gel formation at lower genipin concentrations [22,23]. The use of a higher level
2% w/w genipin may have impeded thrombin enzymatic cleavage of fibrinogen during
fibrin gel formation as previously reported [20]. Gelapin and collagen–genipin gels showed
decreased cell viability and proliferation (Figure 3). Genipin may reduce the availability
of integrin-binding sites which may correspond to the limited viability and proliferation
observed in our study [23,24]. While collagen and fibrin were studied extensively as
scaffolding materials for soft tissue engineering [2,25,26], direct comparisons of fibroblast
compatibility and subsequent changes in tissue mechanical properties over time have
remained limited. Despite bearing the lowest mechanical properties as a material alone,
fibrin-coated adventitia vessels had the highest longitudinal mechanics after extended
culture. Interestingly, minimal collagen production was observed in the cell-loaded fibrin
coating group, which may indicate that the fibrin fibers inhibited collagen fibril formation
in the coating. Although collagen is typically the primary source of strength in the ECM,
this finding suggests that in this case, another mechanism led to increased mechanics,
perhaps through increased cell proliferation. TGF-β1 was added to the cultures, which
enhances cellular proliferation [27,28].

Vessels were cultured for 1 d and 14 d to assess the effect of time on ECM protein
deposition over time by the fibroblasts, primarily collagen. Time also allowed for matrix
remodeling, creating a more organized collagen network indicative of a normal, more
functional ECM. The effects of longer vessel culture were seen in the increase in collagen
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(Figure 5). In addition, vessel mechanics were increased with longer culture, evidenced by
an increase in elastic modulus in the fibrin, collagen, and collagen–genipin groups. The
ultimate tensile strength was increased with longer culture in the fibrin coating group
(Figures 4 and 6). Lastly, prolonging the culture duration to 16 weeks demonstrated the
engineered vessels’ ability to withstand physiologic pressures with an average burst pres-
sure of 229 ± 23.8 mmHg. As reported in our previous work, our non-coated engineered
vessels exhibited a burst pressure of 51.3 ± 2.19 mmHg [1], thus showing that with the
newly developed hydrogel coating, a significant increase in burst pressure to physiological
blood pressure levels can be achieved while maintaining soft tissue mechanical compliance.
Hydrogel degradation was not evident at the later time culture time point as demonstrated
by consistency in average wall thickness and tensile mechanics over time. The optimal
coating was used in the hemodynamic testing, which did not include genipin.

The use of fibrin in the base ring structure and in the coating may raise questions
about the potential for coagulation activation as fibrin is a key component of the coagula-
tion cascade [29]. The advantages of fibrin in biomedical applications are its tunability
by modulating its base concentrations of fibrinogen and thrombin, its rapid degradabil-
ity, and its demonstrated ability to promote collagen production [30]. Fibrin gel has
historically been used for many tissue engineering applications, including for vascular
tissue engineering [3,9,31–33]. Issues of coagulation have not been reported. In our lab,
a previous test of platelet adhesion to our fibrin-based vessel yielded non-detectable
platelet adhesion [2].

Collagen, as a structural protein, is able to add strength to tissues. In this study,
collagen gel was inferior to fibrin gel due to fibrin gel’s ability to better support cell viability
and proliferation. Hence, collagen gel was not deemed the ideal coating material.

Creating vascular tissues using tubular cell-loaded hydrogels in cylindrical molds
has become common practice in vascular tissue engineering [9,31]. The difference in this
work is that our main tissues are formed with stable vascular tissue rings that were then
coated with a cell-loaded hydrogel coating. We fabricated a custom silicone half-cylinder
mold to ensure even coating circumferentially around the outer surface of the vessels.
Localization of the collagen coating to the abluminal surface demonstrated the effectiveness
and precision of the developed casting method (Figure 5e,f).

5. Conclusions

Here, we demonstrated the efficacy of a cell-loaded hydrogel as a coating to im-
prove the mechanical strength of tissue-engineered soft tissues. Two mechanisms were
assessed to strengthen the hydrogel coatings: genipin crosslinking and the inclusion of
fibroblasts. Incorporation of genipin increased the elastic modulus of gelatin- and collagen-
based hydrogels; however, cell viability was adversely affected. Fibrin hydrogels without
genipin facilitated fibroblast attachment and proliferation resulting in the highest tensile
strength over prolonged culture. Future work aims to assess the utility of our strengthened
engineered vascular tissues as potential patient grafts.
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Abstract: Isolation and culturing of cardiac fibroblasts (CF) induces rapid differentiation toward
a myofibroblast phenotype, which is partly mediated by the high substrate stiffness of the culture
plates. In the present study, a 3D model of Engineered Heart Matrix (EHM) of physiological stiffness
(Youngs modulus ~15 kPa) was developed using primary adult rat CF and a natural hydrogel
collagen type 1 matrix. CF were equally distributed, viable and quiescent for at least 13 days in
EHM and the baseline gene expression of myofibroblast-markers alfa-smooth muscle actin (Acta2),
and connective tissue growth factor (Ctgf) was significantly lower, compared to CF cultured in 2D
monolayers. CF baseline gene expression of transforming growth factor-beta1 (Tgfβ1) and brain
natriuretic peptide (Nppb) was higher in EHM-fibers compared to the monolayers. EHM stimulation
by 10% cyclic stretch (1 Hz) increased the gene expression of Nppb (3.0-fold), Ctgf (2.1-fold) and
Tgfβ1 (2.3-fold) after 24 h. Stimulation of EHM with TGFβ1 (1 ng/mL, 24 h) induced Tgfβ1 (1.6-
fold) and Ctgf (1.6-fold). In conclusion, culturing CF in EHM of physiological stiffness reduced
myofibroblast marker gene expression, while the CF response to stretch or TGFβ1 was maintained,
indicating that our novel EHM structure provides a good physiological model to study CF function
and myofibroblast differentiation.

Keywords: stiffness; stretch; cardiac fibroblast; three dimensional

1. Introduction

The cardiac extracellular matrix (ECM) is a network of structural proteins, mostly
collagen fibers, which provides structural stability, tensile strength but also alignment
cues, biochemical signals and mechanical support to surrounding cells [1–3]. Cardiac
fibroblasts (CF) are the cells producing the structural and regulating components of the
ECM [4,5] and are therefore important for maintaining the integrity of the ECM [6,7]. In
response to injury CF become activated, then differentiate to so called myofibroblasts [8,9]
showing special morphological and functional characteristics, such as the expression of
alpha smooth muscle actin (αSMA, encoded by the ACTA2 gene) [9,10]. Myofibroblasts
are key players in cardiac structural remodeling [11–14], producing excessive collagen,
resulting in cardiac fibrosis and increased myocardial stiffness [15,16].

CF can be isolated from the heart and cultured to study their function in vitro. For
many years, these studies have been performed in monolayers (defined as two dimensional
(2D)-cultures). In this model, cells attach to a flat surface and cell-matrix attachments
are restricted to one plane, while in vivo these attachments are present all around the
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cells [17–19]. Two-dimensional culture conditions also limit cell–cell interactions, as cells
grow in monolayers [20]. In addition, culturing CF on hard plastic cell culture plates
promotes CF activation and differentiation into myofibroblasts [21,22]. Stiffness is an
important stimulus in this process [23], shown in cardiac fibroblasts [24] but also other
types of fibroblasts [25–27]. Therefore, several groups started generating 3D culture systems
to allow in vitro investigation of the cell–matrix interactions in a more physiologically
relevant environment [17–19].

The aim of the present study was the development of a 3D cell culture model of
engineered heart matrix (EHM) of physiological stiffness and to compare CF function
in EHM structures vs. 2D monolayers and their response to TGFβ1 and mechanical
stimulation. To this purpose, primary adult rat CF were cultured in a natural collagen
type 1 hydrogel and stiffness was determined. To gain insight into the CF activation
state, we measured gene expression of genes related to CF activation and myofibroblast
differentiation: alfa-smooth muscle actin (Acta2) [28], connective tissue growth factor
(Ctgf) [29] transforming growth factor beta 1 (TGFβ1) [30,31] and brain natriuretic peptide
(Nppb) [32]. Baseline gene expression levels of these genes in EHM cultures were compared
with CF cultured in 2D monolayers both on cell culture plastic and on Bioflex silicone
bottom plates. Finally, EHM responses to cyclic stretch (10%, 1 Hz) and TGFβ1, both
established stimuli for CF-activation, were determined.

2. Materials and Methods

2.1. Isolation and Culturing of CF

CF were isolated from cardiac ventricles (combined left and right) of adult surplus rats
from any age, weight, sex or breed (n = 48). Most of the rats used were either from the Lewis
or Wistar strain and aged between 5 and 52 weeks. Rat cardiac ventricular fibroblasts were
isolated and cultures as previously described [33–35] in Dulbecco’s modified eagles medium
(DMEM; no. 22320, Gibco, Thermo Fisher Scientific, Waltham, MA, USA) supplemented
with 10% (v/v) fetal bovine serum (FBS, Gibco), gentamicin (50 μg/mL, Gibco), 1% (v/v)
Insulin-Transferrin-Selenium-Sodium Pyruvate (ITS-A, Gibco), basic fibroblast growth
factor (1 ng/mL, Gibco) and vitamin C (500 uM, Sigma Aldrich, Saint Louis, MO, USA)
(CF growth medium, CFGM) on standard cell culture flasks (Cellstar, Greiner Bio-One,
Frickenhausen, Germany). The vast majority of these cells are fibroblast-like cells and these
primary fibroblasts were used between passage 1 and 3. Experiments were performed
with approval of the Animal Ethical Committee of Maastricht University (DEC-2007-116,
31 July 2007) and conformed to the national legislation for the protection of animals used
for scientific purposes.

2.2. Assembly of the Ring Formation Molds

Sylgard-184 silicone elastomer base and curing agent (Dow Chemical, Midland, MI,
USA) were mixed together and poured into a well of a 12-well culture plate. Custom made
3D-printed casts (Mosa Meat, Maastricht, The Netherlands) were used to provide the shape
with an outer diameter of 22 mm. An area with a 12 mm diameter was created to load
250 uL of gel. A 2 mm central pole created the ring shape (Figure 1). The mold was allowed
to cure at room temperature for 3 days after which the 3D-printed casts were removed. The
custom-made molds were cleaned and sterilized by autoclavation.

2.3. Collagen Hydrogel

Collagen type 1 from rat tail (5 mg/mL, Ibidi, Gräfelfing, Germany) was diluted
with sterile water, 10× DMEM, 20× NaHCO3 and CF until the desired final collagen
concentration (between 1 and 3 mg collagen/mL) and cell density, with the final gel
containing 1× DMEM.
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250 μL

22 mm

2 mm

12 mm

A B C

Figure 1. Silicone mold design. Custom made 3D-printed casts to provide the shape for the silicone
mold (A); The silicone mold had a diameter of 22 mm (B); and a centrally placed post 2 mm (C). The
initial gel volume was 250 μL and after gelation 500 μL of the medium was added on top.

2.4. Engineered Heart Matrix Ring (EHM-Ring) Formation

CF were grown in CFGM on Cellstar cell culture flasks to about 80–90% confluency,
detached using trypsin-EDTA (Gibco) and taken up in CFGM. Cells were centrifuged at
1500 rpm for 5 min and then resuspended in CFGM to reach a concentration of 10 million
cells/mL. The cells were diluted to 1 million cells/mL into the hydrogel mixture. The
hydrogel –cell mixture (250 μL) was reverse pipetted into the molds and put into a 5%
CO2 incubator at 37 ◦C. After approximately 1 h, to polymerize the gel, 500 μL of CF
maintenance medium (CFMM, consisting of CFGM with 1% FBS) was added on top of
the gels.

2.5. Engineered Heart Matrix Fiber (EHM Fiber; Flexcell Tissue Train)

Using the optimized EHM ring protocol longitudinal EHM fibers were formed in the
Flexcell Tissue Train system. This was achieved by pipetting 200 μL of the hydrogel–cell
mixture between the two collagen-1-coated anchors of the Tissue Train culture plates (6-
well plates, Flexcell Dunn Labortechnik, Asbach, Germany) atop of the Trough Loaders
(Figure 2). After approximately 1 hour of polymerization of the gel, 4 mL of CFGM was
added on top of the gels. The next day the CFGM was replaced by CFMM. Subsequently,
gels were subjected to cyclic stretch (10%, 1 Hz), (Flexcell FX-5000 strain unit, Dunn
Labortechnik) for 4 h or 24 h. Control, non-stretched gels were subjected to identical
conditions but without stretch being applied.

Figure 2. Images of EHM fibers in Flexcell Tissue Train culture plates. Image (A) shows the (pink)
gel after pipetting in the 6 well Flexcell Tissue Train culture plate, still in the Trough Loader (white
bottom) providing the mold for the gel; Image (B) shows the EHM fiber between the two anchors
after polymerization of the gel. The black and white grid underneath represents 3 cm by 3 cm. The
diameter of the well was 3.5 cm.
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2.6. Measurement of EHM Stiffness

To determine the stiffness of the EHM ring, mechanical analysis was performed using
an Electroforce-3200 Series III multiaxial tensile tester (TA Instruments, Asse, Belgium)
combined with a 1000 gf (10 N) load cell (1 kg/cm2), as previously described [36,37]. Test
setups and data acquisition were directed through the WinTest 7 operational software (TA
Instruments). The displacement mode of loading materials was controlled through vertical,
axial movement with a motorized extension arm (DispE, −40/40 mm). The EHM ring
was locked into place using a custom-made Radial Tensile Strength tool (MERLN, Institute
for Technology-Inspired Regenerative Medicine, Maastricht University, Maastricht, The
Netherlands), based on previous research [38,39].

Uniaxial displacement was applied at a rate of 1% strain per second (0.04 mm/sec.)
until EHM ring failure. Load (N) and displacement (mm) were recorded over time at a rate
of 20 points/second. The obtained raw datasets were processed in Microsoft Excel and
converted to a dataset representing exerted stress (σ, kPa) over strain (ε, %). Noise within
the stress–strain curve was reduced using a moving average analysis, where the interval
average was set at 20 points to equalize all measured data points per second. Young’s
moduli were calculated from the slope of 15% strain residing within the elastic region of
the stress/strain curve.

2.7. Histology and Immunohistochemistry (IHC)

EHM rings or fibers were washed in PBS (Thermo Fisher), fixed in 4% paraformalde-
hyde (Klinipath) for 20 min, stained in eosin (J.T.Baker) for 1 h and stored overnight in 70%
ethanol (Sigma Aldrich). Finally, the EHM ring or fiber was embedded into paraffin wax.
Sections of 5 μm were cut using a rotary microtome.

Hematoxylin and eosin (H&E) staining was performed to gain insight in the cellular
distribution and the extracellular matrix (ECM) structure. After rehydration, the slides
were placed in Hematoxylin (5 min), washed with running tap water (10 min), placed in
eosin (1 min) and washed with demi water. Dehydration steps were performed and the
slides were closed with Entallan. Images were obtained using a Leica Microscope (5×, 10×
or 20× magnification).

Vimentin and CNA35 IHC were performed to visualize vimentin-positive cells, im-
plicated on being CF and/or collagen matrix. Slides were stained with vimentin antibody
(1/150 dilution, ab92547, Abcam, Cambridge, UK) followed by appropriate secondary
antibody (1/500 dilution) or adding CNA35 (1/100 dilution) [40,41]. Sections were fur-
ther incubated in 4′,6′-diamidino-2-phenylindole (DAPI)-containing mounting medium
(Vector Laboratories, Burlingame, USA) to stain nuclei. Images were obtained using a
Leica fluorescent microscope (40× magnification) or a Leica SPE confocal microscope
(63× magnification).

2.8. Gene Expression Analysis

Total RNA was isolated from cells using an RNA isolation kit (Omega Biotek, Nor-
cross, GA, USA) and reversed transcribed into cDNA using the iScript cDNA synthesis kit
(Biorad, Hercules, CA, USA) according to the manufacturer’s instructions and previously
described [32]. Real-time PCR was performed on an CFX96 Touch Real-Time PCR Detection
System using iQ SYBR-Green Supermix (Biorad). Gene expression levels of Alpha-smooth
muscle actin (Acta2), Connective tissue growth factor (Ctgf), Transforming growth factor,
beta 1 (Tgfβ1) and Brain Natriuretic Peptide (Nppb) were normalized using the house-
keeping gene Cyclophilin-A (Cyclo), and their relative expression was calculated using the
comparative threshold cycle (Ct) method by calculating 2ΔCt (e.g., 2(Cyclophilin Ct–Nppb Ct)).
The gene expression values were multiplied by 1000 (formula 1000 × 2ΔCt), to enhance
readability. The sequences of the specific primers used are provided below (Table 1).
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Table 1. Gene specific primer sequences used for real-time qPCR.

Gene Forward Primer Reverse Primer

Alpha-Smooth muscle actin (Acta2) AAGGCCAACCGGGAGAAAAT AGTCCAGCACAATACCAGTTGT

Connective tissue growth factor (Ctgf) CACAGAGTGGAGCGCCTGTTC GATGCACTTTTTGCCCTTCTTAATG

Transforming growth factor,
beta 1 (Tgfβ1) GCACCATCCATGACATGAAC GCTGAAGCAGTAGTTGGTATC

Brain Natriuretic Peptide (Nppb) AGACAGCTCTCAAAGGACCA CTATCTTCTGCCCAAAGCAG

Cyclophilin-A (Cyclo) CAAATGCTGGACCAAACACAA TTCACCTTCCCAAAGACCACAT

2.9. Statistics

Data are presented as average, average ± standard deviation or individual data points
(indicating separate CF isolations) and were analyzed with the Wilcoxon matched pairs test,
the Kruskal–Wallis test, or the Dunn posthoc test where appropriate (Graphpad PRISM
V9). Differences were considered statistically significant when p < 0.05.

3. Results

3.1. Optimizing CF Cell Density in EHM Rings

Different CF cell densities were cultured in EHM rings using a hydrogel collagen
concentration of 1 mg/mL in CFMM. EHM ring formation (compaction) was clearly less in
the two lower cell densities (Figure 3). The two higher cell densities showed considerably
more compaction leading to an EHM ring with a wall thickness of approximately 1.3 mm
when using 2000 cells/μL, while using 400 cells/μL led to a wall thickness of approximately
2.1 mm.

A B C D E

Figure 3. Images of EHM rings taken 24 h after casting the gel using different cell densities (A–D):
100; 200; 400 and 2000 CF cells/μL using a 1 mg/mL collagen concentration. The images show the top
view of the EHM-rings within the clear silicone mold on a black background with white grid (1 cm by
1 cm). Surrounding the central pole is a light pink circle, most left vaguely showing, becoming clearer
with increasing the cell density; The final image (E) shows the EHM-ring (8000 cells/μL, 1 mg/mL
collagen concentration) after 7 days of culturing, next to the central pole. The EHM ring has been
removed from the central pole manually to enhance visibility. Bars represent 2 mm.

3.2. Optimizing the EHM Initial Hydrogel Collagen Concentration

Two different initial hydrogel collagen concentrations (1 and 3 mg/mL) were used to
vary the stiffness of the EHM ring [42]. Gel compaction of the 3 mg/mL collagen EHM-ring
was reduced resulting in an increased wall thickness compared to EHM ring of 1 mg/mL col-
lagen (4.9 ± 0.9 mm vs 1.8 ± 0.6 mm, n = 3) (Supplementary Figure S1). This is reflected by
the HE staining (Supplementary Figure S1) where the cell density was lower in the 3 mg/mL
collagen compared to the 1 mg/mL collagen EHM ring (65 ± 5 vs 205 ± 25 CF/mm2, n = 2).
RNA isolation from the 3 mg/mL collagen EHM ring resulted in a lower RNA yield when
compared to the 1 mg/mL collagen EHM ring (Supplementary Figure S2). Moreover, qPCR
analyses revealed increased mRNA expression of Acta2 and Ctgf in the 3 mg/mL collagen
EHM-ring, indicating processes towards myofibroblast differentiation, while there was no
effect on Tgfβ1 mRNA expression (Supplementary Figure S2). Based on these results, an
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optimal collagen concentration of 1.5 mg/mL was chosen for further experiments. Using
these conditions, we cultured EHM rings for up to 13 days with an average RNA yield of
9.6 pg/cell, measured at day 1, 6, 10 and 13, indicating consistency in viable and quiescent
cells over the culturing period. Both histological and immunohistological analysis showed
even CF distribution and structural alignment within the EHM structure (Figure 4).

A

C D

B

Figure 4. Histological and immunohistological analysis of EHM-ring sections. HE staining of an
EHM ring section showing even distribution of the cells throughout the EHM ring structure. EHM
ring was formed using 1.5 mg/mL collagen concentration and 1000 CF cells/μL gel and was fixed
and stained 24 h after casting. Darker dots implicate CF. Magnification 5× (A); or 20× (B). Bars
represent 200 μm. Vimentin (green) and DAPI (blue) staining (C); and Z-stack image of CNA35 (red)
and Vimentin (green) staining nuclei are blue (DAPI) (D) (bar represents 29.4 μm).

3.3. EHM Stiffness

EHM stiffness was measured at two different timepoints: 24 h and 48 h after casting
the ring structures. The EHM ring was locked into place using a custom-made Radial
Tensile Strength tool at 0% elongation (Figure 5A) and elongation at break (Figure 5B).
After 24 h the average Young’s modulus was 15 kPa and increased to 25 kPa after 48 h
(Figure 5C). The stress–strain (σ/ε) curve of the moving average showed the elastic region,
followed by the plastic region and breaking point (Figure 5D). These results indicate that
the stiffness of our EHM rings was in the same order of magnitude as the passive stiffness
of myocardial tissue in vivo, which has been described to be around 10 kPa [43–45]. For
comparison, the Bioflex plates have been estimated to have a stiffness of ~1000 kPa and
plastic culture plates have a stiffness in the gigapascal range [45].
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Figure 5. Stiffness measurements of the EHM ring (1.5 mg/mL collagen concentration; 1.000 cells/μL
gel) at two different timepoints (24 h and 48 h). Images of tensile analysis at 0% elongation (A) and
at elongation at break; (B). Bar represents 10 mm. Tensile stiffness displayed as Young’s Modulus
(n = 2); (C); Stress–strain (σ/ε) curve of the moving average (20 points/strain value) (n = 1) after 24 h
and 48 h (D).

3.4. Baseline CF Gene Expression in 3D (EHM) and 2D (Monolayer) Culturse

Gene expression of Nppb and Tgfβ1, was higher in EHM compared to both regular
hard plastic cell culture plates and Bioflex cell culture plates (Figure 6). The opposite was
true for the gene expression of Ctgf and Acta2, where the expression was much lower
in EHM fibers compared to both hard plastic and Bioflex cell culture plates (Figure 6).
The mRNA expression of Ctgf and Acta2 decreased with decreasing the stiffness of the
culture substrate.

3.5. Stretch of EHM Fibers in the Flexcell Tissue Train System

Rat CF in EHM fibers exposed to 4 h cyclic stretch (10%, 1 Hz) showed a significantly
higher gene expression (2.2-fold) of Nppb compared to non-stretched controls (Figure 7A,
EHM). Since similar experiments have previously been performed in 2D CF monolayers on
Bioflex plates [32], the effects of cyclic stretch were also compared between Bioflex plates
and EHM fibers. No effect of 4 h cyclic stretch (10%, 1 Hz) was found on the gene expression
of Tgfβ1, Ctgf and Acta2 in the EHM fibers. In EHM fibers exposed to 24 h of cyclic stretch
(10%, 1 Hz) the increase in Nppb remained (3.0-fold). In addition, there was an increased
mRNA expression of Ctgf (2.1-fold) and Tgfβ1 (2.3-fold) compared to non-stretched controls
(Figure 7B, EHM). Acta2 gene expression showed a 1.6-fold increase after 24h, but this
difference did not reach statistical significance. Baseline gene expression differences as
indicated in Figure 6 were also seen when comparing the non-stretch conditions of flex
plates and EHM culture conditions.
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Figure 6. Baseline gene expression levels of Nppb, Tgfβ1, Ctgf and Acta2 in CF cultured on the
different substrates: 2D monolayer on hard plastic cell culture plates (Hard), 2D monolayer on
Bioflex cell culture plates (Flex) and 3D EHM fibers (EHM). Data are presented as relative mRNA
levels normalized to house-keeping gene cyclophylin (n = 15–40). *** p < 0.001; **** p < 0.0001. Bar
indicates mean.

 

Figure 7. The effect of 4 h (A); and 24 h (B) cyclic stretch (10%, 1 Hz) on gene expression in CF
cultured on 2D monolayer Bioflex plates (Flex) (data from [32]) or 3D EHM fibers (EHM) conditions.
Presented are the relative gene expression levels of Nppb, Tgfβ1, Ctgf and Acta2 in 2D (n = 5–12) and
3D (n = 6–9) in stretch (S) and non-stretch (NS) conditions. * p < 0.05; ** p < 0.01; *** p < 0.001. Bar
indicates mean.

3.6. Effect of TGFβ1 Stimulation on CF Gene Expression in 2D (Monolayer) and 3D
(EHM) Cultures

TGFβ1-stimulation (1 ng/mL) of CF for 24 h in 2D monolayers on hard plates showed
a significant reduction in Nppb gene expression, no effect on Tgfβ1 gene expression and a
significant induction of Acta2 and Ctgf gene expression (Figure 8A, Hard). Similar effects
of TGFβ1 stimulation on Nppb, Tgfβ1, Ctgf and Acta2 gene expression were observed in
2D monolayers on Bioflex plates (Figure 8A, Flex). Stimulation with TGFβ1 in 3D EHM
rings showed no effect on Nppb expression, although as described above Nppb baseline
expression levels were higher in the EHM than in the 2D cultures. TGFβ1 stimulation
in EHM significantly increased Tgfβ1 gene expression (1.6-fold) (Figure 8A, EHM). In
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addition, Ctgf showed 1.6-fold increased expression upon TGFβ1 stimulation, although
this did not reach statistical significance (Figure 8B). No clear effect of TGFβ1 stimulation
on Acta2 was observed in EHM (Figure 8). These results indicate that although the baseline
gene expression levels are different in 3D EHM cultures, CF are still capable of responding
to TGFβ1 in a similar way as they would in 2D monolayers.

Figure 8. The effect of TGFβ1 stimulation of rat CF for 24 h cultured on different substrates. Presented
are the relative gene expression levels of Nppb, Tgfβ1, Ctgf and Acta2 after stimulation with TGFβ1
(TGFβ1) or control (C) conditions for 24 h in 2D hard plastic cell culture plates (Hard, n = 11), 2D
Bioflex plates (Flex, n = 5) and 3D EHM (EHM, n = 6) (A); Graphs of the relative gene expression
levels of Ctgf and Acta2 in EHM were enhanced to improve readability (B). * p < 0.05; ** p < 0.01;
*** p < 0.001. Bar indicates mean.
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4. Discussion

In this study we designed self-assembling EHM rings and EHM fibers composed of
rat tail collagen 1 and adult rat ventricular CF, as models for 3D culturing. The stiffness of
our EHM rings was ~15 kPa. Comparison of CF gene expression between 2D monolayers
and 3D EHM revealed reduced gene expression of Acta2 and Ctgf in EHM, indicating a
more quiescent CF state. Cyclic stretch and TGFβ1 stimulation of EHM structures showed
CF activation, comparable to 2D cultures of CF. These data indicate that the EHMs provide
a more physiological model to study CF function.

4.1. Influence of Substrate Stiffness on Baseline CF Gene Expression

Our finding of lower baseline gene expression of Acta2 and Ctgf in 3D EHM cultures
compared to 2D monolayers is in line with results from other studies showing that cultur-
ing CF on hard plastic cell culture plates promotes myofibroblast differentiation [45–47].
Moreover, human CF cultured in low stiffness GelMA gels also showed a reduced expres-
sion of ACTA2 [48]. A more quiescent state of fibroblasts cultured in 3D was also found
in human fetal lung fibroblasts [49] and tendon fibroblasts [50]. Therefore, both cardiac
and non-cardiac CF respond to 3D culturing in a similar way. Taken together, fibroblasts
appear to remain in a more quiescent state, i.e., less prone to differentiate into myofibrob-
lasts, when cultured in EHM compared to 2D monolayers. Given the large difference in
stiffness between the EHM (~15 kPa) and culture plates (>1000 kPa), it is likely that the
quiescent state of CF in EHM, results from the more physiological stiffness of the 3D culture
substrates [46,51].

4.2. Possible Influence of Culture Medium Differences on Baseline CF Gene Expression

Aside from differences in stiffness between EHM and 2D monolayers, differences due
to the use of different culture media cannot be excluded and may affect baseline CF gene
expression. The EHM fibers were cultured in CFMM, containing 1% fetal bovine serum
(FBS), while the experiments in 2D monolayers were performed in serum-free conditions.
FBS is known to have an effect on the expression of many genes [35]. However, for Acta2 it
is known that culturing in the presence of serum increases the expression [24,35], while we
showed a lower Acta2 expression in our EHM-fibers (CFMM, 1% serum), compared to 2D
monolayers, indicating that this lower Acta2 mRNA expression is unlikely to be caused by
serum. Galie et al. investigated the effect of serum conditions (5% or 10% FBS) on Tgfβ1
expression in rat cardiac fibroblasts cultured in 3D collagen matrix. Culturing the gels for
24 h resulted in a lower Tgfβ1 mRNA expression in 10% serum compared to 5% serum,
measurements during other timepoints (6, 48 and 120 h) showed no difference between
5% or 10% serum on Tgfβ1 mRNA expression [24]. These results implicate that the higher
Tgfβ1 mRNA expression we showed in the EHM fibers was most likely not caused by
the 1% serum used in those culture conditions. It is important to note here that our FBS
percentage of 1% was much lower than those used by Galie and colleagues [24].

4.3. Effect of Cyclic Stretch and TGFβ1 on CF Gene Expression

Cyclic stretch for 24 h increased the gene expression of Nppb, Tgfβ1 and Ctgf in
both the 2D monolayer and 3D EHM. Acta2 expression was significantly increased in
stretched 2D monolayers, but the 1.6-fold increase in EHM was not statistically significant
(p = 0.20). This lack of significance was most likely caused by low statistical power and
large individual variation. Taken together, these data indicate that stretch initiates fibroblast
activation, ultimately leading to myofibroblast differentiation. Our results showing an
increased mRNA expression of Acta2 in EHM after exposure to cyclic stretch are supported
by previous research in NIH 3T3 fibroblasts [52] and marrow-derived progenitor cells [53],
using a collagen and fibrin 3D construct, respectively. Primary murine dermal fibroblasts
within a collagen 3D construct exposed to 24 h cyclic stretch support our results in showing
an increased expression of Tgfβ1 and Ctgf [54]. However, rat cardiac fibroblast-seeded
collagen gels exposed to 5% cyclic strain showed a decrease in Tgfβ1 mRNA expression
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compared to controls [55]. Differences could be attributed to the type of mechanical
stimulation applied, compression vs. cyclic stretch. We have previously shown Nppb as
being a sensitive marker for stretch in 2D monolayers [32]; this statement was reinforced
when a similar strong increase in Nppb gene expression in EHM fibers, both after 4 h and
24 h of cyclic stretch, was shown.

Gene expression of Nppb and Tgfβ1 in EHM was higher in both stretch and non-
stretch conditions compared to the 2D monolayers, in both 4 and 24 h conditions. The
opposite was true for the expression of Acta2 and Ctgf, suggesting a quiescent state, which
has previously been shown [48]. Although the expression of Nppb and Tgfβ1 in non-stretch
conditions was higher, CF in EHM were still able to respond to the stimulus of cyclic stretch
by even further increasing the expression of Nppb and Tgfβ1, an interesting finding which
merits further investigation.

Stimulation of EHM rings with TGFβ1 showed increased gene expression of Tgfβ1 and
Ctgf similar as seen in the 2D cultures. No effect of TGFβ1 stimulation on Acta2 and Nppb
expression was found. Our results of increased Ctgf expression after TGFβ1 stimulation
are supported by previous research in human cardiac fibroblasts [56], adult rabbit cardiac
fibroblasts [29] and human lung fibroblasts [57]. TGFβ1-induced Tgfβ1 expression in CF is
something we [29] and others [58] have shown previously. TGFβ1 is a well-known stimulus
for myofibroblast differentiation [59–61], and our finding of TGFβ1–induced increase in
Acta2 mRNA expression in 2D cultures therefore fits into the literature [35,62]. This is
further supported by Bracco Gartner et al. [48] in 3D cultures. By contrast, our EHM
cultures did not show a clear TGFβ1-mediated induction of Acta2. Possibly this lack of
effect indicates that the cells are less prone to TGFβ1-induced myofibroblast differentiation
when cultured in EHM. Another possible explanation could be the high baseline expression
of Nppb in EHM cultures. We have previously shown that BNP inhibits the TGFβ1-induced
Acta2 expression [32]. It could be that the high baseline expression of Nppb translates
to high levels of BNP within the culture media, inhibiting the TGFβ1-induced Acta2
expression in EHM, hence the lack of effect we see here. Future research is necessary to
investigate the role of Nppb within EHM culture. Taken together, CF remain quiescent in
EHM, but exhibit a clear response after stimulation with stretch or TGFβ1.

In the present study, we described the development of 3D engineered heart matrix
(EHM) ring and fiber structures, with viable and quiescent CF embedded in a type1 collagen
gel of physiological stiffness. Markers of CF differentiation toward myofibroblasts were
lower in EHM, compared to 2D cultures, while CF activation by stretch or TGFβ1 was
maintained, indicating that these EHM structures are a good model to study the process of
CF activation and differentiation toward myofibroblasts.
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Abstract: A healthy lymphatic system is required to return excess interstitial fluid back to the venous
circulation. However, up to 49% of breast cancer survivors eventually develop breast cancer-related
lymphedema due to lymphatic injuries from lymph node dissections or biopsies performed to treat
cancer. While early-stage lymphedema can be ameliorated by manual lymph drainage, no cure
exists for late-stage lymphedema when lymph vessels become completely dysfunctional. A viable
late-stage treatment is the autotransplantation of functional lymphatic vessels. Here we report on
a novel engineered lymphatic flap that may eventually replace the skin flaps used in vascularized
lymph vessel transfers. The engineered flap mimics the lymphatic and dermal compartments of
the skin by guiding multi-layered tissue organization of mesenchymal stem cells and lymphatic
endothelial cells with an aligned decellularized fibroblast matrix. The construct was tested in a
novel bilayered wound healing model and implanted into athymic nude rats. The in vitro model
demonstrated capillary invasion into the wound gaps and deposition of extracellular matrix fibers,
which may guide anastomosis and vascular integration of the graft during wound healing. The
construct successfully anastomosed in vivo, forming chimeric vessels of human and rat cells. Overall,
our flap replacement has high potential for treating lymphedema.

Keywords: lymphatic; extracellular matrix; decellularized matrix; tissue engineering; in vitro model;
self-assembled vessels

1. Introduction

It is estimated that 287,850 women developed breast cancer in 2022 in the US, with
10% not surviving [1]. Among the survivors, 20% [2] to 49% [3] will develop breast cancer-
related lymphedema (BCRL), leading to heaviness, numbness, and tightness in the affected
limb. This disease not only drastically lowers the patient’s quality of life [1,4], but also
creates an alarming healthcare burden for mental health services, disease monitoring, and
disease treatment [5]. BCRL is a frequent consequence of axillary lymph node dissection
or sentinel lymph node biopsy in cancer patients, which can interrupt the resorption of
excess interstitial fluid of the arm and its transport back to the venous circulation. This
permanently decreases lymph transport capacity and often causes fluid buildup, painful
arm swelling and susceptibility to infections. Currently, there is no cure for BCRL, only
preventative or palliative treatments. During the early stages of lymphedema, before the
onset of fibrosis due to the accumulation of protein and lipids, swelling can be improved
by manually compressing the limb using garments, bandages, or intermittent pneumatic
compression therapy [6–8]. Unfortunately, these modalities require intense lifelong effort
and are ineffective for advanced fibrotic limbs where the tissue has already irreversibly
remodeled from the excess interstitial fluid [6,9].

Vascularized lymph node transfer is the most commonly used procedure for reducing
lymphedema in advanced lymphedema patients [10]. It is accomplished by transplanting
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skin or adipose flaps containing functional lymph nodes harvested from a healthy donor
site [11,12]. The implanted lymph nodes spontaneously anastomose with recipient site
lymphatic and venous vessels and drain lymph fluid from those respective systems [11–13].
However, this procedure has an 18% chance of causing seroma [14,15], and harvesting
lymph nodes from the preferred groin donor site can create chronic lymphedema [14,16].
Moreover, recent evidence has shown that the lymph nodes were actually irrelevant to
the lymphedema reduction, as the therapeutic agents of lymph node transfers were in
fact the surrounding lymphatic vessels [17]. In 2016, Koshima et al. completed the first
pilot study of vascularized lymph vessel transfer (VLVT), which aimed to minimize donor
site morbidity by not sacrificing lymph nodes [13,18]. The effectiveness of this treatment
has been proven by multiple clinical trials that showed relief of symptoms, weaning of
compression garments, and improvement of quality of life [17–21]. Although donor site
lymphedema has not been reported for VLVT [18], donor site availability still significantly
limits its application. Therefore, there is a crucial need for skin and adipose flap substitutes.

Various novel therapeutics have been proposed to induce the growth of new lym-
phatic vessels across the dissected areas to improve lymph drainage. Vascular endothe-
lial growth factor-C therapies have shown effectiveness in reducing lymphedema by
directly signaling lymphatic endothelial cells (LECs) to sprout more capillaries from
existing capillaries [22,23]. Nanofibrous collagen scaffolds have been utilized to create
temporary bridges that direct interstitial fluid flow over the damaged areas to guide
lymphangiogenesis [24]. Mesenchymal stem cell (MSC) therapy reduced lymphedema
by secreting lymphangiogenic and immunomodulatory factors that augment the wound
microenvironment [25]. Although these prolymphangiogenic therapies have achieved
success in reducing acute lymphedema in animal models, long-term functional lymphan-
giogenesis is inhibited by the chronic inflammation and fibrosis present in mild to severe
lymphedema [9,25,26]. Therefore, these approaches may be inadequate for treating chronic
or severe cases.

Since stimulating peri-wound lymphangiogenesis to restore lymphatic continuity may
be challenging for advanced lymphedema patients, the implantation of tissue engineered
lymphatic vessels may serve as a more effective treatment modality. LECs can self-assemble
into lymphatic microvascular networks in the presence of various supporting cells. Co-
culturing LECs with adipose-derived MSCs formed stable networks for up to 4 weeks [27].
Similarly, 3D lymphatic networks with native ultrastructure have been generated by seed-
ing LECs on fibroblast sheets [28]. More recently, LECs co-cocultured with fibroblasts on
a collagen sheet were shown to anastomose with host lymphatics in a mouse model [29].
However, the aforementioned approaches lacked guidance cues, so the lymphatic vessels
formed were randomly oriented, which made them deficient in the natural lymphatic
vessel alignment (axiality) that facilitates unidirectional lymph flow in native tissues [20].
Decellularized adipose tissue has also been used as a scaffold to generate lymphatic net-
works with anastomosis capacity [30]. While decellularization may preserve the lymphatic
axiality of the tissue as newly seeded LECs colonize existing vessel channels, decellularized
scaffolds suffer from problems of donor scarcity, host responses, and pathogen transfers
when allogeneic or xenogeneic tissues are used [31]. Compared with reconstituted or
decellularized scaffolds, cell-derived extracellular matrix (ECM) has several advantages:
(1) Sterile culture conditions eliminate pathogen contamination risks. (2) Cell-derived
ECM can be engineered with controlled topography and porosity to guide lymph axiality.
(3) Cell-derived ECM modulates host immune responses, reducing fibrosis [31]. Therefore,
cell-derived ECM offers a promising alternative to scaffolds derived from natural tissues.

The objective of this study was to utilize cell-derived ECM to develop an engineered
lymphatic flap that mimics the dermal and lymphatic components of a native ultra-thin skin
flap used in VLVT. The construct consists of three layers: (1) decellularized fibroblast ECM,
(2) human MSCs, and (3) self-assembled lymphatic capillaries. During VLVT, due to the
bulk of the skin flap, a pedicled artery and vein that spans the graft needs to be surgically
anastomosed to perfuse the graft [18]. We expect that, by eliminating the unnecessary
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epidermal, blood, and subcutaneous components and only keeping the relevant cells for
lymphedema reduction, our construct may function without a dedicated blood supply. The
construct is created on a nanograted polydimethylsiloxane (PDMS) substrate that guides
fibroblast and fibroblast-secreted ECM alignment, which further directs MSC alignment,
and in turn, LEC alignment. Aligned LECs form unidirectional capillaries, mimicking the
native lymphatic axiality of skin flaps [20,32,33]. They also have the cellular and ultrastruc-
tural features of native human dermal lymphatic capillaries [28]. Upon implantation, MSCs
reduce inflammation [34], secrete lymphangiogenic factors [35], and serve as supporting
cells for the lymphatic capillaries [36]. The fibroblast-derived ECM itself also promotes
wound healing, reduces fibrosis, and provides mechanical support for the flap [36,37].
This approach can incorporate autologous cells, thereby eliminating the use of allogeneic
or xenogeneic tissues while conserving lymph axiality. This skin flap replacement has
the potential to increase graft availability and reduce lymphatic damage-related surgical
procedures and complications.

2. Materials & Methods

2.1. Cell Culture

All cells used were obtained from commercial sources. Clonetics™ Dermal Lymphatic
Microvascular Endothelial Cells (LECs) and PoieticsTM Normal Human Bone Marrow
Derived Mesenchymal Stem Cells (MSCs) were obtained from Lonza, Basel, Switzerland.
Normal Human Adult Primary Dermal Fibroblasts (HDFs) were obtained from Ameri-
can Type Culture Collection, Manassas, VA, USA. LECs at passage 5, were cultured in
endothelial growth medium 2 (EGM-2, Lonza). Passage 7 HDFs were cultured in fibroblast
growth media consisting of 60% Dulbecco’s Modified Eagle Medium, 20% F-12, 20% fetal
bovine serum (FBS) and 1% penicillin/streptomycin. Passage 4 MSCs were cultured in Min-
imum Essential Medium α with 20% FBS, 1% penicillin/streptomycin, and 1% L-glutamine
(Thermo Fisher Scientific, Waltham, MA, USA). All cells were cultured in a humidified,
37 ◦C, 5% CO2 incubator.

2.2. Wound Healing Model

The wound healing model used 4 well culture-inserts (Ibidi, Fitchburg, WI, USA)
to create bilayered lymphvascularized tissues separated by wound gaps. Each insert is
cylindrical with an outer diameter of 17 mm and inner diameter of 13 mm and has 4 hollow
quadrants dividing the center into 4 wells each with a growth area of 0.35 cm2 per well.
The quadrants are separated by walls that create a 500 ± 100 μm cell-free gap between each
quadrant. The inserts were placed into 12-well plates. MSCs were seeded at 5000 cells/cm2

and HDFs at 3000 cells/cm2 in their respective media in either the MSC-HDF or HDF-HDF
configuration (Figure 1). These seeding densities were optimized to make both supporting
cell types reach confluency on the same day while minimizing aggregate formation. In
MSC-HDF, each wound gap is flanked by one MSC side and one HDF side. For HDF-HDF,
both sides are HDF. Four wound gaps were created using one insert for a total of 12 gaps
per timepoint for each configuration. Cell culture media was changed every 3 days until
both MSCs and HDFs reached confluency after 9 days of culture. LECs at 20,000 cells/cm2

were seeded on top of the basal cells after basal cell confluency. The culture-insert was
removed 10 h after LEC seeding to allow for 10 h of lymphangiogenesis. The culture media
was then switched to a mixture of 50% fibroblast growth media and 50% EGM-2 and was
changed every 2 days. Wound gaps were examined 4, 6, and 8 days after insert removal.

2.3. Immunofluorescence Staining

Skin explants of implanted engineered flaps and cell cultures of the wound healing
model were fixed in 4% paraformaldehyde in PBS containing calcium and magnesium for
20 min and blocked with a solution of 2% bovine serum albumin (Sigma-Aldrich, St. Louis,
MO, USA). All antibodies were diluted in blocking solution and applied overnight on a
rocker at 4 ◦C. For the wound healing assay, LECs were stained using anti-CD31 antibodies,
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and ECM was stained using anti-collagen I antibodies. For the animal tissue sectioning,
LECs were stained for podoplanin (PDPN). To distinguish between rat and human LECs,
human nuclear antigen (HNA) was targeted. All IgG secondary antibodies (Alexa Fluor
488, 568, and 647 goat anti-rabbit and goat anti-mouse) were purchased from Thermo Fisher
Scientific diluted 1:500 in blocking solution. All imaging was done on a Zeiss Observer
3 microscope using either a Zeiss 20× air or 40× water objective and an Axiocam 503 mono
camera (Zeiss, Oberkochen, Germany).

Figure 1. Timeline of in vitro wound healing model. The culture-insert is first attached to a well
plate. The supporting cells, human dermal fibroblasts (HDFs) and mesenchymal stem cells (MSCs),
are cultured inside for 9 days in either the MSC-HDF or HDF-HDF configuration. In MSC-HDF,
the supporting cells alternate between MSCs and HDFs, whereas HDF-HDF only contain HDFs.
Subsequently, lymphatic endothelial cells (LECs) are seeded on top for 10 h of vessel assembly, or
lymphangiogenesis, before culture-insert removal. Three inserts were used for each configuration at
each imaging timepoint.

2.4. Quantitating Endothelial Invasion

Images of the wound healing model were taken according to the aforementioned
method and stitched using the MosaicJ plugin for the open-source image processing
program ImageJ. A 600 × 6500 μm rectangle containing the original wound gap was
selected for analysis for vertical wound gaps. The dimensions of the analysis area were
flipped for horizontal wound gaps. The exact position of the analysis rectangle was first
determined by macroscopically locating the wound gap and then placing the box around the
middle of the two sides of invading vessels. The angle of the box was adjusted accordingly
as the culture-inserts were placed by hand. Vessel area was calculated by thresholding
CD31 signal and using the analyze particles command. The area was measured in triplicates
by two researchers independently.

2.5. Lymphatic Skin Flap Replacement Fabrication

The engineered flap was fabricated following our published protocol [32,38]. Briefly,
PDMS substrates were cast from molds with 350 nm grating width and 130 nm grating
depth and coated with collagen I. HDFs were seeded on top and cultured for 3 weeks
in fibroblast growth media with a media change every 3 days. This produces uniform
70 μm-thick cell sheets [38], which were gently peeled off and decellularized with 0.5%
sodium dodecyl sulfate, 10 mM Tris (Bio-rad Laboratories, Hercules, CA, USA), and 25 mM
Ethylenediaminetetraacetic acid (Sigma-Aldrich) solution for 15 min. Afterwards, the ECM
sheets were thoroughly washed with PBS and incubated in culture media for 48 h. The ECM
sheets produced by our decellularization protocol retain collagen I, elastin, and fibronectin
fibers and have an elastic modulus of around 250 Pa and a viscous modulus of 300 Pa [38].
The fibers are uniformly aligned with a dimeter of 78 ± 9 nm [38]. MSCs were seeded at
10,000 cells/cm2 on the decellularized ECM sheet and cultured under hypoxia (2% O2)
for 7 days. Subsequently, LECs were seeded at 20,000 cells/cm2 on top of the MSC/ECM
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constructs. The co-cultures were maintained at 20% O2 for up to 7 days in EGM-2 with a
media change every 2 days. This method has shown to generate vessel networks with a
mean vessel diameter of 11 μm, a mean vessel length of 220 μm, an intercapillary distance
of 19 μm, and a 14% area vessel coverage [32,33].

2.6. Animal Model

All animal experiments were performed following protocols approved by the institu-
tional committee for animal use and care regulations at Michigan Technological University.
Athymic Rowett nude (RNU) rats (male, 6–8 weeks old, 200–250 g weight) were purchased
from Charles River Laboratories (Wilmington, MA, USA). Rats were anesthetized with
isoflurane and their backs were shaved with clippers. A small incision was made on the
rat dorsum to expose the subcutaneous space, in which a stack of three 2 cm2 disks of the
engineered lymphatic flap was implanted. Incisions were closed with suture clips. The rats
were euthanized at day 7 post implantation and the skin was harvested from the back that
contained the engineered lymphatics. A region of skin from another random area from the
back was also harvested to serve as a control. A total of 2 samples were harvested from
each of 3 rats. The skin explants were stained as mentioned above.

2.7. Statistical Analysis

CD31 coverage data from each timepoint (day 4, 6, 8) for MSC-HDF and HDF-MDF
gaps were compared using one-way ANOVA and Tukey’s post hoc test on GraphPad
Prism. The results were reported as mean ± standard deviation. Results were considered
statistically significant for p ≤ 0.05. Datapoints from detaching or aggregating tissues were
excluded to prevent the detachment or aggregation from confounding the results.

3. Results

3.1. Flap Anastomoses with Self-Assembled Lymphatic Capillaries

To investigate the anastomosis capacity of the engineered flap with host lymphatics,
an in vitro model was designed to replicate the integration of the flap with the host. Basal
cells (MSCs in the present case) and then LECs were seeded on HDF-derived ECM to
simulate flap transplantation (Figure 2A). The basal cells and LECs were also seeded directly
on the culture plates (Figure 2B–left side), where LECs underwent lymphangiogenesis
and formed capillaries on top of the basal cells on both sides of a 500 μm wide wound
gap (Figure 3A). LECs failed to form capillaries when seeded alone on the culture plate
(Figure 4C), indicating the necessity of basal supporting cells and their deposited ECM
for lymphangiogenesis. Thus, the bilayered co-culture setup created a network of self-
assembled capillaries on top of a traditional scratch assay (Figure 2B), where capillary
sprouting was both enabled and confined by basal cell expansion. The basal cell layer
beneath the LECs modeled two different tissues. LEC/MSC represented the lymphatic
flap, as the engineered flap is built upon MSCs (Figure 2C). LEC/HDF modeled the host
recipient site as the fibroblasts recapitulated a dermal organoid. In either LEC/MSC or
LEC/HDF, the wound-mimicking gap fully closed after 4 days, as shown by complete
collagen coverage of the gap (Figure 2D). Capillaries on the wound edge then sprouted over
the basal cells into the wound gap (Figure 3A). Once inside the gap, the capillaries exhibited
minimal branching and a straight orientation. HDF-HDF interfaces had significantly more
capillary coverage at day 6 and 8 compared to MSC-HDF (Figure 3B). The invasion of
capillaries in HDF-HDF into the wound gap generally followed collagen I fibers generated
by the migration and proliferation patterns of the basal cells (Figures 2D and 5), and
capillaries from opposing sides migrated towards each other (Figure 3A). In contrast to the
results of HDF-HDF, capillaries in MSC-HDF underwent pruning and regression from day
4 to 8, resulting in a decrease of capillary coverage across the gap (Figures 2D and 3A).
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Figure 2. Engineered lymphatic flap and wound healing model. (A) Composition of engineered
lymphatic flap. The three layers of the engineered flap (lymphatic capillaries, MSCs, and HDF
extracellular matrix (ECM)) mimics the ultra-thin skin flaps used in vascularized lymph vessel transfer
(VLVT). (B) Mechanism of bilayered wound healing assay. Capillary formation and sprouting is
limited by the basal ECM. Supporting cell proliferation and ECM secretion allows lymphangiogenesis
over the inhospitable culture plate substrate. (C) Immunostaining of engineered flap. LECs (Red).
Collagen I (Green). Cell Nuclei (Blue). Scale bar: 100 μm. (D) Natural collagen swirls forming in
the process of wound healing. Lymphatic capillaries colocalized with these ECM patterns. Wound
gaps with detached tissues were excluded for analysis. LECs (red) Collagen I (Green). Wound gap:
500 μm. Scale bar: 13 mm.

The unexpected lack of capillary coverage in MSC-HDF and the guiding effect of
collagen fibers in HDF-HDF led us to investigate the role of basal cell-deposited ECM in
lymphangiogenesis. The original protocol was modified by increasing the lymphangiogenic
period between LEC seeding and culture insert removal from 10 h to 48 h to allow for more
buildup of the MSC layer. While this increased capillary invasion and produced capillaries
that crossed over the entire wound gap in both MSC-HDF and HDF-HDF (Figure 4), this
also exacerbated the aggregation of MSCs, causing capillaries to be pulled into aggregates
(Figure S1), so a statistical analysis could not be performed.
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Figure 3. Time lapse images of capillary invasion into the wound gap after a 10-h lymphangiogenic
period. (A) After basal cell coverage of the wound gap at day 4, self-assembled capillaries started
protruding into the filled gap over the basal cells in HDF/HDF interfaces. Capillaries from opposing
sides pointed towards each other. Capillary invasion was not observed in MSC-HDF interfaces.
(B) Capillary coverage is present in wound gaps between HDF and either MSC or HDF. HDF-HDF
had significantly more vessel invasion than MSC-HDF on day 6 and 8. Sample sizes: D4 MSC (n = 8)
D4 HDF (n = 10), D6 MSC (n = 8), D6 HDF (n = 12), D8 MSC (n = 8), D8 HDF (n = 11). * p ≤ 0.05,
*** p ≤ 0.001, **** p ≤ 0.0001. Scale bar: 500 μm.

 

Figure 4. Images of capillary invasion into the wound gap after a 48-h lymphangiogenic period.
(A,B) Day 4. Supporting cells have closed the wound gap. Some capillaries have formed, but not yet
invaded the wound gap. Capillaries were still short and immature. (C) LECs fail to form capillaries
when seeded directly on the culture dish. Capillary invasion over wound gaps must therefore be
over basal cells. (D–G) Day 8. Capillaries have invaded the wound gap. MSC-HDF gaps had more
connecting capillaries than HDF-HDF. Scale bar: 500 μm.
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Figure 5. Fibroblasts guide capillary integration through natural collagen I alignment during in vitro
graft integration. (A) ECM-mediated anastomosis model, where end-to-end anastomosis of capillaries
from opposing wound edges are guided by collagen tracks. (B–D) Fibroblast proliferation and
migration patterns in the wound gap leave behind collagen tracks that the capillaries follow. Arrows
mark the direction of the collagen fibers as well as capillary invasion. LECs (red) Collagen I (Green).
Scale bar: 200 μm.

3.2. Engineered Flap Spontaneously Anastomoses with Rat Model

To determine the anastomosis capacity of the engineered flap after implantation, the
flap was subcutaneously implanted in athymic nude rats, which can prevent xenograft
rejection. Seven days post implantation, chimeric capillaries made of rat and human LECs
were observed (Figure 6). Human nuclear antigen (marker of human cells) negative rat
LECs were found incorporated into human capillaries, indicating the fusion of implanted
human capillaries with host rat capillaries. The sectioned lumens were also open.

94



Bioengineering 2023, 10, 149

 

Figure 6. Immunostaining of implanted engineered lymphatic flap. Rat-human chimeric capillaries
were found 7 days after subcutaneous implantation in athymic nude rats (n = 3). Rat, Human PDPN
(green), HNA (red). Each row represents a different site of anastomosis. Arrows point to HNA- LECs
within HNA+ vessels. Scale bar: 50 μm.

4. Discussion

The supply of skin autografts for VLVT is limited. We have fabricated an engineered
lymphatic flap replacement that is both scalable and personalizable to the patient. In vitro
results showed that the proliferation of supporting cells in the engineered lymphatic
flap paved the way for lymphangiogenesis, which leads to the connection of graft and
host capillaries. Subcutaneous implantation also indicated that the engineered flap is
capable of spontaneous anastomosis in vivo. Therefore, our construct has high potential
for ameliorating advanced fibrotic lymphedema.

ECM deposition by graft and host cells plays an underappreciated role in graft vascular
integration. MSC-HDF was expected to have more vessel invasion due to the chemotactic
and lymphangiogenic effects of MSC-secreted paracrine factors [25]. The unexpectedly low
levels of capillary invasion in MSC-HDF may therefore have been caused by insufficient
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matrix deposition over the wound gap by MSCs as HDFs proliferated and deposited matrix
faster than MSCs (Figure 2D), which correlated with higher capillary invasion in HDF-HDF
(Figure 3B). Extension of the lymphangiogenic period may have rescued the lack of capillary
coverage of the MSC-HDF wound gaps (Figure 4) by allowing more accumulation of MSC-
deposited ECM, which may have improved the quantity and quality of capillaries on the
wound edges that participated in the invasion. The MSC layer may have also increased in
thickness and cell density, which can contribute to the overall ECM deposition rate into the
wound gap. In addition to providing a substrate for lymphangiogenesis, ECM can signal
surface topographical cues known to guide cell alignment by localizing focal adhesions
along grooves [39]. We previously found that aligned ECM nanofibrous scaffolds guided
capillary alignment in a multi-layered vascular construct [32]. An aligned electrospun
gelatin scaffold has also shown a similar ability to direct angiogenesis [40]. Coincidentally,
thin oriented collagen fibers are also deposited during skin wound healing [41]. Therefore,
the ECM fibers secreted by HDFs during wound healing may direct and promote capillary
invasion much like an aligned scaffold would in addition to providing mechanical support
to the wound. We posit that continuous ECM fibers from two sides of a wound facilitate
capillary invasion and end-to-end anastomosis as capillaries from the two opposing sides
follow the same fibers and come into contact (Figure 5). This may be a novel mechanism
of wound healing and graft revascularization and integration. Further research into un-
derstanding the mechanisms of graft integration could improve the success rate of tissued
engineered grafts.

Our model is in agreement with past wound healing models. The morphology of
the invading capillaries from our system is comparable to that of animal wound healing
and ex vivo models. Our 2D assay reflects cross sections of the healing fibrin clot of a full-
thickness porcine wound model [42]. Similar to our results, the porcine capillaries extended
from the granulation tissue into the provincial matrix by day 4 of wound repair. An
explant model using artery and vein sections cultured 500~1000 μm apart reported similar
anastomosis patterns [43]. A micropatterned substrate covered in thymosin β4-hydrogel
was used to induce directed capillary sprouting between two explants, and the outgrowths
connected the two parent explants by day 21. The guided vessels resembled the capillaries
in Figure 4D–G, further supporting our ECM-guidance hypothesis. The initial progressive
increase in capillary area coverage of HDF-HDF is also consistent with murine [44] and
human [45] skin autograft revascularization, where the graft integration layer increases in
vascular density after implantation. However, Tefft et al. [46] reported no capillary invasion
in their in vitro wound healing model of granulation tissue formation. Their model was
created by seeding fibroblasts and human umbilical vein endothelial cells in a 3D collagen
and fibrin gel in a microfluidic chamber. An incision was made after 3 days of capillary
assembly by stabbing the gel with a dissection knife. This model also achieved a wound
closure time of 4 days. However, unlike our results, their blood capillaries remained at the
periphery of the wound as fibroblasts filled in the wound with fibronectin and collagen
III. This could be because the fibroblasts initially migrated circumferentially around the
wound during wound contraction before migrating to the center of the void. This would
have left collagen tracks tangential to the wound, leading capillaries to sprout around it.

Upon implantation, the engineered flap spontaneously connected with host lymphatics
in a rat model (Figure 6). Spontaneous anastomosis has been demonstrated in clinical
lymph-interpositional-flap transfers, where the lymph vessel stump of a flap is placed
closely to those of a recipient site without microsurgical anastomosis [10,11]. This is
believed to be the primary mechanism by which implanted flaps connect to and restore
recipient site lymph flow. Compatibility of lymph axiality of the graft and the recipient site
is critical for lymph flow restoration and reducing lymphedema development risk. Our
engineered flap is designed with highly aligned capillaries, giving it high lymph axiality
and therefore high potential to restore lymph flow after anastomosis. The ECM fibers in
the flap may have also provided interstitial flow guidance for lymphangiogenesis similar
to nanofibrillar collagen scaffolds [15].
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As this study was a proof-of-concept study, there were several limitations. First, al-
though capillaries spanning across the wound gap were observed, end-to-end anastomosis
of capillaries originating from opposite side was not confirmed. Capillaries may have
primarily sprouted from one side to the other, so cell origin will be clarified by labeling the
LECs. Second, the identity of the supporting cells was not verified. The cells covering the
wound gap may have been mostly HDFs, as they proliferated faster. Aggregation was also
prevalent when culture time increased in the MSC tissue because of the difficulties in using
a tri-culture. We previously found that the optimal culture time for lymphangiogenesis
was 7 days of co-culture with MSCs [32], but this caused aggregation and detachment in
the model. While we minimized aggregation, viable wound gap samples still decreased
from 12 to 8 in MSC-HDF and from 12 to 11 in HDF-HDF. However, this should not have
affected the results as wound interfaces with detaching sides were excluded. The peeling
and aggregation may have been caused by cellular detachment from the culture plate
caused by the removal of the culture-inserts. In addition, live cell tracking can investigate
the formation process of oriented collagen I fibers, and disruption of aligned collagen
formation is needed to prove its role in capillary invasion guidance. This may be achieved
by seeding basal cells in the wound gap to induce contact inhibition on peri-wound basal
cells while still maintaining a basal cell layer for capillaries to invade over.

5. Conclusions

We engineered a lymphatic flap that is designed to replace skin flaps in VLVT. Using
the fabrication techniques for the engineered flap, we developed a novel wound healing
assay that reproduces the process of wound closure and graft integration. This model has
revealed that collagen fibers deposited during wound healing may guide angiogenesis,
facilitate anastomosis, and graft perfusion. Understanding the mechanism of graft inte-
gration will improve the success rate of transplants and engineered tissue constructs. The
engineered lymphatic flap itself is capable of spontaneous connection with host lymphat-
ics. Our findings propose a potential novel therapeutic for treating lymphedema patients
with dysfunctional lymphatic vessels by increasing lymph drainage to the venous and
lymphatic systems.

Supplementary Materials: The following supporting information can be downloaded at: https:
//www.mdpi.com/article/10.3390/bioengineering10020149/s1, Figure S1: Aggregation in wound
healing model at day 10. The 10-hour lymphangiogenic period was extended to 48 hours, resulting in
thickened basal cell layer and more complete tube formation. However, basal cell contraction pulled
the surface capillaries inward, sometimes over the wound gaps.
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Abstract: Keratinocytes undergo a complex process of differentiation to form the stratified stratum
corneum layer of the skin. In most biomimetic skin models, a 3D hydrogel fabricated out of collagen
type I is used to mimic human skin. However, native skin also contains keratin, which makes up 90%
of the epidermis and is produced by the keratinocytes present. We hypothesized that the addition
of keratin (KTN) in our collagen hydrogel may aid in the process of keratinocyte differentiation
compared to a pure collagen hydrogel. Keratinocytes were seeded on top of a 100% collagen or
50/50 C/KTN hydrogel cultured in either calcium-free (Ca-free) or calcium+ (Ca+) media. Our
study demonstrates that the addition of keratin and calcium in the media increased lysosomal
activity by measuring the glucocerebrosidase (GBA) activity and lysosomal distribution length,
an indication of greater keratinocyte differentiation. We also found that the presence of KTN in
the hydrogel also increased the expression of involucrin, a differentiation marker, compared to a
pure collagen hydrogel. We demonstrate that a combination (i.e., containing both collagen and
kerateine or “C/KTN”) hydrogel was able to increase keratinocyte differentiation compared to a pure
collagen hydrogel, and the addition of calcium further increased the differentiation of keratinocytes.
This multi-protein hydrogel shows promise in future models or treatments to increase keratinocyte
differentiation into the stratum corneum.

Keywords: keratinocytes; differentiation; collagen; keratin; hydrogel; lysosome; glucocerebrosi-
dase; involucrin

1. Introduction

Keratinocytes undergo a complex process of differentiation to develop the cornified
layer that protects the body from foreign invasion. Because the epidermis is continually
renewing every two weeks, keratinization requires a balance between proliferation, differ-
entiation, and apoptosis [1]. This involves major changes in the intracellular organization
of the keratinocytes, and the subsequent development of the stratum corneum. In the basal
layer, the keratinocytes are in a proliferative state and express cell-specific markers, such
as cytokeratin 14 (K14) [1–4]. These epidermal stem cells give rise to daughter cells that
migrate up into the spinous layer [3], and as they detach from the basal layer, they become
stratified as the calcium concentration increases. Seo et al. discovered that 290 genes are up-
regulated, most of which are related to differentiation, in response to increased calcium [5].
These genes include involucrin and the keratin 1 gene, which includes the activator 1 (AP1)
protein, a calcium-responsive promoter [6–8]. In addition, the G-protein calcium-sensing
receptor (CaSR) allows keratinocytes to sense the levels of extracellular calcium, allowing
the cells to differentiate based on the existing extracellular calcium gradient found in the
epidermal layer, and leading to increased intracellular calcium levels [9]. Although the
mechanism of why calcium regulates keratinocyte differentiation is not fully understood,
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the calcium gradient throughout the epidermis allows sequential differentiation through
outside–in and inside–out signaling of calcium, allowing the formation of desomosomes,
adherens junctions, and tight junctions for stratification [4]. These membrane complexes
trigger changes in actin distribution and further increase intracellular calcium, increasing
the expression of differentiation markers such as involucrin, a component of the cornified
envelope of the epidermis [4,10–12].

Literature shows that lysosomal activity is a requirement in keratinocyte differen-
tiation and cornification in 3D in vitro models by triggering mitochondrial metabolism
with reactive oxygen species production, which causes autophagy lysosomal degradation,
creating a feedback loop [13]. As the nucleus disappears and cells flatten, keratinocytes
become dead corneocytes. The corneocytes are mechanically strong due to the crosslinking
of the keratin networks; moreover, because they have lost their organelles, it is hypoth-
esized that the flattening and volume decrease exhibited by these cells lead to further
mechanical resilience by extracellular lipid organization [3], creating a hardened structure
of the stratum corneum.

Two-dimensional cell monolayers do not recapitulate the complex 3D architecture
of tissue or the inherent cell–cell and cell–matrix interactions critical for understanding
responses to injury and wound healing. Most 3D in vitro models consist of an extracellular
matrix seeded with fibroblasts, in which keratinocytes are cultured on top. They also
consist of an air–liquid interface (ALI), another stimulant for keratinocyte differentiation,
which is attained by exposing seeded keratinocytes to the air without being submerged in
culture media. This can be accomplished using an organotypic transwell skin model [14–16].
The extracellular matrix of 3D in vitro skin models is often in the form of collagen type I
hydrogels, and currently, there are no existing skin models that employ keratin. Although
keratin does not exist in the dermal layer, it does comprise almost 90% of the epidermis [17].
The addition of keratin in a skin model may promote the differentiation of keratinocytes
by forming a cytoskeleton similar to that of native keratinocytes [18]. In native skin, when
the keratinocytes flatten, the keratin filaments start to align into disulfide crosslinks and
undergo proteolytic degradation [17,19]. Therefore, the presence of keratin in the initial
microenvironment may aid in the process of keratinocyte differentiation.

In the current study, we sought to determine whether the inclusion of keratin extracted
from human hair in frequently used collagen hydrogels induces the differentiation of
keratinocytes, specifically for the telomerase-immortalized keratinocyte cell line (Ker-
CT cells) compared to the influence of a pure collagen environment. Although primary
keratinocytes are frequently used for modeling skin, telomerase-immortalized keratinocytes
engineered by the Rheinwald group by the transduction of primary keratinocytes with the
human telomerase reverse transcriptase gene present normal differentiation in monolayer
and organotypic skin models [20–26]. We also chose to employ hair keratin, which is
more commercially available, unlike skin. Although both epithelial and hair keratins have
a structural subunit containing keratins of differing molecular weight and composition
named type I (acidic) and type II (basic–neutral), which interact to form heterodimers
and polymerize to form intermediate filaments (IFs), hard keratin is more often used
in biomedical research [27,28]. Soft keratins from epithelia exist in the form of loosely
packed and disorganized IFs in an amorphous matrix, whereas hair keratins contain a
much higher cysteine residue content with IFs organized in an ordered array in an α-
keratin matrix, allowing tougher and more stable structures by intermolecular disulfide
formation [27,29]. This natural fiber system is similar to synthetic polymers in that it
contains structural macromolecules and crosslinkers, making hair keratins more practical
and stable for biomedical research.

Our study aims were achieved by creating acellular collagen and collagen/keratin
multiprotein hydrogels and growing keratinocytes as a monolayer on top of the gel in
calcium-free and calcium+ media. To assess differentiation, lysosomal activity was in-
vestigated through a glucocerebrosidase (GBA) assay for both primary keratinocytes and
Ker-CT cells, and LysoTracker staining was employed to visualize lysosomes (Ker-CT only).
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For our initial study of GBA activity only, we also tested the influence of fetal bovine serum
(FBS) within the media in addition to calcium (Ca+/FBS), since skin models include FBS
in their culture medium to induce differentiation. We also assessed the differentiation
of Ker-CT cells by staining specifically for CK14 (proliferation marker) and involucrin
(differentiation marker). We were able to demonstrate that the inclusion of keratin in the
hydrogel increased lysosomal activity and involucrin expression. Calcium inclusion in the
media also further increased the activities of both key markers, indicating higher levels of
differentiation. Although we were unable to observe larger cell sizes with the inclusion of
keratin, compared to pure collagen, in the hydrogels, the presence of a 3D matrix signifi-
cantly increased the size of the Ker-CT cells compared to seeding on a 2D plastic surface,
indicating the importance of a 3D environment when differentiating keratinocytes.

2. Materials and Methods

2.1. Collagen Extraction

Collagen type I was isolated from rat tail tendons donated at the conclusion of other
studies at the University of Texas Austin (IACUC Protocol ID: AUP-2022-00040). Rat
tail tendons were placed in a 1 N HCl solution (Fisher Scientific, Hampton, NH, USA)
at approximately at pH 2.0 and stirred for 16 h at room temperature. The solution was
then transferred to 50 mL centrifuge tubes (Fisher Scientific, Hampton, NH, USA) and
centrifuged at 30,000× g (16,000 rpm) for 60 min at 4 ◦C to pellet the insoluble compo-
nents. The supernatant was decanted from each tube and transferred into separate 50 mL
centrifuge tubes, stored at −20 ◦C overnight, and freeze dried for 48 h. Samples were
dissolved in an appropriate amount of 0.01% glacial acetic acid (Fisher Scientific, Hampton,
NH, USA) for a final concentration of 8 mg/mL of stock solution [30].

2.2. Kerateine Extraction

Kerateine (KTN) was kindly donated by Dr. Mark Van Dyke, and was extracted from
human hair obtained from a commercial source. Briefly, human hair was washed, chopped
into small pieces, and soaked in a solution of 0.5 M thioglycolic acid (Sigma-Aldrich,
St. Louis, MO, USA) in deionized (DI) water for 12 h at 36 ◦C with gentle stirring [31].
Hair was then filtered from the liquid with a 500 μm sieve (W. S. Tyler, Mentor, OH, USA),
and the reducing solution retained. Free proteins were further extracted in excess 100 mM
Tris base for 1 h, followed by DI water for 1 h with gentle shaking at 37 ◦C. Extracts were
collected with the 500 μm sieve and combined with the reductant solution. This entire
process was repeated one additional time, and all extracts were combined, centrifuged,
and filtered. The combined extracts were then purified and concentrated using tangential
flow filtration, frozen, and lyophilized on a Labconco benchtop freeze drying system under
ambient conditions.

2.3. Cell Culture

Both keratinocyte cell lines were seeded in T-75 Eppendorf HEPA-filtered flasks (Ep-
pendorf, Hamburg, Germany). Primary normal human epidermal keratinocytes (NHEKs,
passage 3–6, PromoCell, Heidelberg, Germany) and telomerase-immortalized epidermal
keratinocytes (Ker-CT cells, passage 30–40, ATCC, Manassas, VA, USA) were cultured in
complete proliferation media composed of keratinocyte growth medium 2 (PromoCell,
Heidelberg, Germany) supplemented with 0.004 mL/mL bovine pituitary extract (BPE),
0.125 ng/mL recombinant human epidermal growth factor (EGF), 5 μg/mL recombinant
human insulin, 0.33 μg/mL hydrocortisone, 0.39 μg/mL epinephrine, 10 μg/mL recom-
binant human transferrin, and 0.06 mM CaCl2. This media formulation will hereafter
be described as Ca-free media. When assessed for differentiation, cells were cultured
in proliferation media formulation, without BPE and EGF, with 2.5 mM CaCl2 and 0.05
μg/mL ascorbic acid, and referred to as Ca+ media. For the GBA assay, we also included
10% fetal bovine serum (FBS) to the Ca+ media for testing, referred to as Ca+/FBS media.
Cells were maintained in 5% CO2 atmosphere at 37 ◦C in a sterile cell culture incubator,
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and corresponding complete media was changed every 2 days. Cells were detached from
the flask by washing with 1× phosphate buffered saline (PBS) and replaced with 4 mL of
accutase (PromoCell, Heidelberg, Germany), followed by incubation for 15 min. Detached
cell solution was neutralized with complete media, transferred to a 15 mL conical tube, and
centrifuged at 200× g for 3–5 min. The pellet was isolated and resuspended in 1 mL of
complete medium for cell counting.

2.4. Collagen/Kerateine Hydrogel Fabrication and Cell Seeding

To mimic healthy skin tissue, 4 mg/mL collagen solution was used [32–35]. The
100% collagen hydrogels were prepared from 8 mg/mL collagen stock solution and mixed
and neutralized with 10× DMEM (Sigma-Aldrich, St. Louis, MO, USA), 1× DMEM
(Gibco™, Gaithersburg, MD, USA), and 1 N NaOH (Fisher Scientific, Hampton, NH,
USA) for a resulting pH of 7.4. The 50/50 w%/w% C/KTN hydrogels were prepared
by combining stock collagen and KTN dissolved in neutralizing buffer of equal volume.
Previously in our laboratory, we tested both 50/50 and 30/70 C/KTN hydrogels, and
observed low proliferation and growth of fibroblasts in 30/70 C/KTN hydrogels, while
cell growth was observed for 50/50 C/KTN hydrogels, comparable to 100% collagen
hydrogels [36]. Therefore, we only tested 50/50 C/KTN against 100% collagen hydrogels.
Table 1 describes the different hydrogels that were produced, with corresponding KTN
concentration and total protein (collagen and keratin) concentration as w%/v%. Stock
collagen and KTN/neutralizing buffer solution were combined at a 1:1 v:v ratio and mixed
thoroughly with a spatula and positive displacement pipette.

Table 1. KTN concentration and total protein concentration for each type of hydrogel. The concentra-
tion of collagen remains constant.

Hydrogel
Collagen

Concentration
KTN

Concentration
wt%/vol%

100% Collagen 4.0 mg/mL 0.0 mg/ml 4.0
50/50 C/KTN 4.0 mg/mL 4.0 mg/ml 8.0

Samples of 40, 80, or 800 μL of each hydrogel formulation were seeded into 96-, 48-, or
6-well plates, respectively, and allowed to polymerize for 1 h. After polymerization, hydrogels
were rinsed three times with 1× PBS for 5 min each. Approximately 0.012–0.02 × 106 cells/cm2

was seeded on top of each hydrogel. Cells were also seeded as a blank sample on top
of the plate itself at 0.004 × 106 cells/sample. After reaching 80–90% confluency in the
plastic well sample, half of the samples were replaced with Ca-free media, and the other
half was replaced with Ca+ media, to serve as the “calcium switch” used for differentiating
keratinocytes, as shown in Figure 1. For the GBA assay, an extra set of samples were
made and replaced with Ca+/FBS media. Tests were conducted at days 2, 4, and 7 post-
calcium switch.

2.5. Cell Viability Assay

Cell viability of keratinocytes (NHEK and Ker-CT cells) cultured on hydrogels and
plastic was determined to normalize subsequent assay results (Figure S1). The CellTiter-
Blue® cell viability assay (Promega, Madison, WI, USA) was used to measure cell viability
of each sample at each time point. Briefly, each sample media was replaced with 100 μL
of fresh proliferation media and 20 μL of CellTiter-Blue® reagent. Cell viability was also
performed on cell dilutions of 0.0025 × 106–0.08 × 106 cells for the standard curve. Samples
were incubated for 2 h, and the solution for each sample was subsequently transferred to a
clean separate well, after which fluorescence intensity was measured with a plate reader at
an emission of 560 nm and excitation at 590 nm. Background fluorescence intensity (blank
well with media and CellTiter-Blue® reagent) was subtracted from sample readings. Cell
number was determined with the standard curve.
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Figure 1. Schematic and flow chart of studies with keratinocytes seeded on either the well plate
or on hydrogels. Calcium switch was utilized after reaching 80–90% confluency and then media
was changed every 2 days. Half of the samples were cultured in Ca-free media. Keratinocytes were
analyzed for lysosomal activity, cell size, and differentiation marker expression.

2.6. Glucocerebrosidase (GBA) Assay

An increase in the differentiation of keratinocytes is directly correlated with an up-
regulation in lysosome activity [13,37,38]. Following a protocol by Mahanty et al., a GBA
assay was conducted on both NHEK and Ker-CT cells seeded on top of the hydrogels
or on a blank well plate. GBA is a lysosomal enzyme that assists with the breakdown of
glucocerebroside into glucose and ceramide [39]. Complete lack of GBA results in fatal skin
abnormalities with reduced barrier formation [40–42]. This GBA activity can be observed
through the stratum corneum with the accumulation of lysosomal bodies, and therefore is
present throughout differentiated keratinocytes [37]. For this initial study, we compared
results of Ker-CT cells to primary keratinocytes to determine whether lysosomal activity
was increased. Research shows that immortalized cell lines such as HaCaT cells are con-
stantly undergoing lysosomal biogenesis compared to primary cells [43,44]. Therefore, it
was critical to compare the results to primary cells to detect differences in GBA activity with
increased differentiation. The assay was performed by incubating each sample with 50 μL
of 3 mM 4-methylumerlliferyl β-D-glucopyranoside (MUD) dissolved in 0.2 M sodium
acetate buffer at pH 4.0 for 3 h at 37 ◦C. After incubation, the assay was halted by adding
0.2 M glycine buffer at pH 10.8 and incubated for 5 min at room temperature. The solu-
tion was removed from each sample into a clean 96-well plate and fluorescence intensity
of liberated MUD was read at Ex/Em of 365/445 nm using the Cytation3 Multi-Mode
Reader (BioTek Instruments, Winooski, VT, USA). Intensity readings were normalized to
the average cell number determined by the cell viability assay.

2.7. Lysotracker Staining

To confirm that the KTN was increasing the differentiation of the immortalized ker-
atinocyte cell line, the dispersion length of the lysosomes was measured by lysosomal
staining. Keratinocyte differentiation can lead to the dispersion of lysosomes, as increased
lysosomal biogenesis occurs in response to the increased intracellular calcium levels. To
avoid programmed apoptosis, membrane-bound organelles are likely to accommodate for
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the excess intracellular calcium, leading to lysosomal dispersion [37,45,46]. To visualize
and quantify this dispersion of lysosomes, Ker-CT cells cultured in Ca-free and Ca+ media
seeded on top of a plastic plate or a 100% collagen or C/KTN hydrogel were stained with
LysoTracker Red DND-99 dye (Thermo Fisher Scientific, Waltham, MA, USA) according
to the manufacturer’s protocol. Briefly, the 1 mM probe stock solution was diluted to
75 nM in Ca-free medium. Subsequently, 200 μL of the solution was added to 48-well
plates and incubated for 30 min at 37 ◦C. Samples were subsequently rinsed with Ca-free
medium and then fixed with 4% PFA for 10 min at room temperature. Samples were
then rinsed three times with 1× PBS and stored at 4 ◦C until imaging or measurement of
fluorescence intensity.

Fluorescence intensity was measured with the Cytation3 Multi-Mode Plate Reader at
an Ex/Em of 577/590 nm. Intensity readings were normalized to the average cell number
determined by the cell viability assay. Samples were also imaged with the Cytation3 Multi-
Mode Imaging System to measure the lysosome dispersion half-cell length of the cells
with brightfield (BF) imaging and fluorescence imaging at Ex/Em of 532/588 nm. The
dispersion length (DL) was quantified by ImageJ software by measuring the distance from
the edge of the cell nucleus to the farthest lysosome visualized. The DL of 20 random cells
from each sample was measured for day 2 and 4 time points. Similarly, ImageJ software
was utilized to determine the half-cell length (HCL) by measuring the distance from the
edge of the cell nucleus to the cell periphery. The HCL of 20 random cells from each sample
was measured for day 2 and 4 time points.

2.8. Differentiation Marker Staining

Samples at days 2 and 4 post-calcium switch were stained and the fluorescence inten-
sity was quantified for cytokeratin 14 (CK14), involucrin, and caspase 14 differentiation
markers to visualize and quantify the level of differentiation. Samples were fixed with 4%
paraformaldehyde for 20 min and subsequently washed three times with 1× PBS. Samples
were blocked with 5% FBS for 1 h and then incubated with anti-CK14 (ab181595, Abcam,
Cambridge, UK), anti-involucrin (ab68, Abcam, Cambridge, UK), and anti-caspase 14
(ab174847, Abcam, Cambridge, UK) at 1:1000, 1:1000, and 1:250 dilution, respectively, in 5%
FBS overnight at 4 ◦C. The following day, samples were rinsed with 1× PBS three times,
and stained with either goat anti-rabbit AF555 (Invitrogen) or anti-mouse AF488 secondary
antibody (Invitrogen) at 1:2000 dilution in 5% FBS for 1 h at room temperature.

Stained samples were imaged with the Cytation3 Imaging Plate Reader. Gain and
intensity were kept constant between different samples and time points for the RFP (in-
volucrin, CK14, LysoTracker) and the DAPI signal for post-processing analysis. Samples
were imaged at 10 and 20× magnification, and fluorescence intensity was measured using
ImageJ software. Two methods were used to quantify the intensity of involucrin and CK14
by measuring the fluorescence intensity per cell (corrected total cell fluorescence (CTCF))
and the total fluorescence intensity per image. The corrected total fluorescence intensity
per cell was calculated by measuring the integrated density (total fluorescence intensity) of
the cell by creating a boundary of one cell with a total of 10 cells per image (total of three
images/group, n = 30) and subtracting the integrated intensity by the area of the selected
cell multiplied by the mean fluorescence of the background intensity as follows:

CTCF = Integrated Intensity − (Area of Cell × Background Mean Fluorescence) (1)

This value was then normalized to the CTCF of the DAPI intensity per cell.
With the secondary method, the total fluorescence intensity per image of either the

CK14 or involucrin was measured through ImageJ software and normalized to the DAPI
cell count/image of 10× magnification images (n = 3).

2.9. Flow Cytometry

To acquire sufficient cells for flow cytometry to determine the percentage of ker-
atinocytes expressing differentiation markers, hydrogel samples were prepared in six-well
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plates and polymerized as previously described. Once polymerized, Ker-CT cells were
seeded on top of the hydrogels and allowed to proliferate in Ca-free media until reaching
80–90% confluency. Once reaching confluency, media was replaced with either fresh Ca-free
or Ca+ media. After 4 days of culture, cells were isolated by detaching with accutase for
Ca-free samples or with 7 mg/mL dispase in 1× HBSS for Ca+ samples. Cells were washed
with complete media and then centrifuged to isolate the cell pellet. Cells were passed
through a 40 μm cell strainer, strained twice and vortexed.

Once isolated, cells were fixed in 1% paraformaldehyde (PFA) for 10 min on ice.
Cells were centrifuged, rinsed in 1× PBS, and treated with 0.05% Triton X for 2 min, and
subsequently centrifuged and washed with 1× PBS. Cells were blocked in 5% bovine serum
albumin (BSA) for 30 min and subsequently incubated overnight at 4 ◦C with either anti-
involucrin mouse monoclonal antibodies (Abcam, ab68, 1:100 dilution) or anti-cytokeratin
14 rabbit monoclonal antibodies (Abcam, ab181595, 1:190 dilution) in 5% BSA. Samples
were also prepared the same way for the isotype controls and incubated with mouse
IgG1 isotype control (R&D Systems, MAB002) and rabbit IgG isotype controls at the same
concentrations as the anti-involucrin and anti-cytokeratin 14 antibodies, respectively. The
next day, cells were washed twice in 2% BSA and incubated for 1 h with goat anti-mouse
Alexa Fluor 488 secondary antibody (Invitrogen, Waltham, MA, USA) at 1:2000 dilution
and goat anti-rabbit phycoerythrin (PE) secondary antibody (Invitrogen, Waltham, MA,
USA) at 1:1000 dilution in 5% BSA for 30 min. Cells were washed twice in 2% BSA and
stored at 4 ◦C until analysis.

Analysis was performed with the FACSAria flow cytometer (BD Biosciences, Franklin
Lakes, NJ, USA); forward and side scatter were adjusted using unstained control cells for
each group to isolate and remove the cell debris from analysis, and the autofluorescence
was eliminated from sample cells using the unstained controls by adjusting the signal
outputs. At least 50,000 events were collected and analyzed for each marker to determine
the percentage of positively stained cells.

2.10. Statistical Analysis

The DL, HCL, and mean fluorescence intensity of differentiation markers/cell are pre-
sented as average ± SEM. All other data are presented as average or weighted average ± SD.
A two-way ANOVA was performed on GraphPad Prism software. Post hoc analysis was
completed with a Tukey’s multiple comparison test to determine any significant differences
between different groups of hydrogel formulation. This included analyses between cells
seeded on a plastic plate vs. 100% collagen vs. 50/50 C/KTN, differences between Ca-free
and Ca+ media, and differences between time points.

3. Results

3.1. Lysosomal Activity Influenced by KTN and Increased Calcium Concentration

Cell viability and GBA activity were measured, with the latter being normalized to the
cell viability at days 2, 4, and 7 post-calcium switch. Ker-CT cells showed no observable
increase in GBA activity when calcium was added, as shown in Figure 2a and Table 2. This
is possibly due to the immortalized cells behaving similar to cancer cells, which constantly
undergo lysosomal biogenesis compared to primary cells [43]. In a previous study on
HaCaT cells, an immortalized keratinocyte cell line derived from a tumor showed no
increased lysosomal activity when compared to cells activated by calcium [44]. Therefore,
their differentiation is not apparent with increase in GBA activity. However, significant
(p < 0.01) increases in GBA activity were observed when KTN was added to the collagen
hydrogel, as observed in Figure 2a, at days 2 and 4 for all conditions of culture media.
The 50/50 C/KTN hydrogels had significantly higher GBA activity than 100% collagen
hydrogels, indicating that the presence of KTN increased keratinocyte differentiation.
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Figure 2. GBA activity of immortalized and primary keratinocytes influenced by KTN and media
supplements. GBA activity was normalized to cell viability. Immortalized cells showed significant
increase in GBA activity when KTN was added to the hydrogel, but no increase when calcium and
FBS was added to the media (a). NHEKs showed significant increase in GBA activity when KTN
was added to the hydrogel, with increases also observed with addition of calcium and FBS (b). GBA
activity is displayed as weighted average ± SD. Two-way ANOVA was performed with n = 4 for
3 separate experiments. The different symbols (*, #, %) correspond to the comparisons and the number
of symbols correspond to the p-value for each comparison: * = p < 0.05, ** = p < 0.01, *** = p < 0.001,
**** = p < 0.0001 and * = 2D plate vs. 100% collagen, # = 2D plate vs. 50/50 C/KTN, % = 100% collagen
vs. 50/50 C/KTN.

Table 2. Comparison of GBA activity between different media within each sample group. GBA
activity was normalized to cell viability. For most samples, especially for primary NHEKs, addition
of in ccalcium increased the GBA activity; addition of FBS also further increased the GBA activity.
Two-way ANOVA was performed with n = 4 with 3 separate experiments. * = p < 0.05, ** = p < 0.01,
*** = p < 0.001, **** = p < 0.0001, ns = not significant.

Sample Group Medium p-Value

Plate, Ker-CT

Ca-free vs. Ca+
Day 2 (p < 0.0001)—****
Day 4 (p > 0.9999)—ns
Day 7 (p = 0.0392)—*

Ca-free vs. Ca+/FBS
Day 2 (p = 0.0216)—*
Day 4 (p < 0.0001)—****
Day 7 (p = 0.0317)—*

Ca+ vs. Ca+/FBS
Day 2 (p < 0.0001)—****
Day 4 (p < 0.0001)—****
Day 7 (p > 0.9999)—ns

100% Collagen, Ker-CT Ca-free vs. Ca+
Day 2 (p = 0.9925)—ns
Day 4 (p = 0.2850)—ns
Day 7 (p = 0.0329)—*
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Table 2. Cont.

Sample Group Medium p-Value

100% Collagen, Ker-CT

Ca-free vs. Ca+/FBS
Day 2 (p > 0.9999)—ns
Day 4 (p < 0.0001)—***
Day 7 (p = 0.2709)—ns

Ca+ vs. Ca+/FBS
Day 2 (p = 0.9859)—ns
Day 4 (p < 0.0001)—****
Day 7 (p = 0.0002)—***

50/50 C/KTN, Ker-CT

Ca-free vs. Ca+
Day 2 (p = 0.0017)—*
Day 4 (p = 0.0005)—***
Day 7 (p = 0.2412)—ns

Ca-free vs. Ca+/FBS
Day 2 (p = 0.9961)—ns
Day 4 (p = 0.3243)—ns
Day 7 (p = 0.0724)—ns

Ca+ vs. Ca+/FBS
Day 2 (p = 0.0161)—*
Day 4 (p < 0.0001)—****
Day 7 (p = 0.9984)—ns

Plate, NHEK

Ca-free vs. Ca+
Day 2 (p < 0.0001)—****
Day 4 (p < 0.0001)—****
Day 7 (p < 0.0001)—****

Ca-free vs. Ca+/FBS
Day 2 (p < 0.0001)—****
Day 4 (p < 0.0001)—****
Day 7 (p < 0.0001)—****

Ca+ vs. Ca+/FBS
Day 2 (p = 0.4885)—ns
Day 4 (p = 0.0526)—ns
Day 7 (p = 0.9928)—ns

100% Collagen, NHEK

Ca-free vs. Ca+
Day 2 (p < 0.0001)—****
Day 4 (p < 0.0001)—****
Day 7 (p = 0.0007)—***

Ca-free vs. Ca+/FBS
Day 2 (p = 0.0020)—**
Day 4 (p < 0.0001)—****
Day 7 (p < 0.0001)—****

Ca+ vs. Ca+/FBS
Day 2 (p < 0.0001)—****
Day 4 (p = 0.0006)—***
Day 7 (p = 0.0138)—*

50/50 C/KTN, NHEK

Ca-free vs. Ca+
Day 2 (p < 0.0001)—****
Day 4 (p < 0.0001)—****
Day 7 (p < 0.0001)—****

Ca-free vs. Ca+/FBS
Day 2 (p < 0.0001)—****
Day 4 (p < 0.0001)—****
Day 7 (p < 0.0001)—****

Ca+ vs. Ca+/FBS
Day 2 (p = 0.1154)—ns
Day 4 (p < 0.0001)—****
Day 7 (p = 0.0173)—*

Primary cells (NHEKs) showed a significant (p < 0.001) increase in GBA activity when
calcium was added to the growth media, with a further rise when FBS was added (Table 2).
In addition, there was significant increase for each time point and each medium when KTN
was added to the hydrogel when compared to 100% collagen hydrogels (Figure 2b). This
can be observed at each time point, even without the addition of calcium to the medium.
This increased GBA activity is indicative of lysosomal biogenesis, showing that there is a
direct relationship between KTN and increased differentiation.
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In addition to the increased GBA activity, the lysosomal distribution and expression
also increased when keratinocytes were seeded on top of 50/50 C/KTN hydrogels when
compared to the 2D plate and 100% collagen hydrogels. Cells were stained with LysoTracker
Red DND-99 dye, which labels the lysosomes of the cells, as shown in Figure 3a. The
measured fluorescence intensities of these samples, when normalized to cell viability,
indicate that the addition of KTN to the hydrogel significantly increased the lysosomal
activity when compared to cells seeded on the plate and 100% collagen for both Ca-free
and Ca+ media at days 2 (p < 0.001) and 4 (p = 0.007 (plate, Ca-free), p < 0.0001 (plate,
Ca+ and 100% collagen, Ca+)), as shown in Figure 3b. Although DL had no significant
differences between groups at day 2 (p = 0.4780 to p > 0.9999), DL did increase for 100%
collagen and 50/50 C/KTN hydrogels when calcium was added to the media (p = 0.0044
(100% collagen), p = 0.0002 (50/50 C/KTN)) (Table 3). The DL also significantly increased
with the addition of KTN when compared to 100% collagen at day 4 (p = 0.0007 (100%
collagen), and further increased when calcium was included in the media compared to
the cells seeded on the plate (p < 0.0001) (Figure 3c(i)). Individual measurements are also
plotted to show the total distribution of the DL, with increased distribution observed with
Ca+ samples (Figure 3c(ii)).

Figure 3. LysoTracker lysosome staining of proliferative and differentiated keratinocytes. Day 2 and
day 4 keratinocytes seeded on either a plate or a hydrogel were stained with LysoTracker DND-99
dye to visualize lysosomal distribution, with day 2 shown (a). Fluorescence intensity units (FIUs)
of stained lysosomes were measured and normalized to cell viability at days 2 and 4 post-calcium
switch (b), with a significant increase observed for 50/50 C/KTN hydrogels compared to the plate
and 100% collagen samples with and without calcium (n = 4, weighted average ± SD; * = day 2 vs. 4
for 50/50 C/KTN, # = 2D plate vs. 50/50 C/KTN, % = 100% collagen vs. 50/50 C/KTN). The DL

(c) at day 2 showed no significant differences between groups, but increased when calcium was added
to the medium (i). Significant increases in DL were observed with 50/50 C/KTN when compared
to the plate and 100% collagen at day 4 (n = 60, average ± SEM). Each measurement of DL is also
plotted to show the distribution (ii). Two-way ANOVA was performed for both normalized FIU and
DL; for all plots. The different symbols (*, #, %) correspond to the comparisons and the number of
symbols correspond to the p-value for each comparison: * = p < 0.05, ** = p < 0.01, *** = p < 0.001,
**** = p < 0.0001; * = 2D plate vs. 100% collagen, # = 2D plate vs. 50/50 C/KTN, % = 100% collagen
vs. 50/50 C/KTN. Scale bar = 100 μm.
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Table 3. DL of measured lysosomes tagged with LysoTracker staining. Measurements are displayed
as average ± SEM with n = 60.

Sample Group Medium DL (μm)

Plate
Ca-free Day 2—5.96 ± 0.45

Day 4—6.26 ± 0.40

Ca+ Day 2—7.74 ± 0.59
Day 4—8.46 ± 0.53

100% Collagen
Ca-free Day 2—4.97 ± 0.39

Day 4—5.36 ± 0.28

Ca+ Day 2—7.17 ± 0.53
Day 4—11.5 ± 0.60

50/50 C/KTN
Ca-free Day 2—4.84 ± 0.28

Day 4—8.18 ± 0.73

Ca+ Day 2—7.76 ± 0.48
Day 4—12.23 ± 0.76

3.2. Keratinocyte Size Influenced by KTN and Increased Calcium Concentration

Keratinocytes become larger during the differentiation process; therefore, the half-cell
length was measured to determine whether the addition of KTN in the hydrogel with
the combination of calcium in the medium had any effect in increasing cell size in the
form of cell length. As shown in Figure 4A, keratinocytes at day 2 begin to appear larger
with calcium in the medium. The half-cell length (HCL) measured from the BF images at
day 2 and 4 post-calcium switch is plotted and compared between the different groups in
Figure 4B(i). Cells seeded on a plastic plate had significantly lower (p < 0.0001) half-cell
lengths than cells seeded on both types of hydrogels, with a significant increase between
Ca-free and Ca+ cells observed at day 2 (p < 0.0001). At day 2, the half-cell lengths of cells
seeded on top of the plate were less than 19 μm (7.74 ± 0.59); thus, based on the half-cell
length, these are considered proliferative cells [37]. Keratinocytes seeded on top of the
hydrogels under Ca+ media had average half-cell lengths larger than 19 μm at both time
points, indicating that they are in the process of differentiation. A significant increase was
observed in cells from Ca-free and Ca+ media seeded on top of 100% collagen and 50/50
C/KTN hydrogels at both day 2 and 4. As shown in Figure 4B(ii), culturing in Ca+ medium
led to a wider distribution of half-cell length, indicating that the cells are in the process of
differentiation and proliferation.

3.3. Involucrin and CK14 Expression

CK14 and involucrin expression were measured by employing flow cytometry and im-
ages of stained samples. For FACS analysis, all samples and isotype controls were gated with
non-stained sample. In general, efficient blocking was achieved to prevent non-specific bind-
ing, as seen by the isotype controls, although some non-specific binding was not preventable
(Figure S2a). However, when compared to the samples, there was clearly more positive
cells compared to each corresponding isotype control. Within the whole cell population, the
proliferative and differentiated cell populations were analyzed separately, in addition to the
total cell population, as seen by the forward and side scatter plot (Figure S2b). Percent positive
cells are plotted in Figure S2c, with almost all cells expressing CK14, although significantly
lower CK14-positive cells were observed with cells treated with the Ca+ medium. On the
other hand, cells treated with the Ca+ medium had significantly higher involucrin-positive
cells when compared to cells treated with the Ca-free medium for all cell populations. As
expected, cells in the differentiated population also had more involucrin-positive cells than
the proliferative population. In addition, 50/50 C/KTN hydrogels in the Ca+ medium had
significantly higher involucrin-positive keratinocytes than 100% collagen hydrogels for all cell
populations, including the total cell population.
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Figure 4. Half-cell length (HCL) of keratinocytes under the influence of calcium and hydrogel
composition. Day 2 and day 4 keratinocytes seeded on either a plate or a hydrogel were imaged in BF
to visualize and measure the half-cell length (a). HCL was measured and plotted to compare different
groups and media, with significant increases observed for 100% collagen and 50/50 C/KTN when
compared to keratinocytes seeded on a plate; displayed as average ± SEM (b(i)). Each measurement
of HCL is also plotted to show the distribution (ii). Two-way ANOVA was performed and the
different symbols (*, #, %) correspond to the comparisons and the number of symbols correspond to
the p-value for each comparison: with * = p < 0.05, ** = p < 0.01, *** = p < 0.001, **** = p < 0.0001; * = 2D
plate vs. 100% collagen, # = 2D plate vs. 50/50 C/KTN, % = 100% collagen vs. 50/50 C/KTN; n = 60.
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Images analyzed for fluorescence intensity of CK14 and involucrin showed similar
results as the FACS analysis. Fluorescence images, as shown in Figure 5a, were processed
using ImageJ software, and the fluorescence intensity units (FIUs) per cell and per image
are plotted at days 2 and 4 post-calcium switch. From what can be observed from the
images, the visually larger cells cultured in the Ca+ medium show higher fluorescence
intensity of involucrin for both Ca-free and Ca+ media, with larger cells present in the
Ca+ medium, as discussed earlier. Similar results were observed for both types of analy-
ses (CTCF and total fluorescence/image), with significantly higher involucrin intensities
observed for keratinocytes cultured in the Ca+ medium, and higher involucrin intensity
with keratinocytes seeded on top of 50/50 C/KTN hydrogels. CK14 intensity significantly
decreased with keratinocytes cultured with the Ca+ medium (Figure 5b), with significantly
lower CK14 intensities observed at day 4 compared to day 2 when cultured in the Ca+
medium (Table 4).

Table 4. Comparison of fluorescence intensity of differentiation markers between time points within
each group. Two-way ANOVA was performed with n = 4 with 3 separate experiments. * = p < 0.05,
** = p < 0.01, *** = p < 0.001, **** = p < 0.0001, ns = not significant.

Sample Group Media Day 2 vs. Day 4

Plate

Ca-free—CTCF CK14 (p = 0.0013)—**
Involucrin (p = 0.2088)—ns

Ca+—CTCF CK14 (p < 0.0001)—****
Involucrin (p = 0.4185)—ns

Ca-free—total fluorescence CK14 (p = 0.0235)—*
Involucrin (p = 0.0349)—*

Ca+—total fluorescence CK14 (p = 0.0235)—ns
Involucrin (p = 0.2073)—ns

100% Collagen

Ca-free—CTCF CK14 (p = 0.0025)—**
Involucrin (p = 0.2609)—ns

Ca+—CTCF CK14 (p < 0.0001)—****
Involucrin (p = 0.9924)—ns

Ca-free—total fluorescence CK14 (p = 0.0079)—**
Involucrin (p = 0.0012)—**

Ca+—total fluorescence CK14 (p = 0.0433)—*
Involucrin (p = 0.8726)—ns

50/50 C/KTN

Ca-free—CTCF CK14 (p < 0.0001)—****
Involucrin (p = 0.0559)—ns

Ca+—CTCF CK14 (p < 0.0001)—****
Involucrin (p = 0.4680)—ns

Ca-free—total fluorescence CK14 (p > 0.9999)—ns
Involucrin (p = 0.0272)—*

Ca+—total fluorescence CK14 (p = 0.6690)—ns
Involucrin (p = 0.4151)—ns

113



Bioengineering 2022, 9, 559

Figure 5. CK14 and involucrin staining and analysis of 2D monolayer samples. Keratinocytes seeded
on the plate, 100% collagen hydrogels, and 50/50 C/KTN hydrogels were fixed, permeabilized, and
stained for CK14 and involucrin at days 2 and post-calcium switch, with half of the samples still
cultured in Ca-free medium (a). Images were analyzed (b) by CTCF of the marker (i) and the total
fluorescence intensity per image (ii), which was normalized to the DAPI CTCF and the DAPI cell
count, respectively. In general, CK14 was expressed significantly more in Ca-free samples when cells
were analyzed individually. Involucrin expression was increased with Ca+ media with significantly
higher involucrin expression observed with cells seeded on top of 50/50 C/KTN hydrogels. FIU/cell
and total FIU is displayed as average ± SEM and SD, respectively. Two-way ANOVA was conducted
with n = 3; * = p < 0.05, ** = p < 0.01, *** = p < 0.001, **** = p < 0.0001. Scale bar = 100 μm.

4. Discussion

Most organotypic skin models use collagen as the extracellular matrix (ECM) for the
dermal layer, in which fibroblasts are seeded, and upon which keratinocytes are seeded
to form the epidermis with exposure to the ALI. Keratin is the primary protein present
in the epidermis and is produced by keratinocytes, comprising approximately 90% of the
mass of the epidermis [17]. Although keratin is not present in the dermal layer, we wanted
to determine whether keratin promotes the differentiation of keratinocytes when it is
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included in the ECM upon which the keratinocytes are seeded. Because keratin is naturally
found in the epidermis, we employed a 50/50 w%/w% collagen/keratin hydrogel, which
allowed the spreading and proliferation of NHDFs, as previously shown by the Rylander
laboratory [36].

We hypothesized that the presence of keratin, without fibroblasts, and the use of the
ALI would promote differentiation of keratinocytes with greater lysosome (GBA) activity
and expression of differentiation markers, including involucrin. As demonstrated, GBA
activity for immortalized (Ker-CT) and primary keratinocytes significantly increased when
KTN was added to the hydrogel. In a previous study conducted by Mahanty et al., a
twofold increase in GBA activity was observed with the addition of calcium in the media
with a 2D model of keratinocytes seeded in a well-plate [37]. We documented similar
results with the primary cells seeded on hydrogels, particularly for those seeded on 50/50
C/KTN hydrogels. We observed significant twofold increases in GBA activity with 50/50
C/KTN hydrogels compared to the 2D plate and 100% collagen hydrogels. However,
immortalized keratinocytes showed no significant increases in GBA activity when calcium
was added, possibly because immortalized cells behave similar to cancer cells, which con-
stantly undergo lysosomal biogenesis as they proliferate [43,47]. Cancer and immortalized
cells differ in normal metabolism to maintain uncontrolled growth and senescence, result-
ing in rapid depletion of cellular nutrients and damaged organelles, therefore increasing
lysosome activity [47]. The rise in calcium concentration did not have any major effect in
increasing lysosomal biogenesis for immortalized keratinocytes. However, the addition
of KTN to the hydrogel did significantly increase the GBA activity of both primary and
immortalized keratinocytes when compared to 100% collagen hydrogels, indicating that
KTN increases keratinocyte differentiation. Previous studies on immortalized HaCaT ker-
atinocytes, which are derived from a tumor, showed no increased in lysosome activity with
greater calcium [44].

To confirm that the KTN was increasing the differentiation of the immortalized ker-
atinocytes, half-cell length and dispersion length (DL) and total fluorescence intensity of
lysosomes was measured at days 2 and 4 post-calcium switch with controls for culture
in Ca-free media. With increased keratinocyte differentiation, the DL of keratinocytes
cultured on top of 100% collagen and 50/50 C/KTN hydrogels increased significantly at
day 4 when compared to cells cultured on 2D plates, with overall increase in DL in Ca
media. Similar results were observed by Mahanty et al., in which keratinocytes cultured
in media containing calcium had increased cell size compared to keratinocytes cultured
in Ca-free media [37]. This terminal differentiation of keratinocytes into corneocytes are
correlated with increasing size, as keratinocytes in vivo enlarge as they progressively move
up through the basal layer into the granular layer of the epidermis [28]. This may be due to
the enlargement of the cytoplasm as the cell produces more proteins such as involucrin and
filaggrin to prepare for terminal differentiation [48,49]. Keratinocyte differentiation can also
lead to the dispersion of lysosomes as increased lysosomal biogenesis occurs in response
to the increased intracellular calcium levels. To avoid programmed apoptosis, membrane-
bound organelles are likely to accommodate for the excess intracellular calcium, leading
to lysosomal dispersion near the cell surface instead of near the nucleus [37,45,46,50]. In
addition, culture on hydrogels, a 3D surface, increased the FIU of lysosomal activity, with
further significant increase in FIU with 50/50 C/KTN samples compared to 100% collagen
hydrogels. This indicated an increased quantity of lysosomes in the cell. The importance
of a 3D ECM structure for keratinocyte differentiation was also confirmed with cell size
correlating with increased calcium concentration and culture on both 100% collagen and
50/50 C/KTN hydrogels. Keratinocytes cultured on a 2D well surface were small enough
to still be considered proliferative at day 2 (<19 μm) [37,48] when cultured in both Ca-free
and Ca+ media, whereas keratinocytes cultured on hydrogels in both types of media were
already considered differentiated with average cell size threefold greater than those seeded
on the plate. As average keratinocyte cell size increased over time and with culture on
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hydrogels and Ca+ media combined, the dispersion of cell size increased, indicating the
presence of both proliferating and differentiating keratinocytes at different levels.

Involucrin, a terminal differentiation marker, is expressed in the cornified envelope
of human skin and only expressed in enlarging keratinocytes that are in the process of
terminal differentiation [49,51,52]. We were able to demonstrate in our hydrogel monolayer
model that the inclusion of KTN without the influence of the ALI and the fibroblast
feeder layer led to the increase in involucrin-positive cells and involucrin expression as
determined by FACS and fluorescence intensity analysis, respectively. We decided to
analyze two different cell populations in our forward and side scatter plot, following
methods described by Sanz-Gomez et al. [53]. These two populations of proliferating and
differentiating cells can be identified as proliferative basal keratinocytes, and have lower
and homogenous FSC and SCC points without much dispersion, whereas the differentiating
population can be identified as a heterogenous population [53]. We were able to identify
these populations with keratinocytes seeded on top of 100% collagen and 50/50 C/KTN
hydrogels. As expected, almost all cells in all conditions were positive for CK14 expression,
a marker for keratinocyte proliferation, with a small percentage of cells staining positive
for involucrin with FACS analysis. However, when analyzing the expression of CK14 by
measuring fluorescence intensity, CK14 expression was significantly lower in samples when
cultured in Ca+ conditions, indicating that the calcium was inducing more differentiation
and less proliferation of keratinocytes compared to those cultured in Ca-free conditions.
Keratinocytes cultured on 50/50 C/KTN hydrogels had significantly higher percentages of
involucrin-positive cells in Ca+ culture conditions compared to 100% collagen and Ca-free
culture conditions. In addition, the normalized fluorescence intensity also increased with
Ca+ culture conditions, with visibly larger cells exhibiting greater fluorescence than smaller
cells, validating that the larger cells are differentiating.

There are several limitations to the current study. Complete differentiation of ker-
atinocytes into corneocytes in native human skin take on average 14 days, during which
the dead cell layer of your skin turns over [17,20,54,55]. Therefore, most studies employ
14–21-day cultures of keratinocyte on the 3D surface at the ALI. Our study only investi-
gated keratinocyte differentiation submerged in culture medium for a maximum of 7 days.
Although we were unable to culture at the ALI for longer than 7 days, we were able to
demonstrate that KTN was able to increase differentiation of Ker-CT cells without the
influence of the ALI and longer culture. In addition, we only compared our results to
primary keratinocytes for the GBA activity, in which we were unable to show increased
GBA activity with Ker-CT cells with the addition of calcium to the media. We believe
this is due to the Ker-CT cells possibly undergoing lysosomal biogenesis due to constant
proliferation [43,44]. However, a recent study by Tito et al. demonstrated increased GBA
activity with HaCaT cells when treated with Triticum vulgare, a plant-derived treatment
known to accelerate wound healing [56]. This suggests that an appropriate inducer for
increasing GBA activity due to differentiation may be needed to overcome the GBA activity
reading from constant proliferation.

In relation to this study, KTN may be helpful in improving wound healing by in-
creasing the differentiation of keratinocytes, therefore leading to increased skin renewal.
Previous studies have reported the clinical uses of keratin as a therapeutic dressing to
increase wound healing in chronic wounds and burn injuries [57–61]. In future studies,
we aim to test KTN in the presence of an organotypic model to determine whether the
addition of KTN further enhances differentiation. Further investigation into the clinical
aspect of KTN in improving wound healing in relation to increasing differentiation will
also be needed to understand the full potential of keratin as a therapeutic.

5. Conclusions

In this study, we demonstrate the presence of keratin in the ECM promoted ker-
atinocyte differentiation without the use of a fibroblast feeder layer and the ALI, tradi-
tionally used on 3D organotypic skin models. The presence of KTN increased lysosomal
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activity, with increases in GBA activity and dispersion length of lysosomes throughout the
cytoplasm in immortalized keratinocytes, indicating keratinocyte differentiation. More
importantly, the inclusion of KTN concentration increased the expression of involucrin, a
terminal differentiation marker that is normally seen in native skin, with further increased
differentiation observed with calcium included in the culture media. Although it is still
important to include the ALI and the fibroblast feeder layer to represent human skin,
the addition of KTN in future skin models in combination with these other inducers of
keratinocyte differentiation may create a more representative skin model. Furthermore,
KTN may be beneficial in improving wound healing by increased keratinocyte turnover
through keratinocyte differentiation.

Supplementary Materials: The following supporting information can be downloaded at: https:
//www.mdpi.com/article/10.3390/{b}ioengineering9100559/s1. Figure S1: Cell viability of ker-
atinocytes, Figure S2: Flow cytometry analysis of CK14 and involucrin expression at day 4 post-
calcium switch.
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Abstract: Extracellular vesicles (EVs) are small membrane-bound vesicles secreted into the extracellu-
lar space by all cell types. EVs transfer their cargo which includes nucleic acids, proteins, and lipids
to facilitate cell-to-cell communication. As EVs are released and move from parent to recipient cell,
EVs interact with the extracellular matrix (ECM) which acts as a physical scaffold for the organization
and function of cells. Recent work has shown that EVs can modulate and act as regulators of the ECM.
This review will first discuss EV biogenesis and the mechanism by which EVs are transported through
the ECM. Additionally, we discuss how EVs contribute as structural components of the matrix and as
components that aid in the degradation of the ECM. Lastly, the role of EVs in influencing recipient
cells to remodel the ECM in both pathological and therapeutic contexts is examined.

Keywords: extracellular vesicles; extracellular matrix; tissue repair; calcification; tumor microenvironment

1. Introduction

Extracellular vesicles (EVs) are released into the extracellular environment by all cell
types and function as mediators of cell-to-cell communication [1]. EVs contain cargo includ-
ing lipids, nucleic acids, and proteins that are reflective of their parent cell phenotype [2].
As such, there has been significant interest in utilizing EVs derived from healthy cell
sources as endogenous nanotherapeutics [3,4] and applying EVs to enhance angiogenesis,
inhibit fibrosis and apoptosis, regulate the immune microenvironment, and modulate the
extracellular matrix (ECM) in the context of promoting tissue regeneration [5–9].

When EVs are released from parent cells into the extracellular space, they may first
interact with the surrounding ECM. The ECM is the physical scaffolding for cellular compo-
nents of tissues and actively participates in cell growth, movement, and differentiation. The
major components of the ECM include collagens, laminins, fibronectin, and proteoglycans
that are organized into a physically crosslinked network via non-covalent interactions.
The ECM interacts with cells through cell adhesion molecules (e.g., integrins, cadherins,
and other transmembrane proteoglycans) which enable cells to migrate across the matrix.
Importantly, cells can modify the matrix by depositing ECM components or degrading the
ECM by secreting matrix-degrading enzymes such as matrix metalloproteases (MMPs).
The mechanical and physical properties of the ECM have been demonstrated to be integral
to the differentiation, migration, and maintenance of cells within the ECM. These propri-
eties include (1) mesh size, which is the distance between two crosslinks within a matrix,
(2) stiffness, which is the extent to which the matrix resists deformation when stress is
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applied, and (3) the viscoelastic behavior, or the ability of the matrix to exhibit both viscous
and elastic characteristics upon deformation [10]. Together, the components of the ECM
and the mechanical characteristics of the matrix are integral to the health and function of
the resident cells [11–14]. As such, EVs released by both healthy and pathological cells can
act as mediators of the ECM either through direct EV–ECM interactions or by influencing
cell–ECM interactions.

For the receiving cell, EVs also transport through the ECM of the target tissue to
reach the recipient cells and deliver their cargo to impart a cellular response. Transport of
EVs through the ECM can be a passive, diffusive process dependent on the stiffness and
viscoelastic characteristics of the ECM and the deformability of the EV itself [15,16]. EVs
can become structural components of the matrix, either as initiators of calcification or as
bioactive signaling agents anchored to the matrix, or can modulate the ECM indirectly by
inducing recipient cells to promote synthesis or degradation of the ECM [17–22].

Given its unstudied but significant role, this review will discuss both the direct and in-
direct influence of EVs on the ECM. First, the biogenesis and characteristics of EVs and their
transport through the ECM will be delineated. Additionally, the role of EVs in modulating
the ECM in cancer progression, as structural components during bone/endochondral and
vascular calcification, and as ECM-bound bioactive signaling agents will be addressed. Fur-
thermore, how EVs also indirectly modulate the ECM will be explored in both pathological
and therapeutic contexts.

2. EV Biology

2.1. EV Biogenesis

EV biogenesis includes vesicle formation, cargo loading, and secretion. Exosome
(50–200 nm) biogenesis begins with an early sorting endosome which then matures into
a late sorting endosome and finally into a multivesicular body (MVB, Figure 1A). MVB
formation is marked by the invagination of the late endosomal membrane forming intralu-
minal vesicles (ILVs) within the MVB. ILVs are released into the extracellular environment
when the MVB merges with the cell membrane and once excreted, they are referred to as
exosomes [23]. Exosomes are commonly identified by expression of the membrane-bound
tetraspanin marker CD63 and syntenin-1 [24]. Exosome cargo loading is regulated by the
endosomal sorting complex required for the transport (ESCRT) pathway, which is com-
prised of four protein complexes denoted ESCRT-0 through ESCRT-III. ESCRT-0 recruits
ubiquitinated protein to the endosomal membrane after which ESCRT-I clusters the cargo
and complexes with ESCRT-II [25]. The protein cargo is then sequestered into the endosome
and ESCRT-II initiates ILV invagination. Lastly, ESCRT-III de-ubiquinates the protein cargo
and finalizes vesicle budding to form ILVs. Additionally, RAB GTPases are associated
with exosome formation and support exosome secretion by directing MVBs to the plasma
membrane for fusion [26].

Beyond exosomes, microvesicles range in size from 50 to 1000 nm and are released by
blebbing of the plasma membrane. Thus, they express markers of the originating cell plasma
membrane as well as tetraspanins CD9 and CD81 [27,28]. In addition to surface markers,
exosome and microvesicle membranes are comprised of cholesterols, sphingomyelins,
and phospholipids [29]. Additionally, apoptotic bodies are large EVs (>1000 nm) released
when cells undergo programmed cell death [30]. While apoptotic bodies participate in key
processes in cell death, such as the removal of cell contents and delivering information
from dying cells to phagocytic cells, the majority of EV biology research has been directed
towards small EVs including exosomes and microvesicles which range from 50 to 200 nm
in size.

2.2. EV Uptake

Since exosomes and microvesicles participate in cell-to-cell communication via the
transfer of encapsulated messenger RNA (mRNA), microRNAs, small nuclear RNA, long
non-coding RNAs, and cytosolic and membrane-associated proteins, they are often uptaken
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by cells to deliver their cargo [31]. Once released into the extracellular environment, multi-
ple energy-dependent pathways have been proposed by which EVs are internalized by the
target cell including clatharin-mediated endocytosis (CME), caveolin-dependent endocy-
tosis (CDE), phagocytosis, and membrane fusion (Figure 1B) [28]. Accordingly, previous
studies show that inhibition of the CME pathway by the drug chlorpromazine results in a
significant decrease in EV uptake [32]. Similarly, suppressing the cavelin-1 protein, which
is necessary for the CDE pathway, resulted in decreased EV endocytosis [31]. Special cases
for EV uptake include phagocytic cells and within the tumor microenvironment in which
EVs are uptaken primarily by phagocytosis [33]. Additionally, EV-cell membrane fusion as
an entry mechanism has also been observed in acidic tumor microenvironments [34].

Figure 1. EV biology: (A) Routes of EV biogenesis: exosomes are formed from multivesicular bodies
(MVB); apoptotic bodies are formed from cells undergoing programmed cell death; microvesicles
bud off the donor cell plasma membrane and include matrix vesicles. (B) Routes of EV internaliza-
tion include caveolae-mediated endocytosis, clathrin-mediated endocytosis, micropinocytosis, and
phagocytosis, which are internalized via endosomes, and EV fusion with the plasma membrane.
(C) EV structure: internal cargo includes nucleic acids, proteins, and ions; surface molecules include
glycoproteins, tetraspanins, matrix metalloproteases (MMPs), and TNAPs.

3. EV Transport through the ECM

In order to participate in cell-to-cell communications, EVs must traverse the ECM from
the parent cell to the recipient cell. Recent studies regarding stress relaxation of the ECM
by Lenzini et al. [15,16] showed that the mechanical properties of the ECM and EVs allow
EV diffusion through the extracellular space, despite the larger exosome and microvesicle
diameter (50–200 nm) compared to the mesh size of the ECM (~50 nm) [15]. The authors
demonstrated approximately 50% of the EVs loaded within decellularized ECM of lung
tissue were released after 24 h. By using crosslinked alginate hydrogels with tunable
viscoelastic properties, EVs in stiff physically crosslinked alginate hydrogels were found
to have significantly higher diffusion coefficients compared to both soft viscoelastic and
elastic hydrogels, indicating that the ECM undergoing stress relaxation leads to increased
EV diffusion through the matrix. This was true across EVs from a variety of cell sources,
implying that the mechanical properties of the matrix play a role in EV transport. In
addition, depleting the membrane water channel protein aquaporin-1 on the EV surface
increased the stiffness of the EV and reduced the diffusion coefficient by approximately
threefold. This indicates that water permeation enables EVs to become more deformable
and thus, more easily able to diffuse through the matrix [35].
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4. Direct Influence of EVs on the ECM

EVs have been reported to directly interact with the ECM and can contribute as both a
physical and bioactive structural component of the matrix. In addition, EVs can directly
associate with the ECM and actively degrade the matrix with their surface-associated
enzymes [5,16,36–39]. In each case, EVs play an integral role in the evolution of the ECM in
both physiological and pathological states (Table 1).

4.1. EV-Mediated Calcification
4.1.1. Bone Formation and Endochondral Calcification

Mineralization of the ECM is a physiological process during bone formation and endo-
chondral calcification while it is pathological during vascular calcification [40]. The ECM
architecture during calcification undergoes a dramatic evolution from a non-crystalline
network comprised mainly of type 1 collagen fibrils to a crystalline matrix that is able to sup-
port high load and stress [41]. Matrix vesicles (MVs, 100–300 nm) are a subtype of microvesi-
cle that are essential to the mineralization of the ECM. MVs released into the ECM from
osteoblast and chondrocytes initiate the formation of hydroxyapatite (Ca10(PO4)6(OH)2)
crystals and the transformation of the ECM from an entirely organic architecture to a combi-
nation of both an organic and inorganic (i.e., mineralized) structure. During the first phase
of mineralization, MVs sequester Ca2+ ions through various calcium-binding molecules con-
centrated on the MV surface which include the calcium binding proteins annexins II, V, and
IV and the membrane phospholipid phosphatidylserine (PS) (Figures 1C and 2A) [42–44].
Simultaneously, intra- and extravesicular concentrations of PO4

3− ions are increased via
the following: (1) MV membrane-bound tissue non-specific alkaline phosphate (TNAP),
(2) the conversion of ATP to ADP via ATPases, (3) and Pit-1, a sodium-dependent phos-
phate transporter [44–46]. The resultant increased intravesicular Ca2+ and PO4

3− concen-
trations leads to precipitation of hydroxyapatite crystals within the MV.

During the second phase of mineralization, hydroxyapatite crystals become large
enough to break through the MV into the ECM and continue mineralization of the ECM
along the length of type 1 collagen fibrils (Figure 2A). Of note, MV-mediated calcification
occurs not only during endochondral calcification during development but also in the
constant cycle of bone resorption and formation during adulthood. Thus, MVs are integral
in the evolution of the ECM from a viscoelastic network to a fully crystalline structure in
physiological calcification processes.

4.1.2. Vascular Calcification

Vascular calcification is the mineralization of ECM in blood vessels and is present
in diseases such as atherosclerosis, diabetes mellitus, and chronic kidney disease [47].
Vascular calcification is initiated with the transdifferentiation of VSMCs into an osteoblast-
like phenotype. Under physiological conditions, VSMCs release EVs containing calcification
inhibitors such as Matrix Gla protein (MGP) and fetuin-A to maintain tissue homeostasis.
However, under pathogenic conditions caused by chronic inflammation or aberrant mineral
metabolism, osteoblast-like VSMCs release EVs resembling MVs during bone formation [48].
These EVs can destabilize the ECM of the blood vessel by calcifying distinct regions of the
vessel wall, which can lead to thrombosis or rupture of the vessel [49].

The mechanism of EV-mediated vascular calcification differs from that of MV-mediated
bone or cartilage mineralization. In calcifying conditions, VSMC-derived EVs are enriched
in phosphatidylserine and contain annexins I, II, V, and VI similar to MVs. However, unlike
MVs, increased extracellular Ca2+ concentration does not lead to an increase in TNAP
activity in VSMC-EVs, indicating calcification nucleation is independent of TNAP [50].
Rogers et al. showed that annexin I is enriched in VSMC-derived EVs released during
ectopic vascular calcification and facilitates the formation of EV aggregates within collagen
fibrils of the ECM. These EV aggregates form mineralization nucleation sites on the surface
of the EV which then grow in the presence of increased extracellular Ca2+ and PO4

3−
(Figure 2B). Importantly, the knockdown of annexin-I in osteoblast-like VSMCs inhibited the
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formation of calcification indicating that annexin-I-mediated EV aggregation is necessary
for vascular calcification [51]. Thus, unlike bone or cartilage in which mineralization occurs
within the MV, vascular calcification is mediated by the surface phospholipids and annexins
of EV aggregates localized in the ECM.

Figure 2. EV-mediated calcification of bone and the vasculature. (A) During phase 1 of mineralization
during physiological bone formation, osteoblasts release matrix vesicles (MVs) which transport
calcium and phosphate ions into the vesicle forming hydroxyapatite (HA) crystals. During phase
2 of mineralization, the HA crystals penetrate the MV and orient themselves with the ECM matrix,
furthering crystal growth. (B) During vascular calcification, osteogenic-VSMC release EVs that
aggregate and anchor to collagen within the ECM. Hydroxyapatite nucleation occurs on the surface
of the EV aggregates.

4.2. Matrix-Bound Vesicles Are Integral to the Bioactive Properties of the ECM

In addition to acting as structural components during calcification, EVs embedded
within the matrix are an integral part of the bioactive properties of the ECM. Recently
discovered is a novel subtype of EVs anchored within the ECM called matrix-bound vesicles
(MBV) which act as key biological signaling agents within the ECM [52]. Interestingly,
MBVs do not contain any of the common exosome or microvesicle markers CD63, CD9,
CD81, or HSP70 suggesting a different biogenesis pathway. Additionally, MBVs have tissue-
specific characteristics with distinct lipid, RNA, and protein profiles indicating MBVs are
an integral part of the bioactive signaling composition of the ECM and have a function in
regulating tissue homeostasis [53,54].

Merwe et al. demonstrated that MBV derived from the ECM of the urinary bladder of
healthy rats protected against ischemia-induced injury of retinal ganglion cells (RGC) [55].
As decellularized urinary bladder ECM (UB-ECM) had previously been shown to promote
ganglion cell axon growth in coculture with microglia and astrocytes, the authors hypoth-
esized that MBVs were a key biological agent anchored within the UB-ECM that were
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responsible for the increased cell growth [56]. In vitro treatment of a coculture of microglia,
astrocytes, and RGC with UB-ECM-derived EVs suppressed the pro-inflammatory signal-
ing of activated microglia and astrocytes and promoted RGC axon growth. Furthermore,
intraocular administration of UB-ECM-derived EVs in an optical ischemia murine model
ameliorated hypoxia-induced RGC axon degeneration by approximately 80% compared to
the uninjured control. Thus, MBVs are key players responsible for the biological effects,
namely promoting cell growth and regulating the immune microenvironment, exerted by
the ECM.

Additionally, MBVs have been shown to be integral to ECM-dependent regulation of
the immune microenvironment by modulation of immune cells within the matrix. With
regards to rheumatoid arthritis, which is an autoimmune disease characterized by chronic
inflammation of synovial joints, UB-ECM-derived EVs were shown to prevent acute and
chronic arthritis at an efficacy comparable to the clinical standard [57]. Specifically, UB-
ECM-derived EVs administered intravenously in an arthritic rat model promoted the
transition of pro-inflammatory M1 macrophages to an anti-inflammatory M2 phenotype
thereby decreasing inflammation in synovial joints and limiting adverse joint remodeling.
Taken together, these studies underscore the indispensable function MBVs have as the
bioactive structural component of the ECM.

4.3. EV-Mediated Modulation of the ECM

In contrast to calcification in which EVs aid in the structural development of the ECM,
EVs released from cancer cells have been shown to actively degrade the ECM via enzymes
such as MMPs and glycosidases present on the EV surface [5,16,36–38] (Figures 1C and
3). EVs derived from human G361 melanoma cells and HT-1080 human fibrocarcinoma
cells display matrix metalloprotease MT1-MMP (MMP-14), a transmembrane protein that
promotes cell migration by degrading ECM components such as collagen, fibronectin, and
laminins [58,59]. Similarly, EVs derived from nasopharyngeal cancer (NPC) cells were
shown to contain matrix metalloprotease 13 (MMP-13) on the EV surface. Autologous
incubation of the MMP-13-expressing EVs with NPC cells in Matrigel led to increased
degradation of the matrix compared to both EVs with decreased MMP-13 levels and the
untreated control, resulting in increased cell invasion within the matrix [60]. In addition to
EVs derived from cancer cells, human vascular endothelial cells (HVECs) also secrete EVs
that present MMP-2, MMP-9, and MMP-14 on the membrane surface. Incubating Matrigel
with HVEC-EVs resulted in the degradation of the matrix and a threefold increase in HVEC
cell migration compared to conditions without EV treatment [61]. As evidenced by these
studies, EVs have direct contact and actively degrade the ECM by their surface-bound
MMPs, resulting in enhanced cell migration through the matrix.

In addition to MMPs, EVs degrade the ECM by utilizing surface-bound heparinase,
a glycosidase that degrades heparan sulfate proteoglycans (HSPC) [36,62–64]. HSPC is
a is a proteoglycan, which is comprised of a core glycoprotein with multiple heparan
sulfate groups that can sequester and bind signaling molecules including growth factors,
chemokines, and cytokines to the matrix [65]. EVs derived from myeloma cells have
heparinase bound to HSPC on the EV surface [62,63]. When these myeloma-derived EVs
were incubated with ECM deposited by endothelial cells, free heparan sulfate chains were
detected in the culture media [63]. Since HSPCs sequester bioactive signaling molecules
and anchor them to ECM, EV-mediated cleavage of HSPC can modulate the signaling
properties of the ECM.

EVs have also been shown to contain the surface-bound ECM-modulating enzymes
lysyl oxidase like-2 (LOXL2), elastase, and collagenase [66,67]. Specifically, Jong et al.
showed that EVs from human endothelial cells grown in hypoxic conditions present
LOXL2, which is responsible for collagen crosslinking, on the EV surface [66]. Incubation of
LOXL2-EVs within a collagen gel increased crosslinking leading to approximately twofold
higher stiffness. Thus, hypoxic endothelial cells produce EVs which directly promote
collagen crosslinking in the ECM. Conversely, Genshmer et al. found that EVs from
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activated neutrophils contained surface-bound elastase and collagenase [67]. Incubation
of these activated neutrophil-derived EVs with both elastin and collagen fibrils led to a
2.5-fold increase in the degradation of elastin and collagen compared to the inactivated
neutrophil EVs. As such, EV-surface-associated enzymes can directly influence the ECM
by modulating the matrix through multiple ECM targets including collagen, fibronectin,
elastin, and heparan sulfate proteoglycans.

 
Figure 3. EV-mediated matrix remodeling in tumor progression. 1. Matrix metalloproteases (MMPs)
and glycosidases displayed on EV surfaces promote ECM degradation. 2. EVs released from tumor
cells are uptaken by recipient cells in both the tumor microenvironment and the pre-metastatic
niche. Tumor-derived EVs promote the release of ECM-degrading proteins (e.g., MMPs and MMP
regulators) and EVs in recipient cells. 3. Free and EV-associated ECM degrading proteins promote
tumor cell invasion, metastasis, and the development of the pre-metastatic niche.
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Table 1. Direct EV-ECM effects.

EV Source EV Effects on the ECM Active EV Components Refs.

EV-mediated
calcification

Osteoblasts
Promotes calcification of the
ECM during bone and
endochondral calcification

Annexins II, IV, V, Pit-1,
Phosphatidylserine, TNAP [42–44]

Osteochondrogenic
vascular smooth
muscle cells

Promotes calcification of the
vasculature during
vascular calcification

Annexins I, II, IV, V, VI [50,51]

Bioactive
signaling
Agents

Matrix-bound vesicles

Promotes anti-inflammatory
signaling and cell growth in
retinol ganglion cells
and macrophages

N/A [52–57]

Direct
modulation of
the ECM

G361 melanoma cells
Degrades collagen, fibronectin,
and laminin; promotes
cell migration

MMP-14 [58]

HT-1080 fibro
carcinoma cells

Degrades collagen, fibronectin,
and laminin; promotes
cell migration

MMP-14 [59]

Nasal pharyngeal
carcinoma cells

Degrades collagen; promotes
cell migration MMP-13 [60]

Vascular
endothelial cells

Degrades collagen, fibronectin,
and laminin; promotes cell
migration and angiogenesis

MMP-2,9,13 [61]

Myeloma cells Degrades heparin
sulfate proteoglycans Heparinase [62–64]

Neutrophils Degrades collagen and elastase Collagenase and elastase [66]

Endothelial cells Promotes collagen crosslinking Lysyl oxidase like-2 [67]

5. Indirect Influence of EVs on the ECM

While EVs can directly modulate the structural components of the matrix as discussed
above, EVs can also indirectly alter the ECM by influencing recipient cells to remodel the
ECM. Specifically, EVs released from tumor cells have been shown to direct recipient cells
to modulate the matrix to create a favorable tumor niche [36]. In addition, EVs released
from mesenchymal stem cells (MSCs) have been found to have therapeutic capability by
improving ECM remodeling by fibroblasts and chondrocytes during tissue regeneration
which will be further detailed below [52,54,55,57,68] (Table 2).

5.1. Tumor-Derived EVs Mediate Cell–ECM Interactions during Tumor Progression
5.1.1. Tumor Cell-Derived EVs Promote ECM Degradation

In Section 4.2, it was discussed that EVs derived from cancer cells have matrix-
degrading enzymes present on their surface which promotes cancer cell migration and
growth. However, in addition to directly interacting with the ECM, EVs secreted into the
tumor microenvironment also contain cargo such as MMPs and MMP regulators that is
transferred to recipient cells inducing cell-mediated remodeling of the ECM (Figure 1C).
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For example, EVs derived from hypoxic nasopharyngeal carcinoma (NPC) cells contain
MMP-13 as cargo, and treatment of normoxic NPC with hypoxic NPC-derived EVs resulted
in a 2.5-fold increase in cellular expression of MMP-13. Additionally, hypoxic NPC-derived
EV treatment of normoxic NPC cells increased cell migration and invasion by approxi-
mately 300% and 200%, respectively, compared to the non-treated control. Furthermore,
EV treatment of normoxic NPC cells decreased levels of the tumor suppressor protein
E-cadherin by approximately 80% compared to the non-treated control, thereby promoting
tumor growth [69]. Similarly, EVs derived from aggressive myeloma patient cells, which
bound to both RPMI-8226 plasmacytoma lymphocytes and human endothelial cells via
surface-associated fibronectin, increased the expression of MMP-9 in the RPMI-8226 cells
and promoted endothelial cell invasion. Specifically, treatment with myeloma-derived EVs
promoted increased cell spreading and migration of endothelial cells through a Matrigel
basement membrane by 1.5-fold, indicating that the EVs promote modulation of the matrix
via MMP-9 and reprogram the healthy cells towards a more cancerous phenotype [64].

Tumor-derived EVs also contain MMP regulators such as the glycoprotein extracellular
matrix metalloprotease inducer (EMMPRIN) which is a transmembrane protein that stimu-
lates the expression of MMPs by tumor-associated fibroblasts. EVs derived from epithelioid
sarcoma cells contain EMMPRIN and treatment of human fibroblasts with sarcoma-derived
EVs resulted in an increased expression of MMP-2 by approximately twofold compared to
both the non-treated control and EVs without EMMPRIN [70]. Another MMP regulator
that has been associated with poor prognosis in multiple cancer types is TIMP-1 [71,72].
Overexpression of TIMP-1 in human lung adenocarcinoma cells increased the expression
and loading of the pro-angiogenic and pro-tumorigenic microRNA-210 into EVs. These EVs
induced angiogenic tube formation in human epithelial cells and promoted lung adeno-
carcinoma cell migration in vitro, both processes in which ECM remodeling occurs [73,74].
Overall, these studies indicate that tumor-cell-derived EVs promote recipient cells toward
a cancerous phenotype in which ECM degradation is involved.

5.1.2. Tumor-Derived EVs Facilitate Pre-Metastatic Niche Formation

The pre-metastatic niche is a potential location of metastasis that has been primed for
invasion by circulating tumor cells. According to the “seed and soil” model, metastasis
requires that the “soil” (receiving microenvironment) be ideal for the “seed” (circulating
tumor cells) to populate [75]. Primary tumors release EVs which actively inform distant
recipient cells to modify the ECM and prime the pre-metastatic niche for tumor cell invasion
and establishment of a metastatic site. The work of Lyden and colleagues unraveled the
role of EVs in establishing an organotropic pre-metastatic niche [17]. They first described
that melanoma-derived EVs in circulation educate bone marrow progenitor cells towards a
phenotype that supports tumor growth and metastasis [17,21]. In addition, they demon-
strated that integrins on the surface of tumor-derived EVs are responsible for organotropic
accumulation of EVs [76]. Once localized to a specific tissue, resident cells uptake these
tumor-derived EVs and are induced to remodel the ECM toward the development of a
pre-metastatic niche.

The role of MMPs and other matrix-modulating proteins in the development of the
pre-metastatic niche is well established, and the function of EVs in regulating the expression
of these matrix-modulating proteins is now being explored [77]. Redzic et al. showed
that EVs released from breast cancer, leukemia, and pancreatic cancer cell lines contain
EMMPRIN [78]. When these cell lines were treated with their respective EVs, MMP-9 and
IL-6, which are downstream targets of EMMPRIN, were upregulated across all cell lines.
Additionally, the cells expressed a higher level of EMMPRIN and increased their secretion
of EMMPRIN-containing EVs.
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Furthermore, melanoma-derived EVs have also been shown to facilitate ECM de-
position and promote angiogenesis to prime sentinel lymph nodes for tumor metastasis.
Specifically, intravenous injection of melanoma-derived EVs into mice led to an increase
in mitogen-activated protein kinase 14, laminin, collagen, and urokinase plasminogen
activator, or ECM-modulating factors involved in stroma remodeling that enable invasion
by circulating tumor cells. Establishing a pre-metastatic niche in sentinel lymph nodes by
intravenous administration of melanoma EVs led to increased selective colocalization of
circulating melanoma cells with melanoma EVs in the sentinel lymph nodes [79]. As such,
tumor-derived EVs can create an organotropic pre-metastatic niche through influencing
recipient cells to modulate the ECM.

5.2. Therapeutic Potential of EVs in Tissue Regeneration

While EVs released from pathogenic cells are involved in disease progression, EVs
from healthy cells have become of interest as next-generation therapeutics. Their low
immunogenicity, high biocompatibility, endogenous therapeutic cargo, and ability to effi-
ciently transfer bioactive agents to target cells have made them an attractive therapeutic
platform in recent years [80]. While there are no current EV therapeutics in clinical trials
specifically related to the ECM, multiple studies have reported the therapeutic ability of
EVs to promote cell-dependent modulation of the matrix during tissue regeneration.

Mesenchymal Stem Cell EV-Mediated ECM Repair

EVs derived from mesenchymal stem cells (MSC) have been shown to participate in
restoring ECM during tissue regeneration. For example, EVs derived from adipose tissue
MSC (AT-MSC) decreased scar formation and aided in wound healing in an in vivo model.
Specifically, AT-MSC EVs were administered intravenously to a murine model with a dorsal
wound. AT-MSC-EV treatment increased the ratio of type 3 collagen to type 1 collagen and
MMP-3 to TIMP-1 in dermal fibroblasts, thereby aiding in matrix remodeling and limiting
scar formation [81]. Interestingly, fibroblasts isolated from women with stress urinary
incontinence that had significantly decreased expression of type 1 collagen, treated with AT-
MSC EVs had increased expression of type 1 collagen and TIMP-1/3, and downregulation
of MMP-1/2 [82]. Increased deposition of collagen along with inhibition and decreased
expression of MMPs led to the restoration of ECM stiffness that is lost during stress
urinary incontinence. Woo et al. demonstrated that AT-MSC EVs could also attenuate the
progression of osteoarthritis, which is a chronic degenerative disease of articular cartilage.
In vitro, AT-MSC EV treatment promoted chondrocyte migration and proliferation while
simultaneously promoting type 2 collagen synthesis and inhibiting the expression of
MMP-1, MMP-3, MMP-13, and ADAMTS-5. Additionally, intra-articular injections of
AT-MSC EVs inhibited osteoarthritis progression in a murine model by protecting the
cartilage matrix both by increased collagen deposition and inhibition of ECM-degrading
proteases [83]. In addition to MMPs, human bone marrow (BM) MSC secretes hyaluronan-
coated EVs. Hyaluronan (HA) is a glycosaminoglycan that acts as a critical bioactive factor
within the ECM that plays roles in cell adhesion, motility, proliferation, and differentiation.
HA-coated EVs were shown to be secreted from BM-MSC and anchored onto the ECM
providing bioactive signaling cues within the matrix [84]. Taken together, these studies
suggest that stem-cell-derived EVs have promise as therapeutics for tissue regeneration via
modulation of the ECM.
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Table 2. Indirect effect of EVs on the ECM.

Function EV Source EV Target Cell–ECM Interactions Active EV Components Refs.

Tumor EVs promote
ECM degradation

Hypoxic nasal
pharyngeal
carcinoma cells

Normoxic nasal
pharyngeal
carcinoma cells

Increases cell expression of
MMP-13, decreases
expression of E-cadherin,
promotes cell migration
and invasion

MMP-13 [69]

Human
myeloma cells

RPMI-8226
plasmacytoma
lymphocytes and
human
endothelial cells

Increases MMP-9
expression, promotes cell
invasion, and migration

MMP-9, fibronectin [64]

Epithelioid
sarcoma cells Fibroblasts Increases expression of

MMP-2 EMMPRIN [70]

Human lung
adenocarcinoma cells

Human epithelial
cells and lung
adenocarcinoma cells

Induces angiogenic tube
formation and promotes
cell migration

TIMP and miR-210 [73,74]

Tumor EVs create a
pre-metastatic niche

Human
melanoma cells

Bone marrow
progenitor cells

Promotes tumor growth
and metastasis N/A [17]

Breast cancer
MCF-7 cells Human fibroblasts Increases expression of

MMP-9 and IL-6 EMMPRIN [78]

Monocytic leukemia
U937 cells Human fibroblasts Increases expression of

MMP-9 and IL-6 EMMPRIN [78]

Pancreatic cancer
L3.6pL cells Human fibroblasts Increases expression of

MMP-9 and IL-6 EMMPRIN [78]

Melanoma cells Sentinel lymph nodes

Increases in
mitogen-activated protein
kinase 14, laminin, collagen,
and urokinase
plasminogen activator

N/A [79]

Mesenchymal stem
cell EV-mediated
ECM repair

Adipose tissue MSCs Dermal fibroblasts

Increases the ratio of type 3
collagen to type 1 collagen
and the ratio of MMP-3
to TIMP-1

N/A [81,82]

Adipose tissue MSCs Chondrocytes

Promotes type 2 collagen
synthesis and inhibits the
expression of MMP-1,
MMP-3, MMP-13,
and ADAMTS-5

N/A [83]

Bone marrow MSCs Bone marrow MSCs Promotes cell adhesion
and motility Hyaluronan [84]

6. Conclusions

During pathological processes such as tumor progression, EVs function via both the
direct (i.e., EV-surface-associated enzymes) and indirect mechanisms (i.e., influencing
recipient cells) to aid in ECM degradation, tumor progression, and the development of
the pre-metastatic niche. Similarly, in physiological processes such as bone formation and
tissue regeneration, EVs from osteoblasts and MSCs can directly evolve the structure of the
ECM through calcification or by directing recipient cells to remodel the ECM during tissue
repair, respectively. More knowledge regarding EV–ECM interactions during pathological
processes such as cancer will allow for new therapeutic and diagnostic approaches targeting
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EV-mediated tumor progression and metastases. Similarly, characterizing the effect of
EVs on the ECM during physiological processes such as tissue regeneration presents the
opportunity to create novel or augment current therapeutic approaches while overcoming
translational limitations in tissue repair.
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17. Peinado, H.; Alečković, M.; Lavotshkin, S.; Matei, I.; Costa-Silva, B.; Moreno-Bueno, G.; Hergueta-Redondo, M.; Williams, C.;

García-Santos, G.; Ghajar, C.M.; et al. Melanoma exosomes educate bone marrow progenitor cells toward a pro-metastatic
phenotype through MET. Nat. Med. 2012, 18, 883–891. [CrossRef]

18. Costa-Silva, B.; Aiello, N.M.; Ocean, A.J.; Singh, S.; Zhang, H.; Thakur, B.K.; Becker, A.; Hoshino, A.; Mark, M.T.; Molina, H.; et al.
Pancreatic cancer exosomes initiate pre-metastatic niche formation in the liver. Nat. Cell Biol. 2015, 17, 816–826. [CrossRef]

132



Bioengineering 2023, 10, 136

19. Fong, M.Y.; Zhou, W.; Liu, L.; Alontaga, A.Y.; Chandra, M.; Ashby, J.; Chow, A.; O’Connor, S.T.; Li, S.; Chin, A.R.; et al. Breast-
cancer-secreted miR-122 reprograms glucose metabolism in premetastatic niche to promote metastasis. Nat. Cell Biol. 2015, 17,
183–194. [CrossRef]

20. Nogués, L.; Benito-Martin, A.; Hergueta-Redondo, M.; Peinado, H. The influence of tumour-derived extracellular vesicles on
local and distal metastatic dissemination. Mol. Asp. Med. 2018, 60, 15–26. [CrossRef]

21. Peinado, H.; Zhang, H.; Matei, I.R.; Costa-Silva, B.; Hoshino, A.; Rodrigues, G.; Psaila, B.; Kaplan, R.N.; Bromberg, J.F.; Kang, Y.;
et al. Pre-metastatic niches: Organ-specific homes for metastases. Nat. Rev. Cancer 2017, 17, 302–317. [CrossRef] [PubMed]

22. Siveen, K.S.; Raza, A.; Ahmed, E.L.; Khan, A.Q.; Prabhu, K.S.; Kuttikrishnan, S.; Mateo, J.M.; Zayed, H.; Rasul, K.; Azizi, F.; et al.
The role of extracellular vesicles as modulators of the tumor microenviornment, metastasis and drug resistance in colorectal
cancer. Cancers 2019, 11, 746. [CrossRef]

23. Gurung, S.; Perocheau, D.; Touramanidou, L.; Baruteau, J. The exosome journey: From biogenesis to uptake and intracellular
signalling. Cell Commun. Signal. 2021, 19, 47. [CrossRef] [PubMed]

24. Kugeratski, F.G.; Hodge, K.; Lilla, S.; McAndrews, K.M.; Zhou, X.; Hwang, R.F.; Zanivan, S.; Kalluri, R. Quantitative proteomics
identifies the core proteome of exosomes with syntenin-1 as the highest abundant protein and a putative universal biomarker.
Nat. Cell Biol. 2021, 23, 631–641. [CrossRef]

25. Henne, W.M.; Stenmark, H.; Emr, S.D. Molecular mechanisms of the membrane sculpting ESCRT pathway. Cold Spring Harb.
Perspect. Biol. 2013, 5, a016766. [CrossRef] [PubMed]

26. Blanc, L.; Vidal, M. New insights into the function of Rab GTPases in the context of exosomal secretion. Small GTPases 2018, 9,
95–106. [CrossRef]

27. Ståhl, A.L.; Johansson, K.; Mossberg, M.; Kahn, R.; Karpman, D. Exosomes and microvesicles in normal physiology, pathophysiol-
ogy, and renal diseases. Pediatr. Nephrol. 2019, 34, 11–30. [CrossRef]

28. Mulcahy, L.A.; Pink, R.C.; Carter, D.R.F. Routes and mechanisms of extracellular vesicle uptake. J. Extracell. Vesicles 2014, 3, 24641.
[CrossRef]

29. Skotland, T.; Sagini, K.; Sandvig, K.; Llorente, A. An emerging focus on lipids in extracellular vesicles. Adv. Drug Deliv. Rev. 2020,
159, 308–321. [CrossRef]

30. Battistelli, M.; Falcieri, E. Apoptotic Bodies: Particular Extracellular Vesicles Involved in Intercellular Communication. Biology
2020, 9, 21. [CrossRef]

31. Dellar, E.R.; Hill, C.; Melling, G.E.; Carter, D.R.F.; Baena-Lopez, L.A. Unpacking extracellular vesicles: RNA cargo loading and
function. J. Extracell. Biol. 2022, 1, e40. [CrossRef]

32. Escrevente, C.; Keller, S.; Altevogt, P.; Costa, J. Interaction and uptake of exosomes by ovarian cancer cells. BMC Cancer 2011,
11, 108. [CrossRef] [PubMed]

33. Simons, K.; Ehehalt, R. Cholesterol, lipid rafts, and disease. J. Clin. Investig. 2002, 110, 597–603. [CrossRef] [PubMed]
34. Parolini, I.; Federici, C.; Raggi, C.; Lugini, L.; Palleschi, S.; De Milito, A.; Coscia, C.; Iessi, E.; Logozzi, M.; Molinari, A.

Microenvironmental pH is a key factor for exosome traffic in tumor cells. J. Biol. Chem. 2009, 284, 34211–34222. [CrossRef]
35. Clarke-Bland, C.E.; Bill, R.M.; Devitt, A. Emerging roles for AQP in mammalian extracellular vesicles. Biochim. Et Biophys. Acta

(BBA)—Biomembr. 2022, 1864, 183826. [CrossRef] [PubMed]
36. Sanderson, R.D.; Bandari, S.K.; Vlodavsky, I. Proteases and glycosidases on the surface of exosomes: Newly discovered

mechanisms for extracellular remodeling. Matrix Biol. 2019, 75–76, 160–169. [CrossRef] [PubMed]
37. Reiner, A.T.; Tan, S.; Agreiter, C.; Auer, K.; Bachmayr-Heyda, A.; Aust, S.; Pecha, N.; Mandorfer, M.; Pils, D.; Brisson, A.R.; et al.

EV-Associated MMP9 in High-Grade Serous Ovarian Cancer Is Preferentially Localized to Annexin V-Binding EVs. Dis. Mrk.
2017, 2017, 9653194. [CrossRef]

38. Dolo, V.; D’Ascenzo, S.; Violini, S.; Pompucci, L.; Festuccia, C.; Ginestra, A.; Vittorelli, M.L.; Canevari, S.; Pavan, A. Matrix-
degrading proteinases are shed in membrane vesicles by ovarian cancer cells in vivo and in vitro. Clin. Exp. Metastasis 1999, 17,
131–140. [CrossRef]

39. Sung, B.H.; Ketova, T.; Hoshino, D.; Zijlstra, A.; Weaver, A.M. Directional cell movement through tissues is controlled by exosome
secretion. Nat. Commun. 2015, 6, 7164. [CrossRef]

40. Murshed, M.; Schinke, T.; McKee, M.D.; Karsenty, G. Extracellular matrix mineralization is regulated locally; different roles of
two gla-containing proteins. J. Cell Biol. 2004, 165, 625–630. [CrossRef]

41. Lin, X.; Patil, S.; Gao, Y.G.; Qian, A. The Bone Extracellular Matrix in Bone Formation and Regeneration. Front. Pharm. 2020,
11, 757. [CrossRef] [PubMed]

42. Veschi, E.A.; Bolean, M.; Strzelecka-Kiliszek, A. Bandorowicz-Pikula, J.; Pikula, S.; Granjon, T.; Mebarek, S.; Magne, D.; Ramos,
A.P.; Rosato, N.; et al. Localization of Annexin A6 in Matrix Vesicles During Physiological Mineralization. Int. J. Mol. Sci. 2020,
21, 1367. [CrossRef] [PubMed]

43. Rojas, E.; Arispe, N.; Haigler, H.T.; Burns, A.L.; Pollard, H.B. Identification of annexins as calcium channels in biological
membranes. Bone Miner. 1992, 17, 214–218. [CrossRef]

44. Golub, E.E. Role of matrix vesicles in biomineralization. Biochim. Biophys. Acta 2009, 1790, 1592–1598. [CrossRef]
45. Suzuki, A.; Ghayor, C.; Guicheux, J.; Magne, D.; Quillard, S.; Kakita, A.; Ono, Y.; Miura, Y.; Oiso, Y.; Itoh, M.; et al. Enhanced

Expression of the Inorganic Phosphate Transporter Pit-1 Is Involved in BMP-2–Induced Matrix Mineralization in Osteoblast-Like
Cells. J. Bone Miner. Res. 2006, 21, 674–683. [CrossRef]

133



Bioengineering 2023, 10, 136

46. Anderson, H.C. Molecular biology of matrix vesicles. Clin. Orthop. Relat. Res. 1995, 314, 266–280. [CrossRef]
47. Wu, M.; Rementer, C.; Giachelli, C.M. Vascular calcification: An update on mechanisms and challenges in treatment. Calcif Tissue

Int 2013, 93, 365–373. [CrossRef]
48. Krohn, J.B.; Hutcheson, J.D.; Martínez-Martínez, E.; Aikawa, E. Extracellular vesicles in cardiovascular calcification: Expanding

current paradigms. J. Physiol. 2016, 594, 2895–2903. [CrossRef] [PubMed]
49. Ruiz, J.L.; Weinbaum, S.; Aikawa, E.; Hutcheson, J.D. Zooming in on the genesis of atherosclerotic plaque microcalcifications.

J. Physiol. 2016, 594, 2915–2927. [CrossRef] [PubMed]
50. Kapustin, A.N.; Davies, J.D.; Reynolds, J.L.; McNair, R.; Jones, G.T.; Sidibe, A.; Schurgers, L.J.; Skepper, J.N.; Proudfoot, D.;

Mayr, M.; et al. Calcium Regulates Key Components of Vascular Smooth Muscle Cell–Derived Matrix Vesicles to Enhance
Mineralization. Circ. Res. 2011, 109, e1–e12. [CrossRef]

51. Rogers, M.A.; Buffolo, F.; Schlotter, F.; Atkins, S.K.; Lee, L.H.; Halu, A.; Blaser, M.C.; Tsolaki, E.; Higashi, H.; Luther, K.; et al.
Annexin A1-dependent tethering promotes extracellular vesicle aggregation revealed with single-extracellular vesicle analysis.
Sci. Adv. 2020, 6, eabb1244. [CrossRef] [PubMed]

52. Huleihel, L.; Hussey, G.S.; Naranjo, J.D.; Zhang, L.; Dziki, J.L.; Turner, N.J.; Stolz, D.B.; Badylak, S.F. Matrix-bound nanovesicles
within ECM bioscaffolds. Sci. Adv. 2016, 2, e1600502. [CrossRef] [PubMed]

53. Turner, N.J.; Quijano, L.M.; Hussey, G.S.; Jiang, P.; Badylak, S.F. Matrix Bound Nanovesicles Have Tissue-Specific Characteristics
That Suggest a Regulatory Role. Tissue Eng. Part A 2022, 28, 879–892. [CrossRef] [PubMed]

54. Hussey, G.S.; Pineda Molina, C.; Cramer, M.C.; Tyurina, Y.Y.; Tyurin, V.A.; Lee, Y.C.; El-Mossier, S.O.; Murdock, M.H.; Timashev,
P.S.; Kagan, V.E.; et al. Lipidomics and RNA sequencing reveal a novel subpopulation of nanovesicle within extracellular matrix
biomaterials. Sci. Adv. 2020, 6, eaay4361. [CrossRef]

55. van der Merwe, Y.; Faust, A.E.; Sakalli, E.T.; Westrick, C.C.; Hussey, G.; Chan, K.C.; Conner, I.P.; Fu, V.L.N.; Badylak, S.F.; Steketee,
M.B. Matrix-bound nanovesicles prevent ischemia-induced retinal ganglion cell axon degeneration and death and preserve visual
function. Sci. Rep. 2019, 9, 3482. [CrossRef]

56. Zhang, L.; Zhang, F.; Weng, Z.; Brown, B.N.; Yan, H.; Ma, X.M.; Vosler, P.S.; Badylak, S.F.; Dixon, C.E.; Cui, X.T.; et al. Effect of an
inductive hydrogel composed of urinary bladder matrix upon functional recovery following traumatic brain injury. Tissue Eng.
Part A 2013, 19, 1909–1918. [CrossRef]

57. Crum, R.J.; Hall, K.; Molina, C.P.; Hussey, G.S.; Graham, E.; Li, H.; Badylak, S.F. Immunomodulatory matrix-bound nanovesicles
mitigate acute and chronic pristane-induced rheumatoid arthritis. Npj Regen. Med. 2022, 7, 13. [CrossRef]

58. Page-McCaw, A.; Ewald, A.J.; Werb, Z. Matrix metalloproteinases and the regulation of tissue remodelling. Nat. Rev. Mol. Cell
Biol. 2007, 8, 221–233. [CrossRef]

59. Hakulinen, J.; Sankkila, L.; Sugiyama, N.; Lehti, K.; Keski-Oja, J. Secretion of active membrane type 1 matrix metalloproteinase
(MMP-14) into extracellular space in microvesicular exosomes. J. Cell. Biochem. 2008, 105, 1211–1218. [CrossRef]

60. You, Y.; Shan, Y.; Chen, J.; Yue, H.; You, B.; Shi, S.; Li, X.; Cao, X. Matrix metalloproteinase 13-containing exosomes promote
nasopharyngeal carcinoma metastasis. Cancer Sci. 2015, 106, 1669–1677. [CrossRef]

61. Taraboletti, G.; D’Ascenzo, S.; Borsotti, P.; Giavazzi, R.; Pavan, A.; Dolo, V. Shedding of the Matrix Metalloproteinases MMP-2,
MMP-9, and MT1-MMP as Membrane Vesicle-Associated Components by Endothelial Cells. Am. J. Pathol. 2002, 160, 673–680.
[CrossRef] [PubMed]

62. Thompson, C.A.; Purushothaman, A.; Ramani, V.C.; Vlodavsky, I.; Sanderson, R.D. Heparanase Regulates Secretion, Composition,
and Function of Tumor Cell-derived Exosomes. J. Biol. Chem. 2013, 288, 10093–10099. [CrossRef] [PubMed]

63. Bandari, S.K.; Purushothaman, A.; Ramani, V.C.; Brinkley, G.J.; Chandrashekar, D.S.; Varambally, S.; Mobley, J.A.; Zhang, Y.;
Brown, E.E.; Vlodavsky, I.; et al. Chemotherapy induces secretion of exosomes loaded with heparanase that degrades extracellular
matrix and impacts tumor and host cell behavior. Matrix Biol. 2018, 65, 104–118. [CrossRef]

64. Purushothaman, A.; Bandari, S.K.; Liu, J.; Mobley, J.A.; Brown, E.E.; Sanderson, R.D. Fibronectin on the Surface of Myeloma
Cell-derived Exosomes Mediates Exosome-Cell Interactions. J. Biol. Chem. 2016, 291, 1652–1663. [CrossRef]

65. Sarrazin, S.; Lamanna, W.C.; Esko, J.D. Heparan sulfate proteoglycans. Cold Spring Harb. Perspect. Biol. 2011, 3, a004952. [CrossRef]
66. de Jong, O.G.; van Balkom, B.W.; Gremmels, H.; Verhaar, M.C. Exosomes from hypoxic endothelial cells have increased collagen

crosslinking activity through up-regulation of lysyl oxidase-like 2. J. Cell Mol. Med. 2016, 20, 342–350. [CrossRef]
67. Genschmer, K.R.; Russell, D.W.; Lal, C.; Szul, T.; Bratcher, P.E.; Noerager, B.D.; Abdul Roda, M.; Xu, X.; Rezonzew, G.;

Viera, L.; et al. Activated PMN Exosomes: Pathogenic Entities Causing Matrix Destruction and Disease in the Lung. Cell 2019,
176, 113–126.e115. [CrossRef]

68. Hussey, G.S.; Dziki, J.L.; Lee, Y.C.; Bartolacci, J.G.; Behun, M.; Turnquist, H.R.; Badylak, S.F. Matrix bound nanovesicle-associated
IL-33 activates a pro-remodeling macrophage phenotype via a non-canonical, ST2-independent pathway. J. Immunol Regen. Med.
2019, 3, 26–35. [CrossRef]

69. Shan, Y.; You, B.; Shi, S.; Shi, W.; Zhang, Z.; Zhang, Q.; Gu, M.; Chen, J.; Bao, L.; Liu, D.; et al. Hypoxia-Induced Matrix
Metalloproteinase-13 Expression in Exosomes from Nasopharyngeal Carcinoma Enhances Metastases. Cell Death Dis. 2018, 9, 382.
[CrossRef] [PubMed]

70. Aoki, M.; Koga, K.; Hamasaki, M.; Egawa, N.; Nabeshima, K. Emmprin, released as a microvesicle in epithelioid sarcoma,
interacts with fibroblasts. Int. J. Oncol. 2017, 50, 2229–2235. [CrossRef]

134



Bioengineering 2023, 10, 136

71. Song, G.; Xu, S.; Zhang, H.; Wang, Y.; Xiao, C.; Jiang, T.; Wu, L.; Zhang, T.; Sun, X.; Zhong, L.; et al. TIMP1 is a prognostic marker
for the progression and metastasis of colon cancer through FAK-PI3K/AKT and MAPK pathway. J. Exp. Clin. Cancer Res. 2016,
35, 148. [CrossRef] [PubMed]

72. Gong, Y.; Scott, E.; Lu, R.; Xu, Y.; Oh, W.K.; Yu, Q. TIMP-1 promotes accumulation of cancer associated fibroblasts and cancer
progression. PLoS ONE 2013, 8, e77366. [CrossRef] [PubMed]

73. Dang, K.; Myers, K.A. The role of hypoxia-induced miR-210 in cancer progression. Int. J. Mol. Sci. 2015, 16, 6353–6372. [CrossRef]
[PubMed]

74. Cui, H.; Seubert, B.; Stahl, E.; Dietz, H.; Reuning, U.; Moreno-Leon, L.; Ilie, M.; Hofman, P.; Nagase, H.; Mari, B.; et al. Tissue
inhibitor of metalloproteinases-1 induces a pro-tumourigenic increase of miR-210 in lung adenocarcinoma cells and their exosomes.
Oncogene 2015, 34, 3640–3650. [CrossRef] [PubMed]

75. Paget, S. The distribution of secondary growths in cancer of the breast. Lancet 1889, 133, 571–573. [CrossRef]
76. Hoshino, A.; Costa-Silva, B.; Shen, T.-L.; Rodrigues, G.; Hashimoto, A.; Tesic Mark, M.; Molina, H.; Kohsaka, S.; Di Giannatale, A.;

Ceder, S.; et al. Tumour exosome integrins determine organotropic metastasis. Nature 2015, 527, 329–335. [CrossRef]
77. Quintero-Fabián, S.; Arreola, R.; Becerril-Villanueva, E.; Torres-Romero, J.C.; Arana-Argáez, V.; Lara-Riegos, J.; Ramírez-Camacho, M.A.;

Alvarez-Sánchez, M.E. Role of Matrix Metalloproteinases in Angiogenesis and Cancer. Front. Oncol. 2019, 9, 1370. [CrossRef]
78. Redzic, J.S.; Kendrick, A.A.; Bahmed, K.; Dahl, K.D.; Pearson, C.G.; Robinson, W.A.; Robinson, S.E.; Graner, M.W.; Eisenmesser,

E.Z. Extracellular Vesicles Secreted from Cancer Cell Lines Stimulate Secretion of MMP-9, IL-6, TGF-β1 and EMMPRIN. PLoS
ONE 2013, 8, e71225. [CrossRef]

79. Hood, J.L.; San, R.S.; Wickline, S.A. Exosomes Released by Melanoma Cells Prepare Sentinel Lymph Nodes for Tumor Metastasis.
Cancer Res. 2011, 71, 3792–3801. [CrossRef]

80. Klyachko, N.L.; Arzt, C.J.; Li, S.M.; Gololobova, O.A.; Batrakova, E.V. Extracellular Vesicle-Based Therapeutics: Preclinical and
Clinical Investigations. Pharmaceutics 2020, 12, 1171. [CrossRef]

81. Wang, L.; Hu, L.; Zhou, X.; Xiong, Z.; Zhang, C.; Shehada, H.M.A.; Hu, B.; Song, J.; Chen, L. Exosomes secreted by human adipose
mesenchymal stem cells promote scarless cutaneous repair by regulating extracellular matrix remodelling. Sci. Rep. 2017, 7, 13321.
[CrossRef] [PubMed]

82. Liu, X.; Wang, S.; Wu, S.; Hao, Q.; Li, Y.; Guo, Z.; Wang, W. Exosomes secreted by adipose-derived mesenchymal stem cells
regulate type I collagen metabolism in fibroblasts from women with stress urinary incontinence. Stem. Cell Res. Ther. 2018, 9, 159.
[CrossRef] [PubMed]

83. Woo, C.H.; Kim, H.K.; Jung, G.Y.; Jung, Y.J.; Lee, K.S.; Yun, Y.E.; Han, J.; Lee, J.; Kim, W.S.; Choi, J.S.; et al. Small extracellular
vesicles from human adipose-derived stem cells attenuate cartilage degeneration. J. Extracell. Vesicles 2020, 9, 1735249. [CrossRef]
[PubMed]

84. Arasu, U.T.; Kärnä, R.; Härkönen, K.; Oikari, S.; Koistinen, A.; Kröger, H.; Qu, C.; Lammi, M.J.; Rilla, K. Human mesenchymal
stem cells secrete hyaluronan-coated extracellular vesicles. Matrix Biol. 2017, 64, 54–68. [CrossRef] [PubMed]

Disclaimer/Publisher’s Note: The statements, opinions and data contained in all publications are solely those of the individual
author(s) and contributor(s) and not of MDPI and/or the editor(s). MDPI and/or the editor(s) disclaim responsibility for any injury to
people or property resulting from any ideas, methods, instructions or products referred to in the content.

135





Citation: Jones, C.L.; Penney, B.T.;

Theodossiou, S.K. Engineering

Cell–ECM–Material Interactions for

Musculoskeletal Regeneration.

Bioengineering 2023, 10, 453.

https://doi.org/10.3390/

bioengineering10040453

Academic Editor: Stuart Goodman

Received: 28 January 2023

Revised: 23 March 2023

Accepted: 28 March 2023

Published: 7 April 2023

Copyright: © 2023 by the authors.

Licensee MDPI, Basel, Switzerland.

This article is an open access article

distributed under the terms and

conditions of the Creative Commons

Attribution (CC BY) license (https://

creativecommons.org/licenses/by/

4.0/).

bioengineering

Review

Engineering Cell–ECM–Material Interactions for
Musculoskeletal Regeneration

Calvin L. Jones, Brian T. Penney and Sophia K. Theodossiou *

Department of Mechanical and Biomedical Engineering, Boise State University, 1910 University Dr MS2085,
Boise, ID 83725, USA
* Correspondence: sophiatheodossiou@boisestate.edu

Abstract: The extracellular microenvironment regulates many of the mechanical and biochemical
cues that direct musculoskeletal development and are involved in musculoskeletal disease. The
extracellular matrix (ECM) is a main component of this microenvironment. Tissue engineered
approaches towards regenerating muscle, cartilage, tendon, and bone target the ECM because
it supplies critical signals for regenerating musculoskeletal tissues. Engineered ECM–material
scaffolds that mimic key mechanical and biochemical components of the ECM are of particular
interest in musculoskeletal tissue engineering. Such materials are biocompatible, can be fabricated to
have desirable mechanical and biochemical properties, and can be further chemically or genetically
modified to support cell differentiation or halt degenerative disease progression. In this review, we
survey how engineered approaches using natural and ECM-derived materials and scaffold systems
can harness the unique characteristics of the ECM to support musculoskeletal tissue regeneration,
with a focus on skeletal muscle, cartilage, tendon, and bone. We summarize the strengths of current
approaches and look towards a future of materials and culture systems with engineered and highly
tailored cell–ECM–material interactions to drive musculoskeletal tissue restoration. The works
highlighted in this review strongly support the continued exploration of ECM and other engineered
materials as tools to control cell fate and make large-scale musculoskeletal regeneration a reality.

Keywords: extracellular matrix (ECM); musculoskeletal tissue engineering; musculoskeletal
regeneration; skeletal muscle; tendon; cartilage; bone; atomic force microscopy (AFM)

1. Introduction

Engineering cell-extracellular matrix (ECM) interactions to achieve desired regener-
ative outcomes are promising approaches in musculoskeletal tissue engineering. Mus-
culoskeletal tissue injuries are a common and increasing clinical problem in the US and
around the world [1]. Injuries and diseases of the skeletal muscles, tendons, cartilage,
and bones have widespread impacts on the activities and quality of daily life, as muscu-
loskeletal tissues enable movement and daily function. Current musculoskeletal injury
treatments rely on rehabilitative or surgical interventions that may not restore normal
function, resulting in long-term disability, with associated economic losses in terms of
lost wages, decreased productivity, and high healthcare costs [1]. Regenerative medicine
promises to improve the prognosis for musculoskeletal pathologies. The last fifteen years
have substantially deepened the knowledge of how cells and biomaterial scaffolds can
restore functionality to musculoskeletal tissues [2]. In this review, we highlight recent and
noteworthy studies that have engineered the relationship between cells, the ECM, and natu-
ral or synthetic biomaterials to selectively exploit desired interactions with musculoskeletal
cells and tissues.

Engineering the ECM to facilitate desired cell–cell and cell–material interactions is
a relatively new approach in tissue engineering. In the last decade, biomaterial fabrication
methods have progressed to enable precise control over the mechanical, chemical, and
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biological properties of the extracellular microenvironment [3]. Thanks to this enhanced
control of scaffold properties, tailoring the microenvironment to support targeted cell
growth and differentiation is a viable tissue engineering strategy. Scaffolds with highly
controlled porosity [4,5], pH-responsiveness [6,7], stiffness [8–11], and biochemistry [12]
are increasingly used to drive cellular behavior towards the regeneration of large-scale mus-
culoskeletal tissues and musculoskeletal tissue interfaces [13–15]. Additional components
of the extracellular environment, such as growth factors and extracellular vesicles, also
direct cell behavior, often in combination with the ECM; engineered approaches focusing
on these aspects of the microenvironment are discussed elsewhere [16]. In this review, we
focus on approaches targeting or utilizing the ECM, though we note that several of the
highlighted studies incorporate extracellular vesicles and growth factors alongside their
ECM focus.

The cell- and tissue-derived extracellular matrix (ECM) has been extensively char-
acterized for uses in tissue engineering, and it has been reviewed elsewhere [2,17]. To
generate ECM for scaffolds, various methods have been developed for extracting ECM from
human [18,19] and animal [20–22] tissues. A persistent concern is the rejection of animal
ECM-containing scaffolds in human recipients, though this review highlights studies that
indicate that the animal ECM can be used safely and successfully in human patients [23].
Human-derived ECM, such as ECM generated from human acellular dermal matrix, also
has potential uses in bioscaffolds that enhance musculoskeletal regeneration [24]. Human-
sourced ECM has recently been isolated from the decellularized human chorion matrix [19],
transforming the placenta from an organ that is commonly discarded as medical waste
to a rich source of ECM starting material for tissue engineering applications in several
tissues, including the musculoskeletal system. Moving forward, genetic engineering tech-
niques, such as CRISP-Cas9, may expand the potential uses of animal-derived ECM in
humans. Additionally, though it is less common than ECM originating from animal or
human tissues, cell-derived ECM has been generated from cells cultured for the purpose of
producing ECM with specific, desirable qualities, with varied but consistent success [2,25].
In the concluding sections of this review, we briefly discuss how genetic engineering may
enable the generation of highly specialized and useful ECM from genetically-modified
cells possessing desirable ECM characteristics. We predict that ECM and ECM-derived
biomaterials will continue to be valuable tools for directing and engineering cell functions.

The value of engineering the ECM to foster specific cell–ECM interactions extends
beyond its use in regenerative approaches and into its widespread potential applications
in directing cell function throughout entire tissue and organ systems [26]. Engineering
the ECM to resemble various musculoskeletal pathologies can be used to model injury
and disease, enhancing the search for treatments and cures. To treat musculoskeletal
disease, a deeper understanding of the pathologies is needed. Engineering the ECM to
resemble specific conditions, or to mimic particular stages of development or aging, has
numerous uses in musculoskeletal research. Throughout this review, we use the term
“engineering” in reference to the ECM to denote research approaches that extract, augment,
modify, pattern, or otherwise adapt features of the ECM and purposefully impact cell- or
tissue-level experimental outcomes. We pay special attention to emerging treatments for
musculoskeletal fibrosis, a persistent ECM-mediated problem both within and outside
the musculoskeletal system. Our goal is to illustrate promising ideas in the hopes of
fostering novel discussions and collaborations that move the field of musculoskeletal tissue
engineering forward.

2. Survey of Engineered Cell–ECM–Material Interactions in Musculoskeletal Tissues

2.1. Skeletal Muscle

Selected approaches utilizing cell–ECM–material interactions to regenerate skeletal
muscle are summarized in Table 1. Skeletal muscle composes nearly 40% of the weight of
the average human body [27], enables locomotion and fine motor skills, and participates in
multiple homeostatic processes [28]. Skeletal muscle ECM supports the function of muscle
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cells by providing three-dimensional scaffolding for their function and growth, as well
as facilitating interactions with the various collagens, glycoproteins, proteoglycans, and
elastins that give skeletal muscleits mechanical and biological properties [29]. The ECM reg-
ulates skeletal muscle growth, maintenance, response to injury, and repair. Importantly, the
structure of skeletal muscle ECM directly contributes to the tissue’s mechanical capabilities.

The highly organized, hierarchical structure of skeletal muscle has made it a particu-
larly challenging tissue to engineer, as its structure provides unique mechanical properties.
Replicating muscle structure and the complex multi-tissue interfaces required for muscle
function, such as neuromuscular junctions (NMJs) and tendons, has proven elusive. While
muscle cells from human and non-human sources readily grow and differentiate in vitro,
and they can be successfully implanted in numerous animal models, the resulting muscle
tissue often lacks the force production, growth, and vascularization capacities of native
muscle. A significant limitation of several regenerative approaches for restoring skeletal
muscle is the inability to replicate the structural and spatial components of healthy muscle
tissue. This problem is especially pronounced in research attempting to reverse volumetric
muscle loss (VML) [30]. VML results from extensive trauma to the muscles that overwhelms
their intrinsic regenerative capacity [31]. VML is characterized by a complete breakdown
of the muscle ECM and its associated structures [31]. Restoring that structure in lab-grown
muscle may be the key to addressing not only VML, but other traumatic and wasting
diseases characterized by widespread muscle tissue damage.

2.1.1. ECM-Based Approaches for Skeletal Muscle Regeneration

Engineered approaches replicating the organized ECM of muscle have seen some
success in terms of the force production of the regenerated muscle [32] and have improved
the formation of NMJs. The restoration of highly oriented and structured muscle and NMJ
tissue may require engineering the ECM with appropriate templates or sacrificial scaffolds
until cells can differentiate and deposit their own matrix. Sacrificial templates enhanced
ECM deposition in a rat model of a tibialis anterior defect, where engineered ECM scaffolds
with parallel microchannels were subcutaneously implanted, and the template was then re-
moved and decellularized (Figure 1). Compared to controls, rats that received the scaffolds
had extensive neotissue formation in the grafting area, as well as cell infiltration, blood
vessel formation, and new ECM deposition [33]. Neo-muscle tissue had acetylcholine recep-
tors and nerve fiber contacts resembling early NMJ formation, suggesting this engineered
ECM microchannel model is a promising in vitro and in vivo platform.

Although decellularized ECM has been shown to aid tissue regeneration, it may
require additional materials for effective tissue delivery. A recent study coupled the use of
ECM with extracellular vesicles (EVs), cell-secreted nanoparticles that convey intercellular
signals to propagate tissue repair. Decellularized muscle ECM was combined with human
EVs derived from Wharton Jelly mesenchymal stromal cells (MSC EVs) to boost tissue
regeneration in a murine VML model [34]. Thirty days after the removal of the tibialis
anterior, ECM plus MSC EV treated mice had significantly higher myosin heavy chain
(MHC) expression compared to controls treated with muscle ECM in phosphate-buffered
saline (PBS). Notably, the EV-treated mice showed gains in muscle function compared to
the control group, underscoring the potential of ECM and EVs as aids in tissue-specific
regeneration and functional restoration.

Xenogeneic ECM (ECM derived from animal tissue) scaffolds were tested as platforms
for skeletal muscle restoration in another complex injury model [35]. A scaffold composed
of small intestinal submucosa ECM (SIS-ECM) was used to repair resections in canine
vastus lateralis and vastus medialis muscles. At 1, 2, 3, and 6 months post-injury, muscle
function was not restored [35]. However, the SIS–ECM appeared to promote integration of
soft and bony tissues, suggesting it may be a useful tool in engineering the ECM after injury
to promote an integrative cellular response. Other uses of xenogeneic ECM in skeletal
muscle tissue engineering have involved porcine bladder tissue in murine models of VML,
and they have shown improved perivascular stem cell mobilization and accumulation,
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with increased skeletal muscle cell proliferation at the injury sites [23]. The porcine bladder
ECM supported the formation of stimulus-responsive skeletal muscle cells and tissues
in mice, which resulted in functional improvement in three implanted human patients.
Notably, all patients showed signs of de novo formation of muscle tissue and vasculature.
In the same study, an accompanying murine VML model found no evidence of new skeletal
muscle tissue proliferation in the untreated controls. Conversely, animals treated with ECM
formed islands of desmin and myosin heavy chain-positive (MHC+) striated skeletal muscle
throughout the defect and scaffold placement areas, consistent with an ECM-mediated
constructive remodeling effect [23]. EMG analysis further showed that ECM treated mice
displayed muscle activation characteristics closer to those of uninjured mice, rather than
untreated controls. Taken together, these studies suggest xenogeneic ECM has the potential
to improve functional muscle regeneration in human patients.

Figure 1. Materials composed of cells and ECM show promise for recreating the complex, hierarchical
structure of functional skeletal muscle tissue. ECM–cell composite scaffolds effectively guide cells
towards the spatial organization required for muscle, nerve, and blood vessel formation. (A–C) Cellu-
lar guiding effects of ECM–cellular (ECM–C) and control scaffolds. Skeletal actin fibers and nuclei of
(A) L6, (B) RSC96, and (C) A10 cells were respectively stained with fluorescein isothiocyanate (FITC)
conjugated phalloidin and DAPI at one and three days. (D,E) Live/dead staining and cell viability of
L6, RSC96, and A10 cells on different scaffolds at seven days. Live cells are stained green and dead
cells are stained red (n = 15). Figure adapted with permission from Zhu et al. 2019 [33].

2.1.2. ECM-Based Personalized Disease Models

Engineered muscle ECM is a crucial component of recently developed and highly
accurate in vitro disease models, which are of significant interest as personalized test
platforms for novel muscle-targeting therapeutics. Collagen VI- related dystrophies (COL6-
RDs) are rare congenital neuromuscular dystrophies where alterations in one of the three
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collagen VI genes change the collagen’s incorporation into the ECM, severely impacting the
mechanical coherence of the matrix [36]. COL6-RDs result in muscle weakness, proximal
joint contractures, and distal hyperlaxity. To bridge the gap between the specific ECM
features of COL6-RD patients and the known clinical phenotype, recent work engineered
a novel, personalized preclinical model of COL6-RDs using cell-derived matrices (CDMs).
These CDMs were developed using the forearm skin fibroblasts of patients with COL6-RD
and healthy donors. Disease markers were significantly increased in CDMs from COL6-RD
patients compared to controls (CDMs derived from healthy patients). Additionally, higher
Collagen VI and fibronectin alignment, length, width, and straightness were observed
in control CDMs compared to patient-derived CDMs, suggesting the model successfully
captured the matrix characteristics of COL6-RD [36]. This and other studies summarized
elsewhere [37] hint towards a future of personalized disease models for identifying the most
effective treatment for individual patients. Engineering the ECM to accurately replicate
specific disease morphologies will lay the groundwork for novel surgical, rehabilitative,
and pharmacological treatments of currently incurable conditions.

The future of engineered cell–ECM interactions in skeletal muscle tissue engineering
extends to personalized injury models. ECM–cell materials can potentially recreate the
tissue structure that is destroyed during VML, with the goal of restoring the large quantities
of the specific muscle tissue (for example, the quadriceps or the gastrocnemius) lost in
VML, thus reversing the associated disability. Recreating the highly organized mechanical
and biological structure of muscle tissue remains a significant challenge. Both natural and
engineered ECM, as a standalone biomaterial or in combination with other scaffolds, is
uniquely suited to providing a culture environment that mimics native muscle. Though
much exploration is still needed regarding the role of ECM in directing cell behavior in de-
generative or muscle wasting diseases, improved in vitro and in vivo models of engineered
ECM–cell interactions will advance our knowledge of which mechanical, biochemical, and
genetic factors synergize to initiate skeletal muscle pathologies.

To prevent or reverse skeletal muscle atrophy, a viable strategy may be targeted
hypertrophy using ECM-based materials to stimulate muscle cells. Matricellular proteins
play key roles in ECM–cell communication and are necessary to understand in engineering
ECM–cell interactions for musculoskeletal regeneration. A recent study indicated that
matricellular protein cellular communication network factor 2 (CCN2), also known as
connective tissue growth factor (CTGF), is induced during a time course of overload-
driven skeletal muscle hypertrophy in mice and may be a useful addition to current
strategies. Genetically engineered mouse models for myofiber-specific CCN2 gain- and loss-
of-function were subjected to mechanical stimuli via muscle overload. Testing showed that
myofiber-specific deletion of CCN2 blunted the muscle’s hypertrophic response to overload
without interfering with ECM deposition. Conversely, CCN2 overexpression was efficient
in promoting overload-induced aberrant ECM accumulation without affecting myofiber
growth [38]. The study results, following these genetic alterations, suggest the existence
of independent ECM and myofiber stress adaptation reposes, both of which appear to be
mediated by CCN2. Furthermore, the study proposed that CCN2 acts by regulating focal
adhesion kinase (FAK)-mediated transduction of overload-induced extracellular signals,
including interleukin 6 (IL6), as well as their downstream impact on global protein synthesis
in skeletal muscle [38]. These findings highlight the crucial role of the muscle-derived
ECM factor CCN2 in enabling mechanically induced, hypertrophic muscle growth, and
they suggest that providing native CCN2 may be a significant advantage of ECM-based
regenerative approaches.

141



Bioengineering 2023, 10, 453

Table 1. Recent and noteworthy studies focused on cell–ECM–material interactions in skeletal muscle.

Tissue Model Material Main Findings

Skeletal Muscle

ECM combined with
extracellular vesicles (EVs)

and mesenchymal stem cells
(MSCs) in a murine

VML model.

Decellularized ECM and
extracellular vesicles (EVs).

Muscle regeneration was enhanced
after 30 days in mice treated with

ECM and EVs.
Higher MHC and gains in muscle

function compared to control
groups [34].

ECM scaffolds with parallel
microchannels (ECM-C) by

subcutaneous implantation of
sacrificial templates followed

by template removal
and decellularization.

ECM scaffolds with parallel
microchannels (ECM-C).

Compared to controls, rats that
received the scaffolds had extensive
neo-tissue formation in the grafting

area, as well as cell infiltration, blood
vessel formation, and new ECM

deposition, which were not observed
in the controls.

Neo-muscle tissue had acetylcholine
receptors and nerve fiber contacts,
resembling early neuromuscular

junction formation [33].

Unilateral resection of the
distal third of the vastus

lateralis and medial half of the
distal third of the vastus
medialis in dogs; defects
replaced with scaffolds

composed of small intestinal
submucosa extracellular

matrix (SIS-ECM).

Scaffolds composed of small
intestinal submucosa

extracellular
matrix (SIS-ECM).

SIS-ECM promoted integration of soft
and bony tissues, suggesting it may
be a useful tool in engineering the

ECM after injury to promote
an integrative response in the

cells [35].

Xenogeneic porcine urinary
bladder ECM scaffolds used

as a surgical treatment for
volumetric muscle loss in both
a preclinical rodent model and

human male patients.

Xenogeneic porcine urinary
bladder ECM

Scaffolds.

Porcine bladder ECM supported the
formation of stimulus-responsive
skeletal muscle cells and tissues in
mice, and functional improvement
was observed in three implanted

human patients. ECM-treated mice
showed muscle activation [23].

Preclinical model of collagen
VI- related dystrophies

(COL6-RDs) using
cell-derived matrices (CDMs)
developed using the forearm

skin fibroblasts of both
patients with (COL6-RD), as

well as from healthy
donors without

neuromuscular disease.

Cell-derived matrices (CDMs)
developed using the forearm

skin fibroblasts of both
patients with (COL6-RD), and
from healthy donors without

neuromuscular disease.

Disease markers were significantly
increased in CDMs from COL6-RD

patients compared to controls (CDMs
derived from healthy patients).

Higher collagen VI and fibronectin
alignment, length, width, and

straightness were observed in control
CDMs compared to patient-derived

CDMs [36].

Decellularized canine
placentas and murine skeletal
muscle ECM placed in male

Wistar rats with pockets at the
posterior limbs.

Decellularized canine
placentas and murine

skeletal muscles.

Higher percentage of proliferative
PCNA+ cells three days after

implantation in placenta-derived
matrices, compared to muscle

derived matrices.
Higher percentage of CD163+high

macrophages in muscle-derived ECM;
higher percentage of CD163+low

macrophages found in
placenta-derived ECM 3- and 15-days

post-implantation [39].
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2.1.3. Interactions between ECM and the Immune System in Skeletal Muscle

Immune cell–ECM interactions are also critical for muscle growth and regeneration.
Despite their emerging potential in regenerative approaches, decellularized allogeneic and
xenogeneic ECM scaffolds may cause an aggressive inflammatory response when implanted.
To combat this, a recent study compared decellularized canine placentas and murine skeletal
muscles as scaffolds for regenerating skeletal muscles in a rat model [39]. Muscle pockets
were created at the posterior limbs of male Wistar rats, into which the muscle and placenta
derived ECM were implanted. Three days after implantation, a higher percentage of
proliferative cells (PCNA+) was seen in placenta-derived matrices compared to muscle
derived matrices [39]. Additionally, higher percentages of CD163+high macrophages were
observed in the muscle derived ECM group, whereas CD163+low macrophages were found
at higher percentages in the placenta-derived ECM group three- and fifteen-days post
implantation. These findings indicate that the local inflammatory response mediated by
the implantation of the placenta-derived ECM was similar to that of the allogeneic muscle
ECM, suggesting that placenta-derived ECM may minimize inflammation. Placental
tissue is an abundant biomaterial that is often discarded as medical waste. Deriving ECM
scaffolds from the placenta is desirable, as it is easier to procure than skeletal muscle, and
decellularization produces large quantities of tissue. Future decellularized ECM approaches
may source placental and other currently underutilized tissues, as research showing the
source of the ECM to be consequential continues to emerge.

Decellularized ECM-based approaches may overstimulate the immune system by
using excessive ECM material. Insufficient ECM can compromise musculoskeletal tissue
function, but excessive ECM deposition that mimics or instigates fibrosis is detrimental, as
it drives replacement of the resident muscle fibers with collagenous scar tissue, leading to
atrophy and poor mechanical function. Unwanted infiltration of fibrotic tissue is commonly
seen in implantation of allogeneic ECM scaffolds and in acute surgical injury. Anticipa-
tion and prevention of the physiological mechanisms responsible for fibrosis are needed
within regenerative approaches. To this end, a recent study targeted cyclooxygenase-2
(COX-2), the rate-limiting enzyme in synthesis of prostaglandin and a positive regulator
in pathophysiological processes, such as inflammation and oxidative stress [40]. Injured
muscles in both human patients and mouse models overexpressed COX-2 compared to
non-damaged muscle regions. COX-2 was also upregulated in human and murine fi-
broblasts following TGF-β stimulation [40]. The same study investigated how celecoxib,
a COX-2 inhibitor, impacted fibrogenesis in human patients. Celecoxib-mediated COX-2
inhibition was anti-fibrotic via inhibition of fibroblast differentiation, proliferation, and
migration, as well as inactivation of TGF-β-dependent signaling, non-canonical TGF-β
pathways, and suppression of both reactive oxygen species (ROS) formation and oxidative
stress [40]. Similarly, celecoxib-mediated inhibition of COX-2 in mouse models resulted in
decreased tissue fibrosis and increased skeletal muscle fiber preservation, reflected by less
ECM formation and myofibroblast accumulation with decreased p-ERK1/2, p-Smad2/3,
TGF-βR1, VEGF, NOX2, and NOX4 expression. This work suggests that pharmacologically
targeting the COX-2/PDK1/AKT signaling pathway may be a beneficial co-intervention to
block immune rejections when using ECM scaffolds in skeletal muscle.

2.1.4. Other ECM-Based Approaches in Skeletal Muscle

Other ECM proteins, such as SPARCL1, have recently been targeted due to their
roles in myogenic differentiation. SPARCL1 was quantified in transfected C2C12 mouse
muscle myoblasts and in a mouse tibialis anterior injury model, where in vivo results
suggested that SPARCL1 is associated with muscle damage repair in mice, and in vitro
data showed that SPARCL1 binds to bone morphogenetic protein 7 (BMP7) by regulating
BMP and transforming growth factor (TGF)-β cell signaling [41], both pathways that
ultimately promote myogenic differentiation in C2C12 cells. Using CRISPR/Cas9, the
same study showed that SPARCL1 activated BMP/TGF-β to promote the differentiation of
C2C12 cells, and BMP7 molecules interacted directly with SPARCL1. Overall, SPARCL1
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influenced the expression of BMP7 and activity of the BMP/TGF-β signaling pathway,
while SPARCL1 activation was accompanied by BMP7 inhibition in C2C12 cells, confirming
that SPARCL1 affects BMP7 expression and can promote C2C12 cell differentiation through
the BMP/TGF-β pathway.

In addition to signals from ECM proteins, muscle cell differentiation is dependent on the
correct assembly of the ECM itself, which is in turn regulated by matrix-metalloproteinases
(MMPs). Reversion-inducing-cysteine-rich protein with kazal motifs (RECK) is a membrane-
anchored protein that negatively regulates the activity of different MMPs. RECK’s role
in skeletal muscle differentiation, regeneration, and fibrosis have only recently been ex-
plored, but one study showed that, during myogenic differentiation of C2C12 myoblasts
and satellite cells on isolated muscle fibers, RECK was transiently upregulated, and up-
regulation alternated with periods of RECK reduction [42]. Additionally, when RECK
levels were reduced, C2C12 myoblasts were likely to enter their differentiation program
with an accelerated differentiation process. RECK- deficient (RECK±) mice models were
also compared to WT controls. In vivo results indicated that the transient upregulation of
RECK occurs during skeletal muscle regeneration and is accelerated in RECK± mice. The
RECK± mice had diminished fibrosis in response to chronic muscle damage compared to
WT controls, suggesting that RECK acts as a myogenic repressor during muscle formation
and regeneration [42]. Attenuating the effects of RECK in the ECM may prove useful for
engineered and regenerative muscle therapies.

2.1.5. ECM-Cell Interactions and Muscle Fibrosis

Beyond acute injuries, muscle fibrosis can often result from muscular dystrophies.
Though there are many different pathologies that directly lead to muscular dystrophy, re-
search focus has recently shifted to patients with defects in fukutin-related protein (FKRP).
FKRP is a glycosyltransferase, with the only identified function of transferring ribitol-5-
phosphate to α-dystroglycan (α-DG) [43]. Interestingly, this modification is crucial for ECM
attachment. A recent study showed that FKRP directs sialylation of fibronectin, a process es-
sential for collagen recruitment to the muscle basement membrane [43]. The study findings
indicated that FKRP regulates the major muscle–ECM linkages essential for fiber survival,
and thus warrants further investigation as a disease axis for several muscular dystrophies.
Understanding how the FKRP-dependent glycosylation of fibronectin regulates muscle
pathology may prove useful, not only for understanding muscular dystrophies, but also as
a new pathway to explore in ECM-mediated muscle regeneration.

A related study specifically targeted Duchenne muscular dystrophy (DMD), which
is characterized by increased muscle stiffness alongside a buildup of collagenous fibrotic
tissue and other ECM materials. It was previously unknown if, and by which mechanisms,
collagen organization changes with the progression of DMD in diaphragm muscle tissue,
and it was difficult to predict how collagen organization influences the mechanical proper-
ties of the ECM. C57BL/10ScSn-Dmdmdx/J (mdx) and wild type (WT) mice models were
compared and assessed for collagen fibers straightness and alignment after three months
and six months. Collagen was significantly straighter and more aligned in the WT mice
at both timepoints, though collagen fibers retained a transverse orientation relative to the
muscle fibers in both models. Image-based finite element mechanical models predicted
an increase in the transverse relative to longitudinal (muscle fiber direction) stiffness, with
the stiffness ratio (transverse/longitudinal) increased in the mdx model compared to the
WT at three and six months. This study highlights that the changes in diaphragm ECM
structure and mechanical properties during the disease progression in the mdx muscular
dystrophy mouse may be the underlying mechanism driving changes to the diaphragm
muscle function that are severe complications of DMD. These results suggest that exploiting
cell–ECM–material interactions to increase collagen fiber organization and alignment may
be a viable strategy for engineering muscle grafts or materials to treat dystrophies and
alleviate the ECM disorganization that fibrosis causes.
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Muscular fibrosis can also be the result of other pathologies, such as denervation
(denervation-induced fibrosis), which follows loss of nervous system stimulation or con-
nectivity to a skeletal muscle. A recent study showed that mice subjected to a unilateral
sciatic nerve transection accumulated ECM protein, such as collagen and fibronectin, in
the denervated hindlimb, together with increased levels of the profibrotic factors TGF-
β and connective tissue growth factor (CTGF/CCN2). Mice that were hemizygous for
CTGF/CCN2 or mice treated with a blocking antibody against CTGF/CCN2 had a reduced
accumulation of ECM proteins after denervation, compared to control mice. Additionally,
these mice had no changes in fibro/adipogenic progenitors (FAPs). The same study found
that ECM proteins and CTGF/CCN2 levels were increased two to four days after denerva-
tion; however, TGF-β signaling did not increase until one to two weeks post-denervation.
Blocking TGF-β did not decrease fibronectin or CTGF levels four days following denerva-
tion, suggesting that CTGF/CCN2 is not upregulated by canonical TGF-β signaling early
after denervation. Further investigation is necessary to understand the other factors in-
volved in the early fibrotic response following skeletal muscle denervation. Understanding
these signals can lead to strategic ECM-mediated approaches to simultaneously regenerate
muscle and reduce fibrosis in denervated areas.

Primary myelofibrosis (PMF) is a type of myeloproliferative neoplasm (MPN) charac-
terized by a buildup of fibrotic tissue in the bone marrow. Given the negative side effects
of current treatment options, such as the JAK2 inhibitor, as well as ruxolitinib, which
also does not always have high efficacy, recent research has turned toward the possibility
that ECM and bone marrow (BM) microenvironments may have an important role in the
development of PMF. Lysyl oxidase (LOX), an enzyme that plays a key role in the ECM by
facilitating the cross-linking of collagen and elastin fibers, has recently been targeted as an
area for research, as it has been shown to be upregulated in megakaryocytes (MKs) of PMF
mice and in PMF patients. This upregulation alludes to the possibility that LOX has a role
in the progression of BM fibrosis. As such, LOX has been identified as a potential novel
therapeutic target for PMF, leading to the development of small molecule LOX inhibitors,
PXS-LOX 1 and PXS-LOX 2, which have shown that they may slow the progression of PMF
in preclinical studies. Furthermore, these inhibitors prove to be potential PMF therapeutic
agents, as they can target the dysregulation of the ECM via LOX inhibition. Including
LOX inhibitors into ECM-derived tissue engineering may be useful in preventing potential
osteo-fibrotic diseases, such as PMF.

The ECM ultimately provides two avenues for guiding myogenic cell behavior: ECM–
material interactions for improved scaffold fabrication, as well as ECM–cell interactions
for enhanced control of cellular outcomes. Understanding ECM proteins and their role
in cellular communication is proving to be a crucial element in EMC-mediated muscle
regeneration. New materials that incorporate native or engineered ECM, or that mimic
key aspects of the ECM, are supporting unprecedented control over cell fate following
cell–material interactions. As myogenic materials continue to improve in terms of cost,
reproducibility, and immunogenicity prevention, we expect that their uses and relevance
in both clinical and research settings will expand. We now shift our focus to cell–ECM–
material interactions in cartilage tissue engineering.

2.2. Cartilage

Selected approaches utilizing cell–ECM–material interactions to regenerate cartilage
are summarized in Table 2. Cartilage tissue engineering aims to slow, halt, or reverse the
progression of osteoarthritis (OA), an inflammatory disease that impacts daily function,
and it is likely to affect over 75 million Americans and over 300 million patients globally
by 2030 [1,44]. Changes to the body’s biochemical and mechanical environment initiate
and drive OA. The ECM is critical in the context of OA, as alterations in ECM mechanics,
particularly stiffness, have been shown to activate macrophages (MFs) [45,46]. Briefly,
OA is associated with immune cell activation, including MFs [47], in response to stiffness
changes in the ECM [48,49]. Further, ECM stiffening with alterations to the chondrocytes
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(cartilage cells) occurs in articular cartilage during OA [50–53]. In a recent proof-of-concept
study, the ECM mechanical properties were tuned to reduce pro-inflammatory macrophage
phenotypes, highlighting the therapeutic potential of keeping ECM mechanics within
a desired stiffness range [46]. Given the lack of treatments that can restore normal articular
function, once clinically-identifiable OA sets in, as well as the early promise of mechanics-
based anti-inflammatory interventions in engineered cartilage ECM [45], and there is
significant interest in engineering articular cartilage ECM with mechanical and biochemical
properties that can treat or reverse OA.

Currently, invasive and noninvasive methods are used to treat early to moderate
OA. Available treatments, including pharmaceuticals and physical therapy, do not ade-
quately address the problem of tissue degeneration, but instead reduce pain and slow
OA progression. However, existing treatments do not meaningfully improve the under-
lying clinical problem of tissue deterioration. A recently developed method that directly
addresses cartilage damage is targeted cellular therapy. While its promising results are
reviewed elsewhere [54], a key takeaway from approaches utilizing targeted cell delivery
is that is that chondrocytes can undergo rapid dedifferentiation and lose their ability to
produce hyaline cartilage and form fibrocartilage during in vitro culture, likely due to the
lack of ECM-supplied spatial and mechanical cues. Engineered cartilage ECM that can
provide chondrocytes with the necessary signals is an important and ongoing area within
OA research.

Changes in the nanoscale structure of cartilage ECM lead to changes in macroscale
tissue behavior that may initiate and propagate OA, but these changes can also potentially
be deliberately induced to prevent or reverse OA [46,55]. The concept of harnessing
the cartilage ECM mechanics to prevent macrophage-mediated initiation of OA has only
recently been suggested as a proof-of-concept study that showed that certain stiffnesses
could be protective against MF activation in inflammatory OA [45]. Generally, stiffer
environments elicit a pro-inflammatory M1 phenotype, while softer environments induce
polarization to a pro-remodeling M2 phenotype [53,56]. This relationship between MFs and
ECM dynamics could be exploited towards reversing OA or developing novel treatments
for MF-mediated OA. More studies are needed to understand the role small changes in the
ECM mechanical environment plays in initiation and propagation of OA. Taken together,
recent studies illustrate how the ECM can be engineered to enhance cell participation in
articular cartilage tissue repair or otherwise support cell delivery [54].

2.2.1. Cartilage ECM as an Engineered Material

The ECM has outsized role in cartilage homeostasis and dysregulation. The special-
ized ECM found in cartilage is a crucial component of the tissue structure and function,
accounting for 90% of the tissue’s dry weight, a higher proportion than what is found in
most other tissues, except for tendon and perhaps bone [57]. Chondrocytes account for
only 2–5% of total cartilage tissue volume [58]. Due to the unique composition of its ECM,
cartilage withstands the high loads experienced during human locomotion [59]. Numerous
ECM-mediated environmental factors influence chondrocyte metabolic activities, including
composition of the matrix and the secretion of soluble mediators. Growth factors and
cytokines are secreted in response to mechanical loading, which is also transmitted to the
cells via the matrix [59,60]. Since articular cartilage is avascular, the ECM plays a dispro-
portionately large role in regulating chondrocyte metabolism compared to tissues with
higher vascularization.

Cartilage ECM further supports the specialized mechanical properties of the tissues
that make articular cartilage engineering a challenge [61]. Articular cartilage has a low
coefficient of friction (COF), which is challenging to replicate in engineered constructs. Due
to its influence on the COF of engineered cartilage [62], the ECM has emerged as a possible
material for lowering the COF of in vitro cartilage constructs. Decellularized ECM extracted
from the superficial zone cartilage of juvenile bovine femoral condyles increased the
compressive and tensile stiffness of self-assembled articular cartilage constructs prepared
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from juvenile bovine stifle joints. Importantly, the addition of ECM decreased both the COF
and glycosaminoglycan content, and it increased the collagen content of the constructs [63].
This approach demonstrated that the ECM may address the longstanding challenge of
mimicking the COF of cartilage. As the COF has been shown to be higher in hydrogel-based
biomaterials used to treat articular cartilage defects [64], other materials, such as those
fabricated from ECM, may be more appropriate if COF is the main concern. Indeed, ECM
scaffolds for cartilage regeneration have generated considerable interest and are reviewed
thoroughly elsewhere [3]. More work is needed to understand how to maintain a native
cartilage-like COF in vitro and in vivo, particularly over long periods of time. Engineered
ECM may be an optimal approach for recreating the appropriate COF.

Human ECM from allogeneic sources [65] or cadaveric donors has also shown promise
as an engineered material for cartilage regeneration. An acellular three-dimensional in-
terconnected porous scaffold derived from human cartilage ECM improved cell adhesion,
proliferation, and differentiation of bone marrow-derived mesenchymal stem cells (BMSCs)
into chondrocyte-like cells over 21 days [66]. These chondrocyte-like BMSCs were trans-
ferred onto another cartilage ECM-derived porous scaffold and implanted subcutaneously
into nude mice. Over four weeks, these scaffolds produced cartilage-like tissue with high
levels of sulfated proteoglycans and collagen type II, illustrating that human ECM can sup-
port chondrocyte maturation [66]. Though human ECM is in short supply, small amounts
may be sufficient to initiate the proliferation and maturation of chondrocytes needed to
trigger endogenous regeneration of cartilage.

Moving forward, cartilage ECM may be purposefully generated from animal or hu-
man cells to avoid the need for a donor altogether [67]. A recent study tested decellularized
human bone marrow mesenchymal stem cell-derived extracellular matrix (hBMSC-ECM) as
a culture substrate for chondrocyte expansion in vitro, as well as a scaffold for chondrocyte-
based cartilage repair [68]. Chondrocytes were grown on both tissue culture plastic (TCP)
and decellularized hBMSC-ECM. Chondrocytes deposited on the hBMSC-ECM showed
significantly increased proliferation rates and effectively maintained the chondrocyte phe-
notype when compared to the group cultured on TCP. Additionally, chondrocytes in the
ECM group had improved chondrogenic differentiation profiles compared to the TCP
group controls. To test the in vivo compatibility of the ECM, a three-dimensional chon-
drocyte impregnated hBMSC-ECM (cell/ECM) culture system was implanted into SCID
mice. Fourteen days post-implantation, prominent cartilage formation was observed in the
cell/ECM group. These findings suggest that the stem cell-ECM combinatorial approach is
a promising avenue for in vitro and eventual in vivo cartilage regeneration.

In addition to serving as the main scaffold material, cartilage ECM can augment
other commonly used scaffolds, including polyurethane. A notable advantage of re-
cently developed waterborne polyurethane-ECM (WPU-ECM) scaffolds is that they can be
three-dimensionally printed at temperatures suitable for cell survival [69]. These scaffolds
successfully achieved hierarchical macro-microporous structures. Following ECM addition,
WPU scaffolds had optimal porosity, hydrophilicity, and bioactivity. These scaffolds also
enhanced cell distribution, adhesion, and proliferation compared to control WPU-only
scaffolds. Most importantly, the WPU–ECM scaffold could facilitate the production of gly-
cosaminoglycan (GAG) and collagen, as well as the upregulation of cartilage-specific genes,
which is difficult to achieve in other cartilage tissue engineering platforms. In vivo studies
in rabbits showed that WPU-ECM scaffold combined with a microfracture procedure suc-
cessfully regenerated hyaline cartilage six months after implantation [69]. Overall, although
ECM was not the main component of these scaffolds, the combination of ECM with WPU
significantly increased scaffold functionality, creating a favorable microenvironment for
cell adhesion, proliferation, differentiation, and ECM production. Given the difficulties
in sourcing large quantities of ECM, the ability to functionalize readily available scaffold
materials, such as polyurethane, with smaller quantities of ECM, while still achieving
significant regeneration and repair of the target tissue, is highly desirable.
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2.2.2. Cartilage ECM to Modulate Fibrosis

Finally, we examine recent progress in engineering the cartilage ECM to control the
progression of fibrosis. OA progression results in increased deposition of fibrotic tissue
throughout the joint. As cartilage tissue is primarily ECM, with few chondrocytes, blood
vessels, lymph nodes, or nerves, fibrotic tissue overwhelms intrinsic repair responses.
The quantity and density of the cartilage ECM further prevents normal healing due to
the reduced diffusion of stem cells and nutrients through the tightly packed extracellular
and pericellular spaces [70]. In response to the challenges that the ECM poses to healing,
studies have attempted to treat fibrosis through the replacement or modification of the
cartilage ECM. Drawing inspiration from studies outside of the musculoskeletal system
that inhibited fibrotic YAP signaling by using collagenase to soften the ECM in uterine
fibroids [71], pro-fibrotic pathways were successfully inhibited using the anti-fibrotic agent
nintedanib to protect chondrocytes from fibrosis due to ECM degradation [72]. Other
methods for repairing or preventing fibrosis in cartilage have incorporated MSCs, using
implanted cells to increase the production of functional ECM and fill in cartilage lesions to
replace fibrotic regions [73]. By recalibrating the balance between chondrocyte-generated,
functional ECM and fibrotic ECM, such approaches seek to shield the underlying articular
tissue from further damage and overloading. Despite their promise, techniques seeking to
regenerate the ECM struggle to adequately direct migration of implanted cells, suggesting
crucial signals are still missing. Future approaches should engineer the ECM to better
enable targeted migration of implanted cells to the desired cartilage areas.

The mere presence of cartilage ECM in engineered constructs promotes further excre-
tion of ECM from chondrocytes. This can be a useful tool in cartilage reparative techniques,
as the implanted ECM stimulates the chondrocytes’ reparative response. A survey of
various scaffolds for cartilage reconstruction found that growing MSCs in extracted ECM
scaffolds resulted in higher chondrocyte proliferation and cartilage ECM production com-
pared to a pure collagen scaffold, and this was conducted without the need for extrinsic
growth factors [74]. The chondrogenic effect of the matrix may be due to the natural ECM
material’s retention of GAGs, particularly chondroitin sulfate and aggrecan [74]. These pro-
teins have been shown to induce chondrogenesis in in vitro cell populations [75]. As more
approaches utilize scaffolds incorporating natural ECM components, improved control
over chondrocyte behavior and targeted, chondrogenic regeneration will be achieved.

Another key aspect of cartilage ECM is the basement membrane, which is responsible
for cellular adhesion to the articular interstitial matrix. The basement membrane supports
cell signaling, mechanotransduction, and acts as a protective barrier for the cells. Cartilage
basement membrane consists primarily of Collagen IV (Col IV), laminin, nidogen, and
perlecan. The proportions of these components in cartilage vary due to aging and overall
tissue health. Perlecan is of particular interest, as it is a developmental regulator of articular
cartilage, binds with a variety of ligands in the ECM and pericellular matrix, and is involved
in mechanotransduction and intracellular communication. While the understanding of
how perlecan and other basement membrane components contribute to healthy articular
cartilage is limited, a recent study found that adequate perlecan in both the basement
membrane and pericellular matrix greatly enhanced cartilage repair and structural integrity
of the tissue [76]. Perlecan increases around cartilage injury sites, but its role in articular
cartilage repair mechanisms remains understudied. More work is needed to understand
how this promising ECM component may support articular cartilage engineering.

Overall, substantial challenges remain in engineering cartilage ECM to prevent or
reverse OA and other cartilage diseases. Promising future approaches build upon a strong
and expanding foundation of ECM-material combinations that can recreate crucial mechan-
ical and biochemical aspects of healthy and diseased articular cartilage. Unique approaches
using bioinks [77,78] (Figure 2) and ECM from organisms outside the mammalian king-
dom are also promising [79], adopting research directions that are “outside the box” of
traditional tissue engineering strategies. For the first time, emerging techniques, such as
three-dimensional printing and electro-writing for scaffold fabrication, can recreate some
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of the differences observed in natural cartilage layers [77]. An ongoing challenge will be
engineering cartilage ECM to possess the unique properties of native tissue, namely, the
mechanics and low COF. As new materials emerge and are incorporated into combinato-
rial scaffold-ECM approaches, musculoskeletal tissue engineering will progress towards
functional regeneration of articular cartilage.

Figure 2. Recent approaches to regenerate articular cartilage have used cartilage ECM and ECM-
component ink, in combination with cells. (A,B) The printing process uses high concentration
collage and chondrocyte ink, and the results in scaffolds retain their three-dimensional shape (as
shown in (B)). (C) Hematoxylin and eosin staining of the cartilage tissue that formed after 12 days
in culture. Cartilage formation is observed within the striated muscle tissue (20× magnification).
(D) Mason’s trichrome staining shows bone tissue formation (in the lower section of the image;
10× magnification). (E) Five days after implantation, (H,E) staining shows cellularity within the
scaffold (10× magnification). The scaffold in five days after the implantation. (F) PCNA-positive
nuclei of chondroblasts and proliferating cells in the connective tissue capsule (40× magnification).
(G) Glycosaminoglycans staining in blue shows cells are producing components of native cartilage
matrix (10× magnification). (H) Staining for type II collagen (brown) shows additional components of
the cartilage matrix are being produced by the metabolically active cells (10× magnification). Taken
together, three-dimensional printing of cartilage with custom bioinks is a recent and viable strategy
for cartilage tissue engineering studies. Adapted from Beketov et al. (2021) with permission under a
Creative Commons CC BY 4 license [78].

2.3. Tendon

Selected approaches utilizing cell–ECM–material interactions to regenerate tendon
are summarized in Table 3. A tendon is a collagenous musculoskeletal tissue that connects
muscle to bone to enable normal movement and daily activity. The tendon is relatively
acellular and comprised mainly of Collagen 1 (Col1) that is secreted by tenocytes (tendon
cells) during early embryonic and post-natal development. A mature tendon has limited
regenerative capacity. Damage to the collagenous tendon ECM is associated with long-term
pathology and diminished daily function. Due to its low cellularity, the tendon heals
poorly, and this is often accomplished via fibrotic scar formation that prevents normal
mechanical function. The precise role of the ECM in tendon development, homeostasis, and
disease is multifaceted and remains incompletely understood, but tendon ECM is known to
support various mechanical and cellular functions [80]. A critical component of the tendon
ECM is its hierarchical organization of Col1 fibers. Disruptions to the structure of these
fibers are associated with tendon dysfunction and disease [81]; an important consideration
when engineering the tendon ECM is the three-dimensional organization of the matrix
components. Non-collagenous components of the tendon ECM must also be considered, as
they have numerous functions in aging and disease [82,83].
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A recent study addressed the need for hierarchical structure in engineered tendon by
developing engineered and aligned autologous ECM scaffolds (Figure 3) [84]. Precision-
designed templates were subcutaneously implanted in rats to generate decellularized au-
tologous ECM from rats. The resulting scaffolds had highly aligned microchannels, which
persisted after the templates and cellular components were removed. Once implanted,
the scaffolds promoted rapid cell infiltration, modulated the MF response, supported
collagen-rich ECM synthesis, and resulted in physiological tissue remodeling in Achilles
tendon defects [84]. Three months post-operatively, the mechanical strength of the tenocyte-
populated ‘neo-tendons’ was comparable to that of the pre-injury tendons. This study was
one of the first to utilize subcutaneous ECM engineering, and it lays the groundwork for
similar approaches in other animals and human patients, where autologous ECM might
also be grown subcutaneously.

Figure 3. Polycaprolactone (PCL)–cell–ECM scaffolds support tendon regeneration. (A) Schematic
of the scaffolds and implantation procedure. (B) Micro-CT scans of the transverse and longitudinal
position in the aECM and dNat scaffolds. (C) PCL–cell–ECM, cell–ECM, aECM, decellularized native
tendon (dNat) scaffold and native tendon microstructures were visualized using SEM cross- (top
panels) and longitude- (bottom panels) sections. The figure was adapted with permission from
Li et. al. 2019 [85].

Overuse injuries are common in tendons. Tendon overuse gradually degrades the
ECM and alters its crucial mechanotransductive properties, causing pain and disability [85].
Mechanotransduction is the conversion of mechanical signals to cellular signals; damage
to the ECM results in warped signals reaching the cells, in turn impacting the cellular
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response to the loads caused by daily movement. Continuous microdamage accumulation
in the tendon ECM, combined with the tissue’s poor regenerative capabilities, contributes
to tendinopathy. Engineered tendon ECM must account for the wide variety of mechanical
stimuli different tendons experience (for example, force-transferring Achilles tendons
versus limb-positioning digital flexor and extensor tendons) and their reaction to these
loading profiles [86,87]. Tendon tissue engineering is further complicated by the poor
understanding of how distinct tendons may follow different developmental pathways, and
they may vary in certain cellular processes, such as ECM homeostasis and remodeling [88].
While cell–EMC interactions are generally mediated by structures including cilia, integrins,
connexins, and the cytoskeleton to support homeostasis, adaptation, or repair, it is possible,
and perhaps likely, that these structures are not consistent across all tendon types. Attempts
to engineer tendon ECM for use in regenerative studies must consider the unique functions
of the target tendons. Such approaches have yet to be explored, but they are a promising
future direction for tendon tissue engineering.

2.3.1. Engineered Tendon ECM to Understand Development and Disease

Mechanical force regulates tendon ECM organization, as well as tendon growth factor
signaling through the transforming growth factor beta (TGFβ) family [89], indicating that
tailoring the ECM to modulate the mechanical signals received by tendon cells is a crucial
consideration of tendon tissue engineering. Work in zebrafish showed that, in addition
to being transmitted via the ECM, mechanical forces can change the composition of the
tendon ECM [89]. The feedback between tendon cells and ECM composition in response
to mechanical loading supports the need to utilize ECM in tendon tissue engineering as
a means of delivering desired signals to the cells. Multiscale mechanotransduction via the
ECM has been proposed as a central focus of future tendon therapeutics [88].

An engineered tendon ECM can also be used to direct stem cell differentiation towards
the tendon phenotype. The extracellular compartment is responsible for tendon morpho-
genesis during early development, in part due to the spatial cues it provides [90]. ECM
elasticity [91] and proteoglycan content [92,93] have also been extensively implicated in
tendon development and disease, but have yet to be considered as tunable and targetable
components of engineered tendon ECM. As the tendon ECM is highly specialized [94],
tendon tissue engineering may benefit by exploiting this specialization and incorporating
specific ECM components in both in vitro and in vivo work. Future work that designs
an ECM consisting of selected ECM components and other molecules found to be critical to
tendon differentiation, such as cadherins and connexins [95], can elucidate the unknown
cellular and mechanical processes that underlie tendon disease.

Beyond its mechanical properties, tendon ECM has been engineered to support tis-
sue function via enhancement of its structural and compositional functions. Solubilized
tendon ECM was recently used to induce tenogenesis (differentiation towards tendon) in
human adipose-derived stem cells [96]. Extracted tendon ECM yielded consistent protein
compositions that enhanced tenogenic gene expression in the cells via pathways related
to ECM-associated processes. These findings support the continued use of solubilized
ECM-based materials and approaches for enhancing musculoskeletal differentiation from
stem cells. Such approaches may prove especially useful for induced pluripotent stem cells
(iPSCs), in which consistent control of differentiation has proved challenging. ECM derived
from specific tissues may provide cues that are otherwise difficult to incorporate within
in vitro studies. In addition to providing specific matrix components, engineered ECM may
also supply degradation cues, in response to which the cells can initiate remodeling. Such
an approach may approximate the degradation–regeneration cycle seen with exercise [97].
Mimicking these cues in vitro via targeted ECM modifications can establish what amount
of exercise is protective versus damaging to tendons in various stages of development
or healing.
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Table 2. Recent and noteworthy studies focused on cell–ECM–material interactions in cartilage.

Tissue Model Material Main Findings

Cartilage

Rat bone marrow-derived
mesenchymal stem cells
(rBMSCs) cultured with

cryo-ground decellularized
cartilage ECM.

Cryo-ground decellularized
cartilage ECM.

Chemically decellularized cartilage
(DCC) particles significantly

outperformed TGF-β in
chondroinduction of the rBMSCs.
Collagen II gene expression was

more than an order of magnitude
greater compared to controls [74].

Porcine methacryl-modified
solubilized and

devitalized cartilage
(MeSDVC) hydrogels.

Cryo-ground decellularized
cartilage ECM methacrylated
with glycidyl methacrylate

(GM) and methacrylic
anhydride (MA).

Methacrylation of the ECM
increased printability of the

MeSDVC hydrogels by creating
paste-like consistency.

Hydrogel stiffness increased to
physiologically useful ranges [98].

BMSCs grown in dual-stage
crosslinked hyaluronic

acid-based bioink that was
covalently linked to

transforming growth
factor-beta 1 (TGF-β1).

Hyaluronic acid (HA) bioink
with covalently
bonded TGF-β1.

Tethered TGF-β1 maintained
functionality post

three-dimensional printing and
generated high quality

cartilaginous tissues without
exogenous growth factors [99].

BMSCs grown in porcine
photocrosslinkable

methacrylated cartilage
ECM-based hydrogel
bioink (cECM-MA).

Decellularized MA-
methacrylated cartilage

ECM bioink.

BMSCs were viable post-printing
and underwent chondrogenesis
in vitro, generating tissue rich in

sulphated glycosaminoglycans and
collagens [100].

Rat chondrocytes grown in
genipin-crosslinked gelatin

scaffolds with
varying porosity.

Genipin-crosslinked
gelatin scaffolds.

Chondrocytes proliferated and
readily generated ECM with pore

sizes of 250 and 500 μm [101].

hMSCs grown in tunicate
exoskeleton-derived dECM. Tunicate dECM.

Tunicate ECM was decellularized
while retaining the

honeycombed-shaped
microstructure that improved

metabolic activity, cell proliferation,
and chondrogenic differentiation in

hMSCs [79].

Rat chondrocytes grown in
high concentration collagen

bioprinted hydrogel scaffolds.

An amount of 4% collagen
hydrogel bioink.

Subcutaneous implantation of the
bioprinted scaffold resulted in

cartilage-like tissue formation in
rats as early as one week post

implantation [78].

BMSCs grown in polyethylene
glycol diacrylate (PEGDA)

and ECM
electro-written hydrogel.

High porosity PEDGA and
porcine-derived ECM

electro-written scaffold.

Electro-written PEDGA and ECM
scaffold induced chondrogenesis

and had anti-inflammatory
effects [79].

Adipose-derived stem cells
(ADSCs) grown in cartilage

dECM and waterborne
polyurethane (WPU) scaffolds,

using low-temperature
deposition

manufacturing (LDM).

Cartilage dECM and WPU.

Hierarchical macro-microporous
dECM- WPU scaffolds regenerated
hyaline cartilage in a rabbit articular
cartilage microfracture model [69].
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Table 2. Cont.

Tissue Model Material Main Findings

Mouse chondrocytes in
human bone marrow-derived

MSC-ECM (hBMSC).
hBMSC-ECM.

In vivo subcutaneous implantation
of hBMSC-ECM scaffold in mice

improved chondrocyte proliferation
and development of a bioactive

matrix [68].

Decellularized allogeneic
hyaline cartilage graft
(dLhCG) for porcine

knee repair.

Decellularized pure
hyaline-like

cartilaginous ECM.

dLhCG resulted in superior efficacy
in articular cartilage repair,

surpassing living autologous
chondrocyte-based cartilaginous
engraftment repair methods [65].

Self-assembled articular
cartilage constructs grown in

bovine femoral condyle
superficial zone
cartilage ECM.

Bovine femoral condyle
superficial zone
cartilage ECM.

Extracted cartilage ECM reduced
friction coefficients of the

self-assembled articular cartilage
constructs [63].

2.3.2. Engineered Tendon ECM as a Repair Material

As tendon ECM provides essentially all the mechanical functions of tendon tissue,
replicating its structure and function is of particular importance to regenerative and tissue
engineered approaches for treating tendon injuries. The acellular matrix has been explored
as a means of augmenting rotator cuff repairs, where disruption to the gradated tendon-
mineralized fibrocartilage-bone matrix is associated with complex recoveries and long-term
loss of function. Human acellular dermal matrix (ADM) used as a patch was shown to be
a viable option based on results in canine large rotator cuff defect models [24]. More recently,
bovine decellularized tendon matrix (DTM) used in a rabbit model of Achilles tendon injury
successfully prevented post-surgical adhesion, a common complication following surgical
tendon repairs [98]. DTM acts as an anti-adhesion membrane, with the added benefit of
being completely degraded after 12 weeks of subcutaneous implantation. This same study
pioneered the use of tandem mass tag (TMT) labeling proteomics to analyze the protein
compositions of native tendon, acellular tendon, and DTM, so as to quantitatively show
the significant bioactivity and regenerative potential of the bovine DTM, and this is likely
for other DTM-type materials. Recent advances in decellularization techniques, combined
with micro-sectioning to preserve tissue viability and bioactivity with reduced reliance
on chemical saturation, are expanding the pool of viable ECM sources. The emerging
concept of using engineered ECM materials not only as a component of scaffolds, but
also as a post-surgical treatment to augment existing repair techniques, will expand the
potential applications of engineered ECM in the coming decades.

Another promising approach in tendon repair is the use of ECM to address post-
operative fibrosis. Tendon surgery can lead to fibrosis of the affected or implanted tissue
due to the graft adhering to surrounding native tissues. This adherence is the most common
post-surgery complication in tendon repair [99], but decellularized ECM shows promise
for preventing this outcome. A recent clinical trial showed that freeze-dried amniotic
membrane could prevent adhesion following surgical repair of flexor tendons injured in
zone II [99]. Adhesion was significantly lower in patients with the amnion membrane
wrapped around the ends of the tendon compared to control patients who received im-
plants made of poly-DL-lactic acid (PDLLA). Immune responses were also minimal in the
amnion group, suggesting that this method may be used to prevent post-surgical tendon
adherence in the future, as well as in larger tendons than the flexors of the hands. Another
recent clinical trial also successfully used ADM during hand flexor reparative surgery as
a tendon scaffold and tendon adhesion preventative [100]. Twelve months post-operatively,
patients treated with the ADM had significantly reduced adhesion and increased ten-
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don functionality compared to controls treated without the implant. A third trial using
ADM found improved range of motion of the proximal and distal interphalangeal joints
six months post operatively versus control groups treated conventionally [101]. Taken
together, these and other studies show that matrix implants can aid in preventing adhesion
and halting further tissue and joint destruction following invasive reparative surgeries.
More work is needed to characterize the cellular interactions and behaviors that these
implants facilitate within the tendons. Once the cellular pathways are better understood,
new matrix-based materials may be developed that stimulate desired cellular behaviors
and suppress unwanted outcomes, such as activation of the cellular pathways leading to
fibrosis and adhesion.

Table 3. Recent and noteworthy studies focused on cell–ECM–material interactions in tendon.

Tissue Model Material Main Findings

Tendon

Acellular dermal matrix (ADM)
tendon scaffold affixed to hand
flexor tendon post-operation.

Decellularized dermal ECM.

Addition of ADM post operation
reduced tendon adhesion and

improved long term functionality
of the flexor tendon [100].

Decellularized bovine tendon
ECM used as

an anti-adhesion membrane.

Decellularized tendon
matrix (DTM).

DTM improved tendon repair in
rabbits by reducing adhesion and
cellular proliferation, as well as

improving healed tendon
quality [98].

Human adipose-derived stem
cells (hASCs) grown in
urea-extracted bovine
decellularized tendon

matrix (DTM).

Urea-extracted decellularized
tendon matrix (DTM).

Urea-extracted DTM increased
hASC proliferation and tenogenic

differentiation, and it also
induced unique tenogenic gene

expression profiles [96].

Rat tendon self-repair with
implanted decellularized

autologous extracellular matrix
(aECM) scaffolds with highly

aligned microchannels.

aECM scaffolds with aligned
microchannels created

through poly (ε-caprolactone)
(PCL) microfiber

bundle templates.

Subcutaneously implanted aECM
scaffolds with aligned

microchannels increased cellular
infiltration and proliferation in

the damaged tendon, resulting in
improved restoration of rat

tendon post-injury [84].

Human acellular dermal matrix
graft for canine tendon repair. Decellularized dermal ECM.

Within 12 weeks of implantation,
the graft restored tendon

functionality and mimicked
autologous tendon both

histologically and
mechanically [24].

2.3.3. Engineering Cell Interactions with the Non-Collagenous Components of the
Tendon ECM

It is worthwhile to consider the interactions between the cells and the non-collagenous
components of tendons. While collagens and their hierarchical structural formations
make up 70 to 90% of the total tissue volume in tendon, its less abundant components
also provide crucial functions. These include proteoglycans, glycosaminoglycans, and
non-collagenous proteins that are incompletely understood and poorly characterized,
particularly with respect to their roles in mechanotransduction and their contributions
to the mechanical properties of tendon [88,102]. These non-collagenous components are
important for mediating cellular interactions with the matrix. The pericellular matrix
directly surrounding tendon cells is comprised of mostly non-collagenous proteins that
transfer mechanical stimuli to the cells in order to regulate mechanosensitive expression of
genes [102]. To date, no approaches have directly engineered the makeup of the tendon
ECM to quantify how specific cellular interactions with specific non-collagenous proteins
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affect tendon development, homeostasis, injury, or repair. There is significant potential for
future approaches to manipulate the non-collagenous components of tendon ECM with the
goal of directing specific cellular responses for tendon regeneration.

Engineered cell–ECM–material interactions may also benefit tendon wound repair.
The tendon has limited healing capacity, but prior work has shown that biglycan and
fibromodulin, two non-collagenous components of the tendon ECM, can enhance the
wound healing capacity of tendon progenitor cells [103]. Recent work has shown that
interactions with both the collagenous and non-collagenous components of the tendon
ECM supports proliferation and wound healing properties of tendon stem/progenitor
cells [104], while a new study also demonstrated the potential of the hippo-pathway
downstream effector, yes-associated protein (Yap), as a signaling target using exosomes
for targeted wound repair [105]. Notably, hippo and Yap are known to be mediated by
mechanical and biochemical signals from the ECM. The results of this study indicate that
exosomes stimulating these pathways could be a way to bypass the need for a healthy
ECM to drive wound healing, in the case that there is extensive damage to the tendon ECM
following injury or disease. More work must be performed regarding the use of exosomes
in moderating and enhancing certain cell-ECM interactions.

Ultimately, though the tendon may be the least explored tissue in the context of engi-
neered ECM approaches for regeneration, we see rapid advancements in the use of natural
and engineered ECM and ECM-composite materials for uses in tendon tissue engineering.
As ongoing research elucidates the impact of the ECM in tendon development, mainte-
nance, and injury, engineered ECM-material approaches will provide useful interventions
for improved tendon healing and regeneration. Tendon ECM is responsible for many
of the tissues’ mechanical and biochemical properties, and expanding the capabilities of
engineered ECM to drive cell behavior is a critical and ongoing area of investigation.

2.4. Bone

Selected approaches utilizing cell–ECM–material interactions to regenerate bone are
summarized in Table 4. Skeletal tissues serve important functions related to overall health,
most notably providing the structure and protection necessary for the internal organs to
perform their vital functions. Bone ECM has additional roles as a reservoir of calcium and
other inorganic ions [106]. The cells housed within the bone matrix are major and active
regulators of calcium homeostasis, and they secrete important hormones in response to
cues from the ECM [106]. Bone is a regenerative tissue that is continuously remodeled
throughout the lifespan by the osteoblasts on the bone surface that deposit new matrices,
and the osteoclasts resorb the matrices. Osteocytes, the terminally differentiated cells
embedded within the bone, maintain bone homeostasis and orchestrate many endocrine
and paracrine functions [107]. Much of the interest in the bone matrix is driven by the search
for improved treatments for osteoporosis, a bone-mass loss and demineralization disease
that impacts hundreds of millions of patients globally [108]. Osteoporosis, more common
in women over 50 due to menopause, reducing bone density, leads to decreased bone
mass that can result in frequent fractures, particularly of the spine, arms, and hips [109].
Understanding how the bone ECM contributes to disease prevention, progression, and
potential prognosis [110] is an urgent clinical need. To this end, several approaches have
used bone-derived ECM scaffolds to understand how the bone matrix impacts cell behavior
and bone regeneration.

2.4.1. Engineered Bone ECM-Mimicking Scaffolds

The well-defined composition and structure of bone ECM facilitates biofabrication of
bone ECM scaffolds for uses in tissue engineering. Mimicking the porosity, permeability,
and tortuosity of bone ECM is relatively straightforward and may enhance cell migra-
tion, as show in a recent computational study [111]. Another study integrated distinct
biofabrication strategies to develop a multiscale porous scaffold that was both mechanically
functional at the time of implantation, and that facilitated rapid vascularization, while
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providing stem cells with appropriate cues to enhance differentiation into osteoblasts [112].
A polycaprolactone (PCL) scaffold was integrated with decellularized bone ECM, produc-
ing osteoinductive filaments for three-dimensional printing. The addition of bone ECM to
the PCL not only increased the mechanical properties of the resulting scaffold, but it also
improved cellular attachment and enhanced osteogenesis of mouse mesenchymal stem
cells (MSCs). The use of three-dimensional printing, particularly for bone ECM with its
stable, interconnected, and somewhat predictable structure, will likely feature prominently
in ongoing studies seeking to enhance cellular bone deposition.

Oriented ECM scaffolds have also been fabricated to imitate the material and structural
properties of the natural bone growth plate, utilizing bone marrow stromal cells (BMSCs)
to prevent bone bridge formation and growth plate injuries [113]. Growth plate injuries can
disrupt normal bone development and lead to irregularities in bone length and shape after
healing [114]. Limited treatments exist for growth plate injuries, especially if intervention is
not rapid [115,116]. A recent study induced a growth plate injury in rabbits. Animals were
treated with engineered, oriented ECM scaffolds and autogenous BMSCs, ECM scaffolds
only, or injured but not treated with a scaffold or cells. At 16 weeks, the tibial defects
(simulated growth plate injuries) treated with the ECM scaffolds and cells were filled
with a neogenetic growth plate. Rabbits treated with only the ECM scaffolds still had
physical defects, but the growth plate displayed some closure, with bone trabeculae and
fibrous tissue growth. Controls showed some closure of the growth plate. Overall, BMSCs
successfully adhered to and distributed within in the oriented scaffold in the group treated
with both the ECM scaffold and the cells [117]. Radiological testing further showed that
the scaffold and cell treatment decreased angular deformities and length discrepancy of the
tibia when compared to other groups. The addition of BMSCs within the ECM scaffolds
also promoted the regeneration of neogenetic chondrocytes during the repair of the injured
growth plates and prevented the formation of bone bridges. Although total prevention of
angular deformities and length discrepancies was not achieved, ECM-derived growth plate
scaffolds combined with BMSCs have exciting potential applications in growth plate repair.

ECM from non-musculoskeletal tissues has also been successfully used to induce in
situ bone regeneration. Porous polycaprolactone (PCL)/decellularized small interesting
submucosa (SIS) scaffolds were fabricated using cryogenic free-form extrusion, followed by
surface modification with aptamer and PlGF-2123–144peptide-fused bone morphogenetic
protein 2 (pBMP2) [118]. Rats were used to model a critically sized calvarial defects, into
which a scaffold was implanted. At four- and eight-weeks post-operatively, defects im-
planted with the PCL/SIS-BMP2-Apt and PCL/SIS-pBMP2-APT scaffolds had substantial
mineralized tissue, which was not seen in defects implanted with PCL/SIS and PCL/SIS-
Apt groups. Micro-CT showed that the bone volume/tissue volume percentage (BV/TV%)
and bone mineral density (BMD) values for defects implanted with PCL/SIS-Apt were
significantly higher than those in the control group, suggesting that scaffolds with aptamers
stimulated bone regeneration in vivo [119]. At eight weeks post-operatively, the bones
in the injury sites with the PCL/SIS-pBMP2-Apt scaffold had completely bridged the
defect. Bone formation was not seen in the PCL/SIS group, where only connective tissue
formed. Rats implanted with the PCL/SIS-pBMP2-Apt scaffolds also showed evidence of
angiogenesis. The combined use of BMP2 and Apt-19 (Aptamer 19) within a biomimetic
PCL/SIS scaffold has promising applications in bone regeneration, despite the ECM source
(the SIS) being outside the musculoskeletal system. Using SIS in musculoskeletal regenera-
tions may be advantageous compared to other types of ECM, as large quantities of SIS are
readily available.

Another promising scaffold for bone regeneration was recently developed using
polylactic glycolic acid, bone ECM, and magnesium hydroxide. Magnesium is an emerg-
ing scaffold material that resists the loading from human activities and has potential
uses as an orthopedic implant due to its porosity and robustness [120]. To mediate the
negative effects associated with PLGA (i.e., low mechanical properties and acidic byprod-
ucts), a porous PLGA (P) scaffold was created and combined with magnesium hydroxide,
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(MH, M) bone-extracellular matrix (bECM, E), and polydeoxyribonucleotide (PDRN, P) to
improve anti-inflammatory ability, osteoconductivity, and introduce pro-osteogenic and
pro-angiogenic effects, as well as osteoclast inhibition [121]. PLGA (control), PME, and
PMEP groups were assessed for biocompatibility and cellular activity. PME and PMEP
groups had significantly increased biocompatibility compared to the PLGA group, as both
scaffolds increased the population of calcein AM positive human bone-marrow mesenchy-
mal stem cells (hBMSCs), i.e., live cells, at one, three, and seven days post-implantation [117].
The angiogenic properties of the PDRN were confirmed using human umbilical vein en-
dothelial cells (HUVECs) treated with PDRN, since PDRN treatment formed a significant
number of branch points and longer vessel lengths in the HUVECs. Quantitative real-time
PCR (qRT-PCR) determined the that the PME scaffold reduced inflammation markers in the
3D hBMSC scaffolds at seven and twenty-one days, since expression of interleukin-6 (IL-6)
and interleukin 1β (IL-1β) were lower compared to the PLGA scaffolds. The PMEP scaffold
further reduced inflammatory markers when compared to PME scaffolds. Osteogenic
capacity was also highest in the PMEP scaffolds. These findings show that mMH has
the potential to both enhance the mechanical properties and neutralize acidification of
PLGA scaffolds, with widespread implications for bone tissue engineering, as PLGA has
potential to be an excellent material for bone regeneration if its mechanical properties and
acidification are improved. bECM improved osteogenesis by effectively providing natural
calcium and phosphate. The vascularization driven by the PDRN underscores the potential
applications of these engineered, ECM–cell–material-based scaffolds.

2.4.2. Bone Scaffold Functionalization with ECM

In addition to serving as a scaffold material, ECM can functionalize existing scaf-
folds to enhance osteogenic potential for bone regeneration applications. As a recent
example, ECM was functionalized onto the surface of multi-channel biphasic calcium
phosphate granules (MCG) to increase osteogenesis and regeneration. The collagen, sul-
fated glycosaminoglycan, and trace amounts of growth factors, such as BMP2, vascular
endothelial growth factor (VEGF), transforming growth factor TGFβ, and fibroblast growth
factor (FGF), were found in the ECM supported proliferation of MC3T3-E1 cells over
seven days [118]. Protein adsorption and osteogenic properties were improved on ECM
functionalized MCG scaffolds compared to controls, and ECM functionalized scaffolds
enhanced bone regeneration in a rabbit model of a femoral head defect. While this particu-
lar study functionalized MCG scaffolds only, ECM can be formatted into powders, gels,
sponges, bioinks, and other formats to improve existing biomaterial scaffold systems used
for musculoskeletal regeneration.

In a unique formatting approach, bone ECM was configured into demineralized
bone paper (DBP) as a material to direct osteoblasts to deposit structural mineralized
bone tissue [119]. DBP effectively stimulated the trabecular osteoid, directed rapid, and
structural mineralization by osteoblasts, and it contained the microenvironment necessary
to support bone remodeling. Notably, this study focused on the trabecular bone niche,
rather than the cortical bone niche explored in many other approaches, an important detail
in the context of diseases, such as osteoporosis that severely impact the trabecular bone of
the vertebrae [108]. Compared to control cells cultured in TCP, which is commonly used
in osteogenic in vitro experiments, cells grown in the DBP displayed significantly higher
mineralization, collagen alignment, and elongated morphology that was also aligned with
the underlying lamellar structure of the demineralized bone [119] (Figure 4). As one of the
first studies to create a bone organoid for understanding the mineralization of trabecular
bone, this work lays the foundation for future inquiries using a new generation of in vitro
bone models.
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Figure 4. Osteoblasts grown on demineralized bone paper (DBP) display enhanced regenerative
capacities compared to osteoblasts grown on tissue culture polystyrene (TCP). (A) Morphology of
OBs grown on vertically sectioned DBP and TCP for one week. (B) Immunofluorescent staining
of actin filaments. (C) Circular histogram of cell alignment angles (n = 100). (C) Top: z-staked
cross-sectional image of DBP will osteoblasts growing. Bottom: Cross section of 100-μm-thick DBP
stained with alizarin red after three-week culture of osteoblasts (n = 3). (D) Mineral deposition by
osteoblasts on DBP and TCP, showing alizarin red mineral stain on days zero and four. (E) Time-
course measurement of mineral deposition by osteoblasts for 16 days (n = 3). * indicates p-value < 0.05;
** indicates p-value < 0.01. Figure adapted with permission under a Creative Commons Open Access
License from Park et al., 2021 [120].

Other notable in vitro bone models work towards elucidating the mechanisms nec-
essary for proper bone–ECM interactions (alignment and osteogenic differentiation). It
was recently established that many ECM-associated proteins contain thrombospondin
type 1 repeat (TSR) motifs that play critical roles in cellular processes, such as cell–cell
attachment, extracellular matrix (ECM) remodeling, cell proliferation, and apoptosis [120].
TSRs are modified with O-linked fucose that is added in the endoplasmic reticulum to
folded TSRs by the enzyme protein O-fucosyltransferase-2 (POFUT2). POFUT2 likely
promotes efficient trafficking of substrates. Mouse embryos that lack POFUT2 die early in
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development, emphasizing the importance of the modification for TSR-protein function.
Using Prrx1-Cre recombinase, a recent study investigated the impact of POFUT2 knockout
on the secretion of POFUT2 substrates and on ECM properties in vivo. Loss of POFUT2 in
the limb mesenchyme caused significant shortening of the limbs, long bones, and tendons,
and it stiffened the joints, resembling the deformities seen in musculoskeletal dysplasias in
humans and mice with ADAMTS or ADAMTSL mutations [120]. In the mouse model, limb
shortening was evident by day 14.5, and loss of O-fucosylation led to an accumulation of
fibrillin 2 (FBN2), decreased BMP and IHH signaling, and increased TGF-β signaling. The
hypertrophic zone decreased in size, with lower levels of collagen X (ColX). Surprisingly,
there were minimal effects of the POFUT2 knockout on secretion of two POFUT2 sub-
strates, CCN2 or ADAMTS17, in the developing bone. Conversely, CCN2, ADAMTS6, and
ADAMTS10 (POFUT2 substrates important for bone development) had decreased secretion
from POFUT2-null HEK293T cells in vitro. Overall, this study suggests that there are cell-
type specific responses to the POFUT2 mutation, and O-fucose modification on TSRs may
stretch further than the promotion-efficient trafficking of POFUT2 substrates, with the po-
tential to influence their function in the extracellular environment [120]. Further studies that
characterize the mechanisms behind O-fucose modification on TSRs may provide valuable
insight to how ECM-associated protein modifications affect bone tissue regeneration.

2.5. Tuning ECM Mechanical Signals for Bone Tissue Engineering

While this review has already discussed the widely accepted premise that ECM stiff-
ness is important in the regulation of stem cell differentiation, how cells sense stiffness cues
and adapt their metabolic activities remains less understood. Recent research explores the
role of mitochondrial phosphoenolpyruvate carboxykinase (PCK2) in enhancing osteogene-
sis in three-dimensional ECM via glycolysis in the context of stem cell osteogenesis [121].
The three-dimensional trabeculae network of normal and osteoporotic bone with different
microstructure and stiffness were mimicked via encapsulation of bone marrow derived
mesenchymal stem cells (BMMSCs) in methacrylate gelatin (GelMA) hydrogels. The osteo-
porotic mice models were established by ovariectomy and compared with sham controls,
where three-dimensional BMMSCs/GelMA complexes were inserted into surgically in-
duced femoral defects. PCK2 promoted osteogenesis in three-dimensional ECM with
tunable stiffness in vitro and in vivo [121]. PCK2 enhanced the rate-limiting metabolic
enzyme pallet isoform phosphofructokinase (PFKP) in three-dimensional ECM, and it
further activated the AKT/extracellular signal-regulated kinase 1/2 (ERK1/2) cascade,
which directly regulates osteogenic differentiation of MSCs. The newfound complexity
of the crosstalk between cell mechanics and metabolism may inform ongoing approaches
seeking to harness kinase cascades for bone regeneration. Elucidating such mechanisms
provides a unique direction for ECM-mediated bone tissue regeneration, as well as new
therapeutic strategies for osteoporosis.

A similar study used a mouse model of trauma-induced heterotopic ossification
(HO) to examine how cell-extrinsic forces impact mesenchymal progenitor cell (MPC)
fate. Mice were given a partial thickness scald burn injury to produce a burn/tenotomy
HO model. Post injury, mice had their hind limbs immobilized. Single-cell (sc) RNA
sequencing of the injury site revealed an early increase in MPC genes associated with
pathways of cell adhesion and ECM-receptor interactions, as well as MPC trajectories to
cartilage and bone [122]. Interestingly, active mechanotransduction was observed after
the injury, with increased focal adhesion kinase signaling and nuclear translocation of
transcriptional coactivator TAZ. TAZ inhibition mitigates HO, but joint immobilization was
shown to decrease mechanotransductive signaling, which completely inhibited HO [122].
As HO is a debilitating complication following both soft and hard musculoskeletal tissue
injury, there is significant interest in inhibiting HO without also inducing permanent
bone loss or adipogenesis within musculoskeletal tissues. This study further identified
decreases in collagen alignment and increases in adipogenesis as a result of immobilization,
highlighting the need for a better understanding of the delicate balance between HO and
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adipogenesis following bone injury. Overall, this study suggests that joint immobilization
after injury causes decreased ECM alignment, altered MPC mechanotransduction, and
changes in genomic architecture, favoring adipogenesis over osteogenesis. Understanding
the importance of mobilization for correct fiber alignment in the ECM is important for
both bone tissue regeneration and the long-term management of other musculoskeletal
tissues injuries.

Faulty skeletal muscle repair can also result in HO. A recent study used fibrodysplasia
ossificans progressiva (FOP), a disease of progressive HO caused by an activin receptor
type-1 (ACVR1) mutation, to elucidate how ACVR1 affects skeletal muscle repair [123].
Primary FOP human muscle stem cells (Hu-MuSCs) isolated from cadaveric skeletal mus-
cle had increased ECM marker expression, as well as skeletal muscle-specific impaired
engraftment and regeneration ability. Human iPSC-derived muscle stem/progenitor cells
(iMPCs) single-cell transcriptome analyses from FOP showed uncharacteristically increased
ECM and osteogenic marker expression compared to control iMPCs [124]. These findings
suggest that ACVR1 activation in iMPCs or Hu-MuSCs may contribute to HO by changing
the local tissue environment, and blocking this activation can prevent HO in ECM and
non-ECM based regenerative approaches. Alternatively, genetically modified cells with
dysfunctional ACVR1 could be useful starting platforms for growing scaled-up muscle
tissues in vitro that can be subsequently implanted into VML defects.

Bone ECM stiffness has also been implicated in pathologies of the spine. Intervertebral
disc degeneration (IDD) is thought to be initiated by the mechanical stimulation provided by
the ECM stiffness. ECM defines the mechanical microenvironment of the nucleus pulposus
(NP). The mechanosensitive ion channel Piezo1 mediates mechanical transduction within
the disc, and a recent study explored the function of Piezo1 in human NP cells subjected
stiffness levels comparable to those found in the ECM. The expression of Piezo1 and the
ECM elasticity modulus increased in degenerative NP tissues, and stiff ECM activated
the Piezo1 channel and increased intracellular Ca2+ levels [124]. Increased intracellular
reactive oxygen species (ROS) levels and factors that contribute to endoplasmic reticulum
(ER) stress were also observed as a result of Piezo1 activation. Additionally, oxidative
stress-induced senescence and apoptosis in human NP cells were correlated with stiffer
ECM [125]. By inhibiting Piezo1, senescence and apoptosis were alleviated in the stiff ECM
environment. Correlatively, Piezo1 silencing in vivo improved the condition of IDD and
decreased the elastic modulus of rat NP tissues. Manipulating Piezo1 may be beneficial
in mediating the effects of stiffening ECM that could occur with ECM mediated tissue
regeneration techniques.

Moving forward, as the use of scaffolds containing cell-derived ECM continues to
be a viable strategy for mediating bone regeneration, a mechanistic understanding of
the benefits of ECM compared to other scaffolding techniques is needed. A recent study
used ECM-loaded three-dimensional printed gelatin (Gel), sodium alginate (SA), and
58s bioglass (58sBG) gels seeded with either rat aortic endothelial cells (RAOECs) or rat
bone mesenchymal stem cells (RBMSCs) were used to explore the mechanisms underlying
the advantages of ECM-containing scaffolds. In vitro osteogenic differentiation results
showed that scaffolds coated with ECM significantly increased the expression of osteogenic
and angiogenic genes compared to uncoated control scaffolds, likely due to the presence
of native ECM proteins [125]. In vivo experimentation showed that ECM-loaded scaffolds
implanted into mandibular defects effectively promoted bone healing compared to non-
ECM scaffolds. Both RAOECs–ECM and RBMSCs–ECM scaffolds greatly enhanced bone
formation as a result of multiple factors, namely, the increased expression of RUNX2, OCN,
BMP2, CD31, and VEGF [125]. More studies are needed that exploit the ECM specifically
to enhance expression of these factors in an osteogenic manner, given they may be the
mechanism behind the improved cellular outcomes seen with ECM scaffolds.

Looking towards the future, with large proportions of the population aging in the
United States, China, Japan, and globally, the clinical need for regenerative bone therapies
will continue to grow exponentially. We have highlighted unique strategies for exploiting
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the existing cellular ability to remineralize and regenerate bone, without the need for
invasive surgical grafts or drug combinations with side effects that reduce the patients’
quality of life. As research continues to elucidate the mechanisms by which bone ECM
supports and regulates bone function, paracrine and endocrine signaling, and homeostasis,
engineered ECM approaches will provide novel and exciting platforms for regenerative
bone therapies.

Table 4. Recent and noteworthy studies focused on cell–ECM–material interactions in bone.

Tissue Model Material Main Findings

Bone

Polycaprolactone (PCL)
scaffold integrated with

decellularized bone ECM
seeded with mouse
mesenchymal stem

cells (MSCs).

Polycaprolactone (PCL)
scaffold integrated with

decellularized bone ECM.

The addition of bone ECM to the PCL
increased the mechanical properties of the

resulting scaffold, increased cellular
attachment, and enhanced osteogenesis of

mouse mesenchymal stem cells (MSCs) [112].

Growth plate injury was
induced in rabbits and treated

with engineered oriented
ECM scaffolds and

autogenous BMSCs, ECM
scaffolds only, or injured but

not treated with a scaffold
or cells.

Engineered oriented
ECM scaffolds.

BMSCs successfully adhered to and
distributed within the oriented scaffold in

the group treated with both the ECM scaffold
and the cells.

The ECM scaffold and BMSCs generated
functional tissue-engineered cartilage

superior to the other groups, and the scaffold
and cell treatment decreased angular

deformities and length discrepancy of the
tibia when compared to other groups.

Addition of BMSCs within the ECM scaffolds
promoted regeneration of neogenetic

chondrocytes during the repair of the injured
growth plates and prevented the formation

of bone bridges [113].

Critical-sized calvarial defect
in a rat model; porous

polycaprolactone
(PCL)/decellularized small
interesting submucosa (SIS)
scaffolds injected into defect.

Scaffolds were fabricated
using cryogenic free-form

extrusion and surface
modification with

aptamer and
PlGF-2123-144peptide-fused

bone morphogenetic
protein 2 (pBMP2).

Porous polycaprolactone
(PCL)/decellularized small

interesting submucosa
(SIS) scaffolds.

Four- and eight-weeks post-op, defects
implanted with the PCL/SIS-BMP2-Apt and

PCL /SIS-pBMP2-APT scaffolds had
substantial mineralized tissue not seen in

defects implanted with PCL/SIS and
PCL/SIS-Apt groups.

Significantly higher bone volume/tissue
volume percentage and bone mineral density

for defects implanted with PCL/SIS-Apt
compared to controls.

Eight weeks post-op, the bones in the injury
site with PCL/SIS-pBMP2-Apt scaffold had

completely bridged the defect, and
angiogenesis occurred in rats implanted with

the PCL/SIS-pBMP2-Apt scaffolds [116].

Porous PLGA (P) scaffold
combined with magnesium

hydroxide (MH, M),
bone-extracellular matrix

(bECM, E), and
polydeoxyribonucleotide

(PDRN, P).

Polylactic glycolic acid,
magnesium hydroxide, and

bone ECM.

PME and PMEP groups displayed
significantly increased biocompatibility
compared to the PLGA group, and both
scaffolds had an increased population of

calcein-AM positive human bone-marrow
mesenchymal stem cells (hBMSCs), i.e., live

cells at one, three, and seven days
post-implantation [117].
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Table 4. Cont.

Tissue Model Material Main Findings

ECM functionalized onto the
surface of multi-channel

biphasic calcium phosphate
granules (MCG), seeded with

MC3T3-E1 cells, and
implanted into a rabbit

femoral head defect model.

ECM functionalized onto the
surface of multi-channel

biphasic calcium phosphate
granules (MCG).

Protein adsorption and osteogenic properties
were improved on ECM functionalized MCG

scaffolds compared to controls.
ECM functionalized scaffolds enhanced bone
regeneration in a rabbit model of a femoral

head defect [118].

Bone ECM was configured
into demineralized bone

paper (DBP) as a material to
direct osteoblasts to deposit
structural mineralized bone

tissue, and it was seeded with
osteoblasts from DsRed

reporter mice.

ECM configured into
demineralized bone

paper (DBP).

DBP effectively stimulated the trabecular
osteoid, directed rapid and structural

mineralization by osteoblasts, and contained
the microenvironment necessary to support

bone remodeling.
Compared to control cells cultured on TCP,

cells grown in the DBP displayed
significantly higher mineralization, collagen
alignment, and elongated morphology that
was aligned with the underlying lamellar
structure of the demineralized bone [119].

Osteoporotic mice models
(established by ovariectomy)

with three-dimensional
complexes of encapsulated

bone marrow derived
mesenchymal stem cells

(BMMSCs) in methacrylate
gelatin (GelMA) hydrogels,

and they inserted it into
surgically induced

femoral defects.

Methacrylate gelatin
(GelMA) hydrogels.

Mitochondrial phosphoenolpyruvate
carboxykinase (PCK2) promoted

osteogenesis in three-dimensional ECM with
tunable stiffness in vitro and in vivo.

PCK2 enhanced the rate-limiting metabolic
enzyme pallet isoform phosphofructokinase

(PFKP) in three-dimensional ECM, and it
further activated AKT/extracellular

signal-regulated kinase 1/2 (ERK1/2)
cascades to regulate osteogenic
differentiation of MSCs [121].

ECM-loaded
three-dimensional printed

gelatin (Gel), sodium alginate
(SA), and 58s bioglass (58sBG)
gels were seeded with either

rat aortic endothelial cells
(RAOECs) or rat bone

mesenchymal stem cells
(RBMSCs), and they were

implanted into rat
mandibular defects.

ECM-loaded
three-dimensional printed

gelatin (Gel), sodium alginate
(SA), and 58s bioglass

(58sBG) gels.

Scaffolds coated with ECM significantly
increased the expression of osteogenic and

angiogenic genes.
ECM-scaffolds promoted bone defect healing

in vivo compared to the pure scaffold.
RAOECs–ECM scaffolds and RBMSCs–ECM
scaffolds enhanced bone formation, likely via
increased expression of RUNX2, OCN, BMP2,

CD31, and VEGF [125].

3. Future Directions

Enhanced understanding of micro- and nanoscale mechanical properties of engineered
ECM materials are considered here.

Significant research has already been conducted to understand the mechanics and
topography of ECM, as well as how these properties relate to cellular changes at a macro-
scopic level [126–129]. There is much opportunity to improve understanding of the ECM
at the microscopic and nanoscale levels, which are the scales encountered by developing,
differentiating, injured, and healing cells. Assessing these properties at the micro- and nano-
length scales is critical, as several types of ECM exhibit mesh-like nanoscale structures with
fiber diameter and pore size governing the topographical landscape [129]. Although there is
conflicting, tissue-dependent data, most research has concluded that ECM scaffolding with
pore sizes between 100 and 500 μm is optimal for cellular proliferation [130,131]. The fiber
diameters in ECM specifically can range from 2 nm (fibronectin) to 500 nm (collagen) [132].
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In order for the engineering of both natural and synthetic scaffolds to progress, the study
of in vivo ECM at the micro and nanoscale levels is crucial for the accurate replication
of feature height, porosity, fiber diameter, and mechanical properties of native ECM in
engineered scaffolds and other biomimetic materials.

Atomic force microscopy (AFM) is a promising imaging modality for the study of
the topography, mechanical properties, and other ECM characteristics at the micro- and
nanoscopic levels. AFM is capable of precisely resolving the nano-topography of di-
verse surfaces and mapping the spatial distribution of their physicochemical properties
to include charge density and potential in a variety of hard and soft materials, including
hydrogels [133,134]. This knowledge is invaluable, as it associates surface charge with
protein and cellular adhesion and interactions [135–137]. Furthermore, cells cultured in
hydrogels frequently remodel their local environment, especially when immune cells are
present as is the case for many disease model co-cultures, and these localized mechanical
alterations are lost in macroscale mechanical testing [138].

AFM can quantify the stiffness of natural ECM and synthesized ECM scaffolds, which
allows for correlations between the nanomechanical characteristics of surfaces and their
impact on cellular interactions and behaviors. Cell behavior can then be compared to
what has been observed in the context of the material’s bulk characteristics. AFM also
offers a method of mechanical testing that is less destructive than standard techniques
(i.e., tensile testing and microhardness). AFM can probe multiple mechanical properties
simultaneously to produce accurate measurements that include stiffness, maximum inden-
tation, indentation at maximum force, hysteresis, hardness, compliance, adhesion force,
detachment distance, detachment energy, and Young’s modulus. As precise attributes
of the ECM are engineered to elicit specific responses from cells or create individualized
patient disease models, techniques, such as AFM, may prove invaluable in determining the
exact properties of various ECM scaffolds.

While AFM stands as an incredibly powerful tool to analyze ECM at the microscopic
and nanoscopic level, several experimental limitations remain. The long imaging time
required for a high-resolution image, potential damages exerted by the probe tip, imaging
artifacts, and quantitative interpretation of the results have constrained AFM’s utility in
tissue engineering research. However, AFM has already been successfully used before to
obtain quality concerning engineered graft surfaces [139]. This same study showed that
loading type significantly influenced mechanical and histological outcomes of engineered
cartilage surfaces, particularly in regards to the coefficient of friction at multiple length
scales. This type of AFM-based analysis can indicate which types of loading may favor
regeneration versus maintenance versus injury in cartilage [139]. It is within reason to
expect similar studies in other musculoskeletal tissues to yield equally insightful results.
As the demand for highly accurate disease models increases, we foresee increased use for
AFM and similar techniques that can offer insight into the multiscale mechanical properties
of engineered scaffolds, particularly those that incorporate biological components, such
as ECM.

3.1. Genetically Engineered ECM and ECM-Based Bioinks

In addition to using highly sensitive mechanical testing, such as AFM, to inform
engineered ECM and biomaterial scaffold design, we expect the role of genetic engineering
to expand into the fabrication of custom, genetically-modified ECM for use in biomaterial
scaffolds. As highlighted extensively in this review, a critical role of ECM is mechanotrans-
duction. It stands to reason that engineered ECM from genetically modified cells/organisms
that contains a specific array of mechanotransduction proteins may be a useful and desir-
able component of newly developed scaffolds. Techniques, such as CRISPR-based genome
editing, may support the fabrication of custom ECMs that can replicate features of diseases
that, until now, have been difficult or impossible to mimic in vitro. Alongside genetic engi-
neering, novel composite materials, such as ECM-silk and ECM-titanium constructs, and
ECM-based bioinks [78,80,101,140], may provide platforms with previously unachievable
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mechanical, biochemical, and genetic properties for use in regenerative therapies. Bioinks
in particular are seeing increases in popularity and potential applications.

Until recently, most printers were unable to produce the slightly heterogeneous mor-
phologies observed in native tissues. Recent gains in printer accuracy, porosity, and random
structure generation are supporting the fabrication of biomaterials that mimic the native
structure of small soft tissues, including musculoskeletal tissues. While ink availabil-
ity has limited the application of this technology, new inks are rapidly emerging and
enable multilayer printing while also incorporating growth factors, such as TGFβs and
BMPs [100,141]. Advances in the rheological properties and printability of ECM-based
materials via addition of methacrylation reactions or components continue to improve the
usability of custom and commercial bioinks targeted for musculoskeletal tissue engineering
applications [98]. Incorporating ECM into these inks may provide the missing cues needed
to drive in situ tissue regeneration. These printed ECM and growth factor-augmented
materials may seamlessly integrate with the patient’s own tissues and be further modifiable
post-implantation, degradable via the body’s immune cells [142], and highly bio- and
cytocompatible. We expect a prominent role for ECM as a component of the bioinks and
biomaterials of the future.

3.2. Engineered ECM for Understanding and Treating Musculoskeletal Fibrosis

An underexplored application of engineered ECM is in understanding fibrotic disease,
both in regards to musculoskeletal tissues and in the rest of the body. Significant interest
in controlling ECM mechanics, and particularly ECM stiffening, has emerged in research
related to idiopathic pulmonary fibrosis (IPF). IPF is a progressive scarring disease char-
acterized by extracellular matrix accumulation and altered mechanical properties of lung
tissue. Recent studies support the hypothesis that these compositional and mechanical
changes create a progressive feed-forward loop, in which enhanced matrix deposition and
tissue stiffening contribute to fibroblast and myofibroblast differentiation and activation,
which further perpetuates matrix production and stiffening [143]. As the mechanotransduc-
tion pathways that sense and respond to the biomechanical properties of tissues are present
across tissue types, work in one disease model may yield useful information to others. The
relationship between stiffening and disease observed in IPF can be extended to muscu-
loskeletal tissues, and indeed emerging evidence increasingly implicates localized ECM
stiffening to disease initiation in the cartilage [45,50], tendons [144], and muscles [145–147].
Despite recent data, few studies have focused on musculoskeletal fibrosis specifically,
largely due to the lack of ECM and ECM-composite materials that can accurately recreate
the mechanical profile of fibrotic tissue.

Additional evidence of the critical role of matrix mechanics in fibrotic diseases comes
from the field of vascular regeneration. Novel engineered ECM and polyethylene glycol-
based materials were recently utilized to understand the pathophysiology of pulmonary
artery hypertension (PAH), a progressive disease of the lung vasculature that is character-
ized by elevated pulmonary blood pressure, remodeling of the pulmonary arteries, and
ultimately right ventricular failure. Therapeutic interventions for PAH are limited in part
by the lack of in vitro screening platforms that accurately reproduce dynamic arterial wall
mechanical properties. In this study, the ECM of the pulmonary arteries was engineered to
mimic disease progression. The engineered ECM and polyethylene glycol-based model
allowed for unprecedented recreation of the mechanical properties of both PAH and healthy
tissue [148–150], providing a new in vitro tool for understanding how fibrotic pathogenesis
initiates. The phototunable constructs developed to mimic the mechanical properties of
normal and diseased arteries could be adapted for use in musculoskeletal applications,
providing an existing and validated platform for interrogating the role of the ECM in
musculoskeletal health and disease.
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3.3. Limitations

As with any literature summary, we intend for this review to be a brief survey of each
of these commonly studied tissues, rather than a comprehensive guide to every engineered
ECM-based approach in the field of musculoskeletal regeneration. This review fills a gap
in the existing literature by uniting a diverse array of experimental approaches under
the common theme of musculoskeletal regeneration. While highlighting every recent
and exciting use of engineered ECM-cell interactions in the context of musculoskeletal
regeneration is outside of the scope of this review, and we show the expansive promise
of ECM in musculoskeletal tissue engineering. We believe this grouping serves readers
who may work in more than one musculoskeletal tissue system, which is an increasingly
common theme in musculoskeletal tissue engineering.

4. Conclusions

Throughout the last decade, the expanding ability to direct cell behavior for muscu-
loskeletal tissue regeneration via the use of engineered ECM and ECM-based materials has
greatly expanded our knowledge of musculoskeletal development, disease, and healing.
This review has focused on recent and noteworthy advances that incorporate cell, ECM,
and material interactions to increase the regenerative capacity of muscle, cartilage, bone,
and tendon. We examined approaches focused on a single tissue, as well as studies that
incorporated two or more musculoskeletal tissues, to more faithfully recreate the in vivo
environment. The works we highlight suggest that single- and multi-tissue approaches can
generate valuable insights into how the physical, mechanical, and biochemical attributes
of the ECM, alone and in combination with innovative engineered materials of natural
and synthetic origins, can be harnessed to direct cellular behavior towards maximizing the
regenerative capacity of musculoskeletal tissues. Human and animal ECM both deserve
continued exploration, as continuous improvements to decellularization techniques reduce
the danger of systemic immune response or rejection.

We concluded with predictions of the future of engineered cell–ECM–material in-
teractions. The implementation of advanced manufacturing techniques, such as three-
dimensional printing, as well as improvements in decellularization protocols that decrease
the likelihood of adverse immune reactions, have paved the way for expanded use of
ECM in musculoskeletal tissue engineering. Renewed interest in harnessing the ECM both
as a standalone material and in combination with other well-established biomaterials is
driven by studies showing that ECM instructs cells to behave more closely to how they
do in native tissue. We show the expansive promise of ECM in musculoskeletal tissue
engineering, and we look forward to the advancements of the coming decade. Ultimately,
we expect meaningful and exciting advances in bioprinting, improved decellularization
techniques, genetic engineering of both the ECM and cells, and the further determination
of how ECM mechanics at multiple length scales can be exploited to precisely direct cell
behavior towards regenerative phenotypes.
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Abstract: End-stage liver diseases lead to mortality of millions of patients, as the only treatment
available is liver transplantation and donor scarcity means that patients have to wait long periods
before receiving a new liver. In order to minimize donor organ scarcity, a promising bioengineering
approach is to decellularize livers that do not qualify for transplantation. Through decellularization,
these organs can be used as scaffolds for developing new functional organs. In this process, the
original cells of the organ are removed and ideally should be replaced by patient-specific cells to
eliminate the risk of immune rejection. Induced pluripotent stem cells (iPSCs) are ideal candidates
for developing patient-specific organs, yet the maturity and functionality of iPSC-derived cells do not
match those of primary cells. In this study, we introduced iPSCs into decellularized rat liver scaffolds
prior to the start of differentiation into hepatic lineages to maximize the exposure of iPSCs to native
liver matrices. Through exposure to the unique composition and native 3D organization of the liver
microenvironment, as well as the more efficient perfusion culture throughout the differentiation
process, iPSC differentiation into hepatocyte-like cells was enhanced. The resulting cells showed
significantly higher expression of mature hepatocyte markers, including important CYP450 enzymes,
along with lower expression of fetal markers, such as AFP. Importantly, the gene expression profile
throughout the different stages of differentiation was more similar to native development. Our study
shows that the native 3D liver microenvironment has a pivotal role to play in the development of
human-origin hepatocyte-like cells with more mature characteristics.

Keywords: decellularization; liver bioengineering; iPSCs; recellularization

1. Introduction

Late-stage liver diseases, such as cirrhosis, acute hepatitis, and liver cancer, were
reported to lead to approximately 4% of all deaths globally in 2010 [1]. In such severe cases,
the current gold-standard treatment is orthotopic liver transplantation. Although liver
transplantation has high success rates and has been immensely improved since its first
application in 1963 [2], many patients suffer from long waiting times as there is a large
gap between the number of organs needed and the number of those that are available for
transplantation. It was reported that in 2019 only 8896 patients received a new liver out of a
total of 17,000 in need of a liver transplant, showing that 48% of the patients in the waiting
list could not receive a new liver [3]. Alternative clinical approaches are being explored to
reduce donor scarcity, such as split liver transplantation and living donor transplantation;
however, these approaches alone are not enough to minimize the gap.

In order to increase the supply of livers available for transplantation, an approach that
yields a high number of functional liver substitutes is needed. In the past decade, organ
engineering through decellularization has emerged as a promising approach. This approach
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makes use of the extracellular matrix (ECM) scaffolds of native organs by removing all
cellular materials from the organs [4,5]. The resulting scaffolds maintain the original overall
shape and ultrastructure of the native organ. In addition, the makeup of the scaffold is
not heavily altered, leading to the preservation of organ-specific ECM–cell signaling. An
important consideration in translating this approach to clinical settings is to successfully
recellularize these scaffolds to reobtain the native functions. Primary hepatocytes have
been strongly preferred in such attempts; however, lack of patient-specificity, limited
sources, and proliferation potential challenge their large-scale clinical translatability. As
an alternative, induced pluripotent stem cells (iPSCs) provide a patient-specific, easily
accessible, and expendable cell source [6]. The combination of decellularized natural
scaffolds and patient-specific iPSCs would enable the development of readily available,
tailor-made liver substitutes for patients.

The differentiation of iPSCs into hepatocyte-like cells has been demonstrated by several
groups [7–13]. An important challenge in the clinical translation of iPSC-derived cells,
however, is their immature phenotype, as indicated by significantly lower expression of
mature hepatic markers, such as P450 enzymes, as well as higher expression of fetal markers,
such as alpha fetoprotein (AFP), compared to primary hepatocytes. In attempts to induce
maturation of these cells, our group [14] and others [15–17] have used decellularized liver
matrices as substrates and showed an improvement in mature hepatic functions in response
to interactions with the liver matrix. Importantly, our group has shown that if iPSCs interact
with a liver matrix in a 2D culture setting, starting from the early stages of differentiation,
the resulting hepatocyte-like cells have a more mature phenotype [14]. Recellularization
of decellularized whole rat livers with iPSC-derived hepatocytes was shown in a study
by Park et al., where fully differentiated cells were seeded using perfusion [17]. However,
the effects of performing a full differentiation within a whole decellularized liver have not
been shown.

In this study, we recellularized decellularized rat livers with undifferentiated iPSCs
and performed the differentiation of hepatocytes using a perfusion bioreactor system
(Supplementary Figure S1). We show that the 3D native liver matrix and perfusion culture
conditions improved the differentiation efficiency, as evidenced by the drastic increase in
the expression of markers specific to each stage of differentiation. We also showed that
differentiation within the liver matrix leads to a more developmentally similar expression
pattern throughout the differentiation compared to the gold-standard geltrex substrates and
static culture conditions. In addition, we added a 7-day long maturation step to the differ-
entiation process which yielded higher albumin and urea secretion, along with a significant
decrease in AFP expression, showing the improved maturity of iPSC-origin livers.

2. Materials and Methods

2.1. Rat Liver Procurement and Decellularization

Livers of 3-month-old female F. Lewis rats (N = 18) were procured with cannulas
attached to the portal vein in accordance with the Institutional Animal Care and Use
Committee (IACUC) at Massachusetts General Hospital. Rat livers were decellularized
using an adaptation of a previously reported protocol [18]. Briefly, the rat livers were
attached via the portal vein cannula to a single-pass perfusion system composed of a
peristaltic pump and a bubble trap and perfused with deionized (DI) water for 16 h.
Following DI water perfusion, the livers were perfused with 0.1% sodium dodecyl sulfate
(SDS) (Sigma-Aldrich, Burlington, MA, USA) for 24 h and with 0.2% and 0.5% SDS for 1 h
each. Finally, the livers were washed with DI water and Triton X-100 (Sigma-Aldrich) for
1.5 h each and with PBS for 3 h. Throughout the decellularization process a constant flow
rate of 1.6 mL/min was used. The decellularized livers were maintained in PBS at 4 ◦C
until use.

The day before recellularization, the decellularized rat livers were sterilized using
PBS supplemented with 0.1% (v/v) peracetic acid (Pfaltz and Bauer, Waterbury, CT, USA)
and 4% (v/v) ethanol. Sterilization was performed by perfusing the liver with 50 mL of
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peracetic acid solution and incubation in the same solution for 3 h. Following this treatment,
the livers were washed by perfusion with 50 mL of PBS followed by perfusion with 50 mL
of PBS supplemented with 2% penicillin/streptomycin (Invitrogen, Waltham, MA, USA)
and 2.5 μg/mL amphotericin B (Sigma-Aldrich), then incubated in this solution overnight
until cell seeding.

2.2. Cell Culture

Human skin fibroblast-derived iPSC line hIPS-K3 cells were kindly provided by
Dr. Stephen Duncan (Medical College of Wisconsin, Milwaukee, WI, USA). The cells
were maintained in Geltrex™ (LDEV-Free Reduced Growth Factor Basement Membrane
Matrix, Gibco, Waltham, MA, USA) coated culture flasks in mTeSR plus culture medium
(Stemcell Technologies, Vancouver, BC, Canada) with daily media changes. Once the
cells reached 80% confluency, they were collected using ReLeSR (Stemcell Technologies).
Throughout the culture the pluripotency of the cells was examined by daily observation of
the colony phenotype.

2.3. Recellularization of Decellularized Rat Livers

After sterilization, the decellularized rat livers were connected to a bioreactor system
(Harvard Apparatus) (Supplementary Figure S2) through the portal vein cannula and
perfused with mTeSR plus media supplemented with 10 μM ROCK inhibitor (Stemcell
Technologies) for 30 min. Then, 15 × 106 iPSCs in 4 mL mTeSR plus media were injected
directly into the bubble trap and allowed to reach the liver through perfusion at 8 mL/min.
At this point the flow was stopped and the liver was incubated statically for 15 min at
RT. Then, the bioreactor system was maintained in an incubator (5% CO2, 37 ◦C) with
perfusion at 0.1 mL/min flow rate for 1.5 h. The cell seeding steps were repeated 3 more
times, reaching a total cell number of 60 × 106 per liver. Once the last 1.5 h perfusion at
0.1 mL/min flow rate was completed, the flow rate was increased to 2 mL/min. The next
day, the culture media was replaced with fresh mTeSR plus without ROCK inhibitor. The
livers were maintained with mTeSR plus culture medium for a total of 4 days to induce
proliferation of iPSCs prior to the initiation of differentiation, with media changes every
other day.

2.4. Perfusion Differentiation of iPSCs in Decellularized Rat Livers

The differentiation of iPSCs to a hepatic lineage was achieved by adapting a previously
established protocol [7] (Figure 1A). Briefly, differentiation was initiated by introducing
RPMI (1640, Invitrogen) media supplemented with 50 ng/mL Activin A (ActA) (Peprotech,
Cranbury, NJ, USA) and B27 without insulin (B27(-)) (Invitrogen) for 5 days. During the
first 2 days, the media was also supplemented with 10 ng/mL bone morphogenic protein
4 (BMP4) (Peprotech) and 20 ng/mL fibroblast growth factor 2 (FGF-2) (Peprotech). The
first 5 days of differentiation aimed to drive definitive endoderm (DE). Next, the media in
the bioreactor was replaced with RPMI containing B27 with insulin supplemented with
20 ng/mL BMP4 (Peprotech) and 10 ng/mL FGF-2 (Peprotech) for 5 days for hepatic
specification (HS). Over the following 5 days, the media was replaced with RPMI con-
taining B27 with insulin supplemented with 20 ng/mL hepatocyte growth factor (HGF)
(Peprotech) in RPMI/B27 to achieve hepatoblast expansion (HE). Finally, for 5 days the
liver was perfused with Hepatocyte Basal Media (HBM) (Lonza, Rockville, MD, USA) sup-
plemented with SingleQuots (without EGF) supplemented with 20 ng/mL Oncostatin-M
(Onc) (R&D Systems, Minneapolis, MN) to achieve immature hepatocyte derivation (IHC).
In order to induce a more mature phenotype of iPSC-derived cells, we added another step,
namely, hepatocyte maturation (HM), by which the livers were perfused with hepatocyte
growth media (C + H) (DMEM supplemented with 10% fetal bovine serum, 0.5 U/mL
insulin, 7 ng/mL glucagon, 20 ng/mL epidermal growth factor, 7.5 μg/mL hydrocortisone,
200 U/mL penicillin/streptomycin, and 50 μg/mL gentamycin) for 7 days. Throughout

175



Bioengineering 2022, 9, 219

the differentiation the bioreactor was oxygenated and maintained at 37 ◦C supplemented
with 5% CO2 with daily media changes.

Figure 1. The perfusion differentiation of iPSCs to hepatocyte-like cells in rat livers. (A) The differen-
tiation protocol and timeline showing the different analyses performed at each stage of differentiation.
(B) Histological analysis of decellularized rat livers recellularized with iPSCs throughout the differ-
entiation through H&E staining. White triangles show that vessels in the rat liver remained open
following perfusion seeding and differentiation. (Scale bars = 200 μm.) (C) High magnification histo-
logical images showing cell morphology at different stages of differentiation. (Scale bars = 50 μm).

2.5. Quantitative Real Time PCR (qRT-PCR)

In order to determine the mRNA expression levels of specific markers at each stage
of differentiation, livers were sacrificed at the end of each stage and approximately 2/3
of the livers were used for RNA extraction (n = 3 per stage). The liver tissues were flash
frozen in liquid nitrogen and ground using a mortar and pestle. The resulting tissue was
then used for RNA isolation using a PureLink RNA isolation kit (Thermo Fisher Scientific,
Waltham, MA, USA), following the manufacturer’s instructions. The resulting RNA was
used for cDNA synthesis using an iScript cDNA synthesis kit (Bio-Rad, Hercules, CA, USA),
following the manufacturer’s instructions. The cDNA was then used in qRT-PCR analysis
using a ViiA7 Real time PCR system (Thermo Fisher Scientific) and a power SYBR Green
PCR master mix kit (Thermo Fisher Scientific), according to the manufacturer’s instructions.
The list of primers used is provided in Supplementary Table S1. All expression levels
were normalized to GAPDH expression. Results for pluripotency and endoderm marker
expression were represented relative to undifferentiated iPSCs cultured on geltrex-coated
well plates. Results for early and mature hepatic marker expression were represented
relative to cells differentiated on geltrex-coated well plates unless stated otherwise.

2.6. Albumin and Urea Quantification

For albumin and urea quantification, media were collected at the end of the IHC
stage and daily during the HM stage. For all experiments, the same volume of media
was collected (10 mL). The level of albumin secreted in the livers was determined using
a Human Albumin ELISA kit (Abcam, Cambridge, UK), following the manufacturer’s
instructions. The urea nitrogen direct kit (Stanbio, Boerne, TX, USA) was used, following
the manufacturer’s instructions, to determine the amount of urea secreted. Both albumin
and urea contents were represented as micrograms secreted per liver.
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2.7. Histological Analysis and Immunohistochemistry

For histological analysis, the recellularized rat liver tissues were collected at the end of
each stage of differentiation and fixed with 10% formalin for 24 to 48 h at room temperature
(RT) and then maintained in 70% ethanol at 4 ◦C. The tissues were then dehydrated and
embedded in paraffin. The tissues were microsectioned to 5 μm thick slices and stained with
hematoxylin (Leica, Wetzlar, Germany) and eosin (Leica) (H&E) to visualize the ECM and
cell nuclei. The stained sections were imaged using a Nikon Eclipse E800 (Tokyo, Japan).

Immunohistochemistry analysis was performed at the Histopathology Research Core
at Massachusetts General Hospital. Briefly, the recellularized rat liver tissues were em-
bedded in Tissue-Tek O.C.T. compound (Sakura Finetek, Torrance, CA, USA) and frozen
at −80 ◦C. The tissues were cryo-sectioned and labeled with antibodies against HNF-4a
(HNF4A Monoclonal Antibody (F.674.9), Thermo Fisher Scientific), AFP (AFP monoclonal
antibody (35436), Thermo Fisher Scientific), and Ki67 (Ki-67 Monoclonal Antibody (SolA15),
eBioscience). The sections were then labeled with species-appropriate secondary antibodies
as well as DAPI and imaged using an Olympus Nanozoomer slide scanner at 488 nm.

The quantitative analysis of HNF-4a, AFP, and Ki67 expression was performed by
measuring the fluorescence intensity of the respective immunohistochemistry images. For
the purpose of the analysis, the backgrounds of the extracellular matrices in the images
were removed, using the same noise settings for each target, by means of ImageJ software
(Image J 1.51). The results are represented as fluorescence intensity, arbitrary units (A.U.).

2.8. Statistical Analysis

For all statistical analyses Microsoft Excel Office 365 (Version 16.39, Redmond, WA,
USA) and GraphPad Prism (Version 8.3.1, San Diego, CA, USA) were used. The Student’s
t-test with Welch’s correction and one-way-ANOVA analysis were used, and statistical
difference was defined as p < 0.05. All results are represented as averages ± standard
deviation of 3 different liver recellularization experiments using the same cell line but
different cultures within passages 21–27.

3. Results

3.1. iPSCs Attach to and Differentiate within Decellularized Rat Livers

In order to develop a functional and patient-specific liver, the use of human-origin
iPSC-derived cells is a promising approach. We used a closed bioreactor system to re-
cellularize the decellularized rat livers (Supplementary Figure S2A,B). The iPSCs were
introduced into the parenchymas of the livers in four steps through the portal veins. The
cells were maintained for five days prior to differentiation to allow for cell proliferation.
At the end of the first stage of differentiation, we observed that the cells penetrated the
parenchymas of the livers, with minimal numbers of cells remaining in the vasculature.
With the start of differentiation, we sacrificed the livers at the end of each stage of differen-
tiation and assessed cell localization and changes in cell number qualitatively (Figure 1B).
We observed that until the HE stage there was an increase in cell number, as shown by
histological analysis, which stabilized after this stage. We also observed macroscopically
that the livers appeared opaquer at the end of the differentiation period compared to
immediately after decellularization, showing that the cells populated the parenchymas
uniformly throughout the livers (Supplementary Figure S3A,B).

3.2. iPSC Differentiation Efficiency Is Induced by the Native Liver Microenvironment

Following the attachment and proliferation of iPSCs within decellularized rat livers,
we started the differentiation process, following a previously established protocol [7]. We
determined the expression of pluripotency, endoderm, developmental hepatoblast, and
mature hepatocyte markers at the corresponding stages throughout the differentiation. We
compared the results to cells differentiated on conventional geltrex-coated culture well
plates and normalized all results to undifferentiated iPSCs (Figure 2A,B; Supplementary
Figure S4A–D) or to cells differentiated on geltrex (Figure 2C–F). We observed that with
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the induction of the endoderm lineage, the expression of pluripotency marker OCT-4 sig-
nificantly decreased in both geltrex and decellularized rat liver groups (Figure 2A). The
decrease in expression of NANOG was significant in decellularized rat livers compared
to undifferentiated iPSCs; however, the decrease in the geltrex group was not significant
(p = 0.24). In addition, the expression of the endoderm-specific markers SOX17 and FOXA2
significantly increased in both groups. Importantly, using decellularized rat livers as
substrates significantly improved the endoderm induction efficiency compared to differ-
entiation on geltrex, as shown by significantly higher expressions of SOX17 (p = 0.015),
GATA4 (p < 0.0001), and FOXA2 (p < 0.001) (Figure 2B), revealing the effects of native liver
matrices at early stages of differentiation.

Figure 2. mRNA expression levels of key markers specific to each differentiation stage. qRT-PCR
analysis showing mRNA expression of (A) pluripotency and (B) endoderm markers at the DE stage.
(C) mRNA expression of early hepatic markers at the HS stage. mRNA expression of mature hepatic
markers at (D) the HE stage, (E) the IHC stage, and (F) the HM stage, relative to undifferentiated
iPSCs. (* indicates statistically significant differences compared to undifferentiated iPSCs (p < 0.05);
# indicates statistically significant differences in the decellularized rat liver group compared to the
geltrex group (p < 0.05).) For rat liver data, samples from three scaffolds at DE, HS, HE, IHC, and
IHC+ stages were analyzed. For geltrex data, at least three different differentiations at each stage
were used in the analysis.
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At the hepatic specification stage, we observed that the markers expressed during early
development of the liver, namely, AFP, CK18, and CK19, were induced in both the geltrex
and decellularized rat liver groups. Expression of these markers was significantly higher
in the decellularized rat liver group compared to the geltrex group (AFP: 32.2 ± 0.03 fold,
CK18: 17.4 ± 0.3 fold, and CK19: 10.7 ± 3.2 fold increase) (Figure 2C). Undifferentiated
iPSCs showed no expression of these hepatic markers (Supplementary Figure S4A).

At the end of the hepatoblast expansion stage of differentiation, we determined the
expression of both developmental and mature hepatocyte markers. The expression of
AFP was 13.6 ± 1.1-fold higher in the decellularized rat livers compared to the geltrex
group (p < 0.001) (Figure 2D). In addition, expression levels of CYP3A4 and CYP2D6 were
significantly higher in decellularized rat livers compared to the geltrex group (p = 0.026 for
CYP3A4, and p < 0.0001 for CYP2D6), whereas the expressions of albumin and CYP2E1
were similar.

We compared the expression of only mature hepatocyte markers at the last two stages
of differentiation (Figure 2E,F). The most significant difference in expression between the
decellularized rat livers and the geltrex group was observed in these stages. For each marker,
the expression levels were significantly higher in the decellularized rat livers. At the IHC
stage, the expression of CYP2C9 was over 1745 ± 603-fold higher in decellularized rat livers
compared to the geltrex group (Figure 2E). In addition, the expression levels of CYP3A4
and CYP2E1 showed an over 80-fold difference between geltrex and decellularized rat
livers (CYP3A4:88.7 ± 1.8 and CYP2E1: 84 ± 14.2). With the completion of the hepatocyte
maturation step, the drastic difference in the expression of mature hepatocyte markers
was maintained (Figure 2F). The expression levels of albumin, CYP1A2, CYP2E1, CYP2D6,
and CYP2C9 in decellularized rat livers were, respectively, 142.6 ± 3.3-, 63.3 ± 12.4-,
162.3 ± 15.9-, 164.7 ± 14.6-, and 262.1 ± 42.1-fold higher, showing the importance of the
contribution of the native liver environment to the late stages of differentiation. We did not
observe any significant expression of the mature hepatic markers in the undifferentiated
cells, as expected (Supplementary Figure S4B–D).

3.3. Differentiation within Decellularized Rat Livers Better Mimics Native Development

In order to assess the role of native liver micro- and macroenvironments on iPSC differ-
entiation, we determined the changes in expression trends of some key markers throughout
the differentiation process. We observed that the expression of the pluripotency markers
OCT4 and NANOG decreased significantly at the start of differentiation within rat livers;
however, there was a more gradual decrease when iPSCs were differentiated on geltrex
(Figure 3A,B). Within decellularized rat livers, the lowest levels of OCT4 and NANOG
expression were reached at the DE stage and maintained at similar levels throughout. In
the geltrex group, the lowest expression for the markers was achieved at the HE stage, with
OCT4 expression gradually decreasing at each stage and NANOG expression remaining
constant during DE and showing a significant drop in the HS stage, followed by a milder
decrease in the HE stage. When we traced the expression of the endoderm markers SOX17,
GATA4, and FOXA2 in iPSCs differentiated in decellularized rat livers, we observed that
the highest expression level for each marker was reached in the DE stage, as expected
(Figure 3C–E). In the geltrex samples, however, the peak for each marker was observed
in the HS stage. The peak values for GATA4 and FOXA2 in decellularized rat liver and
geltrex samples did not show any significant differences (Figure 3D,E). The peak expression
levels for SOX17, however, were significantly higher (p = 0.015) in decellularized rat livers
(38.3 ± 9.1) compared to geltrex samples (15.5 ± 3.1) (Figure 3C).
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Figure 3. Changes in the expression patterns of pluripotency and endoderm markers in iPSCs
throughout differentiation in native liver ECM. qRT−PCR analysis results showing the mRNA
expression levels of (A) OCT4, (B) NANOG, (C) FOXA2, (D) GATA4, and (E) SOX17 relative to the
respective expression levels in undifferentiated iPSCs throughout the differentiation in the geltrex and
decellularized rat liver (rat liver) groups. For rat liver data, samples from three scaffolds at the DE,
HS, HE, IHC, and IHC+ stages were analyzed. For geltrex data, at least three different differentiations
at each stage were used in the analysis.

We determined expression patterns during early hepatic specification through tracking
the expression levels of CK18, CK19, and AFP. Both CK18 and CK19 reached their highest
expression levels at the HS stage in decellularized rat livers (Figure 4A,B). In geltrex
samples, the highest expressions of CK18 and CK19 were reached at the HE and HS stages,
respectively. For both markers the peak expression was significantly higher (p < 0.001)
in decellularized rat livers (CK18: 114.7 ± 2.1, CK19: 144.1 ± 42.4) compared to geltrex
(CK18: 10.7 ± 3.9, CK19: 13.4 ± 0.7). The expression of AFP, however, showed a different
trend, with the highest values being recorded in the IHC stage in the geltrex group and in
the HS stage in decellularized rat livers (Figure 4C). In addition to the delayed increase in
expression, the peak values reached in the geltrex group (27,394 ± 3254) were significantly
higher (p < 0.001) compared to the decellularized rat livers (435.3 ± 0.4).

Finally, we determined the expression patterns of the mature hepatic markers albumin,
CYP2D6, CYP2E1, and CYP3A4 (Figure 4D–G). All of these markers followed a similar
trend, showing increased expression at the later stages of differentiation. For all markers,
peak expression levels were recorded at the end of the HM stage regardless of the cell
attachment substrate. In the decellularized rat livers, however, the highest expression levels
reached were significantly higher compared to the highest levels reached in the geltrex
samples (albumin: p < 0.001, CYP2D6: p = 0.004, CYP2E1: p < 0.001, CYP3A4: p < 0.001)
Interestingly, the expression levels of CYP2D6, CYP2E1, and CYP3A4 started to increase
in the HS stage in decellularized rat livers, while this response was delayed until the IHC
stage in the geltrex group.
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Figure 4. The changes in expression patterns of early and mature hepatic markers in iPSCs throughout
differentiation in native liver ECM. qRT−PCR analysis results showing the mRNA expression levels
of (A) CK18, (B) CK19, (C) AFP, (D) albumin, (E) CYP2D6, (F) CYP2E1, and (G) CYP3A4 relative
to the respective expression levels in undifferentiated iPSCs throughout the differentiation in the
geltrex and decellularized rat liver (rat liver) groups. For rat liver data, samples from three scaffolds
at the DE, HS, HE, IHC, and IHC+ stages were analyzed. For geltrex data, at least three different
differentiations at each stage were used in analysis.

3.4. A Functional Human iPSC-Derived Hepatocyte-Based Liver Is Developed

We determined the functional maturation of the livers at the protein level by assessing
the albumin and urea levels secreted by the iPSC-derived hepatocytes during the HM stage
(Figure 5A,B). We collected media samples from the bioreactors at days 1, 3, 5, and 7 of
culture during the HM stage. Our results showed a significant increase in both urea and
albumin secretion over 7 days compared to day 1 (p = 0.002 for urea, p < 0.001 for albumin).
The urea secretion was 3.8 ± 0.2 μg/mL on day 1 of the HM stage, whereas it reached
6.0 ± 0.1 μg/mL on day 7 (Figure 5A). The albumin secretion on day 1 of the HM stage was
31 ± 3 μg per liver and increased to 252 ± 31 μg per liver at the end of the HM stage. The
increase in urea secretion followed a different trend compared to albumin secretion such
that the increase in urea secretion peaked on day 3 of culture followed by a stabilization
over the following days. The albumin secretion, however, showed a gradual increase in the
early days of the HM stage, while increasing significantly from day 5 of culture (Figure 5B).
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Figure 5. The functional characterization of recellularized rat livers. The amounts of (A) urea and
(B) albumin secreted by the recellularized livers determined on days 1, 3, 5, and 7 were determined
for the HM stage. Images of the immunohistochemistry analysis for (C) HNF4a, (E) AFP, and
(G) Ki-67 in recellularized rat livers in the IHC and HM stages. Fluorescence intensity quantification
of the immunohistochemistry images showing changes in the expression levels of (D) HNF4a, (F) AFP,
and (H) Ki-67 in the IHC and HM stages. Three scaffolds at the IHC stage and three scaffolds in
the IHC+ stages were analyzed for quantification. (* indicates statistically significant differences
(p < 0.05); scale bars = 200 μm; scale bars for insets = 50 μm.)
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In addition, we determined the protein expression of HNF4a, AFP, and Ki-67 in the
livers at the end of the IHC and HM stages through immunohistochemistry (Figure 5C–G).
We observed that the iPSC-derived hepatocyte-like cells were positive for all markers at both
the IHC and HM stages. The expression of HNF4a showed a significant increase (p = 0.034),
indicating that the maturation stage induced more mature cells (Figure 5C,D). In addition,
there was a decrease in AFP protein levels at the HM stage compared to the IHC stage in
decellularized rat livers, although this decrease was not significant (p = 0.133) (Figure 5E,F).
This decrease was in line with the decrease observed in AFP mRNA expression levels
(Figure 4C). The mRNA expression of AFP was 24.2 ± 16.7 at the IHC stage and 5.1 ± 0.5
at the HM stage, showing a decrease with maturation, although the difference was not
significant (p = 0.124). We also determined the expression of the proliferation marker Ki-67.
In response to the maturation stage, we observed a slight decrease in Ki-67 levels; however,
this decrease was not significant (p = 0.215) (Figure 5G,H).

4. Discussion

The use of decellularized scaffolds in clinic is a promising alternative to replacing
damaged or diseased tissues and organs. The successful decellularization of rodent to hu-
man livers has been shown by our group and others [18–21]. The next challenge in carrying
this approach to clinic is the recellularization of these native scaffolds with patient-specific
cells to develop functional tissues/organs. iPSCs, since their discovery, have been the main
focus for personalized treatments. Although promising, the current differentiation proto-
cols yield hepatocyte-like cells with fetal-like phenotypes, leading to inferior functionality
compared to primary cells [22]. To tackle this problem our group and others have used
native liver scaffolds as differentiation substrates and demonstrated improved phenotypes.
Wang and colleagues [16] cultured iPSC-hepatocytes on 500 μm thick decellularized rat
liver ECM discs and used a poly-L-lactic acid (PLLA)–collagen mix as a control. They
observed that the liver ECM induced higher mRNA expression of P450 enzymes and
higher albumin secretion compared to the controls. After 14 days of culture on the liver
matrix, expression levels of the fetal markers AFP and CYP3A7 were significantly lower
compared to controls, showing improved maturity in response to ECM–cell interactions. In
another study, Park et al. [17] investigated the effect of porcine liver matrices on porcine
iPSC-derived hepatocyte-like cells. For this, they supplemented the differentiation medium
with solubilized porcine liver matrix. The highest albumin expression was achieved when
the supplementation was performed at the last stage of differentiation. In addition, they
seeded the median lobes of decellularized rat livers with porcine iPSC-derived cells via
perfusion. They showed that there was albumin and urea secretion by day 3 of culture, yet
the apoptosis rate significantly increased by day 7 of culture in the recellularized scaffolds.
In a previous study, our group differentiated human iPSCs on human decellularized liver
matrix and determined the stage of differentiation at which plating the cells on human liver
matrix would yield the best differentiation results [14]. The results showed that exposing
the cells to liver matrix from the earliest stage of differentiation induced higher expression
of the markers specific to each stage at the respective stages. Guided by these findings,
we investigated how differentiation would be affected by the 3D native liver environment
under perfusion culture, showin—for the first time, to our knowledge—full differentiation
within the whole decellularized rat livers.

Rat livers were selected as our platform as their smaller size and wider availability
rendered them suitable for our proof-of-concept study. It is important to minimize the
presence of residual detergents in decellularized scaffolds due to their cytotoxicity. Different
methods of residual SDS removal from decellularized scaffolds have been shown [23] and
in this study we have performed an extensive wash to remove residual detergent presence.
We have adapted a well-studied method for decellularizing rat livers in this study. Since the
successful outcome of the adapted method has been shown numerous times in our previous
studies [24–26], we do not provide here a detailed characterization of the decellularization
process. The iPSCs reached the parenchymas of the livers and attached to the liver matrices
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in agreement with reports showing iPSC attachment to 2D gels made of liver matrix [14,17].
Histological analysis showed that the livers were more heavily populated at the HS and
HE stages, suggesting growth in cell number at earlier stages of differentiation, as well as
further confirming that there was no cytotoxicity due to residual detergents.

ECM–cell interactions have been shown to have an important role in cell differentiation
and function in various tissues [27,28]. The specific effect of decellularized liver matrices
on the change of expression patterns in iPSCs throughout their differentiation towards
hepatic lineages, as well as their effect on differentiated cell functions [14,16,17], have been
shown in 2D settings. However, the structural organization and other advantages of a 3D
microenvironment are overlooked in such 2D settings and the direct effect of the 3D native
liver environment has not been shown. In one study, when differentiated using a sandwich
culture method with human decellularized matrix, iPSC expression patterns showed higher
expression of markers specific to each stage compared to cells differentiated on Matrigel [14].
At the definitive endoderm stage, the endoderm markers GATA-4, FOXA2, and SOX17
were expressed at significantly higher levels compared to the Matrigel groups. However,
in this culture setting the difference was 10-fold or less. In our study, the differentiation
within whole decellularized rat livers yielded an over 65-fold increase in FOXA2 and an
over 500-fold increase in GATA4 expression compared to the geltrex samples. These drastic
differences were observed at the later stages of differentiation in the expression levels
of mature hepatocyte markers. Overall, the induction of expression of markers at this
level was greater than the increase reported for 2D liver matrix substrates, indicating the
importance of the 3D microenvironment in addition to the components of the ECM. This
drastic increase was likely induced by a combination of factors, including the increased
cell–ECM interactions provided in the whole liver setting, the ECM remaining intact
without going through a digestion step that was used to develop the 2D substrates, and
the perfusion culture delivering fresh and oxygenated media continuously. Our results are
consistent with those of Sassi et al. [29], who showed that the perfusion culture of primary
human hepatocytes in a bioreactor system induced significantly higher cell viability and
functioning compared to static cultures within the same scaffolds.

In addition to comparing the expression of markers at the respective differentiation
stages at which they are expected to peak, we also observed the expression patterns
throughout the differentiation so as to understand the overall expression changes in the 3D
environment. Interestingly, we observed an immediate decrease in pluripotency markers in
decellularized rat livers, while a more gradual decrease took place in the geltrex group. This
could potentially point to a lower differentiation efficiency in the geltrex group compared to
the decellularized rat livers. This is in line with the previous observations of Jaramillo et al.,
who reported that decreases in the expression of OCT4 and NANOG were more gradual
when cells were differentiated on Matrigel surfaces compared to 2D human liver matrix
gels [14]. We also observed that the endoderm markers SOX17, GATA4, and FOXA2 reached
peak expression levels at the HS stage in the geltrex group as opposed to the DE stage in
decellularized rat livers. A similar expression trend was noted in the work of Jaramillo et al.,
although it was reported for FOXA2 expression only. In the next stage of differentiation, we
observed large differences in the expression levels of the developmental hepatic markers
CK18 and CK19 between the decellularized rat liver and geltrex groups. The delayed
increase in the expression of endoderm markers is in line with a lower efficiency in the
induction of hepatic markers at the HS stage.

A commonly used hepatic differentiation protocol consists of four stages that constitute
a 20 day-long protocol [7]. Just as is observed in hepatocyte differentiation, other cell
lineages also face the problem of resulting iPSC-derived cells exhibiting fetal expression
patterns and associated inferior functionality [30,31]. The 3D environment and the native
liver microenvironment are two factors that are shown to be effective in improving the
mature phenotypes of cells [16,32,33]. Another factor was shown to be an extended culture
with appropriate culture media [34,35]. In this study we added a final stage that we named
hepatocyte maturation, in which the cells were cultured for an extra 7 days with a medium
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used for primary hepatocytes. We hypothesized that this additional step, along with the 3D
native microenvironment and physiologically relevant flow conditions, would contribute to
further maturation of the iPSC-derived hepatocyte-like cells. Although we did not observe
any changes in the organizational structure of hepatocytes within the parenchymas of
the livers histologically, at mRNA or protein levels the cells showed higher expression of
mature markers, including important CYP450 enzymes, albumin, and HNF4a [36], after
the maturation step compared to the IHC stage. The albumin secretion achieved at the
end of the HM stage was superior to other reports, such as Park et al.’s, in which it was
reported that about 4 μg albumin per liver was secreted, while above 250 μg was secreted
through our protocol. In addition, Sassi et al. reported approximately 40 μg albumin
secretion in the lateral left lobe of rat livers populated with primary human hepatocytes
after 11 days or longer of culture under perfusion [29]. It should be noted that in the
study by Park et al. only the median lobes of livers were populated and that the cells
interacted with decellularized liver ECMs only after full differentiation. Similarly, in the
study by Sassi et al., only the left lateral lobes of rat livers were used and characterized for
albumin secretion under perfusion. Even though the albumin secretion analysis in our study
showed superior results, the urea secretion recorded by Sassi et al. in the left lateral lobes of
primary hepatocyte-populated rat livers was higher. Overall, although inferior compared
to those for native liver functions and primary hepatocyte urea secretion levels, our results
still suggest an improvement compared to other reports of iPSC-hepatocyte-populated
livers, with potential benefits owing to cell–ECM interactions provided throughout the
differentiation process. Feldhoff et al. reported albumin secretion levels for a male Sprague
Dawley rat of 540 μg per g of liver per hour [37], which is much higher than the levels
reached in our setting. Through improving the number of cells seeded in decellularized
livers, both albumin and urea synthesis rates can be improved.

An important observation we made was that expression of the fetal marker AFP
was significantly lower following the maturation stage. This is in line with the natural
development of the liver, as AFP expression has been reported to be higher in the fetal liver
compared to the adult liver [36]. This decrease suggests a more mature-like expression
profile. The observation of a similar trend in the geltrex group further suggests that the
HM stage added here induced maturation of iPSC-hepatocytes and that it is important to
include it in regular practices. Another indicator of maturity in hepatocytes is quiescence.
In the healthy adult liver, the proliferation capacity of hepatocytes is extremely low as
they are quiescent [38]. The proliferation of hepatocytes is only triggered by injury in the
mature state [39]. Although not significant, we observed a slight decrease in Ki67-positive
cells after the maturation stage. Taken together, the increase in the expression of mature
hepatocyte markers, the increases in albumin and urea secretion, and the decreases in AFP
and Ki67 expression suggest an improved maturity evoked by the 3D microenvironment
and the maturation stage that we incorporated into our protocol.

5. Conclusions

Overall, we have reported, for the first time, the perfusion differentiation of iPSCs
within whole decellularized rat livers. In this report, we have shown the importance of the
native 3D microenvironment in developing human-origin hepatocyte-like cells with more
mature characteristics and the possibility of further improving hepatic functioning through
prolonged perfusion culture. We believe that although the native liver microenvironment
used here is of rat origin, the results are clinically relevant, as we have shown in our
previous studies that rat and human decellularized liver matrices have similar contents [21].
We emphasize that further optimization and improvements are required, as well as the
addition of non-parenchymal liver cells, to produce tissues of clinically applicable sizes and
functionalities and suggest that the native microenvironment and structural organization
are crucial to achieve this.
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Abstract: Extrusion-based three-dimensional (3D) bioprinting is an emerging technology that allows
for rapid bio-fabrication of scaffolds with live cells. Alginate is a soft biomaterial that has been
studied extensively as a bio-ink to support cell growth in 3D constructs. However, native alginate
is a bio-inert material that requires modifications to allow for cell adhesion and cell growth. Cells
grown in modified alginates with the RGD (arginine-glycine-aspartate) motif, a naturally existing
tripeptide sequence that is crucial to cell adhesion and proliferation, demonstrate enhanced cell
adhesion, spreading, and differentiation. Recently, the bioprinting technique using freeform reversible
embedding of suspended hydrogels (FRESH) has revolutionized 3D bioprinting, enabling the use
of soft bio-inks that would otherwise collapse in air. However, the printability of RGD-modified
alginates using the FRESH technique has not been evaluated. The associated physical properties
and bioactivity of 3D bio-printed alginates after RGD modification remains unclear. In this study,
we characterized the physical properties, printability, and cellular proliferation of native and RGD-
modified alginate after extrusion-based 3D bioprinting in FRESH. We demonstrated tunable physical
properties of native and RGD-modified alginates after FRESH 3D bioprinting. Sodium alginate with
RGD modification, especially at a high concentration, was associated with greatly improved cell
viability and integrin clustering, which further enhanced cell proliferation.

Keywords: 3D bioprinting; FRESH; hydrogel; RGD; alginate; tunable; physical property

1. Introduction

Three-dimensional (3D) bioprinting is an emerging technology used to rapidly fab-
ricate engineered tissues in vitro using biomaterials combined with live cells and growth
factors [1–4]. Extrusion-based bioprinting works by depositing cell-laden bio-inks onto
printing platforms in a layer-by-layer fashion to generate 3D constructs [5]. Biocompatibil-
ity, printability, and mechanical properties of the bio-ink are important factors to consider
when selecting a suitable bio-ink for extrusion-based 3D bioprinting. Alginate is a soft
biomaterial that has been frequently used as a bio-ink to support cell growth in 3D as a ma-
trix scaffold due to its biocompatibility and tunable physical properties [3,6–10]. Although
3D bioprinting has made significant advances in creating engineered functional tissues,
limitations exist when printing living cells with soft biomaterials such as alginate [11,12].
Additionally, unmodified alginate is a bioinert material that requires modifications to allow
for cell adhesion [3,13].

RGD (arginine-glycine-aspartate) is a tripeptide sequence that naturally exists in
extracellular matrix proteins such as fibronectin and laminin [14,15]. The RGD sequence
is crucial to cell adhesion and proliferation as it binds cell-surface integrin receptors to
form focal adhesions [16]. Native alginate can be chemically modified to include RGD
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sequences to promote cell adhesion [16–19]. A previous study demonstrated that RGD-
coupled alginate enhanced cell adhesion, spreading, and differentiation of myoblast cells
in hydrogels [17].

Freeform reversible embedding of suspended hydrogels (FRESH) was recently devel-
oped to allow for bio-ink extrusion within a thermo-reversible support bath [11,20]. This
support bath is composed of gelatin microparticles in a slurry consistency, can provide
mechanical support during printing and cross-linking, and is removable at 37 ◦C. FRESH
printing of soft biomaterials such as alginate mitigates the effects of gravity by embedding
bio-inks in the aqueous phase of the bath to allow for freeform printing of unsupported
structures [20]. Although FRESH printing of native alginates has been reported, the print-
ability and physical properties of RGD-modified alginates printed using the FRESH method
have not been studied. The physical properties of RGD-modified alginates are different
from those of native alginates [16,19], as with any type of modification, but the impact
of this change is unclear in extrusion-based 3D printing using FRESH. Lastly, bioactivity
such as cell viability, proliferation, and morphology using the RGD-modified alginate after
extrusion-based 3D printing in FRESH remains unclear. Thus, we sought to characterize
the physical properties and cellular proliferation of native and RGD-modified alginate after
extrusion-based 3D printing in FRESH.

2. Materials and Methods

2.1. Cell Culture of Adult Human Dermal Fibroblasts

Adult human dermal fibroblasts (HDFa, catalog no. C0135C, ThermoFisher Scientific,
Waltham, MA, USA) were cryopreserved as primary cultures. When needed, they were
thawed and immediately plated in fibroblast growth media which consisted of human
fibroblast expansion basal medium (catalog no. M106500, Gibco, Waltham, MA, USA), 2%
(v/v) low serum growth supplement (catalog no. S00310, ThermoFisher Scientific, Waltham,
MA, USA), and 1% (v/v) penicillin-streptomycin (catalog no. 15140148, ThermoFisher
Scientific, Waltham, MA, USA). Cells were cultured in a cell culture incubator (catalog no.
50116047, Thermo Scientific, Waltham, MA, USA) and set to 5% CO2 at 37 ◦C. The media
was changed every other day, and the cells were passaged when confluent.

2.2. Alginate Bio-Ink Preparation

Native sodium alginate (catalog no. ALG, Allevi Inc., Philadelphia, PA, USA,
MW = 295,000 g/mol, M:G ratio = 1.29) and RGD-modified sodium alginate (catalog no.
4270425, NovaMatrix, Sandvika, Bærum, Norway, MW = 188,000 g/mol, M:G ratio = 1.22)
were first sterilized using ethylene oxide. The RGD-modified sodium alginate had a RGD
peptide substitution of 0.255%, and the RGD:alginate ratio was 0.013 μM/mg prior to
printing. The sterilized alginates were dissolved in 50 mM HEPES (catalog no. 15630080,
Gibco, Waltham, MA, USA) under stirring at 60 ◦C to create 2% (w/v) native sodium
alginate (2% SA), 5% (w/v) native sodium alginate (5% SA), 2% (w/v) RGD-modified
sodium alginate (2% RGD-SA), and 5% (w/v) RGD-modified sodium alginate solutions
(5% RGD-SA). When alginates were fully dissolved, the solution was allowed to cool to
37 ◦C while stirring. The alginate solutions were stored at 4 ◦C for up to 48 h if not used
immediately. When ready for bioprinting, 2 mL of the alginate solutions were loaded into a
5 mL sterile syringe (catalog no. PSYR5, Allevi Inc., Philadelphia, PA, USA) using sterile
technique. Using another 5 mL sterile syringe and a syringe coupler (catalog no. SYRCOUP,
Allevi Inc., Philadelphia, PA, USA), 0.01% (w/v) Alcian Blue 8GX (catalog no. J60122.14,
Thermo Scientific, Waltham, MA, USA) was finally mixed in the alginate solutions. Alcian
Blue allowed for visualization of the printed constructs prior to cross-linking to avoid loss
of constructs during post-print processing. The final alginate solutions were kept in one
of the 5 mL sterile syringes, and the other syringe was discarded. Air was removed from
the printing syringe by centrifuging the printing syringe at 300× g for 1 min, inverting the
syringe without introducing air into the alginate solution, and extruding the air from the
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printing syringe. The syringe was covered with a syringe cap (catalog no. SYRCAP, Allevi
Inc., Philadelphia, PA, USA) and stored at 4 ◦C until ready for printing.

To print cell-laden alginates, HDFa cells of desired concentration were suspended in
10 μL of fibroblast growth media described above. The alginate solutions were warmed
to 37 ◦C prior to cell mixing. This concentrated HDFa mixture was added into a 5 mL
sterile syringe with 245 μL of air-free alginate solution using a P20 pipette. Another
5 mL syringe with 245 μL of air-free alginate solution was also prepared and intended
for mixing only. Using the syringe coupler, HDFa cells were homogenously suspended in
the alginate solutions by moving the plunger back and forth between two sterile, air-free
5 mL syringes. This allowed for mixing without reintroducing air into the solution. After
thorough mixing, the cell-laden alginate solutions were kept in one syringe to be used
immediately for bioprinting.

To cross-link alginates, CaCl2 solution was used. 100 mM sterile CaCl2 cross-linking
solution was made by dissolving CaCl2 (catalog no. CACL, Allevi Inc., Philadelphia, PA,
USA) in 50 mM HEPES. This cross-linking solution was then stored in 4 ◦C for up to 48 h if
not used immediately.

2.3. FRESH Support Bath Preparation

FRESH support bath is a slurry of spherical gelatin microparticles with an average
diameter of 25 μm and reduced polydispersity generated via coacervation. FRESH functions
as a thermo-reversible support bath for bioprinting of bio-inks with gelation mechanisms
orthogonal to gelatin [11]. The FRESH support bath was prepared for bioprinting according
to the recommended protocol with some modifications [11]. Briefly, 20 mg of sterile CaCl2
was dissolved in 20 mL of 50 mM HEPES to generate a 0.1% (w/v) CaCl2 solution. This
CaCl2 solution was then transferred to a 50 mL microcentrifuge conical tube containing
1g of sterile LifeSupport (catalog no. LIFES, Allevi, Philadelphia, PA, USA). Specifically,
the LifeSupport powder is composed of dehydrated gelatin microparticles of defined size
and shape. The LifeSupport powder was first rehydrated by dissolving the powder in the
CaCl2 solution by vigorous mixing using a spatula for 1 min to ensure all powder was
fully resuspended. The LifeSupport was then kept at 4 ◦C undisturbed to fully rehydrate.
Then the LifeSupport solution was centrifuged at 2000× g for 7 min until LifeSupport was
compacted, and the resulting supernatant was discarded. The resulting FRESH support
bath was transported to well plates for 3D printing. All support baths were used within
12 h.

2.4. Extrusion-Based Bioprinting

Allevi 3 Bioprinter (Allevi, Inc., Philadelphia, PA, USA) was used to bioprint alginates
in FRESH. The pre-loaded alginate syringe, prepared as described above, was attached to
one of the extruders with a 30G, 0.25 in plastic tipped needle attached. After automatic
calibration according to the standard protocol, pressure was applied to test extrusion until
alginate was dispensed. The extrusion pressures for 2% SA, 5% SA, 2% RGD-SA, and
5% RGD-SA were 7.5 psi, 15 psi, 7.5 psi, and 15 psi, respectively. For construct fidelity
testing, 3 mm × 3 mm × 3 mm open single filament boxes were printed. For cell viability
and proliferation assessment, 2 mm cylinders of 4 mm in diameters were printed with
100,000 cells/mL in concentration. For cell morphology evaluation, 1 mm cylinders with a
6 mm diameter were printed with 1 million cells/mL in concentration. Cell-laden constructs
had an infill grid pattern with an infill distance of 0.16 mm and a layer height of 0.15 mm.
All constructs were completed at 22 ◦C with a print speed of 6 mm/s in 12-well plates
(catalog no. 351143, Corning Inc., Corning, NY, USA).

After printing, all constructs were cross-linked with 1 mL of cross-linking CaCl2
solution for 30 min at 37 ◦C. Then, the cross-linking solution was removed, and constructs
were washed twice with 1 mL of 50 mM HEPES at 22 ◦C. Constructs were again cross-
linked again with 1 mL of cross-linking solution for another 30 min at 37 ◦C and washed
twice with 50 mM HEPES at 22 ◦C. Constructs were cross-linked a final time with 1 mL of
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cross-linking solution for 7 min at 37 ◦C. Constructs were washed one last time and then
cultured in 2 mL of fibroblast growth media in a 5% CO2 37 ◦C cell culture incubator.

2.5. Cell Culture of 3D-Printed Construct

3D-printed constructs were cultured in the fibroblast growth media in a cell culture
incubator (catalog no. 50116047, Thermo Scientific, Waltham, MA, USA) set to 5% CO2
at 37 ◦C for up to 28 days. Three days after bioprinting, the growth media was carefully
removed using a micropipette without disturbing the constructs. Thereafter, 2 mL of new
growth media was added. The media was changed every 3 days until the final timepoint
was reached.

2.6. Mechanical Tensile Testing

A two-piece mold was 3D-printed in UMA 90 using a 3D Carbon Printer (Carbon,
Redwood City, CA, USA). Alginate solutions prepared as described above were cast in the
mold to yield alginate samples with ASTM D412-C specified dimensions (Figure 1A,B).
Cross-linking CaCl2 solution was then sprayed onto the alginate once every 10 min for
30 min. Next, the alginate-containing molds were placed in cross-linking CaCl2 solution
for 12 h at room temperature to complete cross-linking. Alginate specimens were removed
from their molds immediately before analysis with a tensile tester. The alginate specimens
were affixed to an Instron 5565 Microtester (Norwood, MA, USA) equipped with a 100 N
load cell (Figure 1C). The Instron then tensioned the alginate specimens three times at
5 mm/min until 3 mm of displacement was achieved. Following the third measurement up
to 3 mm of displacement, each alginate specimen was tensioned at 5 mm/min until failure.
For each alginate specimen (2% SA, 5% SA, 2% RGD-SA, and 5% RGD-SA), the Young’s
modulus was calculated from the slope of the linear portion of the stress-strain curve.

Figure 1. Alginate specimens molded for mechanical tensile testing and swelling ratio assessment.
(A) ASTMD-412-C specified dimensions. All units are in millimeters. (B) 3D-printed molds were
used to cast alginate specimens with ASTM D412-C specified dimensions. (C) The alginate specimens
were secured to an Instron tester for Young’s modulus measurement.

2.7. Swelling Properties

Alginate strips after cross-linking as described above were carefully blotted with filter
paper to remove any excess liquid from the surface. Baseline weight was obtained. The
alginate strips were placed in fibroblast growth media in a 37 ◦C incubator. At 1, 2, 3,
4, 6, 8, 20, and 24 h after incubation, the alginate strips were removed from the growth
media, blotted, and weighed again. The swelling ratio was then determined using the
following equation:

Swelling Ratio (%) =
Wt − W0

W0
× 100

where Wt is the weight at each time point, and W0 is the baseline weight of each sample.
For each alginate, 12 independent samples were used.
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2.8. Construct Fidelity

To determine the printed constructs’ fidelity, 3 mm × 3 mm × 3 mm open single
filament boxes without infill were 3D bio-printed in FRESH and cross-linked. Immediately
upon cross-linking completion, we performed fidelity assessment while the constructs
were submerged in the cross-linking CaCl2 solution. The largest height of the box was
measured. The wall thickness was also measured to assess the diameter of a single filament
of alginates. For each alginate, 9 independent samples were used.

2.9. Cell Viability and Proliferation Assays

To assess cell viability after bioprinting with each alginate bio-ink, a fragment of each
printed construct was taken 1, 5, 7, 14, and 28 days after printing. The construct fragments
were stained with live/dead viability/cytotoxicity kit for mammalian cells (catalog no.
L3224, Invitrogen, Carlsbad, CA, USA) according to the standard protocol. After staining
for 30 min, the construct fragments were placed on a concave glass microscope slide
(catalog no. 7104, Chang Bioscience, Fremont, CA, USA) and imaged with a Leica DMi8
microscope (Leica Microsystems, Wetzlar, Hesse, Germany). Images were further analyzed
using ImageJ (National Institutes of Health, Bethesda, MD, USA). For each alginate at each
time point, 6 samples were measured.

To assess cellular proliferation, proliferation assays were performed 1, 5, 7, 14, and
28 days after printing. At each time point, alginate constructs were moved to a new 12-well
plate and submerged in 2 mL of fibroblast growth media. Next, 200 μL of Cell Counting
Kit-8 (CCK8, catalog no. CK0411, Dojindo Molecular Technologies, Rockville, MD, USA)
was added to each well. The constructs were incubated at 37 ◦C for 3 h. Using BioTek
Synergy 2 (Agilent Technologies, Santa Clara, CA, USA) and BioTek Gen 5 Software (Agilent
Technologies, Santa Clara, CA, USA), the optical density at 450 nm (OD450) of each well
was obtained.

2.10. Cell Morphology

To assess cellular morphology, constructs were taken 1 and 7 days after printing for
staining. The printed constructs were first fixed at room temperature using 4% paraformalde-
hyde (catalog no. J19943.K2, Thermo Fisher, Waltham, MA, USA) and 1% (w/v) CaCl2 in
50 mM HEPES for 30 min. The constructs were then washed with 50 mM HEPES. Next,
the constructs were permeabilized by treating them with 0.1% (v/v) Triton X-100 (catalog
no. X-100, Sigma-Aldrich, St. Louis, MO, USA) and 1% (w/v) CalCl2 in 50 mM HEPES for
30 min at room temperature followed by another wash with 50 mM HEPES. The constructs
were then blocked in 1% (v/v) BSA (catalog no. A1595, Sigma-Aldrich, St. Louis, MO,
USA) and 1% (w/v) CaCl2 in 50 mM HEPES for 1 h at room temperature. After that, the
constructs were washed in 50 mM HEPES before incubating overnight at 4 ◦C with (1:200)
anti-rabbit actin antibody (catalog no. PIMA532479, Thermo Fisher, Waltham, MA, USA),
(1:200) anti-mouse integrin beta 1/CD29 antibody (catalog no. MAB1778, Thermo Fisher,
Waltham, MA, USA), and 1% (w/v) CaCl2 in 50 mM HEPES. After washing the constructs
in 50 mM HEPES, the constructs were then incubated for 2 h at room temperature in (1:200)
Alexa Fluor 594 Goat Anti-Rabbit IgG H&L (catalog no. ab150080, Abcam, Waltham, MA,
USA), (1:200) Alexa Fluor 488 Goat Anti-Mouse IgG H&L (catalog no. ab150113, Abcam,
Waltham, MA, USA), and 1% (w/v) CaCl2 in 50 mM HEPES. Following another wash in
50 mM HEPES, DAPI (catalog no. NC9524612, Fisher Scientific, Waltham, MA, USA) was
added to stain the constructs. The stained constructs were then imaged using a Zeiss LSM
780 inverted confocal microscope and Zeiss Xen software at 20×/0.5 (ZEISS Microscopy,
Jena, Germany).

2.11. Statistical Analysis

Continuous variables were reported as mean ± standard deviation unless specified
otherwise. Sample variance was assessed using F-test. To compare each metric (at each time
point if applicable) among the different alginate bio-inks, analysis of variance (ANOVA)
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with Tukey post-hoc correction was performed. A p value of less than 0.05 was considered
statistically significant.

3. Results

3.1. Mechanical Properties of Alginates

Native alginates and RGD-modified alginates at different concentrations demonstrated
a broad range of mechanical properties (p < 0.0001, Figure 2A). In general, alginates at
higher concentrations were stiffer, with the 2% vs. 5% SA having a Young’s modulus of
492.3 ± 13.0 kPa vs. 1816.8 ± 61.0 kPa (p < 0.0001), respectively; and 2% vs. 5% RGD-SA
with Young’s modulus measuring 531.8 ± 26.8 kPa vs. 1767.0 ± 57.5 kPa (p < 0.0001),
respectively. RGD modification did not significantly alter alginates’ stiffness. The force vs.
displacement plots are shown in Figure S1.

Figure 2. Physical properties of alginates. (A) Mechanical tensile testing performed for four different
alginates demonstrated significantly different Young’s Modulus (p < 0.0001) with 5% (w/v) sodium
alginates, with or without RGD modification, demonstrating statistically significantly higher Young’s
Modulus compared to 2% (w/v) alginates with or without RGD modification. (B) Swelling ratio
increased within the first hour for all alginates, but steadily decreased over the course of 24 h. At each
time point, swelling ratios of different alginates were significantly different from each other with
5% RGD-SA demonstrating the highest swelling ratio amongst all alginates. *** denotes p < 0.001.
SA: sodium alginate; RGD-SA: RGD-modified sodium alginate. Error bars represent standard error.

3.2. Swelling Ratio of Alginates

Swelling ratios differed significantly between the alginates at each time point from
after 1 h (p < 0.0001), 2 h (p = 0.0002), 3 h (p = 0.0004), 4 h (p < 0.0001), 6 h (p < 0.0001), 8 h
(p < 0.0001), 20 h (p < 0.0001), and 24 h (p < 0.0001) of incubation (Figure 2B). Significant
swelling appeared within the first hour of incubation. Specifically, 5% RGD-SA compared
to 2% SA as well as compared to 2% RGD-SA demonstrated a significantly higher swelling
ratio at all time points (p < 0.01). Furthermore, 5% RGD-SA maintained a significantly
higher swelling ratio compared to 5% SA starting at 2 h after incubation (p < 0.05). There
was no statistically significant difference in swelling ratio between 2% SA and 2% RGD-SA
at any time point.

3.3. Alginate Bioprinting Fidelity

3D bioprinting using alginates in FRESH resulted in generally excellent fidelity in
shape, and constructs maintained a squared box geometry in 3D (Figure 3A–D). The largest
height of the box for 2% SA, 5% SA, 2% RGD-SA, and 5% RGD-SA were 3.7 ± 0.5 mm,
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3.2 ± 0.1 mm, 3.3 ± 0.2 mm, and 3.1 ± 0.1 mm, respectively (p = 0.0001, Figure 3E).
Specifically, 2% SA constructs were larger compared to constructs printed with 2% RGD-
SA (p = 0.02), 5% SA (p = 0.002), and 5% RGD-SA (p = 0.001). Compared to the desired
construct size, the final 3D constructs using 2% SA, 5% SA, 2% RGD-SA, and 5% RGD-
SA were 23.7 ± 16.7%, 6.3 ± 3.3%, 10.9 ± 6.5%, and 2.6 ± 2.2% larger in maximal height
(p = 0.0001). In terms of filament sizes, constructs printed with 2% SA, 5% SA, 2% RGD-SA,
and 5% RGD-SA had wall thickness measured 1.8 ± 0.8 mm, 1.0 ± 0.1 mm, 1.3 ± 0.4 mm,
and 0.8 ± 0.1 mm, respectively (p = 0.0004, Figure 3E).

Figure 3. 3D bioprinting using the Allevi 3 bioprinter and alginates as bio-ink in freeform reversible
embedding of suspended hydrogels (FRESH) for construct fidelity testing (A) Photograph of the
Allevi 3 3D bioprinter with all 3 extruders attached. (B) Demonstration of 3D bioprinting of alginates
in FRESH. (C) Open, single filament alginate boxes of 3 mm × 3 mm × 3 mm in size were printed in
FRESH prior to cross-linking. Scale bar = 5 mm. (D) An exemplary open, single filament alginate
box after cross-linking. Scale bar = 5 mm. (E) Construct fidelity analysis compared box maximal
height and wall thickness printed using four different alginates. Mixture of 2% (w/v) sodium alginate
(SA) demonstrated the largest box height and wall thickness, whereas 5% (w/v) SA with or without
RGD modification demonstrated smaller box height and wall thickness. * denotes p < 0.05; ** denotes
p < 0.01. SA: sodium alginate; RGD-SA: RGD-modified sodium alginate. Error bars represent
standard deviation.

3.4. HDFa Cell Viability in 3D Bio-Printed Alginates

3D bioprinting using HDFa cell-laden alginates as bio-ink was successful
(Figures 4A,B and S2). HDFa cell viability at day 1 after bioprinting remained high with
an average viability of 88.3 ± 1.0%, 85.6 ± 3.5%, 84.1 ± 3.5%, and 84.0 ± 1.4% using 2%
SA, 5% SA, 2% RGD-SA, and 5% RGD-SA, respectively (p = 0.04). Throughout the 28-day
incubation period (Figure 4C), cell viability in 2% SA remained the lowest compared to
2% RGD-SA and 5% RGD-SA at day 7 (69.9 ± 2.8% vs. 81.3 ± 3.4% and 82.8 ± 4.4%,
p = 0.01 and 0.004), day 14 (66.6 ± 3.3% vs. 85.9 ± 11.3% and 81.1 ± 6.5%, p = 0.01 and 0.03),
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and day 28 (56.2 ± 6.3% vs. 84.3 ± 3.9% and 80.1 ± 6.3%, p = 0.001 and 0.001). At day 28,
cells printed in 5% SA also demonstrated significantly lowered viability compared to 2%
RGD-SA (69.4 ± 6.1% vs. 84.3 ± 3.9%, p = 0.02), though still higher than 2% SA (p = 0.01).
Additionally, cell viability in SA regardless of the concentration continued to decrease over
time. There was no difference in cell viability printed in 2% or 5% RGD-SA throughout the
28-day incubation period and the proportion of viable cells in RGD-SA remained stable
over time.

Figure 4. Adult human dermal fibroblast cell viability and proliferation after 3D bioprinting in
different alginate bio-inks over 28 days. (A) 6 mm cylinders were 3D printed with adult human dermal
fibroblast-laden alginates in freeform reversible embedding of suspended hydrogels (FRESH). Scale
bar = 5 mm. (B) After FRESH removal and cross-linking, the 3D printed cylinder was successfully
harvested for further cell viability and proliferation testing. Scale bar = 5 mm. (C) Cell viability in
2% (w/v) sodium alginate (SA) demonstrated the lowest cell viability compared to RGD-modified
SA (RGD-SA) after 7 days. Cell viability in 2% SA continued to decrease over time. Cells printed in
RGD-SA remained viable over time. (D) Cells after 3D bioprinting in different alginates demonstrated
varied proliferation. 5% RGD-SA demonstrated the highest cell proliferation compared to 2% RGD-
SA at day 5 and compared to SA at day 28. Cells were able to successfully proliferate in RGD-SA
with 5% RGD-SA supported better cell proliferation compared to 2% RGD-SA. * denotes p < 0.05;
** denotes p < 0.01; *** denotes p < 0.001. Error bars represent standard error.

HDFa cell proliferation measured after bioprinting in alginates varied over time
(Figure 4D). Specifically, 5% RGD-SA consistently supported the highest cell proliferation
compared to 2% RGD-SA at day 5 (0.19 ± 0.03 vs. 0.14 ± 0.01, p = 0.001) compared to 2%
SA (0.24 ± 0.05 vs. 0.18 ± 0.01, p = 0.04) and 5% SA (0.24 ± 0.05 vs. 0.17 ± 0.01, p = 0.004)
at day 28, respectively. Furthermore, both RGD-SAs supported an increase in cell growth
over 28 days, but 5% RGD-SA demonstrated better cell proliferation over time compared to
2% RGD-SA.

3.5. HDFa Cell Morphology in 3D Bio-Printed Alginates

HDFa cells were well-visualized in the alginates after 3D bioprinting (Figure 5). There
were no significant visual differences in cell morphology on day 1. However, slightly
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enhanced but faint integrin signals were observed throughout cell cytoplasm in cells
printed in 2% and 5% RGD-SAs compared to those printed in native alginates (Figure S3).
After 7 days of culture, cell morphology remained similar in different alginates. However,
actin signals were more pronounced compared to cells 1 day after bioprinting (Figure S4).
The integrin signal was only observed in the cells printed in 5% RGD-SA. Area of integrin
aggregation and clustering around the cell surface was also observed (Figure S3). However,
the integrin signal disappeared in cells printed in 2% RGD-SA, similar to cells printed in
native alginates after 7 days of culture.

 

Figure 5. Cell morphology 1 and 7 days after bioprinting in alginates. Cells appeared similar in
appearance 1 day after bioprinting, but only RGD-modified alginates (RGd-SAs) showed integrin
signals. However, 7 days after bioprinting, only cells printed in 5% RGD-SA demonstrated integrin
signals with clustering. Cell morphologies were otherwise similar in different alginates 7 days after
bioprinting. SA: sodium alginate. Scale bar = 5 μm.

4. Discussion

FRESH 3D bioprinting is a significant advancement for the bio-fabrication of soft
materials such as alginates. Although FRESH bioprinting native alginates and physical
properties of RGD-modified alginates have been reported independently, the physical
properties of 3D bio-printed RGD-modified alginates using the FRESH technique have not
been reported previously. This represents a knowledge gap that requires further investiga-
tion. Active research is being conducted to modify alginates and printing methodologies
to improve scaffold physical properties, printability, and bioactivity [5]. In this study,
we characterized the physical properties, printability, and cellular proliferation of native
and RGD-modified alginate after extrusion-based 3D bioprinting in FRESH. Given that
RGD-modified alginates are attractive biomaterials for cell growth and differentiation [16],
and that FRESH 3D bioprinting is a popular printing technique to generate scaffolds in
complex geometry with high precision [11], we believe this study may have an important
impact in the field of 3D bioprinting to facilitate further biomedical research in biomaterials
and tissue engineering.

In terms of physical properties, bio-inks with a higher concentration of alginates were
found to be associated with a higher Young’s Modulus. This was in accordance with
previous literature published on native alginates [16,17,21]. Previous literature also re-
ported a significant effect on mechanical properties from adjusting the molecular weight of
alginate [22–24]. Interestingly, the mechanical property can be further tuned by modifying
alginates with RGD. We also found that a higher concentration of alginates was associated
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with a higher swelling ratio for 5% RGD-SA, which demonstrated the highest swelling ratio
amongst the four alginates investigated in this study. Water absorption is an important
feature for hydrogels and tissue engineering scaffolds as it reflects the scaffold’s ability to
absorb body fluids and transport water and nutrients [25]. All alginates after FRESH 3D
bioprinting had relatively high swelling ratios. The varying swelling ratios observed in
this study may be due to the different degrees of crosslinking because of different alginate
concentrations and the addition of RGD motifs [25].

In terms of bio-ink printability and construct fidelity, 5% RGD-SA demonstrated the
best fidelity with highest precision amongst the different alginates used in this study.
Printability of a bio-ink is impacted by the mechanical stability of the first layer, rheological
properties, as well as cross-linking mechanisms [5]. For lower concentration of alginate,
the viscosity was lower, and the bio-ink was more spread out after extrusion. This further
impacts the rheology properties of alginates, as reflected by the higher extrusion pressure
required to print alginates at higher concentrations. The width of the printed filament was
the finest using 5% RGD-SA, suggesting the best construct fidelity amongst the alginates
tested in this study. In fact, a previous study has shown slightly increased viscosity of RGD-
SA compared to native SA of the same concentration [26]. This slight change of viscosity,
though not significant enough to affect extrusion pressure required for bioprinting, allowed
for finer filament deposition.

Throughout the printing process and the post-print processing, many factors can
impact cell viability. These include but are not limited to shear stress during extrusion-
based bioprinting, fabrication time, gelling condition, cross-linking methodology, and
duration [10]. In this study, we controlled for variables to isolate the impact of bio-ink
alone on cell viability. We showed that cell viability in all alginates remained high until
7 days post-bioprinting when RGD-modified alginates demonstrated superior viability.
We hypothesize that the presence of RGD provides a favorable 3D micro-environment to
allow for cell adhesion and further facilitates enhanced cell growth and proliferation over
an extended period. Our study demonstrated significantly augmented cell proliferation
associated with 5% RGD-modified alginates compared to native alginates at the 28-day
time point. Prior studies showed that RGD-modified alginates were able to support cell
proliferation to maintain 80% of viability for at least 2 days [27]. Cell migration and
organization have also been observed [26]. The findings from this study again suggest
that the presence of RGD motif in alginates not only helps maintain cell viability but
also supports cell growth and proliferation. Although the cell-matrix interaction gets
less important as time passes as cell-cell contacts and interactions develop, the initial 3D
micro-environment when the cells were printed can be a critical factor to determine cell
fate [28]. In our study, we found that cell reorganization with actin polymerization was
prominent 7 days after bioprinting across different alginates. Since prior literature observed
cytoskeleton remodeling after cells being exposed to shear stress [29,30], we hypothesize
that the extrusion-based 3D bioprinting process can activate cytoskeleton. Interestingly,
integrin was initially present in both 2% and 5% RGD-modified alginates 1 day after
bioprinting, but after 7 days of culture, integrin was only observed on the cell surface in
those printed in 5% RGD-SA. These cells also demonstrated increased integrin density
and aggregation after 7 days of culture. This might explain why cell proliferation was
significantly improved when cells were printed in 5% RGD-SA as integrin binding to the
extracellular matrix can contribute to the cell’s decision to proliferate, migrate, or die [31].
The RGD peptide density may also impact cell proliferation and viability, given that we
showed cells printed in 2% RGD-SA lost integrin after 7 days culture, whereas cells printed
in 5% RGD-SA presented enhanced integrin with focal aggregates after 7 days of culture.
We hypothesize that with lower RGD peptide density, integrin clusters were unable to
form, thereby affecting integrin-extracellular matrix bonds, adhesive force distribution, cell
signaling systems, migration, and proliferation [32–34].

198



Bioengineering 2022, 9, 807

5. Conclusions

In conclusion, we described tunable physical properties of native and RGD-modified
alginates after FRESH 3D bioprinting. Sodium alginate with RGD modification, espe-
cially at a high concentration, was associated with greatly improved cell viability and
integrin clustering, which further enhanced cell proliferation. A few limitations should be
mentioned. While construct fidelity was assessed immediately upon cross-linking com-
pletion, this should be more comprehensively evaluated over time and in physiologically
relevant conditions. Future studies should also analyze and quantify RGD substitution
in alginates after printing and in cell culture to confirm the presence or absence of RGD
motif release from the cell-alginate matrix during cell culture and incubation. Further
analysis should also be conducted to evaluate the mechanism of cytoskeleton activation
upon 3D bioprinting.

Supplementary Materials: The following supporting information can be downloaded at: https://
www.mdpi.com/article/10.3390/bioengineering9120807/s1, Figure S1: Exemplary live dead images
of adult human dermal fibroblasts in different alginate bio-inks after 3D printing over 28 days. Scale
bar = 100 m. SA: sodium alginate; RGD-SA: RGD-modified sodium alginate; Figure S2: Integrin
signals of cells printed in alginates 1 and 7 days after bioprinting. Integrin was present in both
RGD-modified alginates 1 day after bioprinting, but after 7 days of culturing, only 5% RGD-SA
demonstrated enhanced integrin signals with clustering. SA: sodium alginate. Scale bar = 5 μm;
Figure S3: Actin signals of cells printed in alginates 1 and 7 days after bioprinting. Actin signals were
well visualized in different alginates at both 1 and 7 days after bioprinting. More pronounced actin
formalization was observed after 7 days compared to 1 day after bioprinting. SA: sodium alginate.
RGD-SA: RGD-modified sodium alginate. Scale bar = 5 μm; Figure S4: DAPI signals of cells printed
in alginates 1 and 7 days after bioprinting. No changes in DAPI signals were observed in different
alginates at 1 and 7 days after bioprinting. SA: sodium alginate. RGD-SA: RGD-modified sodium
alginate. Scale bar = 5 μm.
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