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Preface to “Immobilized Biocatalysts” 

This book provides an updated overview of immobilized biocatalysts (enzymes and 
whole cells) presenting modern techniques for their fabrication together with a variety of 
interesting actual applications.  

The enzymes, the immobilization of which is described in the different articles, belong to 
the enzyme classes EC 1 (glucose oxidase, cyclohexanone monooxygenase, horseradish 
peroxidase, ketoreductase, glucose dehydrogenase, and laccase), EC 2 (hypoxanthine–guanine–
xanthine phosphoribosyltransferase, aminotransferase, cellulose synthase), EC 3 (cellulase, β-
amylase, various lipases, an esterase, invertase, endo-β-N-acetylglucosaminidase, β-
fructofuranosidase, and the protease ficin), and to EC 4 (hydroxynitril lyase). Immobilized 
whole cells include those of Escherichia coli, Gram-positive Planococcus sp. S5, Rhodotorula 
mucilaginosa, Gram-negative Enterobacter aerogenes, Komagataeibacter xylinum B-12429 cells, 
and baker’s yeast lysates. 

The book starts with a variety of review articles. The first one is an overview of the 
industrial application of (immobilized) biocatalysts in areas such as the pharmaceutical, food 
and beverage industries, as well as the energy sector (biofuel production and natural gas 
conversion). The authors discuss how the next generation of immobilized biocatalysts will be 
coined by the overlap of technical expertise in enzyme immobilization, protein, and process 
engineering to improve industrial processes with respect to product yield, market profitability, 
and environmental-friendliness. A review, written with the aim of providing an orientation for 
selecting appropriate support materials with tailored properties for the preparation of highly 
effective biocatalytic systems and their application in different processes deals with the pros 
and cons of a large variety of inorganic and organic as well as hybrid and composite materials 
including nano-supports. To the rather new hybrid materials belong metal–organic frameworks 
(MOFs) characterized by a vast structural and functional tunability. They are reviewed here 
with respect to their usability as platforms for enzyme immobilization, and the different 
applications of these enzyme@MOF hybrid materials. This is followed by a research paper 
where the authors demonstrate the in situ self-assembly of Zn/adenine hybrid nano-
coordination polymers as a simple one-step immobilization method, resulting in highly active 
catalysts with excellent reusability. 

In connection with the application of immobilized redox enzymes for sensing 
applications, as well as for energy conversion, direct electron transfer by tunneling between 
enzymes and conductive surfaces is of high importance. This requires controlling enzyme 
orientation at planar electrodes. The factors influencing the proper orientation together with 
various analytical methods for the characterization and quantification of the desired orientation 
is the topic of a further review. Related to this, a paper about the construction of an 
amperometric biosensor for the co-detection of dopamine and glucose may be of interest. As a 
novel matrix for enzyme immobilization, polyelectrolyte complex beads prepared from a two-
step reaction of oppositely-charged polymers turned out to be well-suited for entrapping 
recombinant E. coli cells overexpressing cyclohexanone monooxygenase. A two-enzyme system 
consisting of a ketoreductase and glucose dehydrogenase immobilized inside polyvinyl alcohol 
(PVA) gel particles served to catalyze the asymmetric reduction of keto esters to optically active 
hydroxy esters. Rhodotorula mucilaginosa is a very active and selective whole-cell biocatalyst 
for the asymmetric reduction of various aromatic ketones to the desired chiral alcohols; for cell 
immobilization, agar, calcium alginate, PVA-alginate, and chitosan were employed. 
Enterobacter aerogenes expressing the ataA gene encoding the adhesive protein of 
Acinetobacter sp. Tol 5 simplified and accelerated the immobilization of the whole-cell catalysts 
on polyurethane foam and was shown to be well-suited for biological hydrogen production.  
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Other articles describe the application of immobilized biocatalysts for the degradation of 
pollutants, e.g., the nonsteroidal anti-inflammatory drug naproxen by means of the Gram-
positive bacterium Planococcus sp. S5 immobilized onto a loofah sponge. A lipase from 
Thermomyces lanuginosus was used to degrade the micro-pollutant bisphenol A in 
contaminated water; a commercial macroporous melamine formaldehyde foam served as the 
immobilization support. Highly stable and reusable cross-linked enzyme aggregates (CLEAs) of 
the thermostable esterase estUT1 of the bacterium Ureibacillus thermosphaericus, co-expressed 
with an E. coli chaperone team, were prepared for the removal of organophosphate insecticides 
such as malathion from municipal wastewater. In another article, the application of the CLEA-
technique for maltose production with starch from cassava bagasse with crosslinked -amylase 
is reported, and in a review article, techniques for the preparation of CLEAs, including the co-
immobilization of different enzymes together with a variety of biotechnological application 
examples demonstrating their economic and environmental benefits are discussed. 

Lipases have attracted high scientific attention because they not only hydrolyze 
carboxylic ester bonds, but also cause esterification, interesterification, and transesterification 
reactions in nonaqueous media. An example is a low-temperature ethyl hexanoate synthesis by 
means of an acyl transfer reaction with an antarctic Pseudomonas AMS8 lipase in toluene. A 
new immobilization method making use of SiO2 xerogel and nanocarbon-in-silica composites 
was successfully tested with lipases catalyzing the esterification of fatty acids with aliphatic 
alcohols. A one-step encapsulation method for synthesizing X-shaped zeolitic imidazolate 
frameworks (ZIF-8) and immobilizing Rhizomucor miehei lipase for the biocatalytic production 
of biodiesel showed a 26-fold increase in activity with soybean oil as the substrate compared to 
the free enzyme, a conversion yield of 95.6% under optimum conditions; 84.7% of the initial 
activity was preserved after 10 cycles. The isolation and purification of two Fusarium 
verticillioides lipases through adsorption using octadecyl Sepabeads and octyl Sepharose resins 
resulted in a three-fold increase in activity, with potential for industrial application. A new 
strategy to mitigate the often unfavorable interaction of enzymes with the solid support is the 
genetic fusion of T4-lysozyme to the N-terminus of enzymes to be immobilized; the T4-
lysozyme acts as an inert shield in covalent immobilization and leads to retention or even 
significant improvement in the rescued activity. 

Further application examples discussed in this book are the immobilization of the 
hydroxynitrile lyase from Prunus amygdalus on Celite R-633, which very successfully catalyzes 
the conversion of benzaldehyde to R-mandelonitrile, or that of endo-β-N-acetylglucosaminidase 
from the commensal Bifidobacterium infantis for the release of bioactive N-glycans, which 
might be of use as prebiotics or anti-pathogenic factors. A recombinant β-fructofuranosidase 
from the yeast Xanthophyllomyces dendrorhous that was expressed in Pichia pastoris 
and immobilized within PVA lenticular particles turned out to be well-suited to 
the synthesis of various neo-fructooligosaccharides. Hypoxanthine–guanine–xanthine 
phosphoribosyltransferase from Thermus thermophilus HB8 was immobilized onto 
glutaraldehyde-activated MagReSyn®Amine magnetic iron oxide porous microparticles by 
different strategies for the one-pot, one-step production of dietary nucleotides. Graphene oxide 
grafted with the hydrophobic spacer p-β-sulfuric acid ester ethyl sulfone aniline for the covalent 
immobilization of cellulase led to a significant increase in the enzyme’s half-life; the whole 
immobilization procedure was finished after 10 min with an immobilization yield and efficiency 
of above 90%. Komagataeibacter xylinum B-12429 cells immobilized in PVA cryogel turned out 
to be well-suited to the production of bacterial crystalline cellulose from various renewable 
biomass sources. An inorganic/organic hybrid support, TiO2–lignin, was employed for the 
immobilization of a cellulase from Aspergillus niger. The hybrid support contributed to a 
significant improvement of the enzyme’s thermal and chemical stability. Finally, the 
contribution of different yeast-surface-display techniques for the creation of engineered strains 
for application in consolidated bioprocessing (CBP) is reviewed elaborately. CBP combines 
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cellulase production, enzymatic hydrolysis, and microbial fermentation into a single operation 
to convert lignocellulosic biomass to platform chemicals such as ethanol. 

In conclusion, this book should be of great interest to all those involved in the various 
aspects of this topic, which are discussed in the research and review articles written by 
renowned researchers. They introduce new immobilization procedures, novel support materials 
and application areas, thereby meeting the state of the art of both scientific and technical 
standards. 

Peter Grunwald 
Special Issue Editor 
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1. Definitions, Historical Aspects, and Perspectives

An application-related definition for immobilized enzymes was given by Chibata in 1978 [1]: they
are “enzymes physically confined or localized in a certain defined region of space with retention of
their catalytic activities which can be used repeatedly and continuously”; this also holds in essence for
immobilized cells.

The immobilization of biocatalysts or other bioactive components often means their
transformation from a soluble to an insoluble state by attaching them to an insoluble carrier material
or by encapsulating the catalysts within a polymer matrix of synthetic or natural origin. This may
result in a significant change of the native catalyst’s properties. For an explanation of the observed
modified reaction behavior, the laws of heterogeneous kinetics have to be applied [2,3].

Examples of immobilized biocatalysts (enzymes and whole cells) were known since about
100 years. One of the first papers in this field was a report by Nelson and Griffin [4] on the adsorption
of yeast invertase onto charcoal; the catalyst remained active in this state and catalyzed the hydrolysis
of sucrose. However, the great practical importance of these findings was not recognized until several
decades later; pioneering research began with the work of Grubhofer and Schleith [5], Bernfeld and
Wan [6], or Katchalski-Katzir et al. [7], to name but a few. Since then, the number of publications
increased significantly and research in this area of enzyme technology has not lost any of its topicality
until to date. Application fields are numerous and steadily increasing. Immobilization of biocatalysts
is not only important for an economical application of biocatalysts in (organic) synthesis, but also
for the construction of biosensors or use of immobilized biocatalysts in wastewater treatment [8–10].
Furthermore, site-selective immobilization is a key step for on-chip enzyme assays, a topic excellently
reviewed by Wong et al. [11]. A combination of biocatalysis with nanotechnology led, for example,
in the recent past, to the development of nanocarriers for therapeutic proteins; these nanoconjugates
are able to cross the blood–brain barrier and enable the treatment of diseases of the central nervous
system (CNS), such as lysosomal storage diseases associated with cognitive impairment or CNS
tumors [12–14].

An application of biocatalysts in immobilized form has several advantages: they may be reused
several times, reducing the costs for a biocatalyst, and thus, of the entire process. The procedure
often results in enhanced (thermal) stability, and spoiling of the obtained products is avoided.
Regardless, up to now, large-scale applications of immobilized biocatalysts are still rather rare,
and an immobilization procedure characterized by a general applicability does not seem to exist;
the opinion that each biocatalyst needs a tailor-made immobilization procedure is widespread.
Nonetheless, there are some outstanding examples of industrial application. The first one was the
immobilization of aminoacylase by use of diethylaminoethyl (DEAE)–Sephadex as a solid support
for the stereoselective hydrolysis of N-acyl-D,L-amino acids, developed in 1969 by Chibata et al.,
Tanabe Seiyaku Co., Japan [15], and the same group succeeded in establishing a large-scale industrial
process for the amino acid L-aspartate production from ammonium fumarate by entrapment of
L-asparate ammonialyase-containing Escherichia coli cells [16,17]. Actual examples of industrial
processes performed in presence of robust immobilized enzymes were discussed by Thum et al. [18].

Catalysts 2018, 8, 386; doi:10.3390/catal8090386 www.mdpi.com/journal/catalysts1
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For further recently published reviews, see, e.g., Homaei et al. [19], Liese and Hilterhaus [20], Sheldon
and van Pelt [21], Zucca and Sunjust [22], Mohamad et al. [23], and Kim et al. [24], as well as
Rehm et al. [25] and Bernal et al. [26], with the latter two dealing with new strategies to integrate
enzyme immobilization and protein engineering.

2. This Special Issue

When I was asked to overtake the role of a Guest Editor for this Special Issue, although feeling
honored, I first declined against the background of other obligations. Now looking back on these
months of acquiring possible authors for this project, I do not regret the invested time. This is particular
due to the wonderful and uncomplicated cooperation with the Assistant Editor Adela Liao and her
competent team. Moreover, I owe particular thanks to all the authors who contributed their excellent
papers to this Special Issue that is comprised of twenty-nine articles, among them six reviews, covering
many important aspects of this topic together with a variety of new approaches.

The enzymes, the immobilization of which is described in the different articles, belong to the
enzyme classes EC 1 (glucose oxidase, cyclohexanone monooxygenase, horseradish peroxidase,
ketoreductase, glucose dehydrogenase, and laccase), EC 2 (hypoxanthine–guanine–xanthine
phosphoribosyltransferase and aminotransferase), EC 3 (cellulase, β-amylase, various lipases,
invertase, endo-β-N-acetylglucosaminidase, β-fructofuranosidase, and the protease ficin), and to
EC 4 (hydroxynitril lyase). Immobilized whole cells include those of Escherichia coli, Gram-positive
Planococcus sp. S5, Rhodotorula mucilaginosa, Gram-negative Enterobacter aerogenes, Komagataeibacter
xylinum B-12429 cells, and baker’s yeast lysates.

In more detail, Bracco et al. [27] immobilized the hydroxynitrile lyase from Prunus amygdalus on
Celite R-633 for catalyzing very successfully the conversions of benzaldehyde to R-mandelonitrile; the
immobilized enzyme was recycled up to ten times. A paper supporting glycoproteomic investigations
was presented by Cohen et al. [28]. These researchers immobilized endo-β-N-acetylglucosaminidase
from the commensal Bifidobacterium infantis for the release of bioactive N-glycans which might be of
use as prebiotics or anti-pathogenic factors. The immobilized enzyme also catalyzed the cleavage
of neutral glycans from whey proteins. Musa et al. [29] reported a low-temperature ethyl hexanoate
synthesis by means of an acyl transfer reaction with an antarctic Pseudomonas AMS8 Lipase as catalyst
in toluene that worked optimally at 20 ◦C. The product is employed as a synthetic flavor ester in
the food, beverage, and cosmetic and pharmaceutical industries. According to Míguez et al. [30], a
recombinant β-fructofuranosidase from the yeast Xanthophyllomyces dendrorhous that was expressed in
Pichia pastoris turned out to be well suited for the synthesis of various neo-fructooligosaccharides such
as neokestose, 1-kestose, neonystose, and blastose in a batch reactor at 30 ◦C. The β-fructofuranosidase
was immobilized in polyvinyl alcohol lenticular particles, and could be reused for at least seven cycles
without loss of activity. The tetrameric hypoxanthine–guanine–xanthine phosphoribosyltransferase
from Thermus thermophilus HB8 was immobilized by del Arco et al. [31] onto glutaraldehyde-activated
MagReSyn®Amine magnetic iron-oxide porous microparticles (MTtHGXPRT) by different strategies
for the one-pot, one-step production of dietary nucleotides. The best variant showed negligible loss
of activity at 60 ◦C during 24 h, and a reusability of up to seven cycles. Graphene oxide was grafted
by Gao and coworkers [32] with the hydrophobic spacer p-β-sulfuric acid ester, ethyl sulfone aniline,
for the covalent immobilization of cellulase. After optimizing the reaction conditions, the whole
procedure was finished already after 10 min with an immobilization yield and efficiency of above
90%. At 50 ◦C, the half-life of the cellulase immobilized by this new approach was six-fold higher
than that of the free cellulase. The potential this method may have for the immobilization of other
enzymes needs to be clarified. Another new immobilization method described by Kovalenko et al. [33]
makes use of SiO2 xerogel and nanocarbons-in-silica composites for an entrapment of baker’s yeast
lysates. The authors tested theses carriers with invertase and lipase activity of the enzymatically active
components. The invertase activity increased by a factor of about six in the presence of multi-walled
carbon nanotubes (CNTs) inside the xerogel, whereas the lipase activity tested via esterification of
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fatty acids with aliphatic alcohols increased by a factor of nearly two. The lipase-active composite
CNTs-in-silica biocatalysts operated without loss of activity for more than one thousand hours.

With the aim of degrading the nonsteroidal anti-inflammatory drug naproxen, Dzionek et al. [8]
immobilized the Gram-positive bacterium Planococcus sp. S5 onto a loofah sponge. This conjugate
degraded naproxen efficiently for 55 days without significant damage and disintegration of the carrier,
and in higher concentrations than free cells did. Barley β-amylase is, among others, important
for maltose production. Araujo-Silva et al. [34] prepared immobilized β-amylase in the form of
cross-linked enzyme aggregates using bovine serum albumin or soy protein isolate as feeder proteins
to reduce diffusion problems and to successfully obtain maltose from converting the residual starch
contained in cassava bagasse. A two-enzyme system developed by Petrovičová and colleagues [35],
consisting of ketoreductase and glucose dehydrogenase immobilized inside of polyvinyl alcohol (PVA)
gel particles, served to catalyze the asymmetric reduction of keto esters to optically active hydroxy
esters. The catalyst could be used 18 times with minimal loss of activity and complete conversion of a
model substrate. The described storage conditions enabled the retention of 80% activity after about
10 months. High-throughput screening performed by Liu et al. [36] revealed Rhodotorula mucilaginosa
as a very active and selective whole-cell biocatalyst for the asymmetric reduction of various aromatic
ketones to the desired chiral alcohols. For cell immobilization, agar, calcium alginate, PVA-alginate,
and chitosan were employed as support matrices; pH tolerance and thermal stability were improved.
Cells immobilized on agar retained 90% activity after 60 days of storage at 4 ◦C and could be reused six
times without loss of activity. Biological hydrogen production by microbial cells is an actual research
area. Nakatani and coworkers [37], for this purpose, immobilized Enterobacter aerogenes expressing
the ataA gene encoding the adhesive protein of Acinetobacter sp. Tol 5 on polyurethane foam, thereby
simplifying and accelerating the immobilization of whole-cell catalysts. The total H2 production was
0.6 mol/mol glucose at a production rate in the flow reactor of 42 mL·h−1·L−1.

An application example of biocatalyst immobilization for wastewater treatment was provided
by Samoylova et al. [9]. They prepared stable cross-linked enzyme aggregates (CLEAs) of the
thermostable esterase, estUT1, of the bacterium Ureibacillus thermosphaericus, and used these CLEAs
for removal of the organophosphate insecticide, malathion. High operational stability and activity
of the esterase was achieved by its coexpression with an E. coli chaperone team. Siar et al. [38]
investigated experimental parameters influencing activity and stability of a ficin extract immobilized
onto glutaraldehyde-activated agarose beads. An optimal immobilization yield with 80% was achieved
at pH 9 and maximum enzyme loading was about 70 mg/g. Using casein as a substrate, the activity
of the biocatalyst was 30%. The obtained results suggested a complex inactivation mechanism of
the immobilized enzyme as a function of reaction conditions. An actual topic is the biocatalytic
production of biodiesel. An attractive procedure reported by Adnan and coworkers [39] relies
on a one-step encapsulation method for synthesizing X-shaped zeolitic imidazolate frameworks
(ZIF-8) and immobilizing Rhizomucor miehei lipase. The conjugate showed a 26-fold increase in
activity with soybean oil as a substrate compared to the free enzyme, and a conversion yield of 95.6%
under optimal conditions; 84.7% of the initial activity was preserved after 10 cycles. Dell Antonio
Facchini et al. [40] isolated and purified two Fusarium verticillioides lipases through adsorption using
octadecyl Sepabeads and octyl Sepharose resins which resulted in a three-fold increase in activity.
The catalysts were investigated with respect to their ability to release S-enantiomers from substrates,
and their transesterification capacity. The obtained results indicate industrial applicability of the
immobilized lipases. A new strategy to mitigate the often unfavorable interaction of enzymes with the
solid support is the genetic fusion of T4-lysozyme to the N-terminus of enzymes to be immobilized.
Planchestainer and coworkers [41] demonstrated with different enzyme-fusion conjugates that the
T4-lysozyme acts as an inert shield in covalent immobilization and leads to the retention of or even
significant improvement in the rescued activity.

Bergman and colleagues [42] provided a method for temporally resolving the transients of
vesicular neurotransmitter release and fluctuations of metabolites such as glucose, thereby improving
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understanding of the regulation of neuronal activity. For this purpose, they developed an amperometric
biosensor for co-detection of dopamine and glucose. The device enabled visualization of fluctuations
in glucose and dopamine concentrations at a millisecond time scale. Komagataeibacter xylinum B-12429
cells immobilized in polyvinyl-alcohol cryogel turned out to be well suited for the production of
bacterial crystalline cellulose from various renewable biomass sources as reported by Stepanov and
Efremenko [43]. The cellulose passed through the pores of the cryogel matrix into the medium
resulting in a continuous production. The immobilized cells retained 100% metabolic activity
for at least 10 working cycles. An inorganic/organic hybrid support TiO2–lignin was employed
by Zdarta et al. [44] for the immobilization of a cellulase from Aspergillus niger. As is to be
seen from the fact that the half-life of the immobilized cellulase was five times that of the free
enzyme and over 90% of its initial catalytic was retained after ten repeated cycles, the hybrid
support contributed to a significant improvement of the enzyme’s thermal and chemical stability.
Allertz et al. [10] presented the first application of commercial macroporous melamine formaldehyde
foam Basotect® for covalent and adsorptive enzyme immobilization after pretreatment of the carrier
surface. The immobilization conditions for laccase from Trametes versicolor and the lipase from
Thermomyces lanuginosus were optimized, and the immobilized laccase was shown to be able to
degrade 80% of the micro-pollutant bisphenol A in contaminated water. A novel matrix for enzyme
immobilization, polyelectrolyte complex beads prepared from a two-step reaction of oppositely charged
polymers, was developed by Krajčovič et al. [45] for entrapping recombinant E. coli cells overexpressing
cyclohexanone monooxygenase. The immobilizate exhibited high operational stability and reusability,
e.g., in connection with the oxidation of rac-bicyclo[3.2.0]hept-2-en-6-one to the respective lactones.
Liang et al. [46] demonstrated with glucose oxidase (GOx) and horseradish peroxidase as examples that
in situ self-assembly of Zn/adenine hybrid nano coordination polymers provides a simple one-step
immobilization method, resulting in highly active catalysts with excellent reusability. The immobilized
GOx could also be used in connection with a glucose biosensor, detecting the substrate selectively
down to 1.84 μM.

This Special Issue also contains six review articles. Chapman et al. [47] provided an overview
of the industrial application of (immobilized) biocatalysts in areas such as pharmaceutical, food, and
beverage industries, as well as the energy sector (biofuel production and natural gas conversion).
The authors discuss how the next generation of immobilized biocatalysts will be coined by the
overlap of technical expertise in enzyme immobilization, protein, and process engineering to improve
industrial processes with respect to product yield, market profitability, and environmental friendliness.
Immobilized redox enzymes are employed for sensing applications, as well as for energy conversion.
In this connection, direct electron transfer by tunneling between enzymes and conductive surfaces is of
high importance. This requires controlling enzyme orientation at planar electrodes. Hitaishi et al. [48]
review all the factors influencing a proper orientation together with various analytical methods for
characterization and quantification of the desired orientation. The review contributed by Yamaguchi
and colleagues [49] deals with techniques for the preparation of cross-linked enzyme aggregates
(CLEAs), including co-immobilization of different enzymes. CLEAs often combine the advantages of
immobilized enzymes such as high catalytic activities, good storage, and operational stabilities, as well
as good reusability. A variety of biotechnological application examples are given demonstrating their
economic and environmental benefits. Metal–organic frameworks (MOFs) are porous hybrid materials
consisting of metal ions or clusters and organic ligands, and are characterized by a vast structural and
functional tunability. Wang et al. [50] review these MOFs as platforms for enzyme immobilization,
and the different applications of these enzyme–MOF hybrid materials. The improvement of catalytic
activity and robustness of MOF-encapsulated enzymes compared to their free counterparts is discussed
in detail. Consolidated bioprocessing (CBP) combines cellulases production, enzymatic hydrolysis,
and microbial fermentation into a single operation to convert lignocellulosic biomass to platform
chemicals such as ethanol. Tabañag and colleagues [51] reviewed the contribution of different
yeast-surface-display techniques for the creation of correspondingly engineered strains. Finally,
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Zdarta et al. [52] discuss the pros and cons of a large variety of inorganic and organic, as well as
hybrid and composite, materials including nano supports, used for the immobilization of biocatalysts.
The review was written with the aim of providing an orientation for selecting appropriate support
materials with tailored properties for the preparation of highly effective biocatalytic systems and their
application in different processes.

In conclusion, the Special Issue “Immobilized Biocatalysts” should be of great interest for all
those involved in the various aspects of this topic, which are discussed in the contributions and review
articles. They introduce new immobilization procedures, as well as novel support materials and
applications, thereby meeting the state of the art of both scientific and technical standards.

Conflicts of Interest: The author declare no conflict of interest.
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Abstract: Enzymes as industrial biocatalysts offer numerous advantages over traditional chemical
processes with respect to sustainability and process efficiency. Enzyme catalysis has been scaled
up for commercial processes in the pharmaceutical, food and beverage industries, although further
enhancements in stability and biocatalyst functionality are required for optimal biocatalytic processes
in the energy sector for biofuel production and in natural gas conversion. The technical barriers
associated with the implementation of immobilized enzymes suggest that a multidisciplinary
approach is necessary for the development of immobilized biocatalysts applicable in such
industrial-scale processes. Specifically, the overlap of technical expertise in enzyme immobilization,
protein and process engineering will define the next generation of immobilized biocatalysts and
the successful scale-up of their induced processes. This review discusses how biocatalysis has been
successfully deployed, how enzyme immobilization can improve industrial processes, as well as
focuses on the analysis tools critical for the multi-scale implementation of enzyme immobilization
for increased product yield at maximum market profitability and minimum logistical burden on the
environment and user.

Keywords: enzyme; immobilization; industrial applications; scale-up; techno-economic analysis;
life cycle

1. Introduction

Enzymes are highly efficient biocatalysts researched for industrial-scale catalysis because of their
several distinct advantages that range from their operation in milder reaction conditions, to their
exceptional product selectivity, and to their lower environmental and physiological toxicity [1–4].
The above listed advantages were shown to translate into reduced operating costs when they were
effectively employed as biocatalysts in chemical processes. As such, their lower energy requirements,
mitigation of waste generation, and simplified production routes [1,3,5] have been partially realized
in the pharmaceutical, food, and beverage industries [6–12]. Further work remains however to
demonstrate that biocatalysis is economically competitive in other industries, such as natural gas
conversion and biofuel production [13–19]. Moreover, across the various industries where biocatalysis
can be used, a recurring barrier persists, i.e., the application of enzyme catalysis in chemical processes
is limited by the lack of enzyme stability at high temperatures or in turbulent flow regimes, as well as
in potentially toxic solvents [20–27]. Thus, concentrated approaches spanning over various disciplines
are focusing on the identification and production of robust, stable biocatalysts suitable for application
in a broader range of industrial settings [1,3,20–29].

This review focuses on how enzyme catalysis has been advantageously used in chemical
processes and which industries can further exploit enzyme catalysis for improved outcomes.
Further, this review contains an in-depth discussion of the latest enzyme immobilization techniques,

Catalysts 2018, 8, 238; doi:10.3390/catal8060238 www.mdpi.com/journal/catalysts8



Catalysts 2018, 8, 238

how enzyme immobilization can aid in the realization of fully optimized biocatalysts, and the
combination of technical expertise that will drive the scale-up of these economically competitive
immobilized-biocatalytic processes for industrial applications.

2. Enzyme Implementation: A Societal Need

The pharmaceutical, food and beverage, detergent, and biofuel industries have reaped the
advantages of enzyme catalysis in commercial-scale applications, while other industries, such as
natural gas conversion and fine chemical production, are only recently considering their use [1–4].
In industrial-scale chemical production, the benefits of biocatalysis are often multifaceted, and as such,
enzymes are attractive catalysts owing to mild reaction conditions, high product selectivity, and low
environmental impact, and thus have been employed for both simplified chemical synthesis routes
and improved chemical process economics [1,3,5]; Table 1 illustrates the broad applications of enzyme
catalysis throughout various industries.

Table 1. Industrial applications of enzyme catalysis.

Sector Enzymes Applications References

Pharmaceuticals
Nitrile hydratase, transaminase,
monoamine oxidase, lipase,
penicillin acylase

Synthesis of intermediates for production
of active pharmaceutical ingredients [2,4,30–38]

Food Processing
Trypsin, amylase, glucose
isomerase, papain, pectinase

Conversion of starch to glucose, production
of high fructose corn syrup, production of
prebiotics, debittering of fruit juice

[2,5,9–12,39–43]

Detergent Protease, lipase, amylase, cellulase Stain removal, removal of fats and oils,
color retention, [44–48]

Biofuels Lipase, cellulase, xylanase
Production of fatty acid methyl esters,
decomposition of lignocellulotic material
for bioethanol production

[18,19,44,49–57]

Paper and Pulp Lipase, cellulase, xylanase Removal of lignin for improved bleaching,
improvement in fiber properties [2,4,44,58–61]

Though the advantages of biocatalysis are numerous, commercial enzyme catalysis is used only
if it affords a process improved economics of operation [5]. According to Business Communication
Company (BCC) Research, the global enzyme market is projected to grow from $5.01 billion in 2016 to
$6.32 billion in 2021 (Figure 1), with market trends predicting a shift toward increased technical
enzyme production including those used in textile, paper, leather, and biodiesel industries where
excess waste generation incurs fines from environmental agencies [44]. Such market projections were
shown to be largely driven by process development in enzymatic biofuel production, which present
good opportunities for the scale-up of immobilized biocatalysts [44,49].
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Figure 1. Global enzyme market in 2016 (top) and projected global enzyme market in 2021 (bottom).
Figure adapted from data included in Ref. [44].

3. Enzyme Immobilization for Expanded Scope of Implementation

Studies in enzyme immobilization, i.e., the attachment of the biocatalyst to a material with desired
physical, chemical, electrical, or mechanical properties, have shown that immobilizing biocatalysts
can improve their activity and stability across a broader range of operating conditions, with the
additional functionality being imparted depending upon both the method of immobilization as well
as the inherent properties of the materials used in such immobilization [49,62–66]. It was further
demonstrated that the immobilized biocatalysts are novel in that their application simultaneously also
allows for a reduced number of processing steps due to the facile separation of the biocatalyst itself
from its reaction mixture, their retention of catalytic activity, and the resulting appreciable degree of
reusability [5,20–27]. Table 2 lists both the common advantages and disadvantages associated with the
use of an immobilized biocatalyst, as highlighted in previous research.

Table 2. Advantages and disadvantages of enzyme immobilization.

Advantages Disadvantages

Functionality for use in continuous processes Loss of enzyme activity

Improved stability in broader range of operating
conditions (e.g., pH, temperature etc.)

Immobilization of enzyme in undesired conformation and
subsequent loss of activity

Facile separation of enzyme from product Cost of carrier and additional preparation materials and
methods, as well as laborious training strategies

Reusability of enzyme Mass transfer limitations

Immobilization in preferred conformation and at
preferred location Laborious and time-consuming immobilization processes

Determining the appropriateness of implementing immobilized biocatalysis on an industrial scale
requires a critical evaluation of both technical and economic factors as well as of the process in consideration.
Often, the benefits of immobilization must be multiple-fold to see an improvement over the economics
of free enzyme-catalyzed processes [5]. As such, efficient enzyme immobilization depends critically on
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techniques that afford high degrees of stability and reusability, as well as additional functionality without
significant hindrances to enzyme activity and product selectivity [49,62–66].

Three main immobilization techniques (Figure 2) have been largely reported in the literature,
namely carrier-bound attachment, encapsulation or entrapment, and the formation of crosslinked
enzyme aggregates [20–27]. Two kinetic parameters are often calculated for an immobilized enzyme
to assess the effects of immobilization on the enzyme’s catalytic efficiency when compared to the
non-immobilized enzyme counterpart, i.e., the Michaelis constant Km and maximal reaction velocity
Vmax. Km compares the rates of substrate-enzyme binding and dissociation with smaller values of Km

suggesting that binding dominates and indicating higher enzyme-substrate affinity [1]. Vmax measures
the rate at which an enzyme converts the substrate to product, and when controlled for catalytic mass,
the value of Vmax is an appropriate measure of catalytic activity [1].

Figure 2. Schematic of different enzyme immobilization techniques. The crystal structure of Glucose
Oxidase (GOx) isolated from Aspergillus Niger was used as a model enzyme (PDB ID: 3QVP) [67].
Physical and covalent immobilization techniques are discussed relative to flat nanosupport graphene
and curved nanosupport, carbon nanotube respectively. Encapsulation is discussed relative to a pore
geometry higher than the diameter of the enzyme, while cross-linking is illustrated relative to the
distance between two individual GOx.

3.1. Carrier-Bound Enzyme Immobilization through Both Physical and Chemical Binding

Carrier-bound enzyme immobilization is characterized by the attachment of the biocatalyst onto
a prefabricated solid material with the appropriate immobilization methods being selected to allow for
optimization of the catalytic performance [5,68]. The two common methods of carrier-bound enzyme
immobilization are physisorption and chemisorption, with physical adsorption offering the benefit of
a generally universal, facile immobilization method, since the binding mechanism is not dependent
on a site-specific chemical reaction between the enzyme and the support [49], while the covalent
bonding requires site-specific chemical interactions between the enzyme and the support or the use of
a cross-linking reagent [17].
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Even though a wide range of both organic and inorganic supports, including ceramics and
metal oxides [69,70], nanomaterials [68,71–75], and polymers [76–84] have been investigated as
supports for enzyme immobilization [24], the application of such physically adsorbed enzyme-support
conjugates is limited by enzyme leaching as well as a decrease in the enzyme’s catalytic efficiency [24].
Falus et al., for instance, reported the immobilization of subtilisin A onto various silica gels for the
continuous production of racemic N-Boc-phenylalanine ethyl thioester, an important pharmaceutical
intermediate [83]. Subtilisin A was physisorbed to surface-grafted silica gel and used as packing
in three reactors in series for the dynamic kinetic resolution of racemic N-Boc-phenylalanine ethyl
thioester. At optimal conditions, the continuous flow process yielded a 97% conversion of the substrate
at an enantiomeric excess of 99.5%, with the immobilized subtilisin A retaining catalytic activity after
120 h in continuous flow operation. The improved activity retention and shelf life was reported to be
up to 1 year and was attributed to the increased thermostability of the enzyme upon physisorption [83].

Burkholderia sp. lipase, an enzyme widely studied for the production of biodiesel, was immobilized
onto magnetic nanoparticles and evaluated for its catalytic activity. Tran et al. found that
methyl-grafted Fe3O4-SiO2 nanocomposites had a high affinity for lipase (29.5 mg lipase g−1

nanocomposite being adsorbed) most likely due to the porous structure of the silica coating. A higher
Km value and lower Vmax value were however reported for the immobilized enzyme, thus indicating
that the immobilization process decreased both the catalytic activity and its efficiency, likely due
to the non-specific attachment and deformation of the enzyme active site and its increased mass
transfer resistance. The immobilization also allowed for the improved reusability and separation
of lipase in the transesterification of olive oil with methanol to produce fatty acid methyl esters
(FAMEs). Physisorption of lipase onto magnetic methyl-grafted Fe3O4-SiO2 nanoparticles was shown
to retain significant activity for up to 10 reaction cycles owing to its increased stability from multi-point
hydrophobic interactions with grafted methyl groups [70].

Zhang et al. reported on the immobilization of catalase onto carbon nanotubes for application
in nanoelectronics, biosensing, and high-resolution imaging. Carbon nanotubes have been
extensively studied as supports for enzymes due to their high surface area-to-volume ratio and
biocompatibility [72]. An optimal enzyme loading (1.88 mg m−2) was found for the physisorption of
catalase onto oxidized single wall nanotubes (O-SWNT). A Km value for O-SWNT-catalase conjugates,
relative to that of the free enzyme, was reported to be 27.0%, indicating that the adsorptive interactions
induced conformational changes in the secondary structure of the enzyme, as confirmed by Fourier
transformation infrared spectroscopy and circular dichroism (CD) analyses. Vmax for O-SWNT-catalase
conjugates was reported to be 6.3 times lower than that of free enzyme. An analysis of CD spectra
for immobilized catalase suggested that hydrogen bonding between enzyme and O-SWNT caused
increased enzyme rigidity and therefore increased activity retention [72]. Lastly, Nidetzky’s group
has shown that chimeras of target enzymes can be combined with silica binding modules (SBM)
through noncovalent interaction and become very tightly attached to such underivatized glass, even at
physiological pH conditions. Moreover, the research has shown that the immobilized enzymes
displayed full biological activity, suggesting that their binding to such a glass surface could be
controlled through their specific orientation at the SBM interface [85,86].

Immobilization via covalent attachment was shown to offer strong chemical bonding that prevents
significant enzyme leaching and further mitigates the loss of enzyme active sites [1]. Covalent binding
methods are however more intensive and chemically harsher than physical adsorption, often requiring
activation steps capable of inducing enzyme denaturation [87]. Further, the selection of an enzyme to
be covalently immobilized must be carefully evaluated to ensure optimal catalytic efficiency, and as
such, the enzyme-support covalent bond, for instance, should not affect the amino acids associated
with the enzyme active site, or the immobilization method may cause loss of catalytic activity [87].

Zhu and Sun successfully immobilized lipase from Candida rugosa onto poly(vinyl
alcohol-co-ethylene) (PVA-co-PE) nanofibrous membranes via glutaraldehyde activation for hydrolysis
of p-nitrophenyl palmitate [75]. It was determined that covalent bonding caused an increase in Km and
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a decrease in Vmax due to slower substrate diffusion and decreased enzyme mobility at the interface.
Immobilized lipase was also found to retain nearly 90% of its activity after incubation in a phosphate
buffer system at 55 ◦C for 75 min, while free enzymes were found to retain only approximately 20%
of their initial activity. Significantly more activity than free lipase was also retained after 30 days of
storage at 4 ◦C most likely due to a decrease in denaturation [75].

Kuo et al. reported on the immobilization of the same enzyme for the synthesis of 2-phenylethyl
acetate, the major aromatic ester of rose fragrance. In this study, lipase was covalently bonded to
polyvinylidene fluoride (PVDF) membrane, activated via 1,4-diaminobutane and glutaraldehyde,
resulting in an enzyme loading of 1.71 mg enzyme g−1 PVDF. The immobilization technique also led to
improved catalytic activity with only slightly hindered catalytic efficiency in n-hexane, likely due to the
preservation of the tertiary structure in the organic medium resulting from covalent immobilization [77].
Complementarily, a study by Mendes et al. demonstrated that the optimal immobilization protocol
among carrier-binding methods for lipase from Penicillium camembertii is covalent attachment to an
epoxy-silica-polyvinyl alcohol composite. The covalently bound lipase was found to have a lower, less
variable enzyme loading capacity than the physically adsorbed lipase. Moreover, the optimal case for
covalently bound lipase yielded a hydrolytic activity nearly double that of physical adsorption as well
as a greater activity retention. Covalent attachment of lipase to epoxy-silica-polyvinyl alcohol also
resulted in improved thermostability compared to that of free lipase [88].

Epoxide hydrolase (EH) has also been studied for its potential application in the synthesis of
high-value, enantiomerically pure pharmaceutical intermediates and other bioactive molecules. Petri et al.,
for instance, proposed the covalent attachment of EH from Aspergillus niger to epoxide-activated silica gel
for the enantioselective hydrolysis of p-nitrostyrene oxide. Immobilization onto the silica gel resulted
in a relatively high immobilization yield of nearly 70%, and the immobilized EH was found to retain
about 90% of its activity relative to free EH, as well as good storage stability over the span of few months.
The covalent immobilization of EH caused no decrease in the enantiomeric selectivity of p-nitrostyrene
oxide hydrolysis and markedly improved the stability of EH in organic solvent of 20% DMSO [89].

Nanomaterials have been studied as supports for biocatalysts due to minimal mass transport
limitations and high specific surface area for volume-efficient catalysis [22,68]. Li et al., for instance,
used an electrospun polyacrylonitrile-glycopolymer nanofibrous membrane as a support for covalent
binding of catalase from bovine liver. Immobilized catalase activity was about 50% of that of the
free catalase, but was found to be stable across broader ranges of temperatures and pHs. It was
also found that covalently immobilized catalase retained approximately 80% relative activity after
storage at 4 ◦C for 30 days, whereas free catalase retained no relative activity when in the same
conditions [68]. Alptekin et al. optimized a protocol of the chemical attachment of catalase onto
Eupergit C, a macroporous derivative of methacrylamide reported to be chemically and mechanically
stable as a catalyst for operation in batch and plug flow reactors. The ratio of Kcat to Km was calculated
to assess the catalytic efficiency of free and immobilized catalase and was found to be nearly 2 orders of
magnitude, thus suggesting that the immobilized enzyme was less efficient in converting the substrate
to product. However, immobilization was shown to improve enzyme shelf life and operational stability
as a biocatalyst in batch and plug flow reactors. Studies showed that immobilized catalase retained
nearly 78% of initial activity when measured 28 days after immobilization, whereas free catalase was
inactive after only 11 days of storage. Furthermore, immobilized catalase retained 50% activity at
82 min in a plug flow reactor [90].

3.2. Enzyme Entrapment

Enzyme entrapment is the immobilization of a biocatalyst into carriers of varying degrees of
porosity and permeability [27]. Enzymes immobilized via entrapment exhibit improved stability due
to intensified control of their microenvironment and were also shown to be more catalytically active at
higher temperatures in organic solvents, as well as easily separated from substrate-product reaction
mixture [87].
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Immobilization via entrapment in a variety of carriers, e.g., sol gels, hydrogels, polymers,
nanomaterials, has been researched for the employment of biocatalysts in the synthesis of organic
compounds and for novel biosensing systems [64,66]. Complementarily, the immobilization of lipase
has been proposed for application in the production of flavor and fragrance chemicals, as well.
Ferraz et al., for instance, investigated the viability of geranyl propionate synthesis using lipase from
Penicillium crustosum as biocatalyst. Lipase was entrapped in beads nearly 0.5 cm in diameter via
a crosslinking reaction between calcium chloride and sodium alginate. Calcium-alginate beads containing
lipase were optimized further for geraniol and propionate conversion, as well as tested for reusability.
Results show that the activity retention of immobilized lipase decreased linearly with respect to
the number of cycles of use, suggesting that activity loss was due to enzyme leaching during each
cycle [91]. Risso et al. studied the same entrapment method for the immobilization of inulinase from
Kluyveromyces marxianus, an important biocatalyst in the production of high fructose syrups. Inulinase,
entrapped in calcium-alginate beads, was characterized by the determination of its kinetic parameters,
as well as its thermostability and pH stability in varying degrees of organic solvents. The Km value
of immobilized inulinase was found to be significantly less than that of free inulinase at optimal mass
fractions of organic solvent, while the Vmax value of immobilized inulinase was comparable to that of
free inulinase in the same conditions. However, mass transfer resistances, which would likely be the
rate-limiting process, were not considered in the kinetic analysis of the immobilized biocatalyst [92].

Arica et al. proposed the entrapment of catalase from bovine liver in thermally reversible
cylinders of poly(isopropylacrylamide-co-hydroxyethylmethacrylate) for reactor system applications.
Immobilized catalase exhibited a decrease in catalytic activity and enzyme-substrate affinity,
and retained less activity at higher temperatures than free catalase. It was also found that an
increase in temperature caused for a decrease in hydrogel swelling and higher mass transfer
resistance. The apparent kinetic parameters of the immobilized catalase were largely attributed
to the temperature-dependent behavior of the hydrogel carrier itself. The entrapment technique
allowed for enzyme reusability and increased storage stability. Immobilized catalase also showed 78%
activity retention after storage at 4 ◦C for 20 days, while free catalase retained none of its activity in the
same storage conditions. Furthermore, hydrogel-entrapped catalase was found to retain approximately
95% activity for 6 cycles in the batch reactor system [93].

Singh et al. studied the apparent kinetic and stabilizing effects of the encapsulation of bovine liver
catalase in hollow silica nanoparticles (HSNPs). No absorption peaks were observed for catalase or
hydrogen peroxide in the supernatant liquid isolated from the immobilization procedure, thus indicating
an immobilization yield of nearly 100%. It was further determined that the encapsulation technique
decreased both enzyme’s activity and enzyme-substrate affinity. However, immobilized catalase
showed significantly improved stability throughout a broad range of pHs and temperature conditions.
Free catalase was completely denatured when tested for activity at 70 ◦C, while encapsulated catalase was
found to have optimal catalytic activity at 80 ◦C. The encapsulation of catalase within HSNPs—rather than
the physical adsorption of catalase onto HSNPs—was demonstrated by the thermostability results for
immobilized enzyme. It is expected that physically adsorbed enzyme would show a loss of catalytic
activity near the denaturation temperature of free enzyme [94].

Yan et al. reported the successful nanogel encapsulation of bovine carbonic anhydrase (BCA),
a metalloenzyme that is studied for applications in carbon capture and biocatalytic enrichment of
natural gas where industrial application is limited by the almost total loss of enzyme catalytic activity at
63 ◦C due to the irreversible aggregation of BCA. Acryloylation and subsequent in-situ polymerization
of BCA to form single BCA nanogels were performed, thus imparting molecular structural stability to
the enzyme while mitigating mass transfer limitations. BCA nanogels exhibited similar catalytic activity
as free BCA and showed significant retention of activity at temperatures greater than 63 ◦C. It was also
determined that nanogel encapsulation preserved the secondary structure of BCA, therefore inhibiting
irreversible aggregation and allowing for catalytic activity even at 81 ◦C [95].
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Enzyme entrapment in biocompatible nanoparticles and solid supports has also been reported
as a novel approach for the improvement of enzyme activity as a result of biocatalyst-carrier
interactions. Studies of enzyme entrapment in solid carriers have shown that for optimal immobilization
conditions it is possible to “lock” immobilized enzymes into more catalytically active conformations [96].
Prakasham et al., for instance, investigated the kinetic parameters and stability of amylase entrapped
in matrices comprised of nickel-impregnated silica paramagnetic particles. It was observed that the
entrapped amylase had more rapid starch hydrolysis than the free amylase, for all the tested pHs
and temperature conditions. A lower Km value was however recorded for the immobilized amylase,
most probably indicating that the entrapment technique yielded a more efficient, robust biocatalyst [96].

Wu et al. reported on the facile co-immobilization of enzymes glucose oxidase (GOx) and
horseradish peroxidase (HRP) into a metal-organic framework. The entrapment was performed by
mixing solutions of zinc nitrate, GOx, and HRP, and 2-methylimidazole at ambient conditions for 0.5 h
resulted in the enzyme-embedded zeolitic imidazolate framework (GOx&HRP/ZIF-8). The catalytic
activity of such conjugate was compared to that of a mixture of GOx/ZIF-8 and HRP/ZIF-8 to
determine any changes in efficiency as resulted from the co-immobilization technique. Analysis showed
that GOx&HRP/ZIF-8 exhibited a 2 times higher activity than the mixture of single-immobilized
conjugates due to a significant decrease in mass transfer resistance. Furthermore, GOx&HRP/ZIF-8
were found to retain significantly more activity than free enzyme in organic solvent and when stored
at room temperature [97]. Currently however, the successful scale-up of entrapped enzymes for
biocatalysis is prevented by mass transfer limitations of substrate through carrier material, enzyme
leaching, and low total catalytic mass of enzyme-carrier conjugate [24]. Lastly, Lin et al. reported on
the entrapment of HRP in inorganic interfaces made with cooper phosphate supports and in aqueous
solution. Results showed that the hierarchical flower-like spherical structures considerably enhanced
enzyme’s activity relative to that of the free enzyme in solution. In addition, the hybrid interfaces also
exhibited excellent reusability and reproducibility even when several cycles for evaluating the active
hydrogen peroxide (H2O2) release were performed [98].

3.3. Cross-Linked Enzyme Aggregates

Enzyme immobilization via the formation of cross-linked enzyme aggregates (CLEAs),
one of the newest class of immobilization techniques, has also been researched considerably
since its development [99] for application in industrial biotransformations of fine chemicals and
pharmaceuticals [24]. The general preparation of CLEAs is carried out via the aggregation of
given soluble enzymes when using a precipitating reagent, such as ammonium sulfate [100–102],
acetone [103], ethanol [102], or tert-butanol [100], followed by the subsequent copolymerization of
enzyme aggregates with a cross-linking agent, most frequently glutaraldehyde [62,99–109]. However,
analysis showed that aggregate cross-linking is not a universal immobilization method and should
thus be optimized for each target biocatalyst, with the precipitating and cross-linking agents
having to be selected carefully to ensure that immobilization does not adversely affect enzyme
activity [62,100–103,105].

CLEAs were shown to offer the benefits of enhanced shelf life and operational stability, reusability,
and exceptional resistance to the leaching of immobilized biocatalyst in aqueous media, while not
suffering from substrate diffusion limitations that could potentially reduce catalytic activity [100].
In certain instances, CLEAs were shown to possess higher catalytic activities than the corresponding
free enzymes, and this phenomenon, known as hyperactivation, was attributed to the aggregation
of enzyme in a pre-organized tertiary structure that rendered it permanently insoluble upon
cross-linking [24]. Thus, CLEAs showed a large potential for application in industrial-scale processes
owing to high catalytic productivity and inexpensive immobilization methods [24]. However,
the successful scale-up of applications were dependent on improving CLEA’s mechanical properties
while better defining separation criteria for continuous processes [24].
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Specifically, Lai et al. reported the direct formation (from fermentation broth) and stability
analysis of CLEAs with lipase from Penicillium expansum (PEL) in various solvents, for the production
of biodiesel from corn and microalgal oil, respectively. In this study, PEL-CLEAs were found to be
less catalytically active than free PEL, likely due to mass transfer limitations of the large substrate
molecules. PEL-CLEAs also showed an improved stability over free PEL at increased temperatures and
in various conditions of pH. The clumping of PEL-CLEAs and loss of enzyme active sites was however
determined to cause a decrease in the yield of biodiesel. PEL-CLEAs also exhibited substantial activity
retention in nonaqueous solutions, suggesting that the immobilization method can be geared toward
industrial production of biodiesel [106].

Nguyen and Yang produced combined cross-linked enzyme aggregates (combi-CLEAs) of
GOx and HRP for the catalysis of a cascade chemical reaction applicable to glucose detection
biosystems [105] and pharmaceutical wastewater treatment [109]. The combi-CLEAs were optimized
for the cross-linking density and mass ratio of GOx to HRP for ensuring maximal catalytic activity
and enzyme stability. Upon optimization, combi-CLEAs showed similar catalytic activity relative to
free enzymes, but lower values of Km were most likely a result of two factors: the distance of mass
transfer for hydrogen peroxide intermediate, which was substantially reduced by the co-immobilization
technique; and the cross-linking of GOx, resulting in decreased inhibition in the presence of H2O2 [105].

Vafiadi et al. reported similarly promising results for the use of combi-CLEAs on three commercial
enzyme mixtures exhibiting feruloyl esterase activity. The authors reported on the immobilization via
aggregate cross-linking and assessed its kinetic activity relative to free enzyme in ternary mixtures of
n-hexane, 1-butanol, and water. Combi-CLEAs were designed to retain maximal catalytic activity by the
evaluation of 10 aggregating agents, while the efficiency was optimized by varying the concentration
of the cross-linking agent. A product yield of 97% was reported upon the enzyme’s precipitation
via ammonium sulfate and cross-linking at a glutaraldehyde concentration of 100 mM. The use of
ammonium sulfate with this precipitating agent was found to be advantageous because its solvation is
an endothermic reaction. Notably, the activity of enzyme aggregates prior to cross-linking were found
to be higher than that of the free enzyme, supporting evidence that suggests suitable immobilization
techniques can lock enzymes in highly active conformations. Furthermore, combi-CLEAs were easily
separated from the reaction mixture containing unreacted methyl ferulic esters, synthesized 1-butyl
ferulate by centrifugation and later reused for furuloyl esterase activity, though the immobilized
enzymes showed poor activity retention and stability [102].

Martins et al. formed magnetic cross-linked enzyme aggregates (mCLEAs) from
rhamnopyranosidase (Rhmnase), a hydrolytic enzyme applicable in the production of valuable
pharmaceutical compounds such as lipoprotein associated phospholipase A2 inhibitors, which are
administered in the treatment of atherosclerosis [110]. Such magnetic aggregates were evaluated
for their catalytic activity with different cross-linking and precipitating agents and subsequently
compared to CLEAs@Rhmnase for reusability in a batch reactor system. CLEAs@Rhmnase were found
to retain nearly 100% activity after 5 reutilization cycles of 24 h each, however, the CLEAs@Rhmnase
showed a significant loss in activity after 7 reutilization cycles. Conversely, mCLEAs@Rhmnase
showed an initial loss in activity of approximately 40% after one reutilization cycle and near constant
activity thereafter, likely due to the higher physical stability of the magnetic aggregates. Additionally,
mCLEAs@Rhmnase were shown to be more catalytically active and efficient than CLEAs@Rhmnase,
suggesting that the selection of immobilization materials should be critically assessed for ensuring
high biocatalytic turnover. It was determined that magnetic enzyme aggregates are more suitable
biocatalysts for a scaled up process owing to improved reusability and stability [104].

Zhao et al. reported the use of CLEAs of Pseudomonas sp. lipase (CLEA-PSL) as a biocatalyst for
the enantioselective resolution of (S)-N-(2-ethyl-6-methylphenyl) alanine, a chemical precursor in the
production of widely used herbicides [111]. Precipitation and cross-linking conditions were optimized
for the formation of CLEA-PSL, and kinetic parameters were determined for free and immobilized
lipase, respectively. CLEA-PSL were found to be more active than the free lipase, and it was also
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noted that 48 h were required for free lipase to reach a substrate conversion of 50%, while only 12 h
were needed for the immobilized lipase to achieve the same conversion and enantiomeric excess.
The time difference was presumably due to an induced change to a more catalytically active enzyme
conformation upon immobilization. The evaluation of kinetic parameters determined that CLEA-PSL
also showed an improved affinity for substrate, most likely due to the changes in the enzyme’s
secondary structure caused by immobilization. Lastly, the immobilized lipase was found to be more
thermostable than the free lipase and retained nearly 80% of its initial activity after ten reutilization
cycles in a batch reactor and with no reported loss of enantioselectivity [103].

Enzyme aggregate cross-linking has also been proposed as a method to improve biocatalysts
that are currently employed on an industrial scale. Illanes et al., for instance, implemented CLEAs
from recombinant penicillin acylase for the production of cephalexin with increased enzyme stability
and global productivity (g cephalexin g−1 biocatalyst). Free penicillin acylase was found to require
a lesser reaction time, but CLEAs were advantageous for preservation of enzyme activity. Free enzyme
retained 50% residual activity after 30 h, while CLEAs retained an equal amount of activity after 78 h.
Furthermore, CLEAs were found to have an increased total specific productivity (135.5 g cephalexin
g−1 biocatalyst) than that of free penicillin amylase (of only 40.1 g cephalexin g−1 biocatalyst) with
such an increase in the reusability, justifying a slight loss of catalytic activity due to an overall increase
in the production potential of cephalexin [101].

Lastly, the intramolecular cross-linking of non-aggregated enzymes has been investigated as
a method of inducing increased rigidity to and preventing non-specific protein-protein associations of
multimeric enzymes, thus preserving catalytic activity when coupled with another immobilization
method [112–114]. Dinu et al. demonstrated that cross-linking of perhydrolase S54V (AcT),
i.e., an enzyme that catalyzes the perhydrolysis of propylene glycol diacetate to decontaminant agent
peracetic acid, allowed for the novel integration of nanobiocatalytic conjugates with latex-based paint
that led to the formation of a bioactive decontaminating composite. The study also found that AcT,
cross-linked with polyfunctional aldehyde dextran, retained a greater degree of catalytic activity when
covalently bound to single walled carbon nanotubes (SWNTs) as compared to covalent bonding of
AcT to SWNTs. The superior activity retention of AcT was attributed to cross-linking with aldehyde
dextran that conferred increased rigidity to the enzyme and led to the preservation of its secondary
structure upon covalent immobilization onto SWNTs [112].

4. Intensified Approach for Designing Improved Biocatalysts

The combination of different technical expertizes has allowed for the improved design of
immobilized biocatalytic processes, but profitability seems to remain the determining factor for further
enzyme-induced process development and implementation [5,115,116]. For instance, significant
progress was made in protein design via directed evolutionary approaches, with such progress
allowing for improved activity, stability, and substrate affinity, as well as reduced costs to isolate
enzymes [1,3,23,28,29]. Directed evolution requires the administration of random mutations to the
amino acids constituting an enzyme, which could be employed through chemical mutagenesis or DNA
shuffling, followed by screening for the desired phenotype and the isolation of genes coding for any
identified improved genetic variant [3]. As a result of such an advance, research teams have been
successful not only in developing biocatalysts that may be deployed at high temperatures and extreme
pH conditions, but also biocatalysts that have catalytic activities of several orders of magnitudes
greater than those of naturally occurring ones [1,3,29]. For instance, researchers at Codexis and Merck
successfully used such multiple iterations to increase enzyme-substrate affinity and to design an
economically competitive enzyme-catalyzed process for subtilisin, a pharmaceutical used for diabetes
treatment [2]. However, while progress in protein engineering has helped drive increased applications
in industrial enzyme catalysis, it has not addressed all limitations, like the poor mechanical stability
and limited reusability of the biocatalysts, the costs associated with their in vitro production, or further
adoption in commercial-scale processes [5,20–27].
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Molecular dynamics simulations (MDS) provide atomic level understanding of phenomena that
determine the physical and catalytic characteristics of an immobilized biocatalyst [117–121]. Studies of
molecular dynamics simulations, which carry out numerical integration of Newton’s laws of motion
at an atomistic scale, have been used to predict the structures and catalytic properties of enzymes at
the molecular level, which have been extended to research in enzyme immobilization where accurate
characterization of enzyme-carrier interactions provides insight into binding mechanisms [117–120].
An understanding of atomistic-level interactions has led to the development of efficient and optimized
biodevices. For instance, Franca et al. were able to determine through MDS that the active site of acetyl
co-enzyme A carboxylase (ACC) had a positive surface potential. This insight into ACC was used to devise
an optimal electrostatic adsorption of ACC onto an AFM tip for improved biodevice functionality [119].

Basso et al. performed molecular simulations on endo- and exoinulinase to explain differences
in regioselectivity between the two structures. Analyses of the three-dimensional structures were
subsequently used to formulate an optimal immobilized biocatalyst that showed hyperactivity when
compared to its native structure [118]. Qu et al. employed molecular simulations of a hydrolase MfphA
adsorbed onto single walled carbon nanotubes (SWNTs) for verification of and insight into analytical
results. Molecular modeling results illustrated preferred binding of two particular amino acids Trp201
and Met81 to carbon nanotubes, thus resulting in a loss of hydrolase activity due to blocking of the
active site [117]. Studies using molecular simulations have illustrated the utility of computational
modeling in optimization of immobilization techniques to reduce lab material costs and create insight
into molecular phenomena for the development of optimal immobilized biocatalysts [117–120].

These analyses show that the adoption of critical evaluation criteria for immobilized enzyme
processes on multiple scales—including molecular-level modeling and analysis, life cycle assessments,
and techno-economic analyses—is paramount for economical scale-up [5,44,50–52,117–120]. Ultimately,
the appropriateness of immobilized biocatalyst for industrial processes boils down to the fruition of
additional profitability with the immobilized form of an enzyme often having to hold multiple benefits
over free enzyme for process economics that could overcome the additional costs and constraints
associated with the immobilization to a reduced loss of catalytic activity, while balancing the cost used
for covering the possible materials to be used as supports [5,116].

Glucose Isomerase: A Model for Enzyme Immobilization

The immobilization of glucose isomerase (GI) is considered an excellent model for commercial
application of an immobilized enzyme where GI efficiently catalyzes the conversion of d-glucose
to d-fructose in the production of high-fructose syrup (HFCS) [122]. The enzymatic production of
HFCS was previously determined to be more economically competitive than conventional chemical
methods requiring alkaline catalysis due to improved product quality, simplified production route,
and reduction of undesired byproducts such as mannose and psicose [122].

Much research has been done on immobilization of GI since its development and first industrial
use in 1967. A broad range of immobilized GI products have been sold by producers like Genencor,
DuPont, Novozymes SA, and Solvay, and continued progress in GI immobilization has yielded
iterative improvements in the production of HFCS using immobilized GI as biocatalyst [5]. In most
contemporary processes, HFCS is produced in continuous fixed bed reactors containing immobilized
GI as catalytic packing, which results in a mixture of nearly 42% d-fructose, 50% d-glucose, and small
amounts of other sugars, and a 55% mixture of d-fructose—required for commercial application as
sweetener—is attained via chromatographic enrichment [5]. The success of immobilized GI is rooted
in the biochemical properties of the enzyme as well as the technological developments that allowed
for the commercialization of the immobilized enzyme-catalyzed process. Currently, the production of
HFCS is the largest industrial process employing an immobilized biocatalyst, with a nearly 10 million
tons produced per year [5]. Studies showed that the temperature-dependent position of isomerization
equilibrium, along with the relatively high Km value of GI, were two of the biochemical factors that
drove the development of an immobilized enzyme process to improve upon a free enzyme process.
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At higher temperatures the equilibrium of the isomerization is shifted to favor higher yields of fructose,
so the use of thermostable immobilized enzyme allowed for improved yields of HFCS. Immobilized
GI allowed for implementation in continuous processes, which proved to be advantageous, as the
high-concentration throughput of substrate helped to overcome the low efficiency of enzyme-substrate
binding indicated by the low Km of GI. Furthermore, the production cost of GI was significant at
the time of development, as the immobilization of GI decreased the total amount required for HFCS
production by allowing for enzyme reuse [5]. The GI-catalyzed process is being further researched
for the employment of thermostable enzyme with good activity retention at 90 ◦C, at which point the
equilibrium conditions shift such that a 55% mixture of fructose can be obtained, obviating the need
for chromatographic enrichment in the process [5].

5. Environmental Impact Assessment and Economic Approaches for Enzyme Implementation in
Industrial Catalysis

While the development of highly efficient immobilized biocatalyst is the short-term goal of
lab-scale research, critical economic and environmental evaluations of immobilized enzyme-catalyzed
processes are required to determine the suitability of an immobilized enzyme for scale-up [50–52].
In such a context, life-cycle assessments (LCAs) and techno-economic analyses (TEAs) are increasingly
important tools as a growing number of immobilized enzymes are assessed for commercial-scale
biocatalytic processes [5].

LCAs are used to identify process energy and material requirements, as well as waste and
emissions, which are subsequently used to analyze the sustainability and environmental impact of
a process. The use of enzymes in industrial processes is often associated with reduced consumption of
energy, chemical inputs, and waste streams. For example, using phospholipase to degum vegetable
oil led to a decrease of 44 tons of equivalent CO2 generation per 1000 tons of oil produced, due to
improvement in oil yield and a subsequent decrease in feedstock requirements [5]. In another study,
the enzymatic production of biodiesel reduced the amount of steam needed to preheat feedstock due
to milder reaction conditions, and also improved each measure of environmental impact, including
human toxicity, ozone depletion, and global warming potential [50]. Immobilized enzyme-catalyzed
processes have been found to further reduce the environmental burden of free enzyme-catalyzed
processes [51]. Raman et al. performed LCA on production of biofuel from alkali catalyst, free
lipase, and immobilized lipase to determine an optimally sustainable process. Both free lipase
and immobilized lipase reduced process energy consumption when scaled to 1000 kg per year
production due to milder reaction conditions. Furthermore, the immobilized lipase was reported to
improve the free-enzyme catalyzed process because its reuse reduced consumption of carbohydrates
and the minerals required for its free form production [51]. The general decrease in material
and energy consumption exhibited by enzymatic processes, as a result of reduction of energy
consumption, indicates that biocatalytic processes are potentially both more environmentally benign
and economically lucrative. However, LCA does not account for productivity or process economics,
and thus is insufficient as a standalone metric for process implementation.

TEAs study the economic viability of a process based on technology readiness and process
economics such as utilities, feedstocks, labor, and capital investments [52]. Olafsson et al. reported
a TEA for a comparison of integrated and off-site cellulase catalysis in fermentation of lignocellulosic
material for ethanol production. The authors found that off-site production of ethanol using similar
technologies was a more economically competitive option due to the production of more marketable
byproducts [52]. Analysis showed that while profitability remains the critical driving force of process
development, TEAs and LCAs in combination are invaluable tools for the full diagnosis of both benefits
and drawbacks associated with scale-up of biocatalytic processes.
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6. Pertinent Examples of Enzymes Application in Industrial Catalysis

6.1. Pharmaceuticals Industry

Enzyme catalysis has been successfully used for the production of pharmaceutically active
chemicals at the industrial scale. The most significant advantages enzyme catalysis holds over
conventional catalysis are the high regio-, chemo-, and stereoselectivities at which enzymes convert
substrate to product [2,123]. A high degree of product specificity is largely desirable in such
pharmaceutical processes due to the streamlining of product synthesis routes and subsequent
improvement in process economics [8,30]. For example, the production of many pharmaceuticals
requires the introduction and subsequent removal of protecting groups from pharmaceutically active
ingredient intermediates to ensure adequate product selectivity. The use of appropriate enzymes not
only obviates such steps, but has also been shown to yield higher enantiomeric excesses of desired
stereoisomers [8]. Furthermore, enzyme-catalyzed synthesis routes often reduced or eliminated the
need for chemically harsh substances or high-temperature conditions that can otherwise require intense
process safety considerations [2].

The interdisciplinary approach that allowed for the economically advantageous implementation
of biocatalysis on the industrial scale is highlighted by the development of the enzyme-catalyzed
synthesis of sitagliptin, a drug marketed by Merck for type II diabetes treatment [31]. Sitagliptin is
a dipeptidyl peptidase-4 inhibitor that prevents an increase in the blood-retinal barrier and inhibits
diabetes-induced tight junction disassembly [32]. Conventional synthesis of sitagliptin requires
a high-pressure hydrogenation of enamine via a rhodium-based catalyst and subsequent carbon
treatment to remove trace amounts of rhodium, yielding sitagliptin in 97% enantiomeric excess
(e.e.) [100]. Research teams at Codexis and Merck conducted extensive protein engineering to
produce an R-selective transaminase (R-ATA) from Arthrobacter sp. capable of converting 200 g
L−1 of prositagliptin ketone to sitagliptin in dimethyl sulfoxide (DMSO) in greater than 99.95% e.e. [33].
In addition to a yield of higher enantiomeric purity, the enzyme-catalyzed route had 10% increased
yield and a 53% increase in productivity (kg sitagliptin L−1 day−1), and also eliminated the need for
a rare heavy metal-based catalyst that necessitated purification and special equipment necessary for
high-pressure operation [31].

Codexis and Merck have also invested heavily in research for scale-up of a monoamine
oxidase (MAO)-catalyzed process for enantiomerically pure desymmetrization of a bicyclic proline
intermediate, an important precursor in the synthesis of boceprevir, a NS3 protease inhibitor used
for treatment of chronic hepatitis C infections [2,34]. Conventional synthesis of bicyclic proline is
an intensive process requiring an excess of metal-based oxidant and reductant through 8 reaction
steps; the enantioselective, MAO-catalyzed synthesis of the intermediate is an attractive alternative
with the potential to greatly reduce operation time and waste generation [30]. Although significant
improvements in MAO activity, solubility, and thermostability were achieved through protein
engineering via 4 rounds of evolution involving the introduction of random mutations and subsequent
screening for desired phenotypes, the addition of bisulfate to the MAO-catalyzed process for the
capture of imine compounds was necessary to mitigate its irreversible inhibition [30].

The combination of biocatalysts genetically, engineered for robust catalytic capabilities and
topological process optimizations, illustrates the overlap of technical expertise needed for successful
scale-up of enzyme catalysis [2,5]. As such, the enzyme-catalyzed process showed several marked
improvements over the conventional synthesis of the intermediate when compared at the same scale,
namely decreases of 59.8% in raw materials, 32.8% in water, and 63.1% in process waste per unit of
product synthesized [30]. Though further work is needed for economically feasible industrial-scale
implementation, the comparison between the conventional synthesis and the MAO-catalyzed
synthesis route suggests that enzyme catalysis could greatly improve over current industry standards
and outcomes.
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In a study by Hayes et al., authors reported an improved commercial-scale synthesis route for
(S,S)-reboxetine succinate, a noradrenergic anti-depressant for the treatment of fibromyalgia in the
latter stages of development at Pfizer [35,36]. The production of reboxetine requires an acetylation of
diol intermediate. However, conventional synthesis routes rely on classical chemical acetylation
that suffers from di-acetylation and poor enantioselectivity, therefore generating considerable
amounts of unwanted byproducts [2]. The proposed generation synthesis route successfully
employed Candida antartica lipase B, an active, commercially available enzyme, for the highly
enantioselective acetylation of diol intermediate [36]. The lipase-catalyzed process resulted in the
selective mono-acetylation of diol intermediate with 98% regioselectivity and greater than 99% yield.
Furthermore, it was possible for the enzyme to be removed from the reaction mixture via simple
filtration, and it thus maintained high regioselectivity at the lab scale upon reuse, all at low costs [36].
As such, the new generation synthesis route resulted in a 58% improvement in the commercial product
yield of (S,S)-reboxetine succinate and a nearly 1300 MT year−1 reduction in process waste at peak
process throughput [36].

Because lipases can hydrolyze a broad spectrum of substrates, they have been researched as
biocatalysts for many other pharmaceutical syntheses [7,36,37]. Martinez et al., for instance, proposed
a new-generation synthesis route for the industrial-scale production of pregabalin, a neuroactive drug
exhibiting anticonvulsant, pain killing, and anti-anxiety activity used for the treatment of epilepsy,
anxiety, and social phobia [37,38]. The proposed route utilized lipolase, a commercially available
lipase, for the selective hydrolysis and subsequent separation of the S-enantiomer intermediate
from the R-enantiomer for conversion to pregabalin via decarboxylation [37]. While screening for
industrial enzyme increased selectivity and reduced waste generation, several process optimizations
allowed for the improved process economics of such a new-generation route. The addition of Ca2+

and Zn2+ mitigated lipolase inactivation by forming complexes with chemical species that acted as
enzyme inhibitors. In addition, the rapid phase splitting of S-enantiomer from R-enantiomer enabled
racemization and thus efficient reuse of starting material [37]. The new-generation synthesis route
resulted in a 40–45% increase in yield of pregabalin at 99.5% purity and 99.75% e.e. Furthermore,
the amount of waste generated per kilogram of product yielded was calculated to be just 20% that of
the classical route [37].

6.2. The Food-Water-Fuel Nexus

The large-scale production of biofuels, i.e., fuels derived from biomass, animal fats, waste oils,
and other renewable resources that encompass chemical products such as bioalcohols, biodiesel,
biosynthetic oils, and biogas, has been recognized for its potential to supplement or replace fossil
fuels, particularly as oil reserves are depleted to meet global energy demands [18,49]. The benefits
of economically feasible biofuel production are two-fold: biofuel offers improved sustainability
over traditional fuel sources as well as significantly reduces the environmental impact owing to
its lower emission of carbon monoxide, nitrogen oxides, sulfur oxides, and particulate matter [18].
According to British Petroleum (BP), global production of biofuels rose by an average of 14.1% from
2006 to 2016, illustrating the growing impact that biofuels have on the world energy landscape [124].
While government incentives have helped to drive industry-scale biofuel production, the economic
viability of biofuel production will be determined by the development of processes that efficiently use
waste from agriculture and industry as feedstock, thus side-stepping the ethical dilemma of using fresh
water and land resources for fuel production [125]. Numerous technologies exist for the conversion of
raw biological materials to usable, high-energy bioproducts with most production routes requiring
either the transesterification of oils or the esterification of fatty acids [5,18]. The traditional chemical
process uses sodium methoxide for conversion of plant oil triglycerides to fatty acid methyl esters
(FAMEs), which subsequently results in a product contaminated with high alkali salt content requiring
costly purification [5].
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The use of lipase as a biocatalyst for esterification was researched for its efficiency at mild reaction
conditions and high-purity product yields and was proposed to eliminate the need for purification.
However, for biofuel production, economical implementation of such an enzymatic process requires
efficient recovery and reuse of lipase due to the required scale of production, therefore necessitating an
immobilized enzyme [5,49].

A prominent trend in the production of biofuels is the design of processes based on inexpensive,
largely abundant starting materials because cheap feedstock is one of the biggest driving forces in the
profitability of biofuels processes [19]. The biggest such feedstock is lignocellulosic biomass—made
up of lignin, cellulose, and hemicellulose—due to its massive abundance and wide range of sources
including crop residues, softwood and hardwood, herbaceous biomass, and municipal solid waste [19].
The most difficult technical barrier required to unlock lignocellulosic biomass is however the
extensive mechanical or chemical pretreatment required to further enable the processing of cellulose
in lignocellulosic biomass via hydrolysis to glucose and subsequent conversion to bioethanol via
whole-cell fermentation [126–128]. Current research suggests that ionic liquids, i.e., salts that exist in
molten states at temperatures below 100 ◦C with strong chemical and thermal stabilities and extremely
low vapor pressures, will play a key role in the development of processes that viably release cellulose
from lignocellulosic material [126–128].

Chemical conversion of cellulose to glucose requires the use of diluted acids and high temperatures,
which implies high energy inputs to result in the generation of a significant amount of unwanted
byproducts [19]. A more ideal approach is the use of cellulase, i.e., a mixture of hydrolytic enzymes
that act synergistically in the conversion of cellulosic material, for the selective enzymatic hydrolysis of
cellulose to glucose, which requires longer reaction time but leads to improved yield from the subsequent
fermentation due to a low generation of unwanted byproduct [19,53–55]. The economically viable
scale-up of cellulase-catalyzed cellulose conversion to glucose for bioethanol production is limited by poor
biocatalyst recovery, slow enzyme-catalyzed reaction rates, and low biocatalyst stability under industrial
operation conditions [54,55]. Therefore, immobilized cellulase is a requirement for industrial catalysis,
particularly considering the acid pretreatment required for cellulose [55].

Reported lab-scale work on the immobilization of cellulase illustrates the potential for the employment
of cellulase for biodiesel production. Khorshidi et al., for instance, showed that immobilized cellulase was
significantly more active than free cellulase at lower pH conditions and at higher temperatures, showing
that the immobilization technique can functionalize biocatalyst at industrial conditions [54]. Lima et al.
found that immobilized cellulase had increased thermostability when compared to free cellulase and
retained nearly 70% of its initial activity after eight cycles of converting cellulosic biomass to glucose.
The significant activity retention of immobilized cellulose suggests that immobilization techniques can
improve process economics by allowing for efficient reuse of biocatalyst [56].

In 2006, Hainabaichuan Co. Ltd. (Guangzhou, China) began processing waste palm oils and waste
edible oils for lipase-catalyzed production of 20,000 tons of biodiesel per year and subsequent scale-up
to 40,000 tons per year in 2008 [49]. Lvming Environmental Technology Co. Ltd.(Shanghai, China)
implemented a commercially available immobilized lipase as a catalyst in a FAME production line
with an annual capacity of 10,000 tons in 2007 [57]. The enzymatic reaction, designed for a feedstock of
high acid value (AVN160 mg KOH g−1) waste cooking oil, was carried out in a stirred tank reactor
at an enzyme loading of 0.4% relative to charged substrate, which led to a FAME yield of 90% at
optimal conditions [57]. Piedmont Biofuels announced in 2012 the successful scale-up of a continuous
enzymatic transesterification of free fatty acids (FFAs) via immobilized Candida antarctica lipase B for
biodiesel production; the enzymatic reaction eliminated the need for caustic stripping of the chemical
intermediate due to its high product selectivity [5].

6.3. Natural Gas Conversion

Recent advances in the extraction and recovery of natural gas resources have made accessible
vast reserves of natural gas in North America [129]. A review of world energy production and energy
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markets by BP reported a proven reserve of nearly 8.7 trillion m3 of natural gas in the US alone [124].
Additionally, production of natural gas in the US comprises over 20% of global natural gas production
at 750 billion m3 in 2016 [124].

The composition of natural gas is 80–95% methane with varying degrees of heavier hydrocarbons,
but methane has a relatively low market value due to difficulties in storage and transportation as well
as limited use as fuel [129,130]. The low market value and high greenhouse gas potential of methane
have initiated a surge in research and development of technologies that can be employed to convert
methane to high-quality, value-added chemicals.

Much current research on the economically viable use of methane as feedstock is focused on conversion
to methanol, which can be more readily converted to olefins and other valuable hydrocarbons [130,131].
Current processes for a traditional chemical conversion of methane to methanol, such as steam reformation
and the Fischer-Tropsch process, are limited by several significant drawbacks. The chemical conversion
route requires the use of high-temperature, high-pressure unit operations as well as noble metal catalysts,
resulting in a poor selectivity of methanol [130]. The low yield of methanol necessitates a large process
throughput in order to overcome large capital cost investments, thus the process is only profitable
at a massive scale, thus placing further constrictions on process employment due to the difficulty of
transporting methane from an extraction site to a production plant [129,130].

The use of the biocatalyst methane monooxygenase (MMO), for the conversion of methane to
methanol, has recently gained interest in the wave of expanding natural gas extraction. MMO has
been shown to convert methane to methanol at ambient conditions with selectivity approaching
100% and thus has been researched for the scale-up of methane conversion, considering its multiple
advantages over the chemical conversion route [14,129–131]. The high selectivity of MMO-catalyzed
methanol production eases the intensity of product separation and could significantly reduce the
number of steps required in the conversion process. Furthermore, the enzymatic reaction occurs at
mild reaction conditions, and could thus cut back on costs associated with heating, pressurization,
and other feedstock conditioning steps [129,130].

Much lab-scale research remains to assess the MMO-catalyzed conversion of methane for
industrial applications because isolation of MMO is an intensive process, suggesting it may be
beneficial to immobilize the enzyme for reuse. Blanchette et al. reported the use of a 3D printed
microbioreactor with immobilized MMO as packing for continuous methane conversion to methanol.
Although immobilized MMO retained good activity through 20 consecutive reuses, the overall product
yield was significantly less than the biocatalytic mass required for methane conversion [129]. Ultimately,
enzymatic conversion of methane to methanol is a developing technology with several major hurdles to
overcome before successful economic scale-up. Due to the inexpensive costs of methane and methanol,
enzyme-catalyzed process must be efficient to ensure economic viability. Currently, low catalytic
activity of MMO is a significant limiting factor [14,15,129–131]. Furthermore, a more intensive
examination of process configurations is required to mitigate the mass transfer limitations that arise
from the low solubility of oxygen and methane in aqueous media [130].

6.4. Food and Beverage Industry

In many instances, traditional chemical synthesis routes are not viable for food products due to
reagent toxicity and complex reaction chemistries that result in unfavorable process economics [11].
Biocatalysts, on the other hand, present an opportunity for simplified, efficient production routes that
mitigate the need for harsh substances, and thus are more economically competitive [9–11,132]. As such,
the use of biocatalysts in food and beverage processes dates back thousands of years to the advents of
culinary practices like wine and cheese making [10]. In modern times, the widespread use of enzymes
in food and beverage industries for food quality preservation or modification is one of the earliest
successful industrial applications of biocatalysis, observed in beer fermentation, juice debittering,
and bread baking [133]. The replacement of conventional chemical treatment with enzyme-catalyzed
pathways for conversion of starch to glucose and fructose first took place several decades ago [12,122].
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The conventional production route requires temperatures up to 175 ◦C and considerable pressurization,
whereas biocatalytic processes can be carried out at temperatures near 100 ◦C and at ambient pressure
via sequential α-amylase-catalyzed reactions encompassing both liquefaction and saccharification
steps [122]. In addition to milder reaction conditions, the multi-enzymatic process resulted in higher
product selectivity and therefore allowed for better defined production routes for varying sugar
products like maltose, fructose syrup, and crystalline sugar, as dictated by biocatalyst selection [122].

An emerging trend is the use of enzyme catalysis for commercial-scale production of probiotics,
artificial sweeteners, and rare sugars [2]. Probiotics, such as oligosaccharides, lactulose, lactilol
hydrolysates, and inulin, are non-digestible food additives that stimulate growth of gut bacteria and can
reportedly improve human health [2,9,133]. Dietary supplement producers have become particularly
interested in simple, efficient enzyme-catalyzed synthesis routes of probiotics due to above-average
projected market growth and accompanying increase in demand [2,9]. Yakult Honsha Co. Ltd. of
Japan and Friesland Food Domo of The Netherlands, among others, have carried out commercial-scale,
enzyme-catalyzed production of galacto-oligosaccharides (GOS), a lucrative probiotic with digestive
health benefits and use as low-calorie sweeteners [9]. GOS are produced by transgalactosylation
simultaneous to hydrolysis of lactose via β-galactosidase; lab-scale results have shown GOS yields
near 40% for free enzyme, while immobilized enzymes show the potential for larger yields of up to
50% through implementation in a continuous system resulting in decreased product inhibition [9].

The enzymatic production of protein hydrosylates for use as nutritional supplements and flavor
enhancers has been developed due to milder reaction conditions and increased control over product
formation relative to traditional chemical routes [133]. When hydrolyzed, a parent protein forms
biofunctional peptides exhibiting antioxidant, antimicrobial, and antihypertensive properties, among
other therapeutic effects [132,133]. The production of fish protein hydrolysates from seafood processing
waste via papain, a proteolytic enzyme derived from papaya that has found widespread industrial
application, has garnered attention recently because the process is a potential solution for minimizing
pollution from fishing industries [39]. Additionally, papain has been researched as a biocatalyst
for production of protein hydrosylates from Chinese walnuts; lab-scale work on papain catalysis
has shown moderate yields and purities of hydrosylates, and peptides obtained from produced
hydrosylates showed good antioxidant properties [40].

6.5. Flavors and Aromas Industry

Biocatalytic processes economically and environmentally advantageous to conventional chemical
processes are in development for commercial-scale production of fragrance compounds, flavor
compounds, and aromatics. The chemical structures of such substances are often characterized
by regio-, chemo-, or stereoselective positioning of functional groups like alcohols, aldehydes,
ketones, and esters; thus, scale-up of efficient enzyme-catalyzed processes for production of aromatic
compounds is a potentially lucrative endeavor, particularly in light of promising global market
projections for flavors and fragrances [42].

Lipase enzymes play an integral role in the development of biocatalytic fragrance and flavor
production due to its capability to transfer acyl groups from esters to other nucleophiles [42].
Though most progress has been in bench-scale synthesis of aroma esters, the results suggest that
a combination of protein engineering and process engineering can facilitate scale-up to profitable
industrial processes. For instance, Vosmann et al. achieved a 94% conversion of oleic acid selectively
to benzyl oleate with benzyl alcohol as an acyl acceptor in 1 h using a commercially available lipase,
which illustrates strong product specificity that could make enzymatic conversion advantageous [41].
Badgujar et al. reached 99% conversion of vinyl propionate to p-cresyl propionate in 1.5 h via
immobilized lipase in heptane, highlighting that certain immobilization techniques could functionalize
lipase for implementation in industrial environments [43]. However, further work to achieve more
efficient, robust biocatalytic reactions is required before enzymatic production of aromatic esters can
be scaled to larger process throughputs [41–43].
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6.6. Detergents Industry

Successful employment of biocatalysts is cited as the driving force of production of cost effective,
environmentally benign detergents [44]. In the instance of the detergents industry it should be noted that
enzymes are a product rather than a chemical process-specific catalyst. Nonetheless, favorable market
trends in the detergents’ industry reinforce the underlying view that biocatalytic products are inherently
safer and more sustainable than traditional chemical products that pose health and safety risks [44–46].
Alkaline proteases—which are effective in the removal of protein stains and the cleaving of damaged cotton
fibers—isolated from microbial sources comprise significant portions of multiple detergents produced
and sold at commercial scale by manufacturers like Novozymes SA, Kao Corporation, and Genecor
International [45]. The high reaction specificity of enzymatic reactions further mitigates damage to fabrics
and surfaces that is characteristic of chemically harsh detergent agents [47]. Furthermore, the ratio of
catalytically active enzymes in detergent mixtures are optimized for specific detergent applications; for
instance, dishwashing detergents often contain varying degrees of amylase and lipase intended for the
removal of starch food deposits and fats and oils, respectively [47,48].

7. Projections of Economic Growth and Implementation Potential

The market for industrially relevant enzymes—including those applied in food, animal feed,
detergent, and technical industries—is expected to grow globally through 2021 at an annual growth
rate of 4.7%. Development of novel enzyme technologies, increased demand for naturally made food
products, and policy requiring larger shares of renewable energy sources like biofuels [44] are not
only becoming an alternative but an implementation reality. Of these categories, enzymes used in
technical industries such as papers, textiles, leathers, and biofuels comprise the greatest potential for
use of immobilized biocatalysts owing to process-oriented application [44]. Thus, market projections
for technical enzymes are a reasonable indicator of process development for biocatalytic processes
designed for commercial-scale production lines.

The most significant driving force in projected market growth for technical enzymes is renewed
interest in enzyme-catalyzed biofuel production using lignocellulosic materials, which is a direct result of
stricter environmental regulations [44]. In this regard, enzymes used in biofuels processes represent the
largest portion of the technical enzyme market, which is dominated by two major players, Novozymes and
Danisco/DuPont [44]. In 2015, DuPont and Quad County Corn Processors signed a multiyear contract
for the production of bioethanol from cellulosic material in corn kernel fiber; the same year, DuPont
acquired enzyme production technology assets from Dyadic, which is expected to further drive process
development in the technical enzyme sector [44]. The same technologies are being investigated for further
integration into paper and pulp industries, where xylanase, catalase, and lipase are frequently used for
biomechanical pulping, de-inking of recycled fibers, and modification of fiber properties [58–61].

The bulk of the global technical enzyme market is reported for markets in Europe, the Middle East,
and Africa (EMEA) at nearly 35% of the global share in 2016 [44]. However, strong market growth is
projected for North America and Asia-Pacific, with annual growth rates of 6.8% for North America
and 7.9% for the Asia-Pacific region through 2021 (Figure 3) [44]. Furthermore, the technical enzyme
market is expected to overtake the EMEA market as the largest global segment of the market by 2021,
suggesting progress in process development will largely take place in the Asia-Pacific region and in
North America through 2021 [44].

If further progress is to be achieved, optimizing the structure-function relationships of
enzyme-based conjugates while minimizing the production costs of the individual components
(i.e., support and biocatalysts), as well as the implementation costs of the biocatalytic process is
imperious (Figure 4). The modification of conventional schemes for enzyme immobilization and
integration will not only need to facilitate product yield but, furthermore, optimize the process’ metrics
to thus limit logistical burden to both the environment and the individual [134–136]. Coupling or
transient enzyme-driven reactions will also aim to reduce any public pressure associated with
implementation of fossil fuels and thus lead a safer and eco-friendly solution for industrial revolution.
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The challenges and opportunities associated with enzyme catalysis implementation will not only have
to consider profit and marketability, but it will further have to consider integration of biomimetic
approaches or “one pot” processes that could allow for efficiency, profitability, reusability and stability,
all under the complexity of multi-chain driven specific reactions.

Figure 3. Global market growth projections for technical enzymes by geographical regions.

Figure 4. Schematic representation of a multidisciplinary approach aimed to define optimal biocatalytic
processes. Implementation of biocatalysts in industrial technologies will have to not only consider
optimization of the enzyme functionality but further, lead to increase in enzyme operational stability at
the interface with supports used for immobilization.
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8. Conclusions

Commercial-scale enzyme catalysis has been implemented in several industries such as
pharmaceutical and foods with recent trends for biofuel production and natural gas conversion.
Product yield in such industries was shown to be governed by enzymatic catalysis being
implemented in milder process conditions and under less energy consumption, with reduced waste
generation, exceptional high product selectivity to result in improvements in process economics and
environmental sustainability.

The scale-up of enzymatic processes is however largely hampered by limitations in biocatalyst
stability. To that end, enzyme immobilization was proposed and researched as an attractive approach
for expanding the scope of enzyme catalysis and improved process efficiency. Critical examination
of strategies for immobilization are still need to facilitate the development of optimal enzymes
while holistic knowledge of economic driving forces to surround process development are still
required for appropriateness of enzyme catalysis implementation in commercial-scale processes.
The successful industrial application of new generation immobilized biocatalysts ultimately will
be defined by critical analysis of immobilized enzyme processes, where overlap of expertise in
protein engineering, enzyme immobilization, process engineering and life cycle analysis is paramount.
Future implementation prospects will need to account for the structure-function relationship both
at the level of the enzyme and the platform used in the immobilization as well as the optimized
product yield at low implementation costs and with conjunction of experimental and computational
approaches for an integrated combinatorial strategy.
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Abstract: In recent years, enzyme immobilization has been presented as a powerful tool for the
improvement of enzyme properties such as stability and reusability. However, the type of support
material used plays a crucial role in the immobilization process due to the strong effect of these
materials on the properties of the produced catalytic system. A large variety of inorganic and
organic as well as hybrid and composite materials may be used as stable and efficient supports for
biocatalysts. This review provides a general overview of the characteristics and properties of the
materials applied for enzyme immobilization. For the purposes of this literature study, support
materials are divided into two main groups, called Classic and New materials. The review will be
useful in selection of appropriate support materials with tailored properties for the production of
highly effective biocatalytic systems for use in various processes.

Keywords: enzymes; enzyme immobilization; inorganic and organic supports; hybrid materials;
biocatalysts and bioprocesses

1. Introduction

Enzymes are well-known as highly effective and efficient catalysts of a wide variety of processes
characterized by high selectivity and activity. Additionally, enzymes may reduce the number of
reaction steps and quantities of hazardous solvents needed and thus make a process more inexpensive
and environmentally friendly [1]. For these reasons enzymes have become extremely important
catalysts which exhibit great potential in many practical applications in industries ranging from
food to pharmaceuticals [2]. The use of enzymes in multiple catalytic processes has resulted in
studies leading to significant improvement of the enzyme properties. One of the most important
and widely used techniques is enzyme immobilization in which catalysts are attached to a solid
support that is insoluble in the reaction mixture [3]. The greatest advantage of immobilization is that it
significantly improves the stability of the biomolecules under various reaction conditions and enhances
the reusability of biomolecules over successive catalytic cycles [4]. Moreover, after binding the enzyme
molecules, the catalysts change from a homogeneous to a heterogeneous form, which facilitates simple
separation of the biocatalytic system from the reaction mixture and results in products of higher
purity [5,6]. Various immobilization techniques have been developed, including adsorption, covalent
binding, entrapment, encapsulation and cross-linking [7]. These differ in the type and character of
the interactions formed and in the form and type of the support materials used. Selection of the most
appropriate immobilization method and support material depends strongly on the type and conditions
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of the catalytic process as well as the type of the enzyme [8]. However, it should be emphasized that
the selection of the support materials is the most crucial challenge due to the major impact the support
material may have on the properties of the biocatalytic system.

A very broad variety of materials of various origins can be used as supports for enzyme
immobilization. These materials may, in general, be divided into organic, inorganic and hybrid
or composite. The support should protect the enzyme structure against harsh reaction conditions and
thus help the immobilized enzyme to retain high catalytic activity [9]. Moreover, use of a suitable
material, for example hydrophobic carriers in lipase immobilization, may additionally increase the
activity of the biocatalyst [10,11]. However, there are some limitations in this area, because the matrix
must not have a negative effect on the structure of the enzyme and should not disturb the enzyme more
than is required to create stable enzyme–matrix interactions. Additionally, there should be affinity
between the functional groups of the two materials to allow the formation of these enzyme–matrix
interactions and effective binding of the enzyme to the support. This is particularly important in the
case of covalent immobilization [12]. The carrier should expose the active sites of the catalyst for
easy attachment of substrate molecules and to reduce diffusional limitations of the substrates and
products [13]. The main required features of support materials for effective enzyme immobilization
are summarized in Figure 1.

Figure 1. Main features of support materials used for enzyme immobilization.

Nevertheless, it should be remembered that the appropriate selection of a matrix is directly
related to the type of enzyme and to the process in which the biocatalytic system will be used. For
the purposes of this literature review, the materials used as supports for enzyme immobilization
have been classified as Classic materials (Section 2), which are the most commonly used and New
materials, which offer especially desirable properties (Section 3). The latter type is also currently used
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in immobilization and not only allow effective enzyme binding but also increase the applicability of
the resulting biocatalytic systems.

2. Classic Support Materials for Enzyme Immobilization

Since the beginning of the work to develop the immobilization techniques, there has been a
need to define a group of materials to which enzymes may be attached. In general, materials have
been sought which offer high stability, availability, relatively low price and high affinity to the bound
enzymes. A wide variety of materials of both inorganic and organic origin have been evaluated as
effective supports for biocatalysts and are classified for the purposes of this review as Classic materials
(Figure 2). Although Classic materials have been less frequently applied in recent years, they remain an
important group of materials used for the immobilization of enzymes.

Figure 2. Selected examples of Classic materials of inorganic and organic origin used for enzyme immobilization.

2.1. Inorganic Materials

2.1.1. Silica and Inorganic Oxides

Silica is one of the most frequently used inorganic support materials for enzyme immobilization.
Its high thermal and chemical resistance and good mechanical properties make it a suitable material
for many practical applications. Silica offers good sorption properties due to its high surface area
and porous structure. These properties allow effective enzyme attachment and reduce diffusional
limitations [14,15]. Moreover, the presence of many hydroxyl groups on the surface of silica
facilitates enzyme attachment and favours its functionalization with surface modifying agents such as
glutaraldehyde or 3-aminopropyltriethoxysilane (APTES) [16]. Another advantage of this material
is that it can be used in many different forms. Enzymes belonging to many catalytic classes, for
example oxidoreductases, transferases, hydrolases and isomerases, have been immobilized with the
use of sol-gel silica, fumed silica, colloidal silica nanoparticles and silica gel as supports [17–21]. The
biocatalytic systems obtained demonstrate high catalytic activity retention and good thermal and pH
resistance. For example, lipases immobilized on a silica gel matrix and on mesoporous silica retained
respectively 91% and 96% of the activity of the free enzyme [22,23].

In previous studies, among other inorganic oxides, titanium, aluminium and zirconium oxides
have also been used for the immobilization of many enzymes, for example lipase, cysteine, urease
and α-amylase [24–27]. These supports are known for their high stability, mechanical resistance
and good sorption capacity. Moreover, these materials are inert under various reaction conditions,
which facilitates their application as supports for various classes of enzymes. Due to the presence of
many hydroxyl groups on their surface, these materials are highly hydrophilic; this enhances enzyme
immobilization and surface modification modified that favours the formation of relatively stable
enzyme–matrix interactions.
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2.1.2. Mineral Materials

Minerals are also used as support materials to produce recoverable biocatalytic systems with
enhanced enzyme stability under reaction conditions. They are abundant in nature, are easily available,
offer high biocompatibility and can be used as obtained without further advanced treatment and
purification, which makes them relatively cheap [28]. Moreover, the presence of many functional
groups (such as –OH, COOH, C=O, –SH, –NH2) on the surface of the minerals allows the formation
even of covalent bonds between the enzyme and the support and facilitates modification of the
minerals. When additional functional groups are introduced, the adhesion area and hydrophobicity
of the support increases while steric hindrances may be reduced [29]. The minerals used as
supports for enzyme immobilization are mainly clay materials such as bentonite, halloysite, kaolinite,
montmorillonite and sepiolite [30–32] though the group also includes the mineral hydroxyapatite
known as calcium apatite [33,34]. In theory, enzymes belonging to many catalytic classes can
be attached without limitation to the surface of mineral materials but in practice the most often
immobilized are lipases, α-amylases, tyrosinases and glucose oxidases. Enzymes immobilized on
minerals are used mainly in environmental engineering for waste and wastewater treatment as well as
in biosensors to improve linear range and detection limit [35]. For example, according to Chrisnasari et
al., glucose oxidase immobilized on bentonite modified by tetramethylammonium hydroxide retains
over 50% of its initial activity after five repeated catalytic cycles [36].

2.1.3. Carbon-Based Materials

Carbon-based materials such as activated carbons and unmodified and modified charcoals have
been used as effective and valuable support materials in enzyme immobilization, especially during the
last two decades. The well-developed porous structure of these materials, with pores of various sizes
and volumes and the high surface area (up to 1000 m2/g) mean that these materials contain numerous
contact sites on their surface for enzyme immobilization [37]. High adsorption capacity, the abundance
of many functional groups and minimal release of fine particulate matter make carbon-based materials
suitable carriers for the adsorption immobilization of various enzymes [38]. For example, unmodified
charcoal support was used for the immobilization of amyloglucosidase. The immobilized enzyme
when used for starch hydrolysis without any additional treatment retained over 90% of the free enzyme
catalytic activity [39]. According to Silva et al. use of activated carbon for adsorption attachment of
pancreatin allows a total immobilization yield that results in the creation of biocatalytic systems with
good catalytic properties [40].

2.2. Organic Materials

It is well known that there is no universal support material suitable for all enzymes for all of
their applications. Inorganic carriers have certain limitations, such as limited biocompatibility, lower
affinity to biomolecules and reduced possibilities to create various geometrical shapes. Moreover,
a cross-linking agent such as glutaraldehyde is usually required to create covalent bond between
the enzyme and an inorganic support. Due to these reasons, some materials of organic origin are
also used for the immobilization of various enzymes under different immobilization protocols. In
general, organic support materials can be divided into two groups: (i) synthetic materials (mainly
polymers) and (ii) renewable materials obtained from natural sources (biopolymers). Both groups
have been widely used since the beginning of enzyme immobilization for the attachment of different
types of biocatalysts.

2.2.1. Synthetic Polymers

The greatest advantage of synthetic polymers as support materials is that the monomers that
build the polymeric chain can be selected according to the requirements of the enzyme and process
in which the product of immobilization will be used [41,42]. The type and quantity of the monomers
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determine the chemical structure and properties of the polymer. The composition of the monomers
strongly affects the solubility, porosity, stability and mechanical properties of the polymer. A chemical
feature that is directly related to the monomer structure is the presence of reactive chemical moieties
in the polymeric chain. A very wide range of verified chemical functional groups may be observed
in the structure of polymers. They include, for example, carbonyl, carboxyl, hydroxyl, epoxy, amine
and diol groups, as well as strongly hydrophobic alkyl groups and trialkyl ammine moieties [43,44].
These groups facilitate effective enzyme binding and also functionalization of the polymer surface. The
type of functional groups determines whether the enzyme is anchored to the matrix via for example
adsorption or by the formation of covalent bonds, since it is mainly these two types of immobilization
that take place when synthetic polymeric supports are used. Additionally, the type and quantity of
functional groups determine the hydrophobic/hydrophilic character of the matrix and therefore its
ability to form polar or hydrophobic interactions with the enzyme [45]. Moreover, by using polymeric
supports, control of the length of the matrix–enzyme spacers has been achieved. Longer spacers
allow the enzyme to retain higher conformational flexibility, while shorter spacers can protect the
biomolecules against thermal inactivation and reduce leaching of the enzyme [46].

Various polymer materials can be used as effective supports and improve properties of the
immobilized enzyme such as thermal stability and reusability. The polymer layers play a very
important role in protecting the active sites of the enzyme from negative effects of the ingredients
of the reaction mixture and the process conditions. However, it should be noted that synthesis
of a polymer with the desired properties and functional groups is usually a time-consuming and
costly process. Different polymers containing various functional groups have been used for enzyme
immobilization. For example, α-amylase was covalently immobilized on polyaniline via –NH groups,
while tyrosinase was immobilized via –NH and C=O groups on polyamide 66 (Nylon 66) without any
linkers [47,48]. In another study, commercial lipase was immobilized by covalent binding on strongly
hydrophobic polystyrene microspheres activated by epoxy groups [49]. In a hydrophobic environment,
lipase exhibits extremely high catalytic properties which are related to the phenomenon called
interfacial activation. Furthermore, polyurethane foam has been used for covalent immobilization
of inulinase [50]. Bai et al. used polyvinyl alcohol modified by glutaraldehyde as a support for the
immobilization of laccase via –OH groups. After immobilization, as a result of the strong interactions,
the product was characterized by good storage stability and reusability which make it suitable for use in
biosensors to detect bisphenol A [51]. Glucose oxidase, an antimicrobial enzyme, was immobilized on
amino- and carboxyl-plasma-activated polypropylene film. The introduction of these groups enhanced
the affinity of the polymer to the enzyme [52]. Commercially available ion exchange resins—for
example Amberlite and Sepabeads—have also been used, respectively, for the immobilization of
enzymes such as α-amylase and alcohol dehydrogenase [53,54].

2.2.2. Biopolymers

An alternative to the use of synthetic polymers as matrices for enzymes is the use of
biopolymers—polymers of natural origin. Biopolymers include carbohydrates but also proteins
such as albumin and gelatin [55]. Materials such as collagen, cellulose, keratins and carrageenan as
well as chitin, chitosan and alginate are examples of biopolymers used for immobilization [56–59].
Biopolymers possess a unique set of properties, from biodegradability to harmless products,
biocompatibility and non-toxicity, to an outstanding affinity to proteins, which make them suitable
supports for enzymes [60]. Their natural origin and biocompatibility minimizes their negative impact
on the structure and properties of enzymes and thus the immobilized proteins retain high catalytic
activities. Furthermore, the availability of reactive functional groups in their structure—mainly
hydroxyl but also amine and carbonyl moieties—enables direct reaction between the enzyme and
matrix and facilitates modification of their surface [61]. Above all, however, these materials are
renewable and easy to obtain; in many cases they are by-products of various industries, which makes
them inexpensive and reduces the costs associated with the immobilization process [62]. Biopolymers
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are used for immobilization by adsorption and covalent binding; however, their ability to create
various geometrical configurations and propensity for gel formation mean that they are also used for
immobilization by encapsulation and entrapment.

Chitosan on the basis of a literature survey can be considered the most frequently used biopolymer
for enzyme immobilization. Chitosan can be applied in various forms and shapes. For example, Shi
et al. used chitosan microspheres cross-linked by glutaraldehyde for the immobilization of nuclease,
which is an important enzyme in genetic engineering [63]. In another study, glucose isomerase
was adsorbed in macroporous chitosan beads prepared by chelation with various metal ions [64].
As reported by Kim et al. cellulose nanocrystals obtained from cotton linter cellulose can be used
for immobilization by non-specific adsorption interactions of Candida rugosa lipase with high loading
efficiency [65], whilst lipase was immobilized by entrapment by Tumturk et al. using κ-carrageenan
hydrogels [66]. Vegetable and marine sponges characterized by an open fibrous network that reduces
diffusional limitations have also been used as matrices for the immobilization of lipases, mainly via
hydrogen bonds [67,68]. It may be concluded that biopolymers can be used to immobilize enzymes
belonging to various catalytic classes with the retention of good catalytic properties. Moreover, the
produced biocatalytic systems offer improved thermal stability and in general are noted for their
good reusability.

Special attention should also be paid to alginates. Their remarkable abilities for gelation, mainly
using sodium or calcium ions and for the creation of capsules in which single or multiple enzymes can
be immobilized, mean that these materials are used principally for encapsulation and entrapment [69].
However, due to the relatively low mechanical stability of alginate gels and diffusional limitations
in the transport of the substrates and products, their utilization in immobilization is restricted to a
few applications only [70]. For example, Betigeri and Neau immobilized lipase in calcium alginate
beads by entrapment, while Kocaturk and Yagar encapsulated polyphenol oxidase in copper alginate
beads and obtained high immobilization yields [71,72]. The products exhibited good catalytic activity
retention but their reusability was poor due to leaching of the enzyme from the matrix.

Agarose is a popular choice among biopolymers for use in enzyme immobilization. This linear
heteropolysaccharide biopolymer consists of β-D-galactose and 3,6-anhydro-α-L-galactose units, linked
by β-1-4 glycosidic and α-1-3 glycosidic bonds [73]. Like alginates, agarose also exhibits great ability
for gelation which can occur at temperatures of agarose solution below 35 ◦C, without addition of any
ions and results in formation of highly ordered stable and rigid structures [74]. It is worth mentioning
that the 3-D architecture of this hydrophilic material remains almost unaltered in the presence of
various organic solvents and does not shrink or swell under such conditions [75]. The ability of agarose
gel to form various forms, such as beads, capsules or fibres, has led to this organic support material
being of the great interest for industrial applications. For example, Prakash and Jaiswal used agarose
beads for simple physical entrapment of thermostable α-amylase. The practical application of the
resulting biocatalytic system was tested for removal of starch stains from clothes and the reusability of
agarose immobilized enzyme was found to be up to five cycles [76]. In another study, a cross-linked
agarose bead support highly activated with aldehyde groups was applied for multipoint covalent
attachment of the commercial enzyme Depol™ 333MDP (β-1,4-endoxylanase). A high immobilization
efficiency of over 85% was observed and the immobilized enzyme showed significant improvement of
thermal stability compared to free protein [77].

2.3. Summary of Classic Materials

Classic materials used for enzyme immobilization of both inorganic and organic origin have been
described in the above sections. Inorganic support materials, such as inorganic oxides, minerals or
carbon-based materials, are characterized mainly by good thermal and chemical stability as well as by
excellent mechanical resistance. These materials are also known for their good sorption properties
which are a result of their well-developed porous structure and usually high surface area that ensures
numerous contact sites for effective enzyme immobilization. In contrast, synthetic polymers and
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biopolymers, also grouped under Classic materials, offer numerous functional groups that facilitate
even covalent binding of enzymes without cross-linking agents. Additionally, biopolymers are usually
characterized by high protein affinity as well as biocompatibility that limits negative effects of the
support on the structure of enzymes. Moreover, irrespective of their origin, Classic materials for enzymes
immobilization are usually abundant in nature (mineral, biopolymers) or are easy to synthesize
(inorganic oxides, synthetic polymers) which makes them relatively cheap. These facts have meant that
these support materials still play an important role as carriers for use for immobilization of enzymes.

The Classic materials and types of enzymes that may be immobilized using of these supports are
summarized in Table 1 together with information about immobilization type, cross-linking agents and
binding group.

Table 1. Summary and selected examples of Classic materials of both inorganic and organic origin
applied for enzymes immobilization.

Support Material
Binding
Groups

Cross-Linking
Agent

Immobilization
Type

Immobilized Enzyme Reference

Inorganic Materials

Sol-gel silica –OH – adsorption lipase from Aspergillus niger [20]

Silica gel –OH, C=O glutaraldehyde covalent
binding commercial lipase [22]

γAl2O3 –OH – adsorption cysteine proteinases from Solanum
granuloso-leprosum [25]

ZrO2 –OH – adsorption α-amylase from Bacillus subtilis [26]

Montmorillonite –OH 3-aminopropyl-
triethoxysilane

covalent
binding

glucoamylase from Aspergillus
niger [31]

Hydroxyapatite –OH – adsorption glucose oxidase from Aspergillus
niger [34]

Bentonite –OH, –NH2

tetramethyl
ammonium
hydroxide

covalent
binding

glucose oxidase from Aspergillus
niger [36]

Commercial
activated carbon –OH, C=O – adsorption cellulose from Aspergillus niger [37]

Activated charcoal –OH, C=O,
COOH – adsorption papain [38]

Activated charcoal –OH, C=O,
COOH – adsorption amyloglucosidase [39]

Organic materials

polyaniline –N–H, C=O glutaraldehyde covalent
binding α-amylase [47]

polystyrene C=O, epoxy
groups

poly(glycidyl
methacrylate)

covalent
binding lipase [49]

poly(vinyl alcohol) –OH, C=O glutaraldehyde covalent
binding laccase from Trametes versicolor [51]

polypropylene –OH plasma
activated

covalent
binding Glucose oxidase [52]

Cellulose
nanocrystals –OH – adsorption lipase from Candida rugosa [65]

Luffa cylindrica
sponges

–OH, C=O,
COOH – adsorption lipase from Aspergillus niger [67]

chitosan –OH, –NH2 – entrapment lipase from Candida rugosa [71]
agarose –OH – entrapment α-amylase [76]

3. New Support Materials for Enzyme Immobilization

Possibilities for practical applications of immobilized enzymes are continuing to grow. For this
reason, discovery and use of New materials with desired properties, tailored to particular enzymes,
has recently become extremely important. These materials, of both organic and inorganic origin, are
characterized by exceptional thermal and chemical stability and very good mechanical properties.
Moreover, these support materials are produced in various morphological shapes with controllable
particle sizes, usually at nanoscale, which make them suitable for use with enzymes. Furthermore, these
materials possess remarkable quantities of various functional groups, corresponding to the chemical
groups of the proteins, which enhance enzyme binding and surface modification [78]. However,
particularly during the last decade, scientific attention has been directed towards hybrid and composite
materials, which combine properties of both composite precursor types and thus maximize their
advantages [79]. Hence, with the use of New materials (see Figure 3) as enzyme supports, control of
the technological process is improved, the immobilized enzymes exhibit enhanced catalytic efficiency
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and the purity and quality of the reaction products increase compared to the processes catalysed by
enzymes immobilized using the Classic materials.

Figure 3. Selected examples of New materials of inorganic, organic and hybrid origin, applied for
enzyme immobilization.

3.1. Inorganic Materials

3.1.1. Magnetic Particles

The separation of biocatalysts from the reaction mixture after the catalytic process is one of the
crucial problems that must be solved when immobilized enzymes are used. One possible solution
is attachment of the enzyme molecules to magnetic iron oxide nanoparticles (MNPs) and simple
separation of the biocatalytic system with the use of an external magnetic field [80]. MNPs are also
known for their large surface area and the abundance of hydroxyl groups on their surface which
enables their easy modification and strong (covalent) binding of the enzyme. These are very important
features. High mechanical stability and low porosity, however, which minimize steric hindrances, are
also relevant for the creation of a stable enzyme–matrix biocatalytic system [81]. According to Netto et
al. many enzymes grouped within the oxidoreductases, hydrolases or transferases can be immobilized
on the surface of magnetic nanoparticles to create generally stable systems offering high reusability
and easy separation from the reaction mixture [82]. There are several examples that demonstrate
these advantages. Mehrasbi et al. immobilized lipase on magnetic nanoparticles functionalized with
3-glycidoxypropyltrimethoxysilane. The immobilized enzyme when used to catalyse the production
of biodiesel from waste cooking oil, maintained 100% of its initial activity even after six reaction
cycles [83]. In another study, Aber et al. immobilized glucose oxidase by adsorption on unmodified
MNPs and used the resulting system for decolourization of Acid Yellow 12. After 15 catalytic cycles
the immobilized glucose oxidase retained more than 90% of its initial properties [84]. Atacan et al.
used magnetic nanoparticles, pre-treated with gallic acid, for the covalent immobilization of trypsin.
Their results showed that the MNPs-trypsin biocatalyst can degrade bovine serum albumin with high
efficiency [85].

3.1.2. Mesoporous Materials

A feature that distinguishes mesoporous supports from other materials used for enzyme
immobilization is the possibility of tailoring the properties of the support to the biomolecules by
adjusting the synthesis conditions and obtaining matrices with a desired pore structure [86,87].
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These kinds of carriers contain mesopores with diameters of usually 2 to 50 nm, with a narrow and
regular pore arrangement, surface areas as high as 1500 m2/g and pore volumes of around 1.5 cm3/g,
which make them suitable supports for various biomolecules [88]. Enzymes can be immobilized on
mesoporous materials by covalent binding or by encapsulation. In both techniques of immobilization,
however, the enzyme is placed in the pores of the support, which means that the structure of the
protein is protected and good catalytic properties are generally retained. When the enzyme is located
in the pores of the carrier, diffusional limitations must also be taken into account because the transport
of substrates and products is restricted [89]. Nevertheless, in view of their water insolubility, thermal
and chemical stability, hydrophilicity and the presence of sufficient chemical groups for the binding of
catalysts, mesoporous materials fulfil most of the requirements for effective enzyme matrices [90].

Materials such as zeolites, carbons and sol-gel matrices, as well as precipitated and ordered
mesoporous oxides are included in the mesoporous group [91–93]. For example, various mesoporous
silica materials are frequently used. Lipases from Candida antarctica and from Candida rugosa have been
immobilized via non-specific interactions without any intermediate agents on SBA 15 and MCM 41
mesoporous silica, respectively and used as catalysts in organic synthesis [94,95]. The reusability of
the immobilized enzymes was found to be significantly improved, because they could be reused for at
least five reaction cycles without significant loss of their activity. SBA 15 and MCM 41 silicas were also
used for adsorption immobilization of alkaline protease [96]. The immobilized enzyme attained its
maximum loading (589.43 mg/g) when SBA 15 silica was used. The products of immobilization also
had good pH and temperature stability. In another study, Mangrulkar et al. immobilized tyrosinase
on the mesoporous silica MCM-41 and used the resulting biocatalytic system for the detection of
phenol. The lowest concentration of phenol detectable by the immobilized tyrosinase was found to be
1 mg/L [97]. As mentioned above, mesoporous materials can also be used for enzyme encapsulation.
Wang and Caruso used mesoporous silica spheres for the immobilization of catalase, protease and
peroxidase and showed that after immobilization the lifetime of all tested enzymes was improved
compared to their free forms [98].

3.1.3. Nanoparticles

Nanoparticles of both inorganic and organic origin with diameters of up to 30 nm have been
extensively studied in recent years as potential supports for enzyme immobilization. However, for the
purpose of this review, attention is focused on nanoparticles of inorganic origin as these materials are
attracting growing interest due to the fact that they generally significantly improve the immobilization
yield and the efficiency of the biocatalytic system obtained [99,100]. Nanoparticles provide a large
surface area for enzyme binding that leads to higher loading of the enzyme on the matrix surface
and increased immobilization yield. The greatest advantage, however, of nanoparticles over other
inorganic materials is their ability to minimize diffusional limitations. Enzyme molecules are attached
to the surface of the nonporous particles and their active sites are exposed for wide contact with
substrates [101,102]. This means that biocatalytic systems based on nanoparticles usually provide high
catalytic activity retention [103].

Various inorganic nanomaterials such as nanogold [104] and graphene [105] can be used as
matrices for enzyme immobilization. Most frequently, however, inorganic oxide nanoparticles
are used. For example, Hou et al. used titania nanoparticles for the immobilization of carbonic
anhydrase by glutaraldehyde and immobilized over 160 mg of the enzyme per gram of the matrix.
The product was used for biomimetic conversion of CO2 [106]. In another study, lipase from
Rhizomucor miehei was covalently immobilized on silica nanoparticles modified by octyltriethoxysilane
and glycidoxypropyltrimethoxysilane. The immobilized lipase proved to be a very thermostable
biocatalyst [107]. Notably, both biocatalytic systems achieved over 90% catalytic activity retention.
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3.1.4. Ceramic Materials

Ceramic materials are known for their extremely high resistance to temperature, pressure and
chemicals (organic solvents, bases, acids). These features make them very promising materials for use
as supports for industrial applications of immobilized enzymes [108]. Ceramic supports also offer good
mechanical stability. Hence, when the enzymes become catalytically inactive, they can be relatively
easily regenerated and used for the immobilization of a new biocatalyst [109]. Hydroxyl groups are
mainly present on the surface of these materials. This favours mainly adsorption immobilization of
enzymes, based on non-specific interactions. For covalent attachment of biomolecules, additional
surface modification is necessary. Ceramic materials such as alumina, zirconia, titania, silica, iron oxide
and calcium phosphate have been used as biomolecule carriers. It should be added that these materials
can also be used in the form of ceramic foam or composite (TiO2/Al2O3) ceramic membranes [110,111].

Ebrahimi et al. physically immobilized β-galactosidase using a ceramic material in the form of a
membrane as a support. The system was used to catalyse a transgalactosylation reaction of lactose to
produce galactosyl-oligosaccharides. The immobilized enzyme was used for continuous production of
oligosaccharides and its efficiency reached 40% under optimal process parameters [112]. Wang et al.
immobilized horseradish peroxidase on a ceramic material (cordierite) which had been modified
by N-β-amino-ethyl-γ-aminopropyl-trimethoxysilane for covalent attachment of the enzyme. The
biocatalytic system was used to remove oil from wastewater. The highest recorded removal efficiency
was close to 92% and the system exhibited good reusability [113].

3.1.5. Carbon Nanotubes

Carbon nanotubes are a new type of support material that has been more and more widely used in
recent years. Both single-walled and multi-walled carbon nanotubes are characterized by an ordered,
nonporous structure, large surface area and biocompatibility. Moreover, they exhibit outstanding
thermal, chemical and mechanical resistance [114,115]. Carbon nanotubes are also relatively amenable
to functionalization to further increase their affinity to enzymes and favour the formation of strong
enzyme–matrix interactions [116]. Unlike other materials, carbon nanotubes enhance the transfer
of electrons between the substrate and the immobilized enzyme. They are thus most frequently
used for the immobilization of oxidoreductases and are applied in biosensors for the detection of
various compounds such as phenol and its mono- and multi-substituent derivatives, bisphenols or
pharmaceuticals, i.e., diclofenac or tetracycline. However, other groups of enzymes (transferases and
hydrolases) have also been immobilized with the use of carbon nanotubes [117,118].

In one reported study, glucose oxidase was immobilized on carbon nanotubes and further
cross-linked with chitosan. The results confirmed that the transfer rate of electrons was strongly
enhanced [119]. In another study α-glucosidase was covalently immobilized on multi-walled carbon
nanotubes functionalized by amine groups. The system so obtained was used in a biosensor for
measuring the antidiabetic potential of medicinal plants [120]. The immobilized enzymes used in
both biosensors exhibited greatly improved sensitivity and time of response and thus better detecting
properties. The biosensors also offered relatively good storage stability as indicated by their activity
which remained almost unaltered over 30 days.

3.1.6. Graphene and Graphene Oxide

Graphene and graphene oxide (GO) among carbon-based materials have also attracted great
attention as support materials for enzymes. This interest reflects their unique features such as
biodegradability, two-dimensional structure, high surface area and pore volume as well as good
thermal and chemical stability [121]. Additionally, the presence of many various functional groups,
such as carboxylic (COOH), hydroxyl (–OH) or epoxide groups, facilitates creation of strong
enzyme-matrix interactions without linking agents or modification of the graphene surface [122].
Due to these features, enzymes like lipases [123] or peroxidases [124] can be immobilized on GO
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surfaces mainly by adsorption, covalent binding or entrapment [125]. It is also worth mentioning that
graphene-based materials may even enhance enzyme biocatalytic activity. Moreover, graphene-based
supports are characterized by antioxidant properties and may enhance removal of free radicals (i.e.,
hydroxyl or dithiocyanate) from reaction mixtures [126]. This results in improved protection of enzyme
molecules from inactivation.

For example, horseradish peroxidase (HRP) was covalently immobilized on reduced graphene
oxide nanoparticles functionalized with glutaraldehyde. Kinetic parameters (turnover number (kcat)
and catalytic efficiency (kcat/KM)) of the immobilized enzyme increased after its attachment, thus
demonstrating enhancement of the catalytic properties of the HRP. Moreover, reusability was also
significantly improved, as indicated by immobilized enzyme which maintained over 70% of its
initial activity after 10 catalytic cycles [127]. In another study, D-psicose 3-epimerase (DPEase) was
immobilized on non-modified graphene oxide and applied for production of the rare sugar D-psicose,
an epimer of D-fructose. After immobilization, the efficiency of biocatalytic conversion of D-fructose to
D-psicose was improved. Thermal stability of immobilized DPEase was also significantly enhanced, as
the graphene-bounded enzyme exhibiting a half-life of 720 min that was 180 times higher than the
half-life of free D-psicose 3-epimerase (4 min) [128].

3.2. Organic Materials

As already mentioned, the properties of the immobilized enzyme are strongly dependent on the
structure and characteristics of the matrix. In general, the organic materials classified here as New
materials are mainly the same materials and containing very similar chemical groups as those described
in Section 2.2. However, here these organic materials appear in completely different forms and as a
result have very different properties. These materials may for example be used in the form of single
particles, fibres of nanometre size, or membranes. These supports increase the performance, efficiency
and stability of the immobilized biomolecules and render the latter more reusable. Moreover, control
of the process is improved and processes can be carried out in a continuous manner, which makes
them cost-effective [129]. Hence, biocatalytic systems based on these materials can become attractive
for applications in industrial-scale processes. Selected cases of the use of New materials of organic
origin for enzyme immobilization are discussed below.

3.2.1. Electrospun Materials

The great potential of electrospun materials as supports for enzyme immobilization results
from their many functional and structural advantages. These materials are known for their length
(electrospun nanofibers), uniformity of diameter and diversity of composition. They also have
high porosity and surface areas, which lead to high enzyme loading [130]. The nanometre sizes
of these materials provide additional benefits mainly related to low hindrance of mass transfer
and reduced diffusional limitations. As a result, the efficiency of the immobilized enzyme can be
increased. Electrospun support materials are also known for other useful properties, for example
their biocompatibility, nontoxicity, biodegradability, high mechanical strength and hydrophilicity,
which make them suitable matrices for various types of biocatalysts [131,132]. It should also be noted
that due to the presence of various functional moieties on their surface, electrospun nanomaterials
can be easily modified to favour enzyme attachment and increase the activity of the enzyme [133].
A very wide range of synthetic polymers such as poly(vinyl alcohol), polystyrene, polyacrylamide
and polyurethane, as well as biopolymers such as chitin, chitosan, alginate and cellulose, may be used
to produce electrospun carriers [134–136]. Their great advantage over other matrices is the fact that
because of the variety of materials used to produce electrospun supports, they can be obtained with
properties tailored to the enzyme and the process. Enzymes can be immobilized on these materials by
adsorption and covalent binding (surface attachment) as well as by encapsulation carried out at the
same time as the support is formed, which additionally reduces the costs of the process [137].
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For example, Canbolat et al. used poly(ε-caprolactone) to immobilize catalase by encapsulation
using layering methods. Moreover, to enhance the catalytic activity of the enzyme, its molecules were
combined with cyclodextrin before immobilization. The results indicated that the addition of cyclic
oligosaccharides had a positive effect on the catalytic properties of the biocatalyst. It should also
be noted that immobilization by encapsulation results in higher stability of the catalase because the
enzyme is protected from negative effects of the reaction conditions [138]. Weiser et al. used polyvinyl
alcohol nanofibers for the immobilization by entrapment of five different types of lipase for the kinetic
resolution of racemic secondary alcohols by acylation in inorganic media. The study proved that the
activity of all tested lipases was enhanced by stabilization of the active conformation of the enzyme.
Furthermore, after immobilization of the biomolecules, the turnover frequency of the reaction increased
due to a reduction in mass transfer limitations, which was directly related to the structural properties
of the polymeric nanofibers [139]. In another study, poly(vinyl alcohol) or polylactic acid nanofibers
in the form of a membrane were used for adsorption immobilization of Candida antarctica lipase B.
The biocatalytic system was used for the kinetic resolution of 1-phenylethanol and 1-phenyl acetate.
Polyvinyl alcohol membrane with immobilized lipase may be used in both organic and water media;
however, the lipase immobilized on polylactic acid fibres preserved higher activity and exhibited
higher enantiomer selectivity. Nevertheless, due to the protection afforded by the nanofibers, both
immobilized systems demonstrated excellent stability even over 10 reaction cycles [140].

3.2.2. Polymeric Membranes

As has been described above, polymeric materials can be used in enzyme immobilization in
the form of beads, powders, fibres or foams. However, in recent years there has been growing
interest in the use of commercially available polymeric membranes. This is mainly because they have
easily tuneable properties which make them suitable for many groups of enzymes [141,142]. These
membranes have a large surface area that allows efficient enzyme attachment. The membranes also
offer good porosity as well as well-defined pore sizes and structure, which facilitate the immobilization
of biomolecules not only on the surface of the support but also in its pores [143]. The reaction mixture
passing through the membrane therefore has relatively easy access to the active sites of the enzyme,
which reduces diffusional limitations. Moreover, membranes with tailored properties can easily be
prepared in different shapes and various geometrical configurations [144]. The membranes are also
generally insoluble and are known for their mechanical stability, hence they fulfil the requirements for
performing as suitable carriers for enzyme immobilization.

Many types of synthetic polymers can be used for the preparation of membranes, for example
poly(vinyl alcohol), polyurethane and poly(vinylidene fluoride) [145,146]. However, membranes
made from biopolymers, for example from chitosan or cellulose, can also be used as enzyme support
materials [147]. Depending on the type of material used, various functional groups are present in the
membrane that not only favour effective enzyme immobilization but also enable modification of the
membrane for covalent binding of biomolecules. It should also be noted that in addition to membranes
obtained on a laboratory scale, commercially available ultra- and nanofiltration membranes can also
be used for enzyme immobilization and examples such as GR51PP, NF270 and NTR7450 may be
mentioned [148–150]. However, the greatest advantage of polymeric membranes as biomolecule
support matrices, in comparison with other materials, is the fact that no additional separation and
purification of the reaction mixture is required; the catalytic process can take place and products can
be isolated from the reaction mixture in the same step [151]. It is also worth noting that polymeric
membranes, as supports for enzymes, play a crucial role particularly in the case of enzymatic membrane
reactors (EMR).

3.3. Hybrid and Composite Materials

In the light of the above-mentioned unique features and properties of inorganic and organic
matrices, many studies have been carried out with the aim of combining them to maximize their
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benefits. The possibility of selecting and combining precursors to meet the requirements of a given
enzyme and the process in which it is to be used facilitates more precise control of the enzyme
immobilization process. Additionally, the biocatalytic systems thus produced can be used in a wider
range of practical applications [152]. Combined and reinforced materials usually exhibit properties not
observed for their individual components. Hybrids and composites usually make it possible to stabilize
the interactions between an enzyme and a support and make biocatalysts more mechanically resistant
and stable under reaction conditions. It should be added that hybrid supports in general provide a
suitable environment for biomolecules that favours the retention of high catalytic properties by the
immobilized enzyme, makes the biocatalytic system reusable and protects it against conformational
changes during storage [153]. An additional benefit of the use of composite supports is the fact
that these materials are suitable for enzymes belonging to all catalytic classes. Hence, in the quest
for support materials for enzyme immobilization, particular attention should be paid to hybrid or
composite materials obtained by the conjugation of: (i) organic-organic; (ii) inorganic-inorganic, or (iii)
organic-inorganic precursors.

3.3.1. Organic-Organic Hybrids

As described above, many types of polymers of synthetic and natural origin can be used as
supports for enzymes. However, to increase their usability, they can be combined to obtain products
with enhanced properties which are better suited to the enzyme and the technological process.
Organic-organic hybrids may be synthesized by connecting together the following: (i) two synthetic
materials, for example polyaniline and polyacrylonitrile, polyethyleneimine, with epoxy-activated
acrylate copolymer or poly(acrylic acid) and polyvinyl alcohol [154–156]; (ii) a synthetic polymer with
a biopolymer, such as poly(acrylic acid) and cellulose, polyvinyl alcohol and chitosan, or polyaniline
and chitosan [157–159]; (iii) two biopolymers, such as chitosan and alginate, chitin and lignin or
cellulose and dextran [160–162]. For instance, combining a synthetic polymer having good pH and
thermal resistance and mechanical stability with a biopolymer known for its biocompatibility and
high affinity to biocatalysts and using the resulting hybrid as an enzyme support, could result in a
stable, reusable biocatalytic system with the retention of good catalytic properties [163]. Additionally,
through appropriate selection of precursors, the hydrophobic/hydrophilic character of the matrix can
be controlled to increase the strength of the interactions formed between the enzyme and support and
to enhance the catalytic activity of the biomolecule [164]. The greatest advantage of these materials
is the possibility of forming them into various shapes and sizes. The materials can be used as
enzyme supports in the form of particles, fibres, tubes, beads, membranes or sheets [165–167]. The
wide variety of available organic-organic hybrids makes these materials suited for immobilization of
enzymes belonging to all catalytic classes by adsorption, covalent binding and also by entrapment or
encapsulation [168,169]. For example, two monomers, polylactic acid and polyethylene glycol, were
used to produce micro- or nanofibers by an electrospinning technique. The material thus produced
had high porosity, a large surface area, the ability to incorporate functional additives, which are
all excellent properties as a matrix for enzyme attachment. In the study, alkaline phosphatase was
immobilized via biotin-streptavidin interactions on surface of the matrix. The bound enzyme exhibited
good stability and reusability over a long storage time so this system may be a promising platform
for the development of biosensors [170]. Polyvinyl alcohol–hypromellose is an example of an organic
hybrid produced by merging a synthetic polymer with a semisynthetic biopolymer which is an
inert derivative of methylcellulose. This material was used for the immobilization of lipase from
Burkholderia cepacia without any cross-linkers. The resulting biocatalytic system was used for the
synthesis of phenethyl butyrate in nonpolar medium and proved to be a successful catalyst, achieving
99% conversion of the phenethyl alcohol and vinyl butyrate used as substrates. The protective effect of
the polymeric hybrid support resulted in the retention of high catalytic activity by the immobilized
lipase and the activation energy of the reaction was found to be lower when the immobilized enzyme
was used [171]. Matto and Husain employed a calcium alginate–starch hybrid gel as a carrier for
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adsorption immobilization and entrapment of peroxidase. The presence of many hydroxyl groups in
the starch structure enhanced the surface attachment of the enzyme, while the capacity of alginate for
gelation favoured the entrapment of peroxidase. The entrapped enzyme was found to be significantly
more stable against pH, temperature, solvents and inhibitors like urea or heavy metals, compared
to the surface-immobilized enzyme. Moreover, this form of immobilized peroxidase retained over
70% of its original activity even after seven repeated reaction cycles [172]. In a study by Abdulla and
Ravindra, equal proportions of alginate and κ-carrageenan were used to produce a novel biopolymeric
hybrid for lipase immobilization by entrapment. The resulting biocatalyst was employed in biodiesel
production from Jatropha oil and ethanol. Under optimal process conditions, total transesterification of
triglycerides to fatty acid ethyl esters was achieved. This biocatalytic system also demonstrated good
reusability as indicated by retention of over 75% of its initial activity after six cycles. The results suggest
that lipase immobilized on an alginate–κ-carrageenan hybrid could be an efficient and environmentally
friendly biocatalyst for biodiesel production [173]. Another application of a composite built from two
biopolymers was reported by Nupur et al. who combined chitosan and calcium alginate and used the
resulting hybrid in the form of beads for entrapment immobilization of penicillin G amidase (PGA).
The immobilized PGA demonstrated high thermal and storage stability and good reusability. The
enzyme entrapped in alginate–chitosan hybrid beads was found to have several advantages and could
be used in the organic synthesis of 6-aminopenicillanic acid with high efficiency [174].

3.3.2. Organic-Inorganic Hybrids

A very wide range of materials of both organic and inorganic origin can be combined to create
hybrid or composite supports for the immobilization of enzymes. The most frequently used inorganic
precursors include silica, inorganic oxides such as zinc and titanium oxides, as well as minerals, carbon
materials and magnetic nanoparticles [175–178]. They can be combined with polymers of synthetic
origin, for example polyacrylonitrile, polyethyleneimine and polyvinyl alcohol [179,180], as well as
with biopolymers such as chitosan, lignin and alginate [181,182]. These materials are mainly used for
the adsorption or covalent immobilization of hydrolases, oxidoreductases and transferases but the
encapsulation of these enzymes in carriers of this type has also been reported [183]. Organic-inorganic
hybrids display great potential as support materials for enzymes; such hybrids provide good stability
and mechanical resistance and very high affinity to biological molecules. The high stability and
often also chemical inertness are related to features of the inorganic precursor. The good ability to
bind enzymes is due to the organic components since synthetic polymers and biopolymers have
many functional moieties in their structures that are able to interact with the chemical groups of
biocatalysts [184]. As a result of their stability and functionality, hybrids in this group can be used
for many practical applications, which is their greatest advantage. Many different combinations of
organic and inorganic substances have been used to produce functional organic-inorganic composites
and hybrids for enzyme immobilization. For example, Zhao et al. combined the stability and
mechanical resistance of silica with the biocompatibility and gelation properties of chitosan and
achieved immobilization of glucose isomerase on silica–chitosan hybrid microspheres via simple in
situ encapsulation. The immobilized enzyme was further used as a catalyst for the conversion of
glucose to fructose. The relative activity of the enzyme was found to be above 90% over a wide
pH range of 6–8, a temperature range of 40–80 ◦C, a storage time of 3 months and after 15 repeated
catalytic cycles [185]. In another study, a silica–dialdehyde starch (SiO2-DAS) mixed hybrid, offering
high enzyme binding capacity due to the presence of polysaccharide in the structure, was used for the
immobilization of cellulose. The product maintained higher activity over broader pH and temperature
ranges than the free enzyme. Moreover, the immobilized cellulase exhibited higher affinity to the
substrates as well as better reusability and storage stability. This product might therefore be used
as an effective biocatalyst for cellulose bioconversion [186]. Miranda et al. reported the synthesis of
an eco-friendly poly-L-leucine-rehydrated hydrotalcite nanohybrid material and its effective use for
tyrosinase immobilization without bifunctional linkers. They used the resulting biocatalytic system in
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the asymmetric epoxidation reaction of chalcone. The nanohybrid-based biocatalyst exhibited excellent
activity and enantioselectivity. The product also demonstrated good reusability, with unaltered
activity after five consecutive runs. Thus, this biocatalytic system could find potential applications in
protein engineering, biomedicine and catalysis [187]. Chang et al. combined natural clay composed
of montmorillonite and layer silicates with chitosan, which exhibits good gelation abilities. The
inorganic-organic hybrid was further cross-linked with glutaraldehyde and finally applied in the form
of wet and dry beads for the immobilization of β-glucosidase. The covalently bound enzyme exhibited
high stability over wide pH and temperature ranges. Additionally, the properties of wet and dry beads
were compared and it was found that use of the dried materials led to higher catalytic efficiency [188].
In another study, the conductive properties of carbon nanospheres were combined with the gelation
ability of sodium alginate for entrapment immobilization of glucose oxidase and its use for biosensing
of glucose. Under optimal measurement conditions, the biosensor achieved very good performance
for glucose over a wide linear concentration range, with a detection limit of 0.5 μM. The biosensor also
exhibited satisfactory reproducibility and good long-term stability [189].

3.3.3. Inorganic-Inorganic Hybrids

Besides the types discussed above, inorganic-inorganic hybrid and composite materials also
possess many features which make them interesting potential supports for enzyme immobilization.
In general, inorganic hybrids exhibit good pH and thermal stability, mechanical resistance and
chemical inertness. Moreover, their precursors are easily available and in many cases their synthesis
is simple and hence relatively cheap [190]. A variety of functional groups such as carbonyl (C=O),
carboxyl (COOH), amine (–NH2) and epoxy are present on the surface of inorganic-inorganic materials,
although the most frequently observed are hydroxyl (–OH) groups. These groups determine the
hydrophilic character of inorganic composite supports and increase their affinity to biomolecules [191].
Additionally, the presence of many functional groups enhances immobilization efficiency and allows
easy functionalization of the surface [192]. Besides simple modification, the presence of various
chemical moieties allows the production of combined materials with desired technological features
and high affinity for enzymes, which makes these materials promising for practical applications.
For example, sol-gel derived silica was combined with multi-walled carbon nanotubes (MWCNTs)
and used for the non-specific immobilization of lipase from Candida rugosa. The biocatalytic system
thus obtained was applied in esterification reactions in organic media, with high efficiencies. The
immobilized lipase also exhibited good reusability as indicated by almost unaltered initial activity
after five catalytic cycles due to the protective effect of the MWCNTs [193]. In another study, Zhu
et al. used carboxyl-functionalized silica-coated magnetic nanoparticles (SCMNPs) as a carrier for
covalent immobilization of porcine pancreatic lipase. The addition of the magnetic nanoparticles to
the composite enabled easy separation of the biocatalytic system from the reaction mixture using a
magnetic field. The immobilized lipase exhibited enhanced activity compared to the free enzyme and
good thermal resistance, with high catalytic efficiency at 70 ◦C [194].

The presence of many functional moieties enables the attachment of enzymes belonging to many
catalytic classes, including hydrolases and oxidoreductases [195,196] and the potential use of all known
immobilization techniques. For example, glucose oxidase was entrapped in nanozeolites combined
with magnetic nanoparticles and multi-walled carbon nanotubes [197]. In another case, β-glucosidase,
α-chymotrypsin and lipase B from Candida antarctica were successfully covalently immobilized on
the surface of magnetic nanoparticles activated by N,N-disuccinimidyl carbonate [198]. In general,
silica is one of the most commonly used precursors for inorganic hybrids. However, other inorganic
components such as inorganic oxides, minerals, clays, noble metal nanoparticles and carbon-based
materials may also act as precursors for inorganic-inorganic enzyme supports [199–202]. An interesting
example of an inorganic-inorganic composite used for enzyme immobilization is a combination of
calcium carbonate and gold nanoparticles (CaCO3-AuNPs). This support was used by Li et al. for
adsorption immobilization of horseradish peroxidase and further to produce a mediator-free hydrogen
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peroxide biosensor. Due to the good electrical conductivity of the CaCO3-AuNPs inorganic hybrid, as
well as the favourable orientation of the enzyme molecules on the surface of the matrix, the biosensor
exhibited strong activity toward H2O2 reduction and achieved a good linear response over a wide
range of hydrogen peroxide concentrations and a relatively low limit of detection (1.0 × 10−7 M) [203].
In another study, the ability of carbon nanotubes to direct electron transfer and the high surface area
of titanium dioxide were exploited to create TiO2–carbon nanotube microparticles for adsorption
immobilization of glucose oxidase by non-specific interactions. The immobilized enzyme was further
used to build a biosensor for glucose detection. Electrochemical analysis showed the biosensor to have
high efficiency, sensitivity and reproducibility and the capacity to detect glucose up to concentrations
of 3 mM [204]. In another such system, multi-walled carbon nanotubes provided a highly porous
conductive network that enhanced electrochemical transduction, while CaCO3 acted as a host carrier
for immobilization of tyrosinase by entrapment. This inorganic hybrid with immobilized enzyme was
used as a highly effective and sensitive dopamine or catechol biosensor. The biocatalytic system was
shown to be resistant to the effects of inhibitors and interferents and its parameters remained unaltered
in the presence of uric and ascorbic acid [205].

3.4. Summary of New Materials

Table 2 summarizes the most important types of New materials and enzymes that may be
immobilized by using these carriers. Moreover, information about binding groups, immobilization
type or cross-linking agents are also presented.

Table 2. Summary and selected examples of New materials of inorganic, organic and hybrid origin
applied for enzymes immobilization.

Support Material
Binding
Groups

Cross-Linking
Agent

Immobilization
Type

Immobilized Enzyme Reference

Inorganic Materials

magnetic nanoparticles epoxy groups 3-glycidoxypropyl-
trimethoxylsilane covalent binding lipase from Candida

antarctica [83]

–OH – adsorption glucose oxidase from
Aspergillus niger [84]

silica SBA-15 –OH – adsorption alkaline protease [96]
mesoporous silica –OH – encapsulation catalase [98]

silica mesoporous nanoparticles epoxy groups 3-glycidoxypropyl-
trimethoxylsilane covalent binding lipase from Rhizomucor

miehei [107]

TiO2 nanoparticles –OH – adsorption carbonic anhydrase [106]

cordierite –NH2

N-β-aminoethyl-γ-
aminopropyl-

trimethoxysilane
covalent binding horseradish peroxidase [113]

multi-walled carbon nanotubes –NH2
3-aminopropyl-
triethoxysilane covalent binding α-glucosidase [120]

reduced graphene oxide C=O glutaraldehyde covalent binding horseradish peroxidase [127]

Organic materials

electrospinning fibres of
polycaprolactone C=O - adsorption catalase [138]

electrospinning nanofibers of
polyvinyl alcohol –OH - encapsulation lipase from Burkholderia

cepacia [140]

polyethersulphone membrane - - adsorption
Phosphotriesterase

lactonase from Sulfolobus
solfataricus

[145]

NTR7450 membrane - - adsorption casein glycomacropeptide [150]

Hybrid/composite materials

polyaniline-polyacrylonitrile
composite –N–H - encapsulation glucose oxidase [154]

cellulose-poly(acrylic acid) fibres –OH, COOH - covalent binding horseradish peroxidase [157]
chitosan-alginate beads –NH2, –OH - entrapment amyloglucosidase [160]
graphene oxide-Fe3O4 –OH, C=O cyanuric chloride covalent binding glucoamylase [177]

silica-lignin –OH, C=O - adsorption glucose oxidase form
Aspergillus niger [178]

polyacrylonitrile-
multi-walled carbon nanotubes

–N–H, C=O,
–OH

N-Hydroxy-
succinimide covalent binding catalase [179]

silica-graphene oxide particles –OH, C=O N-Hydroxy-
succinimide covalent binding cholesterol oxidase [199]

ZnO-SiO2 nanowires –OH – cross-linking horseradish peroxidase [202]
CaCO3-gold nanoparticles –OH, C=O – adsorption horseradish peroxidase [203]
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New materials with tailored properties are increasingly frequently used as supports for enzymes
both due to limitations in application of Classic materials and also to improve the properties of the
immobilized enzymes. Materials belonging to the New materials group can facilitate easy separation of
biocatalytic systems from reaction mixtures (magnetic nanoparticles) or enable avoidance of enzyme
particles overloading on the surface of the carrier (nanoparticles and mesoporous materials). Moreover,
materials such as graphene or graphene oxide enhance transfer of electrons between immobilized
enzyme and substrate and result in increased catalytic activity of the biomolecules. The greatest
advantage of the materials of organic origin classified as New materials is that they can be formed
in various geometrical shapes such as fibres or membranes and reduce diffusional limitations and
improve the efficiency of the biocatalytic processes. Within New materials, there is continuing and
growing interest in hybrid materials. Hybrid supports may be synthesized through the combination of
precursors of different origin and their properties can be tailored to the requirements of the biocatalysts
as well as to the technological process in which the product will be used after immobilization. Hybrid
supports are characterized by good thermal and chemical stability and mechanical resistance and
usually ensure stable, covalent binding of the enzyme.

4. Summary

Inorganic materials such as inorganic oxides, minerals and carbon-based materials and materials
of organic origin, including synthetic and natural polymers, may be classified as Classic support materials
used for the immobilization of enzymes. These carriers are characterized by good stability under
harsh reaction conditions, high availability or relatively simple synthesis and consequently low price.
In general, these groups of support materials can be used for the immobilization of all classes of
enzymes through the use of all immobilization techniques although adsorption immobilization is
the most common. In view of the properties of these materials, the formation of highly specific
interactions between the enzyme and the support is usually limited. Therefore, immobilization is
based on non-specific hydrogen interactions. In some cases, however, where for example there is a
high affinity of functional groups, the formation of covalent bonds cannot be excluded. The wide use
of Classic materials as supports for enzymes is also linked to the more cost-effective immobilization
process since these carriers do not require complicated preparation procedures and immobilization
is usually fast and simple. Classic materials will continue to play a significant role as supports for the
immobilization of enzymes from many catalytic classes for many practical applications ranging from
the synthesis of highly pure chemical compounds to food processes and wastewater treatment.

The wide group of support materials which for the purposes of this review are called New
materials for enzyme immobilization can offer properties designed for particular enzymes or for the
requirements of a given technological process. These materials have come into use due to certain
defects of the Classic materials and to the relatively low efficiencies of catalytic conversions carried out
with biocatalysts bound to Classic materials. Inorganic materials in the New materials group include
magnetic nanoparticles, which enhance fast and simple separation of the immobilized enzyme from the
reaction mixture by means of an external magnetic field and mesoporous materials with a hierarchic
pore structure, which ensures the uniform distribution of biomolecules in the matrix pores and thus
reduces overloading of the enzymes and maintains catalytic activity at a high level. There are also
materials of organic origin, such as electrospun membranes; depending on the material used for their
production, these materials can significantly increase the transfer of electrons, which is a key step in
many biocatalytic transformations. However, special interest particularly in recent years has been
paid to applications of hybrid and composite New materials for enzyme immobilization. As has been
described, these materials are synthesized from combinations of precursors of inorganic, organic and
mixed inorganic and organic origin. They are designed to offer high stability, good affinity for enzymes
and the presence of many chemical functional groups compatible with the chemical moieties present
in the protein structure. Because of these features, biomolecules are attached mainly via covalent
bonds and this ensures the good reusability and operational stability of the resulting biocatalytic
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systems. New materials will be employed more and more extensively in the future for immobilization
of enzymes. Their applications will not be limited to the creation of biocatalytic systems for use in
synthesis; hybrids and composite materials will also be used to production of biocatalytic cells and
biosensors for the detection of various compounds in medicine and in environmental monitoring, as
well as for remediation of hazardous compounds.

It should be emphasized that in presented literature review the materials have been considered
regardless of the type/mode of enzyme immobilization methodology employed, thus the treatise is
universal with respect to this regard. However, for creation of stable and efficient biocatalytic systems,
the attachment technique must be optimized individually for the specific enzyme, the specific material
and the biocatalytic process to be employed.
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Silica-supported chlorometallate(III) ionic liquids as recyclable catalysts for Diels-Alder reaction under
solventless conditions. Catal. Sci. Technol. 2016, 6, 8129–8137. [CrossRef]

88. Hartmann, M. Ordered mesoporous materials for bioadsorption and biocatalysis. Chem. Mater. 2005, 17,
4577–4593. [CrossRef]

89. Fan, J.; Lei, J.; Wang, L.; Yu, C.; Tu, B.; Zhao, D. Rapid and high-capacity immobilization of enzymes based
on mesoporous silicas with controlled morphologies. Chem. Commun. 2003, 17, 2140–2141. [CrossRef]

90. Yiu, H.H.P.; Wright, P.A.; Botting, N.P. Enzyme immobilisation using siliceous mesoporous molecular sieves.
Microporous Mesoporous Mater. 2001, 44–45, 763–765. [CrossRef]

91. Schuth, F. Non-siliceous mesostructured and mesoporous materials. Chem. Mater. 2001, 13, 3184–3195.
[CrossRef]

92. Moritz, M.; Geszke-Moritz, M. Mesoporous materials as multifunctional tools in biosciences: Principles and
applications. Mater. Sci. Eng. C 2015, 49, 114–151. [CrossRef] [PubMed]

93. Catalano, P.N.; Wolosiuk, A.; Soler-Illia, G.J.A.A.; Bellino, M.G. Wired enzymes in mesoporous materials:
A benchmark for fabricating biofuel cells. Bioelectrochemistry 2015, 106, 14–21. [CrossRef] [PubMed]

94. Cai, C.; Gao, Y.; Liu, Y.; Zhong, N.; Liu, N. Immobilization of Candida antarctica lipase B onto SBA-15 and
their application in glycerolysis for diacylglycerols synthesis. Food Chem. 2012, 212, 205–212. [CrossRef]
[PubMed]

95. Chen, Y.; Xu, Y.; Wu, X.M. Efficient improving the activity and enantioselectivity of Candida rugosa lipase
for the resolution of naproxen by enzyme immobilization on MCM-41 mesoporous molecular sieve. Int. J.
Bioautom. 2015, 19, 325–334.

96. Zhuang, H.; Dong, S.; Zhang, T.; Tang, N.; Xu, N.; Sun, B.; Liu, J.; Zhang, M.; Yuan, Y. Study on alkaline
protease immobilized on mesoporous materials. Asian J. Chem. 2014, 26, 1139–1144.

97. Mangrulkar, P.A.; Yadav, R.; Meshram, J.S.; Labhsetwar, N.K.; Rayalu, S.S. Tyrosinase-immobilized MCM-41
for the detection of phenol. Water Air Soil Pollut. 2012, 223, 819–825. [CrossRef]

98. Wang, Y.; Caruso, F. Mesoporous silica spheres as supports for enzyme immobilization and encapsulation.
Chem. Mater. 2005, 17, 953–961. [CrossRef]

99. Jia, H.; Zhu, G.; Wang, P. Catalytic behaviors of enzymes attached to nanoparticles: The effect of particle
mobility. Biotechnol. Bioeng. 2003, 84, 406–414. [CrossRef] [PubMed]

100. Kim, J.; Grate, J.W.; Wang, P. Nanostructures for enzyme stabilization. Chem. Eng. Sci. 2006, 61, 1017–1026.
[CrossRef]

101. Cipolatti, E.P.; Valerio, A.; Henriques, R.A.; Moritz, D.E.; Ninow, J.L.; Freire, D.M.G.; Manoel, E.A.;
Fernandez-Lafuente, R.; de Oliveira, D. Nanomaterials for biocatalyst immobilization—State of the art
and future trends. RSC Adv. 2016, 6, 104675–104692. [CrossRef]

102. Hu, C.; Wang, N.; Zhang, W.; Zhang, S.; Meng, Y.; Yu, X. Immobilization of Aspergillus terreus lipase in
self-assembled hollow nanospheres for enantioselective hydrolysis of ketoprofen vinyl ester. J. Biotechnol.
2015, 194, 12–18. [CrossRef] [PubMed]

103. Wang, X.; Shi, J.; Li, Z.; Zhang, S.; Wu, H.; Jiang, Z.; Yang, C.; Tian, C. Facile one-pot preparation of
chitosan/calcium pyrophosphate hybrid microflowers. ACS Appl. Mater. Interface 2014, 6, 14522–14532.
[CrossRef] [PubMed]

104. Kotal, M.; Srivastava, S.K.; Matiti, T.K. Fabrication of gold nanoparticle assembled polyurethane microsphere
template in trypsin immobilization. J. Nanosci. Nanotechnol. 2011, 11, 10149–10157. [CrossRef] [PubMed]
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Abstract: Immobilization of bio-catalysts in solid porous materials has attracted much attention in the
last few decades due to its vast application potential in ex vivo catalysis. Despite the high efficiency
and selectivity of enzymatic catalytic processes, enzymes may suffer from denaturation under
industrial production conditions, which, in turn, diminish their catalytic performances and long-term
recyclability. Metal-organic frameworks (MOFs), as a growing type of hybrid materials, have been
identified as promising platforms for enzyme immobilization owing to their enormous structural and
functional tunability, and extraordinary porosity. This review mainly focuses on the applications of
enzyme@MOFs hybrid materials in catalysis, sensing, and detection. The improvements of catalytic
activity and robustness of encapsulated enzymes over the free counterpart are discussed in detail.

Keywords: metal-organic frameworks (MOFs); enzyme immobilization; bio-catalyst; conversion;
sensing

1. Introduction

The history of utilizing bio-catalysts in production dates back to thousands of years ago when
human learned to make alcohol from sugar via fermentation with the addition of yeast or other
microorganisms. With the fusion of ideas from modern protein chemistry and molecular biology,
enzymes, as nature’s catalysts, have been extensively applied in industrial production, such as drug
and food production [1–3]. However, these applications are limited by the relatively low stability of
enzymes, for example, weak thermal stability and high sensitivity to pH changes, which results in the
lack of long-term recyclability and difficulty of separating enzymes from products [4,5]. A possible
strategy to overcome these issues is heterogeneously immobilizing enzymes on solid supports,
which keeps enzymes in the confined microenvironment and prevents enzymes from denaturing [6–8].

Metal-organic frameworks (MOFs) are an emerging porous materials assembled by the
coordination of metal ions or clusters with organic linkers [9–11]. MOFs are highly tunable platforms
in terms of structure and functionality [12,13]. Thus, MOFs have shown promising potentials in
gas adsorption and separation, catalysis, photosynthesis, biomedicine, and so on [14–25]. The high
surface area, large pore volume, and high stability of MOFs indicate that they are ideal for enzyme
immobilization [26–30]. This review mainly focuses on the applications of immobilized enzyme@MOFs
materials in biomimetic catalysis and conversion, sensing, and detection. The performance of
immobilized enzymes will be compared with the free counterparts and the merits imparted from
immobilization will be discussed.

2. Applications of Enzyme@MOFs Materials in Catalysis, Sensing, and Detection

Due to the high selectivity nature of enzymes, the applications of immobilized enzyme@MOFs
materials are mainly for catalysis, sensing, and detection. Immobilized enzymes are separated by
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the pores of MOFs, which avoids their aggregation and facilitates high conversion rate. In addition,
the physical confinement of the immobilized enzymes by the cavity wall of MOFs prevents the
occurrence of protein denaturation.

The synthetic approaches of enzyme@MOF materials also play a key role in their practical
performances, especially in the aspect of promoting substrate diffusion and prohibiting enzyme
leaching. Typically, the synthetic approaches can be classified into two major categories: one-pot
synthesis and post-synthetic immobilization. One-pot synthesis, also known as biomineralization
or co-precipitation, encapsulates the enzymes in the material through the formation of coordination
porous shell structures. The core-shell structure creates diffusion pathways for substrates contacting
the encapsulated enzymes. Post-synthetic immobilizations, including the formation of covalent and
non-covalent bonds between MOF and enzymes, also provides strong host-guest interactions and
accessible enzyme active sites.

2.1. Biomimetic Catalysis and Conversion

2.1.1. Chemical Conversion

Park et al. reported the covalent attachment of enhanced green fluorescent protein (EGFP)
and Candida-antarctica-lipase-B (CAL-B) in 1D ([(Et2NH2)(In(pda)2)], pda = 1,4-phenylenediacetate),
2D ([Zn(bpydc)(H2O)(H2O)]n, bpydc = 2,2′-bipyridine 5,5′-dicarboxylate), and 3D (IRMOF-3)
MOFs [31] The carboxylate groups on the MOF surface were first activated and then reacted with the
amino groups on the enzymes (Figure 1). The catalytic activity of the immobilized CAL-B was verified
through transesterification of (±)-1-phenylethanol. CAL-B immobilized on IRMOF-3 showed 103-fold
higher activity than that of free CAL-B, while maintaining the same enantioselectivity. The authors
proposed that the confined spaces in MOFs allow substrates to access enzymes more efficiently.
Moreover, after three catalytic cycles, no significant decrease of enzymatic activity was observed.

Figure 1. Schematic representation of the bioconjugation of the 1D-polymer, [(Et2NH2)(In(pda)2)]n,
with EGFP. Fluorescence microscopic images of EGFP coatedMOFs. (a) 1D + EGFP; (b) 2D + EGFP;
(c) 3D + EGFP. An Olympus WIB filter set (λem = 460–490 nm; λem > 515 nm) was used for recording the
fluorescence [31]; and (d) the catalytic reaction of racemate and the product enantiomers. Reproduced
from [31] with permission from the Royal Society of Chemistry, copyright 2011.

Ma group first reported the immobilization of MP-11 into a mesoporous MOF, Tb-mesoMOF
[Tb16(tatb)16, tatb = triazine-1,3,5-tribenzoate], consisting of cages with diameters of 0.9, 3.0, and
4.1 nm (Figure 2) [32]. After the loading of MP-11, the 3.0 and 4.1 nm cavities disappeared, while the
0.9 nm pore still existed, indicating the occupation of the enzyme in large pores and the accessible
small pores for substrate diffusion. The BET surface area of Tb-mesoMOF drops from 1935 m2/g to
400 m2/g after MP-11 loading of 19.1 μmol/g. MCM-41, a mesoporous silica material with a lower
surface area at ~1000 m2/g and a lower loading of 3.4 μmol/g [33], was also applied for MP-11
encapsulation. The MP-11@Tb-mesoMOF catalyzed the oxidation of 3,5-di-tert-butyl-catechol in
the presence of H2O2. In comparison to free MP-11 and MP-11@MCM-41, MP-11@Tb-mesoMOF
showed a much higher conversion percentage, reaction rate, and better recyclability after seven cycles.
Proved by the bathochromic shift of the immobilized MP-11 in Tb-mesoMOF compared to free MP-11,
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the hydrophobic interactions between the hydrophobic nanocage of Tb-mesoMOF and MP-11 were
attributed to the better performance of MP-11@Tb-mesoMOF over free MP-11.

 

a b c 

d 

Figure 2. (a) Molecular structure of MP-11 (obtained from the solution structure of PDB 1OCD);
(b) the 3.9 nm-diameter cage; (c) the 4.7 nm-diameter cage in Tb-mesoMOF; and (d) the reaction scheme
for oxidation of 3,5-di-t-butylcatechol to o-quinone [32]. Reproduced from [32] with permission from
American Chemical Society, copyright 2011.

Zhou and co-workers reported two mesoporous MOFs, PCN-332 and -333, composed of M3O
clusters and tritopic linkers (Figure 3) [34]. PCN-333(Al) showed good stability in a pH range of 3–9
and exhibited hierarchical cavities with sizes of 1.1 nm, 4.2 nm, and 5.5 nm. The mesoporous cages
functioned as single-molecule traps (SMTs) to encapsulate HRP and Cyt-c, whereas MP-11 as a smaller
enzyme was immobilized by multiple-enzyme encapsulation (MEE). PCN-333(Al) demonstrated
record-high enzyme loading capacity and much better recyclability than porous silicate materials,
for example, SBA-15. In particular, PCN-333(Al) immobilized HRP and Cyt-c exhibited stronger
substrate affinity and improved catalytic performance over free enzymes owing to the separation of
enzymes in the cages, which prevents the undesirable self-aggregation during the reaction.

c b a 

Figure 3. (a) Ligand and cluster used in PCN-333; (b) Three different cages in PCN-333; (c) Catalytic
activity of immobilized enzymes in each recycle test [34]. Reproduced from [34] with permission from
Springer Nature, copyright 2015.

Falcaro et al. provided a biomineralization approach to encapsulate biomacromolecules in
ZIF-8 [35]. The ZIF-8/proteins were simply prepared by soaking the protein in 2-methylimidazole
aqueous solution and mixed with zinc acetate aqueous solution. The activity of ZIF-8/HRP was
examined by monitoring the rate of H2O2 decomposition with pyrogallol as the hydrogen donor,
which can be converted to a yellowish product, purpurogallin. Owing to the excellent stability of ZIF-8,
the coated DNA, proteins, and enzymes exhibited much-improved chemical and thermal stability.
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For example, the immobilized HRP maintained its catalytic activity in boiling water (100 ◦C) or in
boiling DMF (153 ◦C).

2.1.2. Protein Digestion and Chemical Degradation

Trypsin is a commonly-used protease that catalyzes protein digestion and transformation into
peptides for proteomics analysis and industrial production. The practical application of trypsin
often suffers from the long running time (18–24 h) and self-digestion in the reaction media [36]
Immobilization on MOFs is capable of preventing the self-digestion and improve their recyclability.
Unlike most of the catalytic reactions for chemical conversions, the substrates of trypsin are proteins,
which are typically larger than the pore size of MOFs. Thus, trypsin is normally attached to the surface
of MOFs instead of encapsulated inside of the pores to allow better substrate accessibility. Bovine
serum albumin (BSA) digestion is usually used as the model reaction.

Lin and Huang et al. reported a novel trypsin-FITC@MOF bioreactor that showed high protein
digestion efficiency [37]. Trypsin was first modified with fluorescein isothiocyanate dye (FITC) by
bioconjugation via microwave. Then, FITC was trapped in the cavity of CYCU-4 ([Al(OH)(SDC)],
SDC = 4,4′-stilbenedicarboxylic acid) through strong π-π interaction and hydrogen bonding between
FITC and MOF linker. In the BSA digestion test, FITC@CYCU-4 obtained 47 matched peptides and 72%
sequence coverage confirmed by nanoLC-MS2 followed with Mascot database searching. These results
were comparable to free trypsin-FITC. The same group also reported a similar dye-assisted enzyme
immobilization method utilizing a small molecular dye, 4-chloro-7-nitrobenzofurazan (NBD) [38].
The dye-modified trypsin exhibited the best activities when immobilized on CYCU-4 and UiO-66,
which demonstrated 69–71% conversion percentage even after five consecutive catalytic cycles. On the
contrary, NBD-FITC@MIL-100 or MIL-101 only demonstrated moderate activities. This can be ascribed
to the size mismatch between NBD and the cavities of MOFs (MIL-100 or MIL-101).

The same group synthesized covalent linkage trypsin-MOF composite (Figure 4) [39]. MIL-101(Cr),
MIL-88B(Cr), and MIL-88B-NH2(Cr) were firstly activated by N,N′-dicyclohexylcarbodiimide (DCC)
and then conjugated with trypsin through the formation of peptide bonds. The digestion of BSA
was performed with the assistance of ultrasonication for 2 min. Trypsin-MIL-88B-NH2(Cr) showed
much higher amino acid sequence coverage percentage and more matched peptides than the other
two composites. This can be ascribed to the higher substrate affinity of MIL-88B-NH2 through the
hydrogen bond between the surface amino groups on MOF and the protein. The BSA digestion result
of trypsin-MIL-88B-NH2 was similar to that of free trypsin, indicating that the immobilization did not
compromise enzyme activity or substrate accessibility.

Hupp and Farha et al. reported the encapsulation of organophosphorus acid anhydrolase
(OPAA), a nerve agent detoxifying enzyme, by using PCN-128y ([Zr6O4(OH)8(ettc)2],
ettc = (4′,4′′,4′′′,4′′′′-(ethene-1,1,2,2-tetrayl)tetrakis-([1,1′-biphenyl]-4-carboxylate)) (Figure 5) [40].
PCN-128y is a water-stable MOF that possesses 4.4 nm mesoporous 1-D channels. Diisopropyl
fluorophosphate (DFP), a less toxic nerve agent simulant, and Soman, an extremely toxic nerve agent,
were detoxified by OPAA@PCN-128y. PCN-128y achieved 12 wt % loading of OPAA. Both free OPAA
and immobilized OPAA reached the conversion percentage of 80–90% for DFP. The immobilized OPAA
demonstrated a considerably better conversion percentage than free OPAA at elevated temperature
and after three days. The hierarchical structure of PCN-128y allows it to host OPAA in the large
channels and has an efficient mass transfer of reactant and product in the smaller channels.
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Figure 4. Schematic of trypsin immobilization on MIL-88B-NH2(Cr), protein digestion through
trypsin-MOF, and identification by LC-MS2. Reproduced from [39] with permission from John Wiley
and Sons, copyright 2012.

 

Figure 5. Schematic of the results of the stepwise encapsulation of GOx and HRP with different
loading orders in PCN-888. Reproduced from [41] with permission from Royal Society of Chemistry,
copyright 2016.

2.1.3. Tandem Reaction with Multiple Enzymes

Tandem reaction is a chemical process that comprises at least two consecutive reactions [42].
The products of the previous step become the substrates in the next step of the reaction under the same
condition without the necessity of isolating the intermediates. Thus, compared with single enzyme
immobilization, more delicate designs are needed to immobilize multiple enzymes in the same system
to catalyze tandem reactions.

Inspired by the hierarchical structure and ligand extension strategy, PCN-888 was rationally
designed as a tandem nanoreactor that possessed even larger cavities for the co-encapsulation of
HRP and GOx (Figure 5) [41]. The loading order of the two enzymes (GOx first, HRP second) was
essential for the preparation of the bi-enzyme nanoreactor. The reversed order would end up loading
HRP in both large and intermediate pores and attaching GOx only on the MOF surface. In the
bi-enzyme system, GOx catalyzed the oxidation of glucose by oxygen, yielding gluconolactone and
hydrogen peroxide. The latter was the substrate in the conversion of ABTS to ABTS+ catalyzed by HRP.
The generation of ABTS+, as monitored by UV–VIS spectroscopy at 403 nm, was utilized to trace the
reaction. The leaching of enzymes from PCN-888 was negligible, which could be due to the presence
of the π-π interaction between the enzyme and the conjugated heptazine core and terminal benzene
rings on the ligands.
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A recent work by Zhou et al. reported the encapsulation of two antioxidative enzymes, SOD and
CAT, in fluorescent nanoscale PCN-333 (FNPCN-333) for the removal of toxic reactive oxygen species
from human cells [43]. SOD catalyzes the disproportionation of superoxide and generates hydrogen
peroxide and oxygen. Hydrogen peroxide is further decomposed into water and oxygen catalyzed by
CAT. The loading of SOD and CAT was conducted in a similar stepwise manner. The as-synthesized
“nanofactory” was tested to be stable in the acidic environment and was enzymatically functional in
endocytic organelles. Compared with free enzymes, the enzyme@MOF nanofactory demonstrated
intracellular enzymatic activity for up to a week, thanks to the MOF protection against the proteolytic
digestion and acidic organelle environment.

2.2. Applications in Sensing and Detection

Bio-catalyst immobilized sensing and detection devices, in other words, biosensors, are of great
interest in the field of glucose monitoring, food analysis, cancer diagnosis, etc. Especially, glucose
biosensors account for approximately 85% of the entire biosensor market owing to the great need of
millions of daily diabetics test to monitor blood glucose levels [44]. GOx, GDH, and hexokinase are
three of commonly-used enzymes for glucose measurements [45]. The general aim of the design of
a biosensor is to allow quick and convenient testing at the point of concern or care where the sample
is procured. This requires the enzymes of the biosensors to be stable and functional in an unnatural
environment. Thus, MOFs are considered as promising immobilization matrices to effectively protect
the enzymes against perturbations.

Mao and Yang et al. utilized a series of zeolitic imidazolate frameworks (ZIFs), including ZIF-7,
-8, -67, -68, and -70, as the matrices to immobilize methylene green (MG) and GDH as biosensors
(Figure 6) [46]. To prepare the biosensor, a MG/ZIF composite was drop-coated on a glassy carbon
electrode and then GDH was coated. Among the five ZIFs, MG/ZIF-70 composite biosensor showed
the best performance with a glucose sensitivity linear range of 0.1–2 mM and a sensitivity of 54 mA
M−1 cm−2. In addition, this ZIF-based biosensor demonstrated a quick response and high selectivity
for in vivo monitoring of glucose in the cerebral system.

 

Figure 6. Schematic of the design of ZIF-70-based electrochemical biosensor. Reproduced from [46]
with permission from American Chemical Society, copyright 2013.

Mass transfer and electron transfer are two fundamental factors for an effective biosensor. Legrand
and Steunou et al. incorporated Pt nanoparticles (PtNP) together with GOx in the MIL-100(M)
(M = Fe, Cr, Al) and MIL-127(Fe) in order to improve the conductivity [47]. The sensor was assembled
by successive deposition of MOFs and GOx on the surface of PtNP-CIE (CIE = carbon ink electrode).
Among all the MOFs applied, MIL-100(Fe) based biosensor exhibited the best performance, which was
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likely owing to a synergism of the structural properties of MIL-100(Fe) and the catalytic properties
of Fe3+. The glucose sensitivity was determined to be 71 mA M−1 cm−2 and the response time was
under 5 s. The sensors based on other MOFs presented non-linear relationships in the range of low
glucose concentration and much longer response times.

Liu et al. reported a composite that was prepared using amino-containing MOF (MIL-101(Al)-NH2)
as the host support to anchor Hemin as an enzyme mimic in order to simulate the peptidic
microenvironment in the native peroxidase [48]. The oxidation of 3,3,5,5-tetramethylbenzidine (TMB)
by H2O2 and the oxidation of glucose catalyzed by GOx were used to evaluate its performance.
TMB oxidation demonstrated a linear range with the concentration of H2O2 from 5.0 μM to 200 μM
(R2 = 0.994). For the glucose detection, it was observed to have a linear range from 10 μM to 300 μM
(R2 = 0.993).

3. Conclusions

In summary, we reviewed a variety of applications of MOF-based immobilized bio-catalysts in
chemical conversion, protein digestion, tandem reaction, sensing, and detection. MOFs, as the porous
solid supports, normally provide the separation of enzymes (in other words, avoiding aggregation),
shielding for enzymes against perturbation conditions, cavity micro-environment that may benefit
MOF-enzyme interaction and substrate diffusion, and potential catalytic sites from metal clusters or
organic linkers. These benefiting factors, in turn, offer better reusability and better catalytic activity
compared to free enzymes. However, it is worth noting that even though this area has been studied for
almost a decade, there is still a large gap between benchtop results and practical applications. Many of
the catalytic reactions and protein digestion cases are proof-of-concept models at ex vivo conditions.
The specific interaction sites between the framework of MOFs and biocatalysts are largely unknown.
The same statement can be made for the exact effect of the confined environment in MOF cavities on
the diffusion of the substrate and product. The size matching between MOFs’ pores and enzymes
plays a key role in the encapsulation approach as shown in some examples mentioned. The large
enzyme may not be able to enter small MOF pores via post-synthetic method, whereas small enzymes
may suffer from leaching problems in large pores. The rational design of MOFs that matches the size
of enzymes well and provides excellent substrates/products would be of great interest for future study.
In addition, few reported examples have shown the capability to immobilize multiple enzymes in one
MOF system for tandem reactions. The development of the multi-enzyme systems would have the
potential to gain more commercial popularity owing to their multifunctionalities.
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Abbreviations

ABTS 2,2′-Azino-bis(3-ethylbenzothiazoline-6-sulphonic acid)
BPYDC 2,2′-bipyridine 5,5′-dicarboxylate
BSA Bovine serum albumin
CAL-B Candida-antarctica-lipase-B
CAT Catalase
CIE Carbon ink electrode
CYCU Chung Yuan Christian University
Cyt c Cytochrome c
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DMF N,N′-Dimethylformimade
EDC 1-Ethyl-3-(3-dimethylaminopropyl)carbodiimide
EGFP Enhanced green fluorescent protein
ETTC 4′,4′′,4′′′,4′′′′-(ethene-1,1,2,2-tetrayl)tetrakis-([1,1′-biphenyl]-4-carboxylate)
FITC Fluorescein isothiocyanate
GDH Glucose dehydrogenase
GOx Glucose oxidase
HRP Horseradish peroxidase
MCM Mobil Composition of Matter
MEE Multi-enzyme encapsulation
MG Methylene green
MOF Metal organic framework
MP-11 Microperoxidase-11
NBD 4-Chloro-7-nitrobenzofurazan
NP Nanoparticle
OPAA Organophosphorus acid anhydrolase
PCN Porous coordination network
PDA 1,4-phenylenediacetic acid
SDC 4,4′-stilbenedicarboxylic acid
SEE Single-enzyme encapsulation
SOD Superoxide dismutase
TATB Triazine-1,3,5-tribenzoate
TMB Tetramethylbenzidine
ZIF Zeolitic imidazolate frameworks
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Abstract: In this study, a one-step and facile immobilization of enzymes by self-assembly of zinc
ions and adenine in aqueous solution with mild conditions was reported. Enzymes, such as
glucose oxidase (GOx) and horseradish peroxidase (HRP), could be efficiently encapsulated in
Zn/adenine coordination polymers (CPs) with high loading capacity over 90%. When the enzyme
was immobilized by CPs, it displayed high catalytic efficiency, high selectivity and enhanced stability
due to the protecting effect of the rigid framework. As a result, the relative activity of Zn/adenine
nano-CP-immobilized GOx increased by 1.5-fold at pH 3 and 4-fold at 70 to 90 ◦C, compared to free
GOx. The immobilized GOx had excellent reusability (more than 90% relative activity after being
reused eight times). Furthermore, the use of this system as a glucose biosensor was also demonstrated
by co-immobilization of two enzymes, detecting glucose down to 1.84 μM with excellent selectivity.
The above work indicated that in-situ self-assembly of Zn/adenine CPs could be a simple and efficient
method for biocatalyst immobilization.

Keywords: adenine; enzyme; self-assembly; coordination polymers; immobilization

1. Introduction

Enzymes are a typical class of biocatalysts, having been used in a variety of scientific and technical
areas. For instance, they have wide applications in the fields of fine and bulk chemicals, foods,
pharmaceutical science, cosmetics, textiles and paper industries, due to their high catalytic activity,
high selectivity, low toxicity and water solubility [1–6]. However, the disadvantages of free enzymes,
including high cost, poor operational stability and challenges in recovery and reuse, have limited
industrial applications of enzymes [7]. To solve these issues, immobilization techniques are considered,
because binding of free enzymes to supports limits their mobility [8]. What is more, some immobilized
enzymes could show more robust activity than free enzymes [9–12].

Conventional immobilization methods are generally divided into four main categories; adsorption,
covalent binding, entrapment and cross-linking [13–22]. However, there are several disadvantages
in the conventional immobilization methods, such as the lack of effective reusability, difficulties in
immobilization, a severe loss of enzymatic activity due to the blocking of the active site of the enzyme,
restricted flexibility and mass-transfer limitations between the enzyme and substrate [13]. Therefore,
some new methods and materials to immobilize enzymes have been developed.

Coordination polymers (CPs), formed by metal ions and bridging organic ligands, have recently
received considerable attention and are considered as new functional composite materials [23–27].
Because of their mild polymerization conditions, porosity and high guest-entrapment efficiency [11],
CPs could play important roles in many fields, including catalysis [12], biological detection [28],
imaging [29,30], gas storage [31] and drug delivery [32].
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In nature, biomolecules normally have excellent metal-coordination properties [33]. Up to now,
various types of biomolecules, such as nucleotides [34], proteins [35], peptides [36], amino acids [37]
and nucleobases [38] have been used as the ligands to construct CPs. It also has been demonstrated
that some CPs are capable of adsorbing and entrapping a broad range of molecules, due to their
good biocompatibility and porosity [34,39]. Adenine, as an important naturally occurring nitrogen
heterocycle present in nucleic acids [40], has multiple possible metal-binding modes [41–43]. It has
been reported that adenine could coordinate with Zn [44], Au [45], Ag [46], Co [47] or Cu [48] to form
CPs with diversified morphology and structure. However, most of the researchers just studied the
structure of these materials, and very few have studied the encapsulating adaptability of CPs and the
activity of guests after they were entrapped. What is more, those CPs that have been reported were
formed by harsh reaction conditions, complicated syntheses and with high cost [44–48].

In this work, we reported a convenient, efficient and high-capacity immobilization method for
enzymes by the entrapment of glucose oxidase (GOx) and horseradish peroxidase (HRP) within
Zn/adenine CPs. We used adenine and zinc in aqueous solution without adding other linkers to form
CPs by in-situ self-assembly. Fourier transform infrared spectroscopy (FTIR), X-ray diffraction (XRD),
scanning electron microscopy (SEM) and transmission electron microscopy (TEM) were performed to
characterize the CPs. After the CPs was confirmed with promising encapsulating capacity, we use them
to immobilize enzymes. The enzyme activity, pH and thermostability of immobilized enzymes were
also investigated. The results revealed that the immobilized enzymes showed high catalytic efficiency,
enhanced stability and recyclable usability. Besides, a highly sensitive and selective biosensor for
glucose was prepared using the CPs to co-immobilize glucose oxidase and horseradish peroxidase for
an enzyme cascade system. The Zn/adenine CPs were promising for enzyme immobilization.

2. Results and Discussion

2.1. Preparation and Characterization of Zn/Adenine Complexes

We first tested the in-situ self-assembly of zinc ions and adenine. The synthesis of
the Zn/adenine composite was performed by mixing zinc chloride solution, adenine and
4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid (HEPES) buffer at room temperature. Then, a white
solid precipitate quickly appeared. To understand the formation of the coordination complexes, the
coordination of Zn2+ and adenine was studied in different concentrations of HEPES (Figure S1a).
The amounts of Zn/adenine composite increased with increasing HEPES concentration (Figure S1b).
High HEPES concentration was beneficial to the formation of complexes. The coordination of Zn2+

and adenine was also studied in different pH and ionic strength. As shown in Figure S1c, the yield
of Zn/adenine composites reached the maximum at pH 7.8. Low pH leads to the protonation of
adenine [40], which would inhibit the coordination of Zn2+ ions. Then, the self-assembly reaction was
performed at different ionic strengths. It could be found that the amounts of Zn/adenine composite
increased with increasing NaCl concentration (Figure S1d). The solubility of adenine in aqueous
solution was weakened in high ionic-strength solutions, and it would intensify the reaction of Zn2+

ions and adenine [34].
To gain a further understanding of the Zn/adenine composite, we characterized CPs by FTIR,

XRD, SEM and TEM. As shown in Figure 1a, the shift of the IR band may suggest coordination
interactions between Zn2+ and N9 (from 1418.4 cm−1 in adenine to 1401.2 cm−1 in the coordination
polymer) [45]. The 1671.8 cm−1 band of adenine was considered to arise from the NH2 scissoring
vibrational mode [45]. The corresponding NH2 IR band of the coordination polymer was observed
at 1643.0 cm−1. The shift of the NH2 IR band could be attributed to the C6–NH2 coordination with
Zn2+. The assignments of FTIR spectra of adenine and Zn/adenine complexes were listed (Table S1).
According to the results of XRD (Figure 1b), no sharp diffraction peaks were observed in Zn/adenine
complexes, indicating the amorphous nature of Zn/adenine complexes. This may be caused by
the asymmetric chemical structure of nucleobases and high coordination flexibility of zinc ions [40].
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The SEM photo (Figure 1c) and TEM photo (Figure 1d) revealed that the microstructure of CPs
resembles a stack of nanoparticles. From the images, we also can re-confirm the amorphous nature
of the nano CPs. Zn2+ ions and adenine may firstly form nanoparticles, and then these nanoparticles
assemble together (Figure S2). Finally, the stoichiometry of Zn/adenine CPs determined by the titration
experiment was adenine:Zn2+ = 1:2 (Figure S3). We considered that adenine bridges four Zn2+ ions
through the N3, N7, N9 and NH2 sites, forming a framework structure (Figure 2). This coordination
mode is very similar to the one observed by Hui Wei et al. [45].

Figure 1. (a) The fourier transform infrared spectroscopy (FTIR) spectra of adenine and Zn/adenine
complexes; (b) X-ray diffraction (XRD) patterns of powdery adenine and Zn/adenine complexes;
(c) Scanning electron microscopy (SEM) image of Zn/adenine complexes (magnification = 30,000);
(d) Transmission electron microscopy (TEM) image of Zn/adenine complexes.
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2.2. Encapsulation Property of Zn/Adenine Complexes

After confirming the self-assembled properties of Zn2+ ions and adenine, we next tested the in-situ
entrapping ability of the composites using three kinds of guests (water-soluble small dyes, proteins
and nanoparticles). The encapsulation ratios of guests in nano CPs were calculated by measuring
the absorption intensity in the supernatant. All of the guests were encapsulated at a high efficiency
(Figure 3a). For water-soluble small dyes, both of the Orange G and Amido black 10B could be
encapsulated by the CPs, but the degree was different (Figure 3a). In Amido black 10B, the absorption
peak almost completely disappeared in the supernatant, while in Orange G the absorption peak was
left at ~30% in the supernatant (Figure S4). To study the binding capacity of Zn2+/adenine to proteins,
fluorescein-labeled bovine serum albumin (BSA, pI = 4.7) was next used. As shown in Figure 3a,
more than 79% of BSA was efficiently entrapped. After encapsulating, the fluorescence was almost fully
attenuated due to the nano-CP entrapping (Figure S4). This suggested that Zn/adenine complexes
could be able to efficiently encapsulate protein molecules.

The above successes in trapping water-soluble small dyes and proteins prompted us to further
investigate nanoparticles as guests. Citrate-capped 13 nm Au nanoparticles (NPs) were mixed with
adenine and ZnCl2. After adding adenine, bluish–violet precipitation formed. The encapsulation
ratio of Au NPs in CPs was calculated by measuring the absorption intensity in the supernatant
(Figure S4). There was almost no absorption in the supernatant of Au–Zn/adenine complexes,
suggesting successful encapsulation. As shown in Figure 3b, the entrapped Au NPs could also
be observed by transmission electron microscopy (TEM). The round and dark nanoparticles were
the Au NPs, which were entrapped by the Zn/adenine complexes. According to the above results,
a diverse range of guest molecules including water-soluble small dyes, proteins and gold NPs could
be encapsulated in Zn/adenine nano CPs with high loading capacity.

Figure 3. (a) The encapsulation ratios of different guests in the nano CPs; (b) the TEM image of the Au
nanoparticles entrapped by Zn/adenine complexes.

2.3. Immobilization of Single Enzyme

Next, we employed glucose oxidase (GOx) and horseradish peroxidase (HRP) as guest molecules
to test the enzyme immobilization property of the Zn/adenine complexes. The loading efficiency of
GOx and HRP was 93% and 92%, respectively (Figure 4a). In our system, the immobilized enzymes
showed about 20% increase in catalytic activity compared to free enzymes in solution (Figure 4a).
High enzyme stability is important in applications [49–51]. High temperature and extreme pH
are the major reasons for enzyme deactivation. The stability of the GOx–Zn/adenine complexes
was examined at different pH values (from 3 to 10, Figure 4b) and temperatures (from 30 to 90 ◦C,
Figure 4c) and compared with that of the free GOx in solution. The activity of the GOx–Zn/adenine
complexes was more stable compared to that of the free enzymes with respect to pH. Especially at pH 3,
the immobilized GOx showed a 1.5-fold increase in relative activity compared to free GOx. When the
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temperature was higher, the immobilized enzyme exhibited higher activity compared with the free
enzyme. As a result, the relative activity of Zn/adenine nano CP-immobilized GOx increased by 4-fold
at 70 to 90 ◦C, compared to free GOx. The confinement of the proteins within the rigid structure of the
CPs prevented protein denaturation caused by thermal fluctuations of proteins in solution [52]. Thus,
the Zn/adenine complexes could protect enzymes from deactivation under heat and acid conditions.
We considered that the rigid structure of the nano CPs would increase the structural stability of the
embedded enzymes, thus improving the enzymes’ stabilities. We also tested the recycling of the
GOx–Zn/adenine complexes. The immobilized enzyme can be easily collected by centrifugation after
the reaction, and can be redispersed well by vortex mixing. Results indicated that the GOx–Zn/adenine
complexes could reach a relative activity of more than 90% after being reused eight times (Figure 4d).
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Figure 4. (a) Ratio of encapsulated glucose oxidase (GOx) and horseradish peroxidase (HRP) by the
Zn/adenine complexes, and the relative activity of the two immobilized enzymes compared to the free
enzymes; stability of the GOx–Zn/adenine complexes compared with the equivalent free enzymes
(b) at different pH values at 25 ◦C; (c) at different temperatures; (d) relative activity of GOx–Zn/adenine
complexes after reusing for 8 cycles.

2.4. Co-Immobilization of GOx and HRP

After establishing the feasibility of using the Zn/adenine complexes for single-enzyme
immobilization, co-immobilization of multiple enzymes was further performed. Co-immobilization of
multiple enzymes could enhance the overall reaction efficiency and specificity, and omit the isolation of
reaction intermediates [10]. GOx specifically converts glucose to gluconic acid and produces H2O2 as
a byproduct, which is a co-substrate for HRP to oxidize 2,2′-azinobis(3-ethylbenzothiazoline-6-sulfonic
acid) diammonium salt (ABTS) [52]. Therefore, based on the above studies, GOx and HRP were chosen
for a cascade reaction. The total immobilization ratio was over 90%, measured by the Bradford assay.
The catalytic activities of the co-localized GOx and HRP in the Zn/adenine complexes were evaluated
by reacting with glucose using ABTS as a chromogenic substrate, and they were compared with the
same concentration of free GOx and HRP. However, the relative activity of single enzymes on their own
was just half of the activity of the co-immobilized enzymes. The selectivity for glucose was confirmed
by monitoring the absorbance at 414 nm in the presence of various competing compounds (Figure 5a).
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Different concentrations of glucose were used to measure the sensitivity of the sensor. Figure 5b
illustrates a good linearity between the absorbance and the concentration of glucose in the range of
0–100 μM (R2 = 0.995). The concentration of limit of detection CLOD can be expressed as a function of
S (slope of the curve) and SB (a standard deviation): CLOD = 3SB/S [35]. In the experiment, SB was
determined to be calculated by three sets of blank signals, and S was 0.0049. Calculated according to
the formula, the limit of detection (LOD) was determined to be 1.84 μM, which is lower than some of
the previously reported colorimetric glucose sensors [35,53].

Figure 5. (a) The selectivity of the GOx–HRP–Zn/adenine complexes for 100 μM glucose in comparison
to 100 μM fructose, mannose, xylose, maltose and 1 mg/mL bovine serum albumin (BSA) (inset:
photographs of the samples.); (b) detection of glucose in solutions with glucose concentrations of
0–100 μM (absorbance at 414 nm was measured after incubation in solution for 10 min at room
temperature) (inset: photographs of the samples).

3. Materials and Methods

3.1. Materials

Adenine, zinc chloride, sodium chloride, 2,2′-azinobis(3-ethylbenzothiazoline-6-sulfonic acid)
diammonium salt (ABTS), Fe3O4 NPs, 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid (HEPES),
Orange G, Amido black 10B, fluorescein isothiocyanate (FITC), horseradish peroxidase (HRP) and
bovine serum albumin (BSA) were purchased from Aladdin Industrial Corporation. HAuCl4·4H2O
was supplied by Sinopharm Chemical Reagent Co., Ltd. (Shanghai, China). Glucose, fructose, mannose,
xylose, sucrose, sodium hydroxide, hydrochloric acid and hydrogen peroxide were purchased from
Beijing Chemical Works. Glucose oxidase (GOx) was purchased from Amresco (Scottsdale, AZ, USA).
Milli-Q water was used to prepare all the buffers and solutions.

3.2. Preparation of Zn and Adenine Coordinated Complexes

In a typical experiment, the Zn/adenine complexes were prepared by mixing 100 μL ZnCl2
(45 mM), 100 μL adenine (15 mM) and 500 μL HEPES buffer (100 mM, pH 7.4). The volume of the
system was 1 mL, and water was added to make up. After 2 h at room temperature, the samples were
centrifuged at 10,000 rpm for 5 min and washed with Milli-Q water to remove remaining chemicals.

3.3. Study of the Zn/Adenine Complexes at Different Concentrations and pH of Buffer, as Well as Different
Ionic Strengths

Different concentrations of HEPES buffer (pH 7.4, 0.1 M) and different pH of HEPES buffer were
prepared. The Zn/adenine complexes were prepared by 500 μL buffer mixed with 100 μL adenine
solution (15 mM) and 100 μL ZnCl2 (45 mM). To quantify the weight of precipitations, all the samples
were centrifuged, dried under 60 ◦C and weighed. The content of adenine remained in the supernatant
was measured using UV-vis spectroscopy at 260 nm by the standard curve (Figure S5). The influence of
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ionic strength was also studied. Appropriate NaCl solution (2 mM) was added into the reaction system
to enhance ionic strength. The weight of precipitation and residue ratio of adenine were measured
by the aforementioned method. In the experiments, the concentration of HEPES was 10, 20, 30, 40 or
50 mM. The different pH values were 6.8, 7.2, 7.4, 7.8 or 8.2. The concentration of NaCl was 100, 200,
300, 400 or 500 mM.

3.4. Stoichiometry and Structural Characterization of Zn/Adenine Complexes

The reaction ratio of adenine obtained by mixing aqueous ZnCl2 (5 mL in water) and aqueous
adenine (5 mL in 0.1 M HEPES buffer at pH 7.4) was plotted as a function of mixed ratio. Conditions
(in reaction mixtures): [adenine] = 1.5 mM, [ZnCl2] = 0, 0.75, 1.5, 2.25, 3.0, 4.5, 6.0, 7.5 and 9.0 mM.
It was mixed for about two hours, and centrifuged to separate the supernatant and precipitate.
The amount of adenine remained in the supernatant was measured using UV-vis spectroscopy at
260 nm.

Fourier transform infrared spectroscopy (FTIR) spectra of adenine and Zn/adenine complexes
were obtained on a FTIR spectrometer (8700/Continuum XL Imaging Microscope, Nicolet, Waltham,
MA, USA) with measuring wavelength ranging from 4000 to 550 cm−1.

Powder X-ray diffraction (XRD) patterns of adenine and Zn/adenine complexes were determined
by powder X-ray diffraction (D8 Advance X-ray diffractometer, Bruker, Karlsruhe, Germany) with
a Cu Kα anode (λ = 0.15406 nm) at 40 kV and 40 mA.

Scanning electron microscopy (SEM) images of samples were taken on a S-4700 scanning
electron microscope (Hitachi, Tokyo, Japan) at an accelerating voltage of 10.0 kV. Samples for SEM
measurements were prepared by pipetting a drop of the solution of the coordination complexes onto
a cover glass and drying on a filter paper.

Transmission electron microscopy (TEM) was performed on a Hitachi H-800 transmission electron
microscope (Hitachi, Tokyo, Japan). The sample was prepared by pipetting a drop of the solution
of the Zn/adenine complexes onto a 230 mesh carbon copper grid and drying on a filter paper.
The Au–Zn/adenine complexes were prepared by the same method.

3.5. Encapsulation Experiment

Adenine (15 mM, 100 μL) and dye (5 mM, 10 μL), or fluorescein-labeled bovine serum albumin
(FITC–BSA) (5 mg/mL, 10 μL), or Au NPs (13 nm, 10 nM, 100 μL), or Fe3O4 NPs (5 mg/mL, 100 μL)
were mixed with HEPES buffer (0.1 M, pH 7.4, 500 μL). Then, 100 μL ZnCl2 (45 mM) was added.
The products were collected by centrifugation at 10,000 rpm/min for 5 min. The dyes and Au NPs
in the supernatant were quantified using UV-vis spectrometry (UV-2450, Shimadzu). The FITC–BSA
in the supernatant was measured by the fluorescence intensity (485/535 nm) by a microplate reader
(Infinite F200 Pro, TECAN, Männedorf, Switzerland).

3.6. Immobilization of Single Enzymes

The aqueous solution of GOx (1 mg/mL) and the aqueous solution of HRP (1 mg/mL) was
prepared and stored at 4 ◦C. Immobilization of the enzymes within the Zn/adenine complexes was
performed by firstly mixing 100 μL of 15 mM adenine aqueous solution, 500 μL of HEPES buffer
(0.1 M, pH 7.4), and 100 μL of enzymes. Then, 100 μL of ZnCl2 (45 mM) in water was quickly added
and mixed. After 2 h, the immobilized enzymes were collected by centrifugation at 10,000 rpm for
5 min. The amounts of protein incorporated into the Zn/adenine complexes were measured by the
Coomassie brilliant blue method.

For the GOx activity assay, 200 μL of glucose (20 mM) solution and 200 μL of ABTS (0.5 mM)
were mixed with 20 μL of free GOx (100 μg/mL) or 22 μL of the suspension of the immobilized GOx
(containing the same amount of protein compared with free GOx). Then, 40 μL of HRP (100 μg/mL)
were added. The mixed samples were incubated at room temperature for 5 min. The reaction was
monitored with a UV/vis spectrometer at 414 nm. For the HRP activity assay, 200 μL ABTS (0.5 mM)
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and 200 μL H2O2 (0.9 mM) were added into 0.5 μg free enzyme and equivalent immobilized enzyme,
respectively. The mixed samples were incubated at room temperature for 5 min. The absorbance was
recorded at 414 nm.

3.7. Enzyme Stability Test

For stability test at different pH values, the free GOx and the suspension of GOx–Zn/adenine
complexes were added into 1 mL of various pH solutions for 4 h. Then, the enzymatic activity
was measured by recording the absorbance at 414 nm. To test stability at different temperatures,
free and immobilized enzymes were incubated at 30–90 ◦C for 30 min. To test the recycling of the
GOx–Zn/adenine complexes, the reaction was performed for 5 min, and the immobilized enzyme was
separated by centrifugation. The supernatant was measured by recording the absorbance at 414 nm.
Then, new substrate and other solution were added to start the new cycle of the reaction for 5 min.
The above steps were repeated several times to observe the change of the activity. In all the experiments,
the error bars were calculated based on the standard deviation from three independent measurements.

3.8. Co-Immobilization of GOx and HRP

Co-immobilization of enzymes within the Zn/adenine complexes was performed by mixing
100 μL 15 mM adenine aqueous solution with 500 μL HEPES (100 mM, pH 7.4). Then, 50 μL GOx
and HRP (1 mg/mL each) were added by vortex mixing. Finally, 100 μL ZnCl2 (45 mM) was quickly
added and mixed. After 2 h, the immobilized enzymes were collected by centrifugation at 10,000 rpm
for 5 min. In co-immobilization, the total immobilized protein ratio (i.e., percentage of immobilized
protein) was measured by the Coomassie brilliant blue method.

3.9. Glucose Detection with GOx–HRP–Zn/Adenine Complexes

Different concentrations of glucose (750 μL) and 1 mM ABTS (750 μL) were added into 500 μL
of the suspension of GOx–HRP–Zn/adenine complexes. The samples were then incubated at room
temperature for 10 min. The reaction solution was centrifuged at 10,000 rpm for 3 min, and the
absorbance of the supernatants at 414 nm was measured by using a UV-1100 spectrophotometer.
The selectivity was determined by the absorbance of the supernatants using 100 μM glucose as the
substrate, compared with 100 μM xylose, fructose, mannose, or galactose, or 1 mg/mL BSA.

4. Conclusions

In summary, we presented a one-step, facile and general method for immobilization of enzymes
by a typical metal–organic nano coordination polymer. The zinc/adenine hybrid nanomaterials
were formed by self-assembly of zinc ions and adenine in aqueous solution with mild conditions.
The Zn/adenine CPs showed a good adaptive encapsulating ability. A diverse range of guests,
including water-soluble small dyes, proteins and nanoparticles, could be encapsulated in the nano
CPs. All these guests were loaded at a high capacity. Indeed, the loading efficiency of enzymes was
over 90%. The GOx–Zn/adenine complexes displayed high catalytic efficiency, high selectivity and
enhanced stability due to the protecting effect of the rigid framework. As a result, the relative activity
of Zn/adenine nano-CP-immobilized GOx increased by 1.5-fold at pH 3 and 4-fold at 70 to 90 ◦C,
compared to free GOx. Moreover, the immobilized GOx could reach a relative activity of more than 90%
after being reused eight times. The use of this system as a glucose biosensor was also demonstrated
by co-immobilization of two enzymes, detecting glucose down to 1.84 μM with excellent selectivity.
The high sensitivity, stability and recyclable usability of the immobilized enzymes against free enzymes
make this method promising for biocatalyst immobilization.

Supplementary Materials: The following are available online at www.mdpi.com/2073-4344/7/11/327/s1,
Figure S1: (a) a photograph of Zn2+ reacting with adenine in different concentrations of pH 7.4 HEPES buffer.
The CP precipitant weight and the adenine percentage remained in the supernatant after Zn2+ reacted with adenine
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and centrifugation of the samples in different concentrations of pH 7.4 HEPES buffer (b), in different HEPES pH
(c) and in different ionic strengths (d); Figure S2: (a) SEM image of Zn/adenine complexes (magnification = 12,000),
(b) TEM image of Zn/adenine complexes; Figure S3: The obtained titration curve of the stoichiometry of
experiment. Conditions (in reaction mixtures): [adenine] = 1.5 mM, [ZnCl2] = 0, 0.75, 1.5, 2.25, 3.0, 4.5, 6.0, 7.5,
and 9.0 mM; Figure S4: UV-vis spectra of Amido black 10B (a) and Orange G (b), and the supernatant after
Zn/adenine-complex encapsulation; (c) Photographs of the samples of fluorescein-labeled bovine serum albumin
(FITC–BSA) encapsulated in Zn/adenine complexes and the control; (d) UV-vis spectra of the supernatant of
Au NPs in HEPES buffer, Au NPs with Zn, with adenine and after Zn/adenine complexes encapsulated (inset:
photographs of the samples); Figure S5: The standard curve of adenine with good linearity; Table S1: Assignments
of FTIR spectra of adenine and Zn/adenine complexes.
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Abstract: Redox enzymes, which catalyze reactions involving electron transfers in living organisms,
are very promising components of biotechnological devices, and can be envisioned for sensing
applications as well as for energy conversion. In this context, one of the most significant challenges is
to achieve efficient direct electron transfer by tunneling between enzymes and conductive surfaces.
Based on various examples of bioelectrochemical studies described in the recent literature, this review
discusses the issue of enzyme immobilization at planar electrode interfaces. The fundamental
importance of controlling enzyme orientation, how to obtain such orientation, and how it can be
verified experimentally or by modeling are the three main directions explored. Since redox enzymes
are sizable proteins with anisotropic properties, achieving their functional immobilization requires
a specific and controlled orientation on the electrode surface. All the factors influenced by this
orientation are described, ranging from electronic conductivity to efficiency of substrate supply.
The specificities of the enzymatic molecule, surface properties, and dipole moment, which in turn
influence the orientation, are introduced. Various ways of ensuring functional immobilization through
tuning of both the enzyme and the electrode surface are then described. Finally, the review deals with
analytical techniques that have enabled characterization and quantification of successful achievement
of the desired orientation. The rich contributions of electrochemistry, spectroscopy (especially infrared
spectroscopy), modeling, and microscopy are featured, along with their limitations.

Keywords: metalloenzymes; enzyme immobilization; enzyme orientation; electrodes; bioelectrocatalysis

1. Introduction: Interest in and Limitation of Bioelectrocatalysis Based on Immobilized
Redox Enzymes

1.1. Fundamental Issue: Understanding Energy Chains, and the Mechanism of Biocatalysis Involving
Redox Enzymes

Electron Transfer (ET) is an essential process allowing a variety of microorganisms to find
energy for growth. Depending on its environment, and especially on the available substrates, a given
microorganism may find its energy through a combination of different metabolic pathways. A variety
of redox proteins and enzymes are involved in those energy chains, displaying a variety of structural
motifs, cofactors, and metal content. Many of these individual proteins and enzymes can be identified,
and fully characterized in vitro. The way they interact in vivo to fulfill the ET chain, however,
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often remains obscure. Furthermore, for a given metabolic pathway, some redox chains are favored for
a given organism, and some proteins or enzymes may be over- or under-expressed. Depending on the
environment or on the type of microorganism, one protein can replace another one as electron donor
or acceptor for a specific process. Photosynthesis is one relevant example for which the involvement of
one protein over another varies depending on the considered species (such as algae, cyanobacteria,
or plants) [1]. Heme- (cytochrome c6) or copper-containing proteins (plastocyanin), on the one hand,
and FeS cluster- or flavin mononucleotide-containing proteins (flavodoxin), on the other hand, act as
electron transfer shuttles allowing the coupling of water oxidation to NADP+ reduction by photosystem
I/photosystem II systems. Respiration of some exotic microorganisms known as extremophiles is
also pertinent in this respect (Figure 1A). Although the latter are very interesting because they are
sources of enzymes exhibiting outstanding properties, such as resistance to high temperatures, low pH,
and high salinity, their electron pathways are far from being understood. In the respiratory chain
of the acidophilic bacterium Acidithiobacillus ferrooxidans, two similar cupredoxins with close redox
potentials are found, one soluble in the periplasm and the other anchored to the membrane. The reason
for such redundancy in the electron pathway from ferrous oxidation to O2 reduction is still unclear,
despite many years of research on the organism [2]. Another relevant organism is Aquifex aeolicus,
a hyperthermophilic ancestral bacterium which can sustain energy for growth from H2 or H2S
oxidation coupled to either O2 or sulfur reduction [3]. This feature leads to an intricate energy chain
involving many enzymes interacting to sequentially transfer electrons within short timescales. Last,
but not least, intramolecular ET also occurs inside an enzyme to transfer the electrons from the
active site, where transformation of the substrate occurs, to the surface of the enzyme. In many cases,
for huge enzymes in particular, the distance the electron must be transferred across is optimized by the
maturation and incorporation of cofactors.

Figure 1. Electron transfer (ET) involving immobilized enzymes on interfaces: from metabolic ET chains
(A) to biosensors (B) and enzymatic fuel cells (C). (A) is a schematic view of A. aeolicus metabolisms
adapted from [3].

These few examples illustrate how the complexity of electron transfer pathways requires specific
approaches to acquire some knowledge regarding the productive interaction between the involved
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enzymes and proteins. Common methods to analyze these fast ET processes include stop flow or
chemical quench flow methods, as well as pulse radiolysis. Electrochemistry is another method of
choice to quantify the rate of electron transfer processes. Not only can intramolecular ET within
one protein be determined, but also the intermolecular ET between two interacting proteins can be
characterized. The electron flow is then recorded as a current, which is related to the efficiency of
the catalysis when an enzyme is involved. Furthermore, studying the ET between one protein and
a conductive surface can mimic in vivo ET, because many of these processes occur at the surfaces of the
interacting partners, or at the interface with the substrate. Interestingly, chemical functionalization of
electrochemical interfaces has been a very active research field during the last years, since it provides
a broad range of functionalities that will help to tune the interaction with a specific protein. Use of
electrochemistry, however, requires as a first step the immobilization of the proteins or enzymes
on conductive solid surfaces which act as electrodes, with the ultimate goal of keeping the protein
structure as functional as possible.

1.2. The Applicative Issue: Use of Redox Enzymes Immobilized on Solid Conductive Supports for Biosensors,
Bioreactors, and Biofuel Cells

Beyond fundamental knowledge of microorganism energy chains, the control and the functional
immobilization of redox enzymes on conductive solid supports have found great interest in many
environmentally friendly “green” biotechnological devices.

For these applications, the enzymes must be immobilized on the solid electrode surface in order
to avoid diffusion into the biodevices, thereby losing the desired electrons, and compromising their
effectiveness [4]. Among the currently developed biodevices, electrochemical biosensors have been the
subject of extensive research for many years (Figure 1B). They have been preferred to other sensors such
as those based on optical transduction because of the low cost and fast response of the electrochemical
transduction. Large improvements in the detection limit down to fM concentrations, sensitivity,
specificity, and stability of the biosensors have been achieved (see review [5] and references therein).
This accomplishment is due to the identification and purification of new redox enzymes that are able
to act as a recognition element, combined with the development of new conductive matrices for their
efficient immobilization, essentially on the basis of large-surface-area nanomaterials. Electrochemical
biosensors are used in many different domains, among which medical applications [5], food safety,
and environmental monitoring [6] are those undergoing the largest developments. The earliest
electrochemical biosensor for biomedical applications dates back to 1962, and uses the redox enzyme
glucose oxidase to measure sugar in blood [7]. The increasing knowledge of the parameters that
control enzymatic activity on electrodes has enabled the design of the current commercially available
«finger-pricking» approach, and has opened the way to implantable glucose biosensors. Advanced
technology allows us to now envision the integration of the glucose bioelectrochemical sensor in
a smartphone platform, simplifying the lives of diabetic patients [8]. Furthermore, it is possible to
measure glucose in other fluids than blood, i.e., interstitial liquid, urine, saliva, sweat, or ocular fluid [9].
These last developments have led to the design of new robust enzyme-decorated bioelectrodes, such as
flexible electrodes [10]. Many other targets are detectable by electrochemical enzyme-based biosensors,
such as nitric oxide [11], cholesterol [12], urea [13], or influenza virus [14]. In the domain of the
environment, bioremediation is a process that involves redox enzymes for cleanup [15]. Oxygenases
and multicopper oxidases (MCOs) are, for example, very efficient in the degradation of chlorinated and
phenolic compounds. In this case, it should be productive to immobilize the enzyme on a conductive
support to promote bioremediation by use of electrochemical methods.

More recent applications in the domain of bioreactors for fine chemistry have found great interest
in the original use of redox enzymes immobilized on conductive supports. The two following examples
illustrate this increasing research field nicely. A mandatory step for wide use of enzymes in biocatalysis
is the regeneration of nicotinamide adenine dinucleotide phosphate, known under its redox couple
NADP+/NADPH. Actually, this cofactor is required for the function of a large number of identified
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enzymes that are efficient in industrial processes such as the production of alcohols, hydroxylation
of aromatic compounds, hydrolysis of triglycerides, or Baeyer–Villiger reactions [16]. Economic
considerations impose the regeneration of NADPH, as it is costly to synthesize it. Among the methods
explored for that purpose, electrochemical ones would be of great interest thanks to their low cost
and simplicity. In this case, the activity of enzymes immobilized on various electrodes would be
one attractive way to regenerate the cofactor. The second example is the electrochemical reduction of
CO2 into fuel products, with the additional advantage of providing a method for CO2 sequestration.
Biology offers natural biocatalysts able to achieve CO2 reduction with high efficacy. Although the
current research mostly focuses on whole microorganisms colonizing electrodes [17], encouraging
results have been reported on the activity of specific enzymes [18]. Here, the mandatory step would
again be the functional immobilization of the enzyme on the electrode surface.

Finally, one emerging domain where the immobilization of redox enzymes is mandatory is the
sustainable production of electricity. Fuel cells can be considered as green devices for electricity
generation, since they produce no greenhouse gases. However, the transformation of H2 and O2 at
the anode and cathode of the fuel cell requires catalysts based on expensive noble metals such
as platinum. Some redox enzymes are known to catalyze fuel oxidation and oxidant reduction
with high efficiency and specificity. This possibility opens the route for the development of the
so-called enzymatic fuel cells, where the catalysts are the redox enzymes (Figure 1C). Two main
categories of biofuel cells exist, mainly depending on the intended application and on the fuel used,
with the oxidant being, in most cases, oxygen. The proof of concept of the first biofuel cell category
appeared more than 40 years ago. It is based on the oxidation of glucose by flavin-based glucose
oxidase or cellulose dehydrogenase. Many applications are targeted. As an illustration, one can cite
biobatteries, small enough to be implanted in blood for feeding medical devices, such as a glucose
biosensor or an insulin delivering pump, biobatteries implanted on ocular lenses to monitor ocular
pressure, or biobatteries stuck on the skin to monitor lactate in sweat. Recent reviews report the major
current developments in that type of biofuel cells [19]. A more recent concept uses the same fuel
as in platinum-based fuel cells, with the aim of enhanced power output compared with sugar/O2

enzymatic fuel cells. Here, hydrogen oxidation is carried out by the highly efficient hydrogenases,
whose active site is composed of nickel and iron atoms. Coupled to MCOs for oxygen reduction,
H2/O2 biofuel cells display an open circuit voltage of around 1.1 V, depending on the origin of the
enzymes, which is the highest ever reported for biofuel cells [20]. Late development of this new biofuel
cell generation relies on the hydrogenases themselves, which—intrinsically—are very sensitive to
oxygen. This sensitivity was observed for most of the enzymes known before the identification of some
extremophilic hydrogenases from microorganisms able to sustain energy from a hydrogen–oxygen
metabolism. These latter hydrogenases were demonstrated to be oxygen-tolerant and, moreover,
resistant to carbon monoxide, opening the way to their use as biocatalysts in fuel cells. This second
category of biofuel cells could be employed to power environmental sensors, with an additional
advantage over platinum-based fuel cells. Indeed, thanks to the specificity and properties of some
hydrogenases, it becomes possible to use nonpure H2, as hydrogen produced from biomass or waste.
Recent research shows that high current densities in the order of 10 mA/cm2, and all the most high
currents reported (up to 1 A per mg of enzyme) can be reached, which is very promising [21].

1.3. Limitations of Bioelectrocatalysis: Stability, Wiring, and Interrelationships

For both fundamental research and applied perspectives described earlier, the main first step
is the productive immobilization of redox enzymes on electrochemical interfaces. The aim is to
optimize the ET rates both for intermolecular and interfacial ET, in order to ultimately optimize
bioelectrocatalysis efficiency. Concomitantly, stabilization of the enzymes once immobilized would be
desired. Many recent reviews analyze the issues relative to protein behavior once immobilized on solid
supports [22]. Although no general rules can be formulated, it is plausible to expect that the interaction
between the solid support and the enzyme may cause an alteration in protein structure and/or
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flexibility, hence modifying its properties. Depending on the enzyme and on the support, enhanced
stability and activity, or, on the contrary, destabilization may be observed. Immobilization may
prevent enzyme aggregation, thus enhancing catalysis when compared with free enzymes in solution.
Proper immobilization on a solid support mimicking the enzyme native environment may improve
enzyme activity. Here, we particularly want to highlight the specific aspects of trying to perform
conductive electron transfer processes by using a conductive surface for enzyme immobilization.
With this goal in mind, additional principles have to be taken into account, and some of the general
rules admitted for an efficient and stable immobilization process no longer hold. As an example, it is
expected that in order to achieve high catalysis efficiency, nonredox enzymes must be oriented with
the active site turning to the opposite side of the solid surface to facilitate substrate access. In the
case of ET however, the situation is the opposite, since the ET rate strongly depends on the distance
between the electrode and the active site. Hence, an orientation of the enzyme with the active site as
close as possible to the solid surface will be targeted. This situation will be discussed further in the
following. Along the same lines, it is also admitted that deleterious interactions between an enzyme
and a surface should be avoided by introducing a linker on the enzyme. In the case of ET, however,
this linker introduces an additional distance that can be prejudicial to the ET efficiency. Furthermore,
the enzymes on conductive supports will be subjected to electric fields, as soon as the bioelectrode is
polarized at the required operational potential. This operational condition implies that redox enzymes
on solid electrodes must not only resist various nonphysiological environments (salt concentration,
nonbuffered solution, etc.) but also resist high current flow, or a wide range of redox potentials.

These general considerations clearly illustrate that redox enzyme immobilization on solid
electrochemical interfaces raises issues that are different from the general issues of enzyme
immobilization on solid supports. The goal of the present review is to describe these specific aspects,
and it will focus on the main parameters that govern the functional immobilization of redox enzymes
on electrodes, as well as the current tools available to rationalize and control these parameters. We will
limit our discussion to planar electrodes, for which fundamental studies of immobilized redox enzymes
are more relevant, as discussed hereafter.

2. Interfacial Electron Transfer: Why Is Orientation a Key Issue?

The maturation of the idea to use redox enzymes in biodevices was driven in parallel by the
increasing understanding of the ET mechanism in the context of biological processes [23]. According
to Marcus theory, the ET rate kET between an electron acceptor and an electron donor is a function of
the potential difference between the electron acceptor and donor, given as the Gibbs free energy of
activation (ΔG), and of the reorganization energy [24]. kET can be expressed as kET = α(r)υ e−ΔG/RT,
where αυ depends on the electronic coupling between the reactants, with the transmission coefficient
α exponentially varying with the distance r separating the donor and the acceptor. Based on this
theory, the maximum distance of electron tunneling between donor and acceptor was estimated to
be 20 Å [23,25]. Actually, this is the distance which is reached through complex formation between
the active sites of two interacting proteins. The upper distance limit of 20 Å is also observed in
many enzymes for the separation of active sites and electronic relays, although electrons can travel
longer distances through conserved aromatic residues of the protein moiety [26]. As a consequence,
the intramolecular ET does not limit the catalysis since kET is much higher than catalytic constants [27].
Considering now the electrode as the donor or the acceptor, the rule can be extended to define the
limiting distance separating it from the enzyme for ET. As enzyme diameters are on the order of a few
nm, active sites are often more distant from the surface than the predicted maximal distance for fast ET
within the electrode. The consequence is that for interfacial ET to proceed, it is mandatory to place
the active site at a distance compatible with ET, using controlled tethering to the surface. Because the
active site is often protected from the external environment by deep embedding inside the protein
moiety, one has to play with the electronic relays inside the enzyme which allow fast intramolecular ET.
The electron entry or exit point will be the particular electronic relay on the surface of the enzyme that
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must be located at a close distance from the electrode (Figure 2). The molecular-level features favoring
a specific orientation can be determined based on the examination of the crystallographic structure of
the enzyme, possibly in combination with molecular modeling approaches [28]. Nevertheless, it is
experimentally very difficult to succeed in a single-point attachment of an enzyme on an electrode
surface. The immobilization of the protein will often lead to a distribution of enzyme orientations.
Even in the case of enzyme immobilization through specific anchors grafted on the enzymes (this will
be discussed below), one cannot exclude ET through a variety of pathways because of enzyme flexibility
on the surface. As the interfacial electron transfer constant k0 between the enzyme and the electrode
surface depends on the distance of the electron tunneling, the distribution in the enzyme orientations
creates a dispersion of this constant that may lie in the range between kmin and kmax = k0. In the case
of ahomogeneous distribution of enzyme orientations we have kmin = k0exp (−βd0), where βd0 is
a parameter that represents the dispersion of possible orientations the enzyme molecules may adopt
while maintaining electron exchange with the electrode. The βd0 parameter governs the shape of the
electrochemical signals as modeled by Armstrong’s group [29], and reported in recent papers for the
analysis of the ET of immobilized enzymes [30].

Figure 2. Schemes of enzyme immobilization conditions (A–C) allowing or precluding a direct electrical
connection (DET) (D) at an electrochemical interface. (A) Illustrates how the distance between the
active site, or a surface electronic relay, of an adsorbed enzyme and the electrode influences DET;
(B) Illustrates the effect of the length of a linker used for enzyme immobilization on DET; (C) Illustrates
the effect of the substrate channel access upon enzyme immobilization on DET.

Note that the enzyme orientation on the electrode is not only a key issue for interfacial
electron transfer, but is also essential to facilitate the diffusion of substrates and products within
the enzyme internal cavity network toward the catalytic site. Molecular Dynamics simulations on
[NiFe] hydrogenases from A. aeolicus and Desulfovibrio fructosovorans have shown how these two
homologous enzymes display their own specific internal tunnel network [31]. In the case of the
membrane-bound A. aeolicus hydrogenase, all the substrate entry points are located on the same side
of the enzyme’s surface. As a consequence, the enzyme’s adsorption on an electrode with the wrong
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orientation might result in the shielding of some parts of its surface, such that a small substrate could
no longer use it as an entry point to reach the active site.

3. The Key Components

3.1. Properties of Redox Proteins

Enzymes are large biomolecules that are abundantly found in living organisms with great
variety and very specific functions. As biocatalysts, enzymes accelerate reactions by decreasing
their activation energy. They are composed of one or more long chains of amino acid residues
displaying a vast array of functions within organisms, including catalyzing metabolic reactions,
DNA replication, and responding to stimuli. The structure of such proteins stands out as complex
but with a high degree of organization compared to small molecules, as required to fulfill high
selectivity. This structure/function relationship will have strong impact on further functional enzyme
immobilization. Tertiary structures form by folding of the α-helix and pleating of the ß-sheet in such
a way as to achieve maximum stability or the lowest energy state. The final shape of the protein
is stabilized by various interactions, including hydrogen bonding, disulfide bonds, ionic bonds,
Van der Waals, and hydrophobic interactions. Coarse-grain modeling approaches can provide useful
insight on the thermal unfolding of surface-immobilized enzymes [32]. More generally, how the
immobilization will alter this structure is, of course, of great importance.

Among enzymes, redox enzymes are those proteins whose established role is to convert a substrate
along an energy chain through electron exchange. They consist of a redox center, required for their
bioactivity, with the ability to either accept or donate electrons. Different types of redox centers can
be found in redox enzymes, ranging from metal-based ones (Ni, Fe, Mo, Cu, etc. . . . ) to inorganic
ones such as flavin adenine dinucleotide (FAD), acting as a cofactor. In metalloenzymes, the metal
ion is usually held by coordinate-covalent bonds on the amino acid side chains or inorganic ligands,
or is bound to a prosthetic group (e.g., heme). The redox active center is very often embedded in
the polypeptide structure, which protects it against hostile environments but, from a conductive
point of view, insulates it. Different strategies have been used during maturation to succeed in a fast
intramolecular ET, which is not limiting compared with the catalytic efficiency; this is illustrated
hereafter by some relevant examples, widely studied in the literature (Figure 3).

 

Figure 3. Representation of relevant distances for intramolecular and interfacial ET in several redox
enzymes: metal center to metal center, metal center to cofactor, or cofactor to protein surface.
(A) A. aeolicus hydrogenase model [31]; (B) Bilirubin oxidase (pdb ID: 2XLL); (C) Glucose oxidase
(pdb ID: 1CF3); (D) Cellobiose dehydrogenase (pdb ID: 4QI7).

MCOs [33] such as laccases (LAC), bilirubin oxidases (BOD), or cuprous oxidase (CueO) are
copper-containing enzymes that efficiently catalyze oxygen (O2) reduction directly to water [34].
BODs and LACs are found in fungi, plants, and bacteria, where they catalyze the oxidation of bilirubin
to biliverdin and the oxidation of polyphenol compounds, respectively. O2 reduction requires four
copper sites which differ by their ligand coordination and geometry: one T1 Cu, and a trinuclear cluster
composed of one T2 Cu center coupled to a binuclear T3 Cu center [34]. Physiologically, electrons
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are received from the substrate to the T1 Cu, and are transferred through a histidine–cysteine bridge
to the trinuclear cluster 12–14 Å away, where O2 reduction takes place [35]. In a mimicking way,
one can imagine how an electrode can provide the electrons instead of the physiological substrate,
which means that the electrode has to be wired to the copper T1.

Hydrogenases (Hases) are the enzymes that catalyze the reversible oxidation of molecular
hydrogen (H2) and reduction of protons. They are found in the periplasm or cytoplasm of various
microorganisms, in many different environments, where their main role is to provide energy for the
organisms by oxidation of molecular hydrogen. Hases are subclassified into three different types
based on the active site metal content: iron–iron Hases, nickel–iron Hases, and iron Hases [36].
The [FeFe]-Hases are more specifically involved in H2 production from proton reduction, whereas
[NiFe]-Hases are more efficient in H2 oxidation [37]. In the latter case, the [NiFe] active site, where the
hydrogen binds, is buried deep inside the large subunit. To transfer the electrons from/to the active site,
3 FeS clusters less than 13 Å distant from each other constitute a conductive line in the small subunit
towards/from the surface of the enzyme. Hydrogen reaches the active site through well-defined
hydrophobic channels, [38] whereas avenues for proton evacuation are not yet so clearly identified.
If one wants to immobilize such an enzyme, two conditions need to be met: (i) wire the enzyme to
the electrode via the FeS cluster located closest to the surface of the protein; and (ii) make sure the
channels for the substrate access and products removal are accessible.

Glucose oxidase (Gox) is the most studied redox enzyme so far, and catalyzes the oxidation of
β-D-glucose to D-glucono-1,5-lactone and hydrogen peroxide using molecular oxygen. It is a large
dimeric protein with a molecular weight of 160 kDa and an average diameter of 8 nm, containing one
tightly bound FAD per monomer as a cofactor [39]. The FAD cofactor is deeply embedded inside the
protein matrix. In addition, it was experimentally shown that the FAD molecule is located in a cavity
deeper than 8 Å [40]. Various attempts have been made to establish the wiring between the active
center of GOx and various electrodes [41]. However, many discrepancies in the results are reported,
and uncertainty remains regarding the retention of the conformation of the enzymes.

Cellobiose dehydrogenases catalyze the oxidation of various saccharides into lactones.
Their strategy to transfer electrons is different from Gox as each monomer consists in two domains,
one with a FAD cofactor and the other with a heme. ET proceeds physiologically from the substrate to
the FAD cofactor and finally to the heme. The latter is accessible to the solvent, and is connected to
the FAD domain through a flexible linker [42], which can be a great advantage if using this type of
enzyme on an electrode surface.

These few examples clearly indicate that the strategy required to succeed in the ET from/to
the enzyme to/from the electrochemical interface will largely depend on the structure and specific
features of the enzyme. Apart from fast intramolecular ET achieved thanks to electronics relays
within the enzyme, ET between physiological partners in a given chain, or between the substrate
and the enzyme, is facilitated by specific recognition surfaces involving both hydrophobic and
hydrophilic moieties [43]. As illustrations, the third, surface-exposed FeS cluster in the [NiFe]-Hases
from Desulfovibrio is surrounded by an acidic patch composed of glutamic amino acid residues,
which recognize a lysine-rich environment of the interacting heme of the physiological partner,
a cytochrome c3 [31,44]. This electrostatic interaction allows both partners to come to a close distance
which then induces fast intermolecular ET. Various other striking examples of electrostatic-driven
protein–protein interactions for efficient ET are documented in the literature: interaction between
cytochrome c oxidase and cytochrome c [45], sulfite reductase and ferredoxin [46], cytochrome P450
and putidaredoxin [47], and NADH-cytochrome b5 reductase and Fe(III)-cytochrome b5 [48]. Also,
the Cu T1 in LACs is inserted in a hydrophobic pocket which allows favorable interaction with its
natural organic substrates [49]. The knowledge of such recognition interfaces will become a key issue
once a rational approach to immobilize enzymes on electrodes is envisioned.

Furthermore, from the 3D structure of given redox enzymes, it is possible to calculate the surface
electrostatic potential distribution which indicates the existence of dipole moments [50]. A dipole
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moment, in the simplest case, is a vector quantity representing the separation of two opposite electrical
charges. The magnitude of this quantity is equal to the distance between the charges multiplied
by the charge. The direction of the vector is from negative to positive charge. In the general case,
the dipole moment can be computed by the formula

→
μ = ∑i qi × →

ri , with
→
μ as the overall dipole

moment generated by i charges, qi as the magnitude of each partial charge i, and ri as the position
vector of charge i. Such calculations provide an initial understanding for preferential orientations of
immobilized enzymes on electrodes, a feature that may be exploited to favor high ET rates. Another
key aspect of enzymes is their internal cavity network that enables the diffusion of substrates/reaction
products between the solvent and the enzyme’s catalytic site, and which can also be investigated via
modeling and free energy calculation [51]. From a theoretical perspective, the ET itself can be simulated
using a wealth of different techniques involving mixed Quantum–Classical molecular dynamics (MD)
simulations, Quantum Mechanics/Molecular Mechanics (QM/MM) approaches, or numerous Density
Functional Theory (DFT) variants [52].

3.2. Conductive Electrode Surfaces

A large variety of electrodes are available, displaying high electric conductivity and mechanical
and thermal stability. During the last years, a great deal of research has focused on the immobilization
of redox enzymes in and on 3D conductive materials. The idea underlying the use of high surface
area/volume materials is to enhance the loading of redox enzymes and, hence, the current for
biocatalysis. Carbon-based materials such as carbon nanotubes, carbon nanofibers, carbon felt, or metal
nanoparticles have been demonstrated to act as a very efficient host matrix [53]. It is also expected
that tuning the size of the pores of the matrix may help in the stabilization of the enzyme by
multipoint anchoring [54]. The control of enzyme loading and specific activity in such large-area
materials is, however, in most cases hampered by the lack of methods able to monitor one individual
enzyme in the matrix. In addition, homogeneous distribution and orientation of enzymes in the
3D network is rarely achieved. Nonetheless, it is worth mentioning the original work of Vincent’s
group, who set up a Protein Film Infrared Electrochemistry (PFIRE) method for the monitoring of
the enzyme conformation entrapped in carbon black particles [55]. Mazurenko et al. also reported
the resolution of enzyme partitions in carbon felts [21]. Nevertheless, it appears more relevant to
study the immobilization of redox enzymes on more planar electrodes, to achieve easier control of the
enzyme conformation, and to overcome mass transport and substrate partition issues arising from
the surface meso- or nanoporosity which induces local variation of substrates and products (such as
local acidification, for example) and complexifies the whole process. The notion of planarity itself
must be discussed here. Given an average size of enzymes in few nanometer ranges, all materials
that present macroporosity should be considered as planar from the enzyme immobilization point of
view. However, macroporosity is most often accompanied by mesoporosity, in which the enzyme is
connected through many points. Any porous materials should thus be considered as nonplanar.

Smooth metal surfaces like Au, Ag, and Pt, or more complex surfaces such as indium–tin–oxide
(ITO), or flat carbon-based surfaces such as glassy carbon can be used for the immobilization of
redox enzymes, as well. However, even these surfaces considered as planar present a roughness
factor that may influence enzyme immobilization. Few studies report the effect of roughness on
bioelectrocatalysis. It is worth noting the work from Thorum et al. in which roughness was induced
on a gold electrode to force protruding of functionalities required to get access to the enzyme active
site [56]. Gold supports/electrodes of different geometries are commercially available and are the
model supports for analytic and surface-addressing techniques like Surface Plasmon Resonance
(SPR), Quartz Crystal Microbalance (QCM), Polarization Modulation Infrared Reflectance Absorption
Spectroscopy (PMIRRAS), Surface-Enhanced Infrared Absorption (SEIRA), and ellipsometry. As the
chip used in these methods can also serve as the electrode for electrochemical sensing, the gold
surface appears all the more relevant when dealing with redox enzyme immobilization. In principle,
single-crystal/monocrystalline gold surfaces should be used in all these techniques because they
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provide a controlled gold surface at the atomic level. However, the reusability of the surface is critical,
whereas improved understanding of surface pretreatment for polycrystalline gold allows preparing
reproducible surfaces [57]. Hence, polycrystalline gold surfaces, where the distribution of metal atoms
is nonuniform throughout the electrode surface, are very handy. Surface treatment provides surface
control and promotes their wide use for protein electrochemistry [58]. Electrochemical cleaning by
cycling in H2SO4 solution between −0.35 V and +1.5 V vs. Ag/AgCl allows calculating of the real
electroactive surface area by integrating the gold oxide reduction peak at +0.9 V, taking into account
a charge of 390 μC·cm−2 for the reduction of a gold oxide monolayer [59]. The roughness factor can
thus be calculated (Rf = Aelectroactive/Ageometric), which represents the difference between the projected
geometric surface area and the electro-accessible surface area. Rf takes values around 2 to 5 depending
on the kind of surface considered and the cleaning procedure [60].

Several spectroscopic methods have been coupled to electrochemistry taking advantage of
conductive biocompatible materials. Surface-enhanced vibrational spectroscopies benefit from
nanostructuration of the metal (Au or Ag) to increase their sensitivity (enhancement factor in
absorption: 102–106) [61]. Because of the nanostructuration surface, here also a roughness factor
can be calculated (Rf = Areal/Ageometric); the geometric area (Ageometric) represents a flat surface while
the real area (Areal) is experimentally accessible, for example, via electrochemistry or AFM [60,62,63].
On the other hand, infrared spectroscopy based on reflection absorption techniques requires flat
reflective surfaces [64]. While monocrystalline gold remains the most commonly used support, it was
recently shown that despite lower-intensity infrared signals, glassy carbon is a promising alternative
for broadening the applications related to electrochemistry [65].

A molecular-level picture of these surfaces can be obtained through modeling approaches such
as MD simulations. Interestingly, the last decade has seen the development of numerous force fields
(FF), specifically parameterized to model a large variety of solid surfaces [28]. Amongst the material
models that are now accessible to computational chemists, one can mention metallic surfaces (Ag, Al,
Au, Cu, Ni, Pb, Pd, Pt), for which Lennard-Jones potentials for nonbonded interactions have been
developed [66]. Gold in particular can be modeled in common simulation codes such as GROMACS
and NAMD using either the GolP atomistic force field [67] or the METAL/INTERFACE force field [68].
Additional materials of interest for bioelectrochemistry can be modeled such as silica [69], but also
graphite [70] or carbon nanotubes [71]. These latter materials cannot be considered as planar surfaces,
however. An important issue when studying the adsorption of biomolecules with considerable dipole
moments, such as redox enzymes, is the surface polarization, which can contribute to up to 20% of the
total binding energy between the protein and the surface [72]. This aspect is taken into account in the
GolP-CHARMM FF for gold surfaces [73]. Another FF that incorporates polarization is the AMOEBA
FF [74], which was already extended to model peptides on a graphene surface [75]. Still, development
efforts in that field are mostly directed towards solvated biomolecules, and a lot remains to be done for
the simulation of interfaces.

3.3. Interaction between Enzyme and Conductive Surface: How Can It Be Modulated?

Enzymes can be immobilized on the electrode surfaces following different processes including
simple adsorption, entrapment in a complex matrix such as redox polymers, and covalent
binding [76,77]. Among the challenges of immobilizing enzymes onto electrodes, preserving the native
conformation and catalytic properties, and providing good electrical connection and relative stability
are of outmost importance. In this respect, one philosophy of immobilizing enzymes is based on
considering the electrode as a surrogate to the known physiological partner of the enzyme: a substrate,
a cofactor, heme- or [Fe-S]-based protein shuttles, etc. To get a proper enzyme immobilization
for the optimum ET, mimicking physiological interactions between partners, it is thus of great
importance to gain the possibility to tune the interactions between enzymes and the electrode surface.
Two main options exist when trying to tune the interactions between a redox enzyme and an electrode:
(i) chemical functionalization of the electrode surface; and (ii) engineering the enzyme.
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3.3.1. Electrode Functionalization

Several methods have been developed to add surface chemical functions to planar electrodes [78]
(Figure 4). Concerning gold surfaces, the most widely used functionalization is achieved through
self-assembled monolayers (SAMs). SAMs are usually formed by spontaneous adsorption of sulfur.
Alkanethiols, or dialkyl disulfides or sulfides possess high affinity for the surface of gold (but also for
platinum or silver), with a bond energy of RS-Au of ∼40 kcal·mol−1 [79]. This adsorption results in
well-defined organic surfaces with desirable and alterable chemical functionalities, controlled simply
by changing the terminal group of the thiol chain. The modification of a gold electrode with SAMs
provides a choice of positive/negative/hydrophobic terminal functional groups such as –COOH,
–NH2, –SO3H, –CH3, and –OH. In addition, the knowledge of the pKa of the terminal moieties allows
chemical control on the electrode surface. As examples, pKa values of 6.0 [80] and 6.9 [81] for SAMs of
11-mercaptoundecanoic acid (MUA) and 4-aminothiophenol (4ATP) groups on gold were determined,
respectively. Dependence of the pKa of –NH2-based SAMs on thiol chain length was also reported [82].

 
Figure 4. Representation of (A) self-assembled monolayer [83] and (B) scheme for electrografting
of diazonium salts on electrode surfaces (Au, C or Indium Tin Oxide (ITO)) with alterable terminal
chemical functionality.

Their ease of preparation from millimolar thiol solutions makes SAMs attractive candidates for
surface tailoring. A surface coverage of the order of pmol·cm−2 is generally achieved and adsorption
stops at the level of monolayer coverage [84]. This surface coverage, as well as compactness and
organization of the layer, shows, however, dependence on the type of thiol molecules, nature of
the metal surface, immobilization time, and thiol concentration [85]. Longer adsorption time and
longer thiol chains are expected to provide a more organized SAM layer by decreasing pinhole
defects or conformational defects in the alkane chains [86,87]. Long-chain thiols are expected to form
well-organized assemblies due to stabilizing van der Waals interaction along the adsorbed chain. On the
contrary, presence of long chains may screen their mobility in the solution and, hence, their accessibility
to the metal surface. It was recently proposed that fast and repeated changes on applied potential
pulses relative to potential of zero charge cause an ion stirring effect [88] which has an influence on the
SAM formation kinetics. Immobilization of biomolecules on SAMs has been critically reviewed [89].
The possibility to prepare mixed SAMs is an added advantage, where homogeneous or separated
phases of different thiols may allow the site-specific binding of enzyme to the surface [90].

Besides this, silane-based SAMs on ITO electrodes have been used owing to their simple
preparation, good reproducibility, and high stability [91]. ITO, being low cost, highly stable,
and transparent, is a very useful material as an electrode due to its electrical and optical properties [92]
and plays an important role especially for biosensor technology [93]. The silane-based chemicals act as
cross-linkers because they contain Si–O bonds which react with the surface hydroxyl groups of ITO
where the end groups of silane act as an immobilization matrix for biomolecules.

However, the use of SAMs for redox enzyme immobilization also raises critical issues. The first
is linked to the ET process through the SAM itself, which can become a limiting step and control
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the whole ET process. As developed above, the efficiency of ET, given by the ET rate constant kET,
is found to be a function of the distance d between the electrode surface and the redox species.
A study related to the kinetics of ET between a gold electrode and a SAM of thiol of variable length
confirms the exponential dependence of the rate constant on the chain length [94], according to
kET = k◦ exp[−βd]. In the case of SAMs, an additional parameter is the surface coverage, θ, after SAM
formation. For a complete monolayer of SAM without any defects (θ = 1), the mechanism of ET
is tunneling, as the monolayer shows blocking behavior. Therefore, the expression for the ET rate
constant can be read as ktunnel = k◦ exp[−βd], where k◦ is the rate constant for a bare electrode, β is
the constant of electron transfer through tunneling, and d the thickness of the SAM. This is the case
for chemisorption of long-chain thiols on a gold surface, which usually results in well-organized
monolayers with minor defects due to effective van der Waals interactions along the carbon chains [95].
Another mechanism is based on a membrane-like behavior of the SAM, so that redox species can
permeate through the monolayer, and ET to/from the electrode takes place. This kinetic process
is controlled by the partition coefficient, κ, between the solution and the membrane, the diffusion
coefficient, Df, in the membrane, and the kinetics of material transport at the film/solution interface
with a rate constant, kinterface [96]. In the presence of pinhole defects within the SAM, another ET
pathway may be effective due to diffusion of the redox species through the defect sites to the electrode.
This alternative transfer may operate in the case of short thiol chains which are expected to display
less organized layers. All these ET phenomena may take place in parallel and an effective rate constant
will reflect the relative contributions of the different pathways [97] (Figure 5). As an implication, for ET
to proceed, a balance is needed between a sufficiently high ET rate and sufficient organization to be
able to obtain a controlled SAM. This can be reasonably achieved by maintaining the length of thiols
comprising around 6–8 carbons [98].

Figure 5. ET processes through a self-assembled monolayer (SAM) (in grey) formed on an electrode.
(A) Tunneling ET process through a compact SAM; (B) ET through a SAM behaving as a membrane.
ET will be controlled by a partition coefficient at the membrane/solution interface and by the diffusion
coefficient inside the membrane; (C) ET proceeds through defects in the SAM. De and Df are the
diffusion coefficients in the electrolyte and in the SAM, respectively. Ox and Red designate a redox
couple in solution. Adapted from [96].

The second critical issue is linked to the poor stability of the SAM, especially when the potential of
the electrode is polarized to extreme values of potentials [99]. The Au–S bond is found to be stable only
in a small potential window i.e., −0.6 to +0.6 V vs. Ag/AgCl [100]. Thiol-based SAMs are also sensitive
to heating, and their thermal stability is limited to 400 K [101]. Above this temperature, thiol molecules
start to desorb in the form of disulfides, suggesting that the Au–S bond is weaker than the S–C bond of
thiols [102]. Some discrepancy, however, exists about the thermal stability of monolayers of thiol [103].
SAMs formed by long-chain thiols appear to be more thermally stable due to their well-organized
nature on the surface [104].

As a consequence of the poor stability of the Au–S bond, a carbon–gold (Au–C) bond should
be preferred [105]. Reduction of aryl-based diazonium salts is a widely used method to prepare
functionalized surfaces, not only on carbon, but also on gold electrodes [106–108]. The interest
in such modifications concerns the wide range of functional groups available that are associated
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to high stability over a large potential window. Formation of mixed monolayers by successive
electrochemical reductions from a mixture of diazonium salts presents an added advantage towards
surface functionalization [109,110]. The disadvantage is the difficulty to stop the reaction at the
monolayer formation. Electrografting of aryl compounds on electrode surfaces is based on the
formation and attachment of highly reactive aryl radicals. However, polymerization between two
aryl radicals, and their chemical reaction with already adsorbed aryl molecules may compromise the
quality of the monolayer. Possible control of the monolayer can be achieved by utilizing a so-called
“protecting–deprotecting” approach, where a bulky group protects the functional group, avoiding
both the formation of disordered multilayers and possible reaction of functional end groups with aryl
radicals. Organization of the monolayer is typically controlled by the size of the protecting group [111].
On the other hand, the chemical substituent groups attached to the benzene ring of diazonium salt
can significantly affect the electrografting of these molecules on the electrode surface, first due to
their size and second due to their nucleophilic/electrophilic nature. QCM measurement was used
to probe the thickness of the electrodeposited aryl organic layer on an Au electrode, and suggested
that the large size of the substituent and its steric hindrance typically led to the formation of thin
layers [112]. A recent study related to the kinetics of electrografting on gold surfaces also suggested that
the presence of an electron-attracting group increases the rate of reaction of the aryl radical on the gold
surface [113], whereas the presence of an electron-donating group slows down the grafting process,
thereby offering control over the possibility to form monolayers. It should be noted that a mixed layer
of aromatic diazonium salt and thiol can be advantageously used, as demonstrated in the case of LAC
on gold electrodes. A submonolayer of aryl groups was formed to minimize multilayer formation by
aryl radical attack, while full electrode coverage was achieved by further thiol adsorption [114].

Other tools to functionalize planar electrodes are noteworthy. Among additional immobilization
strategies, a variety of amines can be covalently attached to the electrode surface through their
electrooxidation onto the electrode [115]. Immobilization via in vivo natural enzyme substrate can be
used alternatively to significantly increase electrocatalytic activity relative to simple protein adsorption
on the electrode. Bilirubin is the natural substrate for BODs, which is in vivo oxidized to biliverdin
with the reduction of oxygen to water. BOD was immobilized on a pyrolytic graphite (PG) electrode
prefunctionalized by bilirubin, and a twofold increase in electrocatalytic activity in terms of current
was reported compared to a bare PG electrode [116].

Infrared spectroscopy is a perfect tool to monitor an electrode functionalization and to
judge the quality of the immobilization procedure regarding its impact on the protein structure.
IR spectroelectrochemistry allows simultaneous monitoring of electrochemical signals and infrared
spectra reflecting the secondary structure of the enzyme (Amide I and Amide II bands centered
at ~1650 cm−1 and ~1550 cm−1, respectively). However, one important aspect when choosing
an immobilization procedure is to avoid spectral interference between the immobilizing molecules
and the enzymatic system to study. Since the electrode material used in spectroelectrochemical
experiments is a metal (gold or silver), SAMs are the common platform used for enzyme immobilization.
The spectral overlap between a SAM and a protein is usually negligible since the main signals arising
from the alkyl chain are located in the high wavenumber region of the spectra (2800 cm−1–3000 cm−1).
However, one has to pay attention to the chemical head group of the SAM, especially amine
functions (N–H bending mode of primary amines from 1650–1580 cm−1) and carboxylic functions
(C=O stretching mode from 1760–1690 cm−1). This issue is compounded when much more complex
modifications of the electrode are required. This problem has been tackled in a very elegant manner
for the immobilization of a membrane protein—the bacterial respiratory ubiquinol/cytochrome bo3
(cyt bo3) [117]. In this study, a tethered bilayer lipid membrane (tBLM) was used to immobilize cyt
bo3. The commonly used lipid tether cholesteryl (2-(2-(2- mercaptoethoxy)ethoxy)ethyl)carbamate
(CPEO3), which serves as an anchor for the lipid bilayer, contains a carbamate function that strongly
overlaps with the protein signals. In this respect, the authors have successfully synthesized a novel
molecule WK3SH (dihydrocholesteryl (2-(2-(2-ethoxy)ethoxy)ethanethiol), an IR transparent variant of
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CPEO3 lacking the carbamate function, thereby suppressing interferences with signals arising from the
secondary structure of the enzyme. This effort allowed the challenging monitoring of a transmembrane
proton gradient generated by cyt bo3 catalytic activity.

3.3.2. Enzyme Engineering

Engineering on the enzymes can alternatively serve to tune the interaction between bare or
functionalized electrodes. Although very elegant, this strategy has been less employed so far, mainly
because it can affect both stability and activity of the protein before and after immobilization. However,
unlike nonspecific adsorption where multipoint connections between enzymes and electrodes are
possible, site-specific attachment can provide an orientational immobilization that will also dictate
the distance between the enzyme active site and the electrode surface [118–120]. The approach can
thus maximize the rate of direct ET, with low distribution of ET rates. The basic approach is to use
genetic engineering to introduce linkers on the functional proteins, then immobilize these protein
molecules on the electrode via the linkers. The electrodes have to be chemically modified accordingly
to specifically react with the labeled enzyme.

A classical site-specific immobilization method relies on the introduction of affinity tags like
polyhistidine tags (His-tag), which are widely used in biochemistry for protein purification. His-tags
have six sequential histidine residues that can chelate metals like Cu, Ni, or Co [121], or can favor
the electrostatic interactions towards hydrophilic surfaces [122]. The issue here is to evaluate the
effect of such site-specific immobilization of genetically engineered protein molecules compared
to random immobilization on the interfacial ET efficiency. With His-tags being quite long linkers,
the increased distance may impede the ET, or on the contrary may induce required flexibility of the
immobilized enzymes. Oriented immobilization could be obtained via the formation of ternary metal
chelate complexes between metalated nitriloacetic acid (NTA), such as a Cu-NTA functionality on the
electrode, and His-tagged recombinant proteins. Balland et al. designed a short-length NTA-terminated
alkane thiol to immobilize His-tagged LAC on a gold electrode through copper ligandation [121].
Both N- and C-terminal His-tagged LACs were studied with the expectation of a more favorable
orientation of LAC through the C-terminal labeling which is closer to the Cu T1. Although catalysis of
O2 reduction was reported in the presence of a redox mediator, no direct current could be obtained
even in the most favorable C-terminal modification. This result strongly suggested that His-tag labeling
at the C-terminal or N-terminal sequences in LAC does not allow Cu T1 to approach the electrode at
a tunneling distance. In another study, deletion of a flexible 10-amino-acid sequence at the C-terminal
end of a two-domain-type LAC was performed to expose the Cu T1. Labeling with a His-tag was
additionally introduced in the mutated enzyme [122]. The catalytic activity of the wild-type LAC
was compared to the mutated one, once immobilized on Au electrodes modified by SAM displaying
various chemical functionalities [122]. Direct wiring of the enzymes was achieved and explained by the
proximity of the C-terminal end to the Cu T1 in the LAC under study. Despite the fact that no significant
difference in the surface concentration between adsorbed WT or mutants exists, direct electrochemical
activity was reported to be much higher on mutated enzymes due to the oriented immobilization of
genetically engineered enzymes. Li and collaborators introduced a cysteine-6-His-tag either at the
C-terminal or N-terminal end of a LAC for an oriented immobilization on gold electrodes. The strategy
was based on different distances to the Cu T1 or Cu T2/T3 between C-Ter and N-Ter. Based on the
quantification of produced H2O2 during O2 reduction, the authors proposed that a different orientation
was obtained depending on the C-Ter or N-Ter grafting. It must be noticed, however, that no clear
catalytic signals could be observed in both cases, underlining most probably a slow ET independently
of the immobilization strategy [123]. These three related examples illustrate the difficulty to rationalize
the efficient immobilization of engineered enzymes for electrocatalysis.

Other peptides have potential binding properties for different types of surfaces. These peptides
are expected to bind to surfaces by noncovalent interaction, and can exhibit high affinity and
selectivity [124]. They are mostly selected by the phage display peptide library [125]. Few binding
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peptides display some affinity for material surfaces of interest for electrochemistry, such as for
graphene [126], carbon nanostructures [127], and gold [128,129]. Some peptides are already used
to anchor enzymes on different types of surfaces such as alkaline phosphatase on a gold surface [129].
Currently, these peptides are not used to immobilize and orient redox enzymes on electrode surfaces,
but they could provide a robust method to bind the enzyme at a different part of the protein. However,
this binding method could also suffer from inhibition of the ET because of the length of the linker.

The publications just described above engineered only the N-terminal or C-terminal end. It should
be interesting to have possibilities of mutation at other targeted parts of the enzyme, eventually closer
to the active site, or at any locations on the enzyme surface in order to relate the position at which
the enzyme is immobilized to the ET rate. As a recent illustration, cellobiose dehydrogenase from
Myriococcum thermophilum has been shown to be an ideal candidate for site-directed mutagenesis.
Having no surface cysteine residues, this amino acid was introduced at specific surface locations in view
of the oriented immobilization [130]. “Thiol-ene” click chemistry between the thiol group available
on the cysteine moieties and vinyl groups grafted on the electrode was successfully exploited for
site-specific covalent linkage. The cysteine moieties were introduced on the dehydrogenase domain in
such a way that two different orientations of the active site (the heme group of the flexible cytochrome
domain) were ensured upon immobilization. An increase in electrocatalytic activity in terms of current
for site-directed covalent immobilization was reported compared to physical adsorption, in a ratio ~7,
thus indicating favorable enzyme loading on the electrode. Interestingly, a significant difference in
current output was also observed between the two different grafting localizations, suggesting a control
of the orientation of the enzyme. In the same way, a fungal laccase presenting a unique surface lysine
residue close to the T1 Cu site was immobilized on planar electrodes [131]. This strategy can be applied
in all the cases where a unique surface residue can be genetically engineered. However, site-specific
protein engineering is sometimes limited by the available sites on the protein surface and/or because
such modifications might alter the function or structure of the protein. Homology modeling can also
be used to design new mutants with enhanced catalytic activity and immobilization yield on a surface.
This was the case in the work of Gao et al. who performed site-directed mutagenesis on formate
dehydrogenase immobilized on nanoparticles [132].

An attractive new strategy is the use of noncanonical amino acids (ncAAs) like propargyl-L-lysine
(PrK), which can be genetically introduced at desired locations on the enzyme [133] (Figure 6).
Moreover, a unique alkyne chemical handle of ncAAs will ensure a covalent linkage of the mutated
enzymes with the modified electrode via click chemistry [133]. By varying the length and position
of the linker on the E. coli CueO, the distance of the enzyme’s electroactive site relative to the glassy
carbon electrode was controlled [134]. It was shown that (i) site-directed anchorage was more efficient
for direct O2 reduction than nonspecific immobilization; and (ii) labeling far from the active site was
not favorable to high catalysis efficiency. However, it was also emphasized that the ET efficiency was
not directly related to the distance between the active site and the electrode, suggesting that other
pathways such as ET through the structure of the protein may be involved. In that particular study,
one can wonder whether the flexibility of the linker could be a major factor governing the overall ET.

The effectiveness of oriented immobilization and electrochemical operational stability for these
genetically modified enzymes on electrode surfaces certainly depends upon the immobilization
strategy. In case of chelation between a histidine moiety on the modified protein and Cu–NTA ligands
on the electrode, stability can be affected by dissociation of the Cu ion from the NTA-modified
electrodes induced by competitive binding with the His-tag on the enzyme [135]. In comparison,
the operational stability of bioelectrodes prepared by covalent conjunction using click chemistry
between cysteine-modified protein and vinyl groups of the electrode lasts up to a few days [130].
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Figure 6. (A) 3D structure of cuprous oxidase (CueO) including the two redox centers (blue spheres).
The four noncanonical amino acids (nCAAs) incorporation sites are labeled in red; (B) Chemical
structure of Propargyl-L-lysine (PrK); (C) Genetically modified enzyme offering a unique alkyne
moiety for site-specific attachment to electrodes via click chemistry [134].

4. How to Probe Enzyme Orientation on an Electrode

4.1. Electrochemistry

Electrochemical techniques are the ideal tools to study both intramolecular ET within an enzyme
and interfacial ET between the enzymes and the electrodes. Theoretically, using cyclic voltammetry
and chronoamperometry, kinetic parameters of the catalysis can be quantified. However, the type of
kinetic data which can be obtained is linked to the type of interaction between the enzyme and the
electrode, and especially to the enzyme’s orientation [136]. Enzyme/electrode interaction is of utmost
importance because the ET rate is exponentially dependent on the distance between the redox active
center and the electrochemical interface, as predicted by the Marcus theory [24,137]. Fifteen years ago,
most electrochemical studies involved the enzymes in combination with their physiological partners,
or artificial redox partners, either diffusing or co-immobilized with the enzymes [138]. Unlike the
observation of the redox signals for small proteins such as cytochrome c or ferredoxins [139], it was
thought at that time that the size of the enzyme and the burying of the active site would preclude any
direct electrical connection. Instead, the redox partners play the role of electron shuttles between the
active site and the electrode, in a similar way as they are doing physiologically. Then, the so-called
mediated catalytic current (MET) gave access to second-order rate constants between many different
redox enzymes and their partners, and also allowed the demonstration of pseudo-specificity of the
catalysis [140]. However, such a mediated electron transfer system has several disadvantages in
terms of thermodynamic loss between the mediator and the enzyme, decreased efficiency due to
potential mediator leaking, and difficulty to design a simplified system. The increasing knowledge
of the arrangement of the active centers, of the cofactors, and of the distribution of surface charges
and hydrophobic patches for an increasing number of redox enzymes has allowed the determination
of the key parameters for their favorable orientation on functionalized electrodes. Hence, a direct
electrical connection (DET) can be achieved, although many redox enzymes are still electrochemically
silent. In some cases, the determination of the surface coverage of the enzymes participating in the
catalysis, then the quantification of the catalytic constant kcat, Michaelis constant (KM), or inhibition
constants was achieved [141]. This advanced analysis is mostly observed, however, on nanostructured
electrodes, such as carbon nanotube- or gold nanoparticle-modified electrodes, that are able to enhance
the loading of enzymes, thus increasing the detection signals. Interestingly, studying the MET/DET
ratio appears to be relevant for the evaluation of the distribution of the orientation of the enzymes on
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the electrode [136]. In addition, being a relative value, the MET/DET ratio is free from errors caused
by the variation of adsorbed enzyme amount [30]. This strategy was applied to various enzymes
immobilized on thiol-based SAMs and allowed to determine the surface chemistry on the electrode
able to promote DET. One can cite relevant studies that analyzed the catalytic efficiency of A. aeolicus
[NiFe]-Hase [142] on negative, positive, or hydrophobic SAMs on gold, of D. gigas Hase on positive
SAM on gold [143], of R. eutropha [NiFe]-Hase on negative SAM on silver [61], of Trametes hirsuta LAC
on neutral hydrophobic SAM on gold [144], of Cerrena unicolor C139 LAC positive SAM on gold [107],
or of Myrothecium verrucaria BOD on positive or negative SAMs on gold [145] (Figure 7). In the latter
paper, electrochemistry was coupled to SPR demonstrating that the switching between DET over
MET when adsorption was performed either on negative or positive SAM was effectively linked to
a different enzyme orientation and not to different enzyme loading. A similar study based on the
coupling between electrochemistry and QCM to investigate O2 reduction catalysis by M. verrucaria BOD
further concluded with an optimum enzyme density on the SAM–Au electrode for direct catalysis [146].

Figure 7. Coupling SPR with electrochemistry allowed the demonstration of a different orientation of
the M. verrucaria bilirubin oxidase (BOD) according to the charge of the electrode controlling the type
of ET process for enzymatic O2 reduction. On either positive (Right) or negative (Left) SAM-modified
gold electrodes, surface adsorption of the enzyme is successful. However, negatively charged SAM
(Left) allows direct ET (DET), while positively charged SAM (Right) requires a redox mediator for
catalysis (MET). Adapted from [145].

4.2. Spectroscopies

Thanks to specific surface selection rules [147], infrared techniques such as SEIRA and IRRAS
spectroscopies have been successfully used in order to evaluate the orientation of redox enzymes
immobilized onto electrodes. In those methods, the electromagnetic field propagates in a perpendicular
direction to the metal surface. Therefore, the chemical groups with a dipole moment oriented
perpendicular to the metal surface will exhibit the highest intensity of IR absorption, whereas the ones
with a dipole moment parallel to the surface will show no absorption at all. For dipole moments lying
in between, the intensity of the IR signal will depend on its angle with the surface normal. In proteins,
the main secondary structure elements are α-helices and β-sheets, associated with specific amide I
(C=O stretching mode, N–H bending) and amide II (combination of N–H bending and C–N stretching)
spatial arrangements. Consequently, while the amide I dipole moment of an α-helix lies parallel to the
α-helix itself, its amide II component is perpendicular. For β-sheets, the situation is reversed for the
main amide I and amide II components. As a consequence of this surface selection rule, the intensity
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ratio between Amide I and Amide II bands brings information regarding the orientation of the enzyme
provided that a structure or a model of the enzyme is available [148] (Figure 8).

Figure 8. (A) Scheme representing the surface selection rule. Molecules with a transition dipole moment
perpendicular to the metal surface exhibit the highest IR intensity while the parallel ones show no IR
absorption; (B) Backbones of α-helix and β-sheet secondary structure elements with C=O and C–N
highlighted in red and blue, respectively. Arrows show the direction of dipole moment depending on
the type of chemical bond—amide I or amide II—relative to the secondary structure.

Surface-Enhanced Infrared Absorption (SEIRA) spectroscopy was used in combination with
MD simulations to observe and rationalize the immobilization in a controlled orientation of
membrane-bound [NiFe]-Hase from Ralstonia eutropha [149]. The membrane-bound Hase from
D. vulgaris Hildenborough was reconstituted onto a SAM-modified gold electrode with a subsequent
addition of a lipid membrane, either below or above the enzyme [150]. Immobilization on top of
the membrane led to a great freedom of movement of the immobilized enzyme as indicated by the
wide variation in the ratio of amide I to amide II between reproduced experiments. In the other
configuration with the enzyme below the membrane, the direct interaction between the enzyme and
the SAM-modified gold electrode led to a ratio of amide I to amide II close to 1, reproducible between
experiments, indicating a more uniform immobilization procedure. Similarly, the different orientations
adopted by a LAC depending on its covalent or noncovalent binding to the electrode [144] were
monitored by SEIRA spectroscopy.

Polarization Modulated Infrared Reflection Absorption Spectroscopy (PM-IRRAS) allowed the
observation of different orientations of the membrane-bound Hase of A. aeolicus [142]. Indeed,
depending on the physico-chemical properties of the SAM-modified gold electrode (hydrophilic
or hydrophobic), the intensity of the ratio of amide I to amide II varied, reflecting different orientations
of the enzyme. Moreover, on the basis of simulations, those ratios could be correlated to the angle of the
α-helices (main secondary structure element) present in the enzyme with respect to the normal of the
electrode, giving an idea of the absolute orientation of the enzyme. Those results provided a structural
interpretation of the electrochemical behavior of A. aeolicus Hase alternating between pure MET or
a mixed DET + MET process depending on the physicochemical properties of the electrode. Similarly,
PM-IRRAS was used to study the orientation of LAC onto SAM-modified gold electrodes depending on
the charges of the SAM headgroup [107]. Different orientations correlated with electrochemical signals
were observed with significantly higher catalytic signal for LAC immobilized on positively charged
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surfaces. The same authors studied various immobilization procedures comprising hydrophilic SAM
(mercapto ethanol), lipidic SAM (Dipalmitoylphosphatidylglycerol), and charged diazonium salts.
They were able to conclude that orientations of LAC with β-sheets lying parallel to the electrode
were associated with electrochemical response for O2 reduction [151]. BOD from M. verracuria BOD
was recently studied in a combined study including PM-IRRAS [145]. Despite drastically different
electrochemical signals for O2 reduction depending on the charges of SAM-modified electrodes, similar
spectral features were observed for the amide region. This apparent discrepancy was rationalized on
the basis of the particular topology consisting of a repeated β-barrel motif in the M. verracuria BOD.

4.3. Microscopy

Studying protein orientation with AFM [152] was proposed quite early, though in an indirect
way. Using antibodies that bind to a specific region of the protein and measuring the volume
of the protein/protein complex allows us to decipher if the antibody is present and, therefore,
to deduce the orientation of the protein. Similarly, measuring by AFM the height profile of the
protein-modified electrode after incubation in an antibody solution could also indicate the presence
or absence of antibody, and therefore give clues about the protein orientation. However, if this
technique has sometimes been used for simple redox proteins, to the best of our knowledge this has
never been applied to enzymes. On the other hand, very few studies report the use of microscopy
for direct evaluation of enzyme orientation. Actually, the direct measure of height profiles by
AFM without antibody is a valuable method only if one dimension of the enzyme is characteristic.
Hence, no information about the orientation can be obtained when globular enzymes are studied.
LAC immobilization on mixed SAMs was, for example, studied using AFM, which gave information
regarding enzyme distribution on the electrode surface. However, since these enzymes are recorded
as quasi-spheres, the method would not be useful to determine their orientation [153]. In another
example, A. aeolicus membrane-bound Hase immobilized on hydrophobic SAM was examined with
AFM. Once again, approximately 3 nm high spherical features were observed, thus indicating the
presence of a monolayer of enzyme but not which orientation was adopted [142]. A similar result was
obtained with another globular enzyme—R. eutropha membrane-bound Hase—immobilized on a gold
electrode [149].

However, an STM study, as well as three examples where AFM proved useful in determining
enzyme orientation, are worth mentioning. The cytochrome c nitrite reductase from E. coli, a decaheme-
containing homodimer with asymmetric dimensions, was adsorbed at an Au (111) electrode. STM was
used to measure the lateral dimension of the immobilized enzymes and thus inform about their
orientation [154]. This approach demonstrated that a distribution of orientations is adopted and that
the enzymes possibly immobilize as monomers and dimers. A recombinant horseradish peroxidase
bearing His- or Cys-tags at different positions with respect to the heme active site was attached to
a gold electrode via the tag [155]. AFM measurements were performed in liquid (in 150 μL PBS),
i.e., in an environment able to preserve the enzyme native structure (as far as it can be preserved on
a solid surface). Various height profiles of the tagged proteins were measured on an Au (111) surface,
indicating that different binding points lead to different orientations of the proteins. Furthermore,
this observation was consistent with the different heterogeneous ET rates between enzyme and
electrode recorded in electrochemical experiments.

The orientation of the [NiFeSe] membrane-bound Hase from D. vulgaris Hildenborough on
a gold electrode modified with SAMs and a lipid bilayer was further studied by combining AFM and
electrochemistry [156]. This Hase is characterized by the presence of a lipidic tail at the opposite of the
distal 4Fe4S cluster—the exit point of electrons. The enzyme is elongated and the longest dimension
corresponds to the axis 4Fe4S cluster-lipidic tail. When the electrode, first modified with SAMs and
a lipid bilayer, was incubated in a Hase solution, AFM showed the apparition of globules whose height
suggested that the Hase’s longer dimension was vertically oriented. This orientation happened only
when the lipidic tail was present, and not when the soluble form of the enzyme was studied instead.
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Since only MET was possible in electrochemistry, this observation indicated that the lipidic tail was
inserted in the lipid bilayer. On the contrary, when the electrode was co-incubated in a solution of
Hase and phospholipids, AFM indicated a flat surface with deep holes. After dissolution of the lipid
bilayer with surfactants, globular features corresponding to Hase molecules were recovered. Since in
this second case DET was allowed, the 4Fe4S was supposed to be oriented towards the electrode,
while the Hase lipidic tail was inserted in the lipid bilayer on top of it. The same enzyme was combined
with E. coli F1F0 ATP-synthase inserted in the lipid bilayer overhanging it. This whole machinery
allowed the use of H2 as a fuel to produce the proton gradient necessary for ATP synthesis. The F1F0

ATP-synthase consists of a large soluble domain and a smaller membrane domain. The presence and
the size of protrusions on top of the lipid bilayer recorded by AFM indicated a unique orientation of
F1F0 ATP-synthase with its soluble domain directed towards the outer of the membrane [157].

Finally, the bacterial respiratory complex I from Rhodothermus marinus was reconstituted in
a biomimetic membrane on a gold electrode. The complex is a single protein (NADH-menaquinone
oxidoreductase) consisting of two L-shaped domains [158]. The complex in its native form was first
inserted in liposomes before incubation of the SAM-modified gold electrode in the proteoliposome
suspension. A lipid membrane with protrusions of 6–8 nm was evidenced by AFM. This distance is
consistent with the hydrophilic part of the protein extending outside the lipid membrane, although the
size is smaller than that evidenced by X-ray crystallography (13 nm), suggesting that the L structure is
flexible (Figure 9).

 

Figure 9. AFM study of the NADH-oxidizing respiratory complex I reconstituted in a phospholipid
bilayer on a gold electrode. (A) Schematic representation of the reconstitution. The gold electrode
is modified with 4-aminothiophenol and the phospholipid bilayer contains the redox mediator
2,3-dimethyl-1,4-naphtoquinone; (B) Tapping-mode AFM topography of a gold plate modified with
4-aminothiophenol to which complex I has been immobilized; (C) Z-axis profile across the line drawn
in (B). The arrows indicate features whose height corresponds to the arm of complex I protruding
outside the membrane (yellow structure in (A)). Adapted with permission from [158].
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4.4. Modeling

To study functionalized electrode surfaces for enzyme immobilization, modeling approaches offer
a window into the detailed surface interactions at the molecular level [28]. Several approaches can be
used to predict the preferred orientation of enzymes on surfaces by modeling. SAM-functionalized
gold surfaces have been modeled in numerous simulation works on enzyme–surface interactions,
for example, to probe the enzyme binding orientation as a function of the surface charge [149].
Matanovic et al. used a combination of Density Functional Theory (DFT) and docking simulations to
study the oriented interaction between bilirubin oxidase and a graphene electrode functionalized with
bilirubin [159].

Sampling all relevant configurations sufficiently is one of the inherent challenges of such methods.
ProtPOS (Prediction of Protein Preferred Orientation on a Surface) is software designed to predict the
preferential orientations of a protein adsorbed on a surface. Its approach is to search for low-energy
protein–surface conformations [160]. The use of a particle swarm optimization (PSO) algorithm allows
fast computation of the energies of protein poses in every rotational and translational degree of freedom
of the protein–surface complex [161]. The stochastic character of the PSO algorithm makes several
runs necessary, with each run returning the lowest energy orientation of the protein on the surface
that can be fed into MD simulations with a wide range of software—such as GROMACS [162] or
AMBER [163,164].

More generally, the search for a global minimum in the enzyme–surface interaction energy
landscape is a classic way to handle the question of protein orientation on a surface [165], and can be
addressed via several modeling schemes such as parallel tempering Monte Carlo [166], docking
via Brownian Dynamics Simulations [167], or MD simulations [168]. In their recent study on
β-galactosidase grafted on a hydrophilic surface, Li et al. used coarse-grain MD simulations to probe
the enzyme orientation and its catalytic activity as a function of the surface’s hydrophilicity [169].
Such coarse-grain approaches have been developed for modeling protein–surface interactions because
they allow an increase in the time and length scales that are accessible during simulations [28].
While coarse-grain representations can successfully address issues such as proteins binding on
surfaces [161], or folding [32], they are, however, unable to deal with oxido-reduction processes
and could not be used to describe ET between surfaces and enzymes until now.

When enzymes are immobilized on a surface via covalent bonds, for example, in the case of
laccase bound on a SAM-functionalized gold surface, one can also determine the enzyme orientation
by identifying the protein surface residue that will form the lowest energy bond with the SAM via
calculations [169]. Bioinformatics tools represent another useful approach to determine a suitable
orientation for enzymes immobilized on a surface in order to promote direct electron transfer,
for example, by identifying hydrophobic patches on the protein surface [170].

5. Factors Driving the Oriented Immobilization at an Electrode

5.1. Importance of Electrostatic Interactions to Drive the Oriented Immobilization for Fast ET

As discussed in Section 3.1, electrostatic interactions are a major factor governing the stabilization
of physiological protein–protein or protein–substrate interactions. In the context of intermolecular
ET, it is therefore an essential parameter that needs to be evaluated and controlled in order to
induce a proper orientation for an efficient electron transfer. Those interactions should inspire and
guide the bioelectrochemist willing to achieve a physiological-like protein immobilization. Thus,
when a molecular structure of the redox enzyme is available, calculations of the dipole moment
of the enzyme might give hints for a rational approach to immobilize the targeted redox enzyme.
In cases where the enzyme has a strong dipole moment, the preferential adsorption orientation can be
predicted based on the surface chemistry of the electrode [171], while enzymes with less stable dipole
moments can display several stable adsorption orientations [149]. Several computational studies
on [NiFe]-Hases from various species have highlighted the importance of the enzyme dipole for
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determining its orientation on a charged electrode [149]. In particular, the weak, fluctuating dipole
moment in the membrane-bound [NiFe]-Hase from A. aeolicus enables the enzyme to adsorb efficiently
on both negatively and positively charged surfaces [172]. BODs and LACs have been the subject of
many studies highlighting the role of dipole moments in their oriented immobilization. For example,
the orientation of laccase from T. versicolor adsorbed on charged SAMs was shown to be controlled by
the enzyme’s dipole moment and the distribution of charged patches all over the protein surface [173]
(Figure 10).

Figure 10. The fluctuating dipole moment of the [NiFe]-Hase from A. aeolicus enables it to adsorb
efficiently on both positively and negatively charged surfaces (panels (A) and (B), respectively) [172].
On the other hand, the strong dipole moment in the LAC from T. versicolor leads to different enzyme
orientations on positively and negatively charged surfaces (panels (C) and (D), respectively) [173].
Negatively charged residues interacting with the surface are shown as red van der Waals spheres in
panel (C), while positively charged residues are shown in blue in panel (D).

The oriented immobilization on electrode surfaces presenting different charges of two different
BODs, one from a fungus (M. verrucaria) and the other from a bacterium (Bacillus pumilus), was shown to
be controlled by the variation of their dipole moments as a function of pH [30]. Hence, direct connection
of M. verrucaria BOD was obtained upon adsorption at pH 6 on negatively charged surfaces, in relation
with a dipole moment pointing towards the T1 Cu, while only mediated catalytic current was obtained
on positively charged surfaces [145]. On the contrary, B. pumilus BOD, with a dipole moment directed
toward the opposite side of the T1 Cu in all the pH range, was unable to achieve any direct connection
on negatively charged surfaces. This last example clearly demonstrates that the dipole moment is the
key property driving the orientation, much more than the global surface charge which is similar for
the two BODs.

Electrostatic control of the orientation of enzymes was reported in other papers, although a direct
link with dipole moments was not underlined. Modeling studies highlight the crucial role played
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by the surface charge for effective reactions at the interface. For example, the hexameric tyrosine
coordinated protein (HTHP) will adsorb in a nonproductive orientation for DET on positively charged
SAMs [174]. In their work on sulfite oxidase adsorbing on SAMs, Utesch et al. showed how the
solution ionic strength impacts the enzyme adsorption [175]. High ionic strengths tend to inhibit the
interaction between the cyt b5 domain and the SAMs both by competitive adsorption between ions
and the cytochrome units, and by the shielding of the electrostatic attraction between the enzyme
and the surface. The same group also investigated the effect of the protonation degree of the SAM
surface on the immobilization of a [NiFe]-Hase [171]. They showed how the number of contacts
between the SAM and negatively charged areas on the enzyme surface increase with the SAM
ionization level. The strength of the enzyme/surface interaction is proportional to the SAM degree of
protonation. However, MD simulations show that a high (50%) protonation degree of the SAM induces
conformation changes in the enzyme that might be detrimental to its catalytic activity. However,
one should note that, from a simulation perspective, the vast majority of modeling studies dealing with
protein–solid surface systems concerns peptides grafted on surfaces, while the larger, more complex
redox enzymes have, until now, attracted much less attention. Electrochemistry was thus the main
method used throughout. Ulstrup et al. extensively studied the electrochemical behavior of four
MCOs (three LACs, i.e., Coprinus cinereus (CcL), Myceliophthora thermophila (MtL), and Streptomyces
coelicolor (ScL) as well as BOD from M. verrucaria) on different SAMs terminated by methyl, carboxylate,
and amino groups [176]. A clear DET signal for catalytic reduction was reported for M. verrucaria
BOD and CcL immobilized on negative carboxylate SAMs, and for ScL immobilized on positive or
hydrophobic SAMs. No catalytic current could be obtained for MtL on any SAMs. Such observations
demonstrate the clear sensitivity of a given enzyme to the local chemistry of the electrode surface more
likely due to their electrostatic interactions. Enzymes having negative (ScL) or positive (M. verrucaria
BOD, CcL) surface charge around the copper T1 active site are adsorbed on positive or negative
SAMs, respectively, in a DET-type orientation derived by electrostatic interactions between opposite
charges. Hydrophobic interactions have also featured for ScL immobilization on octanethiol SAMs,
typically due to the hydrophobic environment around the active site along with negative surface
charges. Although MtL is structurally similar to M. verrucaria BOD, no clear DET on any SAM
surface indicates an entirely different environment around the Cu T1. Oriented immobilization of
a [FeFe]-Hase from Clostridium acetobutylicum having large positive surface regions was achieved
at negative SAMs on gold electrodes [177]. On the contrary, an oxygen-tolerant [NiFe]-Hase from
R. eutropha adopted favorable orientation for DET-type electrocatalysis on 6-amino-1-hexanethiol
coated gold electrodes [149]. This Hase being homologous to A. aeolicus Hase, one can suspect that the
dipole moment of the enzyme may explain such a result.

5.2. Effect of Covalent Attachment

Covalent attachment is viewed as a general solution to avoid enzyme leaching from the
electrochemical interface. The presence of amino, carboxylate, or hydroxyl groups within the
amino acid moieties of an enzyme is exploited for covalent binding. SAMs on gold also
offer a variety of terminal chemical functionalities that permit ease of covalent conjunction.
For covalent attachment, carbodiimide chemistry is the most popular one, where water-soluble
1-(3-dimethylaminopropyl)-3-ethylcarbodiimide hydrochloride (EDC) and N-hydroxysuccinimide
(NHS) reagents are commonly used [178,179]. The issue here is whether the covalent attachment
will preclude any specific orientation of the enzyme, and hence decrease the ET efficiency. Actually,
covalent attachment may result in multipoint attachment of the enzyme as more than one surface
functional group may participate during bond formation. Consequently, the relative position achieved
by immobilized enzymes is random and enzymes adopt nonuniform distribution orientations.

Infrared spectroscopy is a valuable tool to monitor the formation of a covalent bond between
an immobilized enzyme and a linker. The EDC/NHS coupling reaction catalyzing the formation of
amide bonds between the amino groups of a linker molecule on the surface of the Au electrode and
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the carboxylic acid groups of a LAC was performed [144]. As a result of this covalent attachment,
an absorption band appeared at 1737 cm−1, typical of a carbonyl group, confirming the formation of
covalent amide bonds between the amino-terminated linker of the gold electrode and the carboxylic
functions of the LAC exposed to the solvent. Surface-Enhanced Raman Scattering (SERS) was used to
monitor the covalent attachment of the azido-modified horseradish peroxidase onto gold electrodes
modified with an alkynyl complex—1,4-dialkynylbenzene (DEB). The success of the click chemistry
reaction was evidenced by the disappearance of the azide band of the enzyme involved in the covalent
bond with the DEB monolayer [180]. Rudiger et al. reported higher operational stability compared to
adsorbed enzymes when D. gigas [Ni-Fe]-Hase was covalently attached to gold electrodes modified
with a SAM of 4-aminothiophenol. After 80 h of continuous operation, 25% of the initial current was
maintained. A clear DET signal confirmed that the immobilization method favors an orientation where
the active site of the enzyme faces the electrode surface [143]. Gutierrez-Sanchez et al. reported similar
higher operational stability for covalent conjunction of M. verucaria BOD to gold electrodes modified
by carboxylate-terminated SAM [145]. This result was obtained by coupling SPR to electrochemistry,
and was unexpected since it was also demonstrated that before covalent attachment, the decrease in
the catalytic signal was not related to any enzyme desorption from the gold surface. This observation
clearly demonstrates that covalent binding induces some rigidification of the structure which is
favorable to enzyme stability once immobilized. However, with the same M. verucaria BOD enzyme
and on the same type of negative SAM on gold, Blanford et al. did not find any improvement of
stability of the catalytic signal after covalent linking, and even showed a decrease in the magnitude
of the current [181]. Actually, characteristics of the immobilized systems, including surface coverage,
electrocatalytic activity, and stability of the proteins are considerably affected by the type of bond
formed between electrode and protein, which is driven by the immobilization method. In the two cases
just reported, the binding reaction was performed in two different ways. In the first case, the enzyme
was first oriented according to electrostatic interaction on the SAM-modified gold electrode, and then
the coupling reaction was performed. In the second case, the activated ester was first immobilized on
the gold electrodes before enzyme coupling.

5.3. Effect of Enzyme Partition

In vivo, catalytic reactions mostly occur in an enzyme-crowded environment. It can thus be
suspected that the density of enzymes on the electrode interface might impact the catalysis efficiency.
The enzyme surface packing on the electrode could also influence its redox potential. For example,
MD simulations and quantum calculations performed on cytochrome c covalently bound on a bare
gold surface have shown that crowding of the proteins can raise their redox potential to around
100 mV [182]. This effect would be due to the change in the polarizability of the enzyme’s environment,
where much less polarizable proteins replace water. Concomitantly, enzyme surface density may
alter enzyme orientation because of interactions between neighboring molecules. At the same time,
such interactions may impede important functional movements. McArdle et al. used electrochemistry
coupled to QCM with dissipation analysis to explore the effect of M. verucaria BOD molecular density
on catalytic activity and layer rigidity. An optimum concentration of enzymes to be adsorbed was
found as a balance between rates of adsorption, enzyme denaturation, and reorientation [146]. One way
to vary the enzyme density at planar electrodes is to use mixed SAMs composed of different thiol
derivatives. These SAMs are usually prepared by co-adsorption from a solution containing different
thiol components onto an electrode surface. Mixed SAMs present stronger overall polarization
than pure SAMs as a consequence of antiparallel orientation of dipoles within the SAM. In case
of electrostatic binding of enzymes, this polarization induces an enhanced amount of enzyme
loading [183]. Many studies dedicated to enzymatic electrocatalysis use mixed SAMs, although
the partition of the thiols in such mixed layers is not straightforward, and a detailed relationship
between the SAM mixed chemistry and the enzyme activity is rarely provided. Actually, dilution
of two different thiols may result in homogeneous [184], or phase-separated monolayers [185]. It is
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noteworthy that Traunsteiner et al. used electrochemistry to study the effect of the structure of a mixed
SAM obtained by the dilution of short-chain thiols with a longer thiol chain, the linker, on the binding
and catalytic efficiency of T. versicolor LAC (Figure 11). The linker was chosen to fit the Cu T1 pocket
and to bind LAC in a favorable orientation for electrocatalysis. The arrangement of the linker was
visualized by high-resolution STM, showing two configurations as a function of water content in
the thiol solutions. In case of separated domains of the linker and the short thiol chain, very small
catalytic current was observed, contrary to the high current obtained when LAC was immobilized on
homogeneous mixed SAM. In the latter case, it was suggested that the isolation of the linker by short
thiol molecules improved the binding of LAC [153].

 
Figure 11. (A) EC-STM image showing homogeneous phase of a mixed SAM on Au(111) and (B) CVs
of T. versicolor LAC immobilized on the homogeneously mixed SAM (blue) and the phase-separated
SAM (red) on Au(111) in oxygen-saturated solution [153].

5.4. Effect of Potential, Electric Field

Electrical potential is a major parameter which controls redox enzyme activity, but also the
formation of inactive states, or reactivation processes, by modulating the redox state of the active site.
In addition to electrostatic interactions between charged species (either electrode or enzyme) induced
by pH-dependent surface chemistry, electrical potential may also influence the enzyme conformation
and orientation (and, hence, catalysis) in two different ways. First, performing the adsorption of the
enzyme under an applied potential may have an impact on the orientation by creating an electric field
around the enzyme. Second, imposing a potential once the enzyme is adsorbed on an electrode surface
should affect its orientation and even its conformation by changing the charge in the environment of
the enzyme. These two processes have been explored in only rare papers.

Proteins can be divided into hard and soft proteins depending on the conformational entropy of
their structure. It was shown by ellipsometry and MD simulations that soft proteins, such as glucose
oxidase, are less sensitive to changes in the conformation under applied potential once immobilized
on a solid surface [186]. CueO [187] and fructose dehydrogenase (FDH) [188] adsorbed on a bare
gold electrode at potentials around the potential of zero charge (Epzc) showed the highest direct
catalytic activity, suggesting a more favorable enzyme orientation. For both enzymes, DET activity
decreased when enzymes were allowed to adsorb at electrode potentials far from the Epzc. Different
behavior as a function of the adsorbed potential was observed depending on the surface of the gold
electrode, either bare, or modified by a hydrophobic thiol layer. The proposed model explains how
the electrostatic interaction between the enzymes and the electrode in the electric double layer affects
the orientation, but also the stability of the adsorbed enzymes. Lopez et al. immobilized M. verrucaria
BOD on bare and nanocrystalline gold electrodes via potential pulse-assisted immobilization [189].
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An increase in the direct catalytic current was observed compared to the electrode simply prepared by
drop casting of enzyme, likely from a preferential orientation of M. verrucaria BOD.

The effect of electrode potential on protein immobilization after enzyme adsorption has also been
investigated. Change in enzyme orientation upon application of a potential on the membrane-bound
Hase from R. eutropha was monitored by spectroelectrochemistry [149]. Indeed, as discussed above,
application of a negative potential below the EPZC of the SAM-coated Au electrode confirms
a reorientation of a fraction of the enzyme population in a more favorable configuration for DET,
leading finally to an increase in catalytic current. On the other hand, possible deleterious side effects
induced by the application of potential have been evidenced [190]. In the case of the anaerobic
[NiFe]-Hase from D. vulgaris Miyazaki F, continuous potential application leads to a decrease in
the intensity arising from the infrared markers of the active site (one C≡O and two C≡N ligands).
Remarkably, the signal intensity arising from amide I and amide II bands reflecting the structural
integrity of the enzyme remains constant, suggesting a targeted destruction of the active site.
The authors suggest the in situ generation of ROS reacting with the active site and leading to
its destruction. This experimental dataset argues against the widely used “film loss” explanation.
Besides this, catalytic current dependence on the electrochemical methods used emphasized that cyclic
voltammetry induced a faster decrease in the current for O2 reduction by M. verrucaria BOD with time
than did chronopotentiometry, suggesting a clear influence of the applied potential on the current
stability [181]. The interfacial electric field has also been pointed out to affect the redox potential of
enzymes. A SEIRA study of the type II NADH: Quinone Oxidoreductase from E. coli immobilized on
SAM-modified gold electrodes outlined a substantial increase in the redox potential of the enzyme
(~140 mV) [191]. The authors attributed this upshift in potential to an electric-field-driven stabilization
of the flavin cofactor. This interpretation was supported by previous similar observations on tetraheme
cytochromes c3 [192].

6. Future Directions: Towards Rational Bioelectrode Design

We have reviewed how to control the orientation of redox enzymes on electrochemical interfaces.
This step is mandatory to achieve a fast ET process and maximize the quantity of loaded enzymes on
the surface. Success in such oriented immobilization is particularly important for practical applications
as it will enable higher sensitivity for biosensors as well as higher current densities—and, hence,
power densities—for biofuel cells. Fundamental understanding of the physiological processes in which
redox enzymes are involved for ET is essential if one wants to provide the best tailored immobilization
procedure. Protein–protein interactions can be investigated using numerous modeling tools, especially
to identify potential interaction partners, and to determine the structure of protein assemblies on
a surface [193] and the stability over time of these complexes. In particular, the modeling of protein
complexes permits the identification of conformational changes induced by protein binding, which are
likely to have a noticeable effect on the enzyme’s biological function. Key parameters that may yield
some degree of control over the orientation of enzymes may be deduced. The molecular bases for
functional orientation of common and largely used enzymes are now available. This is the case for
BOD and LAC, the enzymes widely used for O2 reduction. This is also the case for Hases, which have
been studied in depth on different types of planar electrodes. However, many enzymes, particularly
less broadly used ones, remain silent in electrochemistry, which illustrates that the sole examination of
the structure of an enzyme is not sufficient to describe the immobilization and ET phenomenon in its
full complexity. The influence of tags used for purification, and surfactants in the case of membrane
proteins, may play an essential role in enzyme orientation which is often underestimated.

One important issue that still needs to be further investigated is the effect of the orientation
required for DET on the conformation and dynamics of the immobilized enzyme. Electrostatic
interactions are most often required to guide a proper orientation of the enzyme yielding a high ET rate
constant. Whether these interactions can affect the native conformation, or even denature the enzymes,
is still an open question. From a theoretical perspective, molecular modeling approaches provide us
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with a detailed picture on the molecular level of how the surface/protein interaction can control the
enzymes’ orientation, and eventually impact their conformation and internal dynamics. In addition,
quantum calculation can help determine potential modifications of the enzymes’ redox properties and
catalytic activity when they are immobilized on the electrode surface. Some experimental works already
clearly state change in the conformation of enzymes upon immobilization on an electrode. As a relevant
illustration, the two highly homologous membrane-bound [NiFe]-Hases from A. aeolicus and R. eutropha
display completely different behavior on highly negatively charged electrode surfaces [194]. Recovering
of the catalytic signal for H2 oxidation after surfactant addition in the R. eutropha Hase sample suggested
that the absence of a surfactant compared to the A. aeolicus Hase sample induced structural changes
of the enzyme because of the strong electrostatic interactions. LAC and BOD immobilized for DET
on gold electrodes were shown to face potential-induced structural changes as revealed by SERRS
and ellipsometry experiments [58,141]. QCM and dual-polarization interferometry studies of BOD
immobilized on negative SAM-based gold electrodes highlighted that deformation required for DET
should lead to a decrease in activity at high enzyme concentrations [146].

To improve the understanding and control of the molecular details involved in protein–electrode
interaction, it is now mandatory to develop new methods that are able to relate in real time
electrocatalytic activity to enzyme loading, enzyme partition, and enzyme conformation and dynamics.
However, very few works nowadays report such coupled methods. One exception is SPR and QCM
coupled to electrochemistry, the so-called e-SPR and e-QCM approaches that were already developed
to correlate enzyme loading to activity [145,181]. Such coupled methods established for the first
time the relation between the amount of deposited enzymes and the enzymatic activity. They also
allowed a definite demonstration that a decrease in catalytic currents was not a result of enzyme
leaking in most cases, but was due to other processes. Whether these other processes involved are
reorientation, change in conformation, or denaturation must be now elucidated. Further developments
in orientation-sensitive spectroelectrochemical methods such as PMIRRAS and Plasmon Waveguide
Resonance [195], a much more sensitive variant of SPR able to measure affinity and kinetics of
interaction, are currently running. They may allow us to relate the conformation of the enzyme or
reorientation to its activity. To characterize the overall surface topology, fluorescence microscopy,
or AFM approaches, should also be coupled to electrochemistry to constitute a map of enzyme
localization on an electrode surface, and visualize the real effect of enzyme density. Such approaches
require technological set ups that are currently under investigation for other redox systems than
enzymes, but may be applied to redox enzymes in the near future [196]. Sampling issues remain
a bottleneck in the simulation of enzyme–surface interactions, in particular, for investigating processes
taking place on a large range of length and time scales. Therefore, the development of enhanced
sampling methods and multiscale approaches represents a central challenge for studying such complex
systems. Finally, sensitive electrochemical methods have to be developed to search for noncatalytic
signals, allowing us to access the real amounts of enzymes effectively participating in the catalysis.

With that objective and to enhance the signal-to-noise ratio, electrochemical interfaces other than
planar electrodes should be used. However, one should define for which conditions the key parameters
for a specific enzyme orientation obtained on flat electrodes could be extended to more complex
electrodes, and beyond to 3D nanostructures. A few recently reported examples demonstrated the
ability to transfer the determined molecular basis for DET from a planar to a more complex-structured
electrode. The physicochemical properties of the SAM-modified gold electrodes obtained in the
case of M. verrucaria BOD were transposed to functionalized nanoporous gold [197], as well as to
functionalized carbon nanotubes films [30]. The requirement of an aromatic linker to anchor LAC via
the Cu T1 was confirmed on films made of gold nanoparticles [198]. Catalysis with A. aeolicus Hase
immobilized on carbon nanotubes presenting different surface chemistry highlighted good correlation
with catalytic currents observed on the corresponding SAM functionality on planar gold electrodes.
Agreement between the magnitudes of the catalytic current as a function of the surface chemistry
on the carbon nanotubes with theoretical modeling of the dipole moment of the enzyme was also
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demonstrated [194]. Nevertheless, only a low percentage, around 10%, of the loaded enzymes were
electrically connected in the 3D structure [21], which suggests that other parameters than a correct
enzyme orientation for DET drive catalysis in 3D conductive structures. One should be aware of
the heterogeneity of electrochemical interfaces such as those formed by carbon nanotubes or carbon
particles. Indeed, on such surfaces the walls of the carbon nanotubes are hydrophobic. Chemical
functions are created upon carbon nanotube oxidative treatment or after π-binding of aromatic
derivatives, yielding surfaces presenting various functionalities. The multiporosity displayed by
3D conductive surface must also be taken into account. Such a property is expected to be suitable
for electrocatalysis, with macroporosity (pore diameter more than 50 nm) allowing fast substrate
transport and mesoporosity allowing stable enzyme encapsulation. In the case when the pore is of
the same dimension as the enzyme, one can expect that electrical connection of the enzyme might be
efficient independently of its orientation, with the functionalities on the material serving only for stable
anchorage [199]. In this case, however, transport processes should play a key role, both to provide a
sufficient level of substrate to the enzyme and to permit fast evacuation of the product to avoid enzyme
inhibition. This means that efficient bioelectrocatalysis will be achieved through a balance between
electrical connection of a high amount of redox enzymes, protection of the enzymes in a suitable
conductive structure, and substrate availability.
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Abstract: Neuronal activity and brain glucose metabolism are tightly coupled, where triggered
neurotransmission leads to a higher demand for glucose. To better understand the regulation
of neuronal activity and its relation to high-speed metabolism, development of analytical tools
that can temporally resolve the transients of vesicular neurotransmitter release and fluctuations
of metabolites such as glucose in the local vicinity of the activated neurons is needed. Here we
present an amperometric biosensor design for rapid co-detection of glucose and the neurotransmitter
dopamine. The sensor is based on the immobilization of an ultra-thin layer of glucose oxidase on
to a gold-nanoparticle-covered carbon fiber microelectrode. Our electrode, by altering the potential
applied at the sensor surface, allows for the high-speed recording of both glucose and dopamine.
We demonstrate that, even though glucose is electrochemically detected indirectly through the
enzymatic product and the electroactive dopamine is sensed directly, when exposing the sensor
surface to a mixture of the two analytes, fluctuations in glucose and dopamine concentrations can
be visualized with similar speed and at a millisecond time scale. Hence, by minimizing the enzyme
coating thickness at the sensor surface, dual detection of glucose and dopamine can be realized
at the same sensor surface and at time scales necessary for monitoring fast metabolic alterations
during neurotransmission.

Keywords: biosensor; glucose; glucose oxidase; amperometry; co-detection; temporal resolution;
gold nanoparticles; microelectrode

1. Introduction

Enzymes are highly specific biocatalysts, converting a substrate to a product, making them
excellent for incorporation in sensors aimed at selective detection of analytes that are otherwise
difficult to detect. The first enzymatic biosensor was developed in the 1960s by Clark and Lyon for
the detection of glucose with the use of the enzyme glucose oxidase (GOx) as part of the detection
scheme [1]. Since then, there have been a tremendous number of biosensors developed for applications
within the food industry, pharmacology, neurochemistry, environmental analysis, and chemistry [2–12].
The field of biosensors has been extensively expanded and a vast array of methods for detection has
been explored [13–21]. Electrochemical detection has several advantages, such as fast sample rates,
the possibility to miniaturize the sensor by the use of microelectrodes, and high biocompatibility
of the electrode material where, e.g., carbon and gold have been successfully used for in vivo
applications [22–24]. In addition to its use in biosensor design, electrochemical detection is also
frequently employed in the study of electroactive substances, where the analyte undergoes a redox
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reaction directly at the electrode surface when a redox potential is applied. The neurotransmitter
dopamine is extensively explored by electrochemistry due to its ability to easily oxidize at a positively
polarized electrode [25,26]. Dopamine is related to the reward system of the brain, and it has a central
role in Parkinson’s disease [27,28] as well as in addiction [29]. Glucose is the primary source of
energy in the mammalian brain as its metabolism generates ATP, the fuel for cellular maintenance
and neurotransmission. It has been shown that an increase in local neuronal activity is associated
with a higher glucose concentration in the activated brain area and that glucose-excited neurons sense
fluctuations in local glucose levels [30,31]. Therefore, the ability to co-detect rapid local fluctuations of
dopamine and glucose has the potential to reveal new insights in how neuronal activity is connected
to and regulated by the energy metabolism in the brain [32].

The construction of enzyme-based electrochemical biosensors relies on the immobilization
of enzymes at an electrode surface where the enzymatic activity product can be detected [33,34].
Enzymes adsorbing to a flat surface have a tendency to flatten out, which causes an alteration of
their protein tertiary structure and often thereby a reduction in enzymatic activity. In order to
prevent enzyme denaturation upon adsorption to an electrode surface, several methods for enzyme
immobilization have been developed, e.g., enzyme attachment using cross-linkers, enzyme entrapment
in polymers, and the incorporation of nanomaterials at the sensor surface as support for enzymes to
bind [35–41]. Several studies have shown that immobilizing enzymes on a high curvature surface
is beneficial for retaining enzymatic activity by minimizing changes in the tertiary structure of
the enzyme [42–45]. Modifying the electrode surface with nanomaterials such as nanotubes and
nanoparticles (NPs) introduces a high curvature support for enzyme immobilization. Additionally,
the introduction of nanostructures will also increase the electrode surface area, thereby allowing for a
higher enzyme loading that increases the sensitivity of the sensor. Gold nanomaterials, such as gold
nanoparticles (AuNPs), have been widely used due to their high biocompatibility and increased ability
to oxidize/reduce enzymatic electroactive products, e.g., hydrogen peroxide (H2O2) [46–49].

Earlier reported glucose biosensors have not focused on applications that demand high temporal
resolution. Our aim is to develop novel miniaturized electrochemical biosensors that can be used
for analyzing real-time rapid fluctuations of non-electroactive molecules at single secretory cells and
locally by groups of cells in brain tissue. We have previously shown that a two-sequential enzyme
system, acetylcholine esterase (AChE) and choline oxidase (ChO), immobilized as a monolayer on
to an AuNP-coated carbon fiber microelectrode (CFME) can be used to detect the vesicular release
of the non-electroactive neurotransmitter acetylcholine with a millisecond temporal resolution [50].
Here, we immobilize a single enzyme system (GOx) to the surface of AuNPs covering a CFME and we
investigate the temporal resolution for glucose detection and compare it with that of the electroactive
neurotransmitter dopamine. Glucose, a non-electroactive molecule, must undergo an enzymatic
catalytic reaction by the immobilized GOx at the electrode surface in order to generate an electroactive
product that can be detected by the electrode. Each glucose molecule is enzymatically converted to
gluconic acid and H2O2, which is then reduced at the AuNP surface of the electrode held at a potential
of −0.5 V (vs. Ag/AgCl), where one H2O2 molecule generates two electrons according to the following
chemical reactions:

glucose + O2 → gluconic acid + H2O2

H2O2 + 2H+ + 2e− → 2 H2O

In the sensor schemes used here for the high temporal dual detection of glucose and dopamine,
dopamine is oxidized at +0.5 V (vs. Ag/AgCl), a potential sufficient for diffusion limited dopamine
oxidation, and a potential where H2O2 not is detectable (Figure S1). In order to compare the kinetics
for the detection of glucose and dopamine, the two analytes must be selectively detected at the same
sensor. Here we monitor the kinetics and selective detection of glucose undergoing a catalytic reaction
by the immobilized GOx, resulting in the production of H2O2, which diffuses to the electrode surface
for electrochemical detection, and compare it to the speed for the detection of dopamine, which,

121



Catalysts 2018, 8, 34

following diffusion through the thin coating of immobilized enzyme, is directly detected when it
is in contact with the electrode surface. The results demonstrate the uniqueness of this sensor, as it
allows for the dual detection of a non-electroactive analyte and an electroactive one with the same
time resolution.

2. Results and Discussion

2.1. Preparation of the Biosensor

AuNPs were electrodeposited to the electrode surface by placement in a 0.5 mM HAuCl4 solution
and subsequent reduction of Au3+ to Au0 through application of a large overpotential (−0.6 V
vs. Ag/AgCl) for 24 s, a method originally developed by Finot et al. [51]. The electrodeposition
parameters have previously been optimized by our lab for a CFME 33 μm in diameter and provide
a coating of AuNPs approximately 20 nm in diameter with a 30% electrode surface coverage [50].
Monolayer enzyme coverage at the surface of nanoparticles has been demonstrated to be beneficial in
several aspects, e.g., a greater accessibility of the enzyme active site, a reduction of steric hindrance
between enzymes, and a faster diffusion of the enzymatic product to the electrode surface [42–44].
Glucose oxidase is an enzyme unwilling to form multiple layers when it is immobilized upon a
surface [52]. We have previously developed a method for quantifying the number of GOx enzymes
immobilized onto the surface of AuNPs coating a glassy carbon electrode, resulting in close to a
monolayer coverage at an AuNP surface [53]. Based on these previous results, we estimate that the
conditions used here for GOx immobilization (2 mg mL−1 and an incubation time of 2 h at room
temperature) results in approximately monolayer coverage of GOx.

2.2. Biosensor Characterization

The modification of the carbon surface with AuNPs fills two functions in this sensor design.
It provides a high curvature surface for enzyme immobilization and provides an electrode surface
with an enhanced ability to detect the enzymatic product H2O2. The enhanced detection ability is
important as H2O2 can only be reduced at the Au surface of the electrode—not at the carbon—and at
the potential applied in these experiments. As a consequence, since the total deposited Au surface
varies between electrodes, all current responses should be normalized to the total AuNP surface area
of each electrode in order to compare the response magnitude between electrodes. The AuNP–CFME
response to H2O2 shows linearity over a large concentration range (10 μM–10 mM) where the response
in the lower concentration range (10 μM–1 mM) is shown in Figure 1b. The sensitivity to H2O2 at the
AuNP–CFME was determined to be 8.4 ± 0.5 pA mM−1 μm−2 (R-square 0.992) in the linear range of
H2O2 concentrations tested (Figure S2). The enzymatic sensor was exposed to glucose concentrations
between 10 μM and 10 mM (Figure S3) to generate a Michaelis–Menten curve revealing a KM for
the biosensor of 0.07 ± 0.03 mM. Typically, enzymes in solution have KM values ranging between
10−1 M (low affinity) and 10−7 M (high affinity) [54]. At lower concentrations of glucose, the sensor
demonstrates a linear response between 10 μM and 100 μM, while the current reached a plateau at
1 mM glucose (Figure 1a). The sensitivity of glucose within the linear range was determined to be
1.9 ± 0.04 pA mM−1 μm−2 (R-square 0.999), which is approximately one quarter the sensitivity of
the response towards H2O2 by the AuNP–CFME, indicating a highly retained enzymatic activity of
the GOx enzyme when immobilized to the sensor surface in this concentration range. The limit of
detection for this biosensor was determined to 10 μM (3σ).
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(a) (b)

Figure 1. (a) A reproducible calibration curve for glucose using the glucose oxidase and gold
nanoparticle modified carbon fiber microelectrode (GOx–AuNP–CFME) (n = 7–10) when recording
the cathodic current at −0.5 V (vs. an Ag/AgCl reference electrode) and normalized the current
response by the total AuNP surface area at each electrode. Inset: the linear detection range of glucose
from 10 to 100 μM. (b) The linear response towards H2O2 by AuNP–CFME (n = 3–6) at the lower
concentration range tested and recording the cathodic current at −0.5 V (vs. an Ag/AgCl reference
electrode). All errors are shown as standard error of the mean.

Since GOx is an extensively used enzyme in biosensor fabrication with many different approaches
for biosensor design, reported values for KM, sensitivity, linear range, and limit of detection for
GOx-based sensors are very heterogeneous, as reviewed by Zaidi and Shin [55], with KM values
ranging between 15 μM and 2 mM, while the sensitivity varies between 10 and 5000 μA mM−1 cm−2

and the limit of detection between 0.07 μM and 4.8 mM. Hence, the values obtained for our sensor fits
well in the range of what has been previously determined for nanostructured glucose sensors.

The specificity of the biosensor for glucose is of importance for possible future in vivo applications
for monitoring, e.g., alterations in glucose metabolism in relation to local neuronal activity. To evaluate
possible common interferences for the sensor in brain tissue, several biologically relevant substances
were tested; the electroactive neurotransmitters dopamine and serotonin, the non-electroactive
neurotransmitters glutamate and acetylcholine, and two other commonly interfering molecules,
ascorbic acid and lactate. Except for lactate which is present at concentrations of approximately
1 mM, these molecules generally occur in low concentrations in the brain tissue environment, typically
in the μM range [56–59], while the average resting concentration of glucose in the human brain during
normoglycemia is around 1 mM [60]. As seen in Figure 2, at 1 mM, none of the tested possible
interferences gave a response greater than 25% of the glucose signal, indicating that interfering species
will not be a limitation for glucose detection during in vivo measurements in the brain.

Figure 2. The resulting cathodic current recorded at −0.5 V and illustrating selectivity by the glucose
oxidase and gold nanoparticle modified carbon fiber microelectrode (GOx–AuNP–CFME) (n = 3–6)
after exposure to different possible interfering analytes in the extracellular brain tissue environment
with concentrations of 1 mM and in the presence of 1 mM glucose. Due to the possibility of analyte
detection also by the carbon at the electrode surface, the signal is not normalized to total Au surface
area. All errors are shown as standard error of the mean.
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To investigate and compare the response time for the sensor to fast local alterations in glucose
and dopamine concentrations, the kinetics of the sensor was tested by exposing the sensor surface to
controlled rapid fluctuations of the two analytes in solution. As schematically displayed in Figure 3,
by placing the tip of a glass micropipette filled with 25 mM glucose and 20 μM dopamine solution
at approximately 30 μm distance from the sensor surface, 500 ms microinjection puffs were applied
toward the electrode surface using a microinjector. Due to the higher sensor sensitivity for dopamine
compared to glucose, the analyte concentrations were adjusted to result in similar peak currents.

Figure 3. A schematic of the experimental set-up for comparing the kinetic response for detection
of glucose (red stars) and dopamine (blue stars) using the glucose oxidase and gold nanoparticle
modified carbon fiber microelectrode (GOx–AuNP–CFME). Here a micropipette filled with a solution
mixture containing dopamine (20 μM) and glucose (25 mM) is placed approximately 30 μm from the
surface of a GOx–AuNP–CFME. Using a microinjector pump, 500 ms puffs of the solution mixture is
injected against the sensor surface placed in buffer solution creating a controlled rapid fluctuation of
the two analytes towards the electrode. By applying a potential of +0.5 V and −0.5 V to the sensor
surface (vs. an Ag/AgCl reference electrode) the dopamine and glucose are amperometrically detected,
through a reduction or oxidation reaction, respectively.

When the electrode was held at −0.5 V, a sharp rise in reductive current was observed as the
puff of analyte solution reached the sensor surface, followed by a current decline to baseline as the
pressure on the micropipette was switched off (Figure 4). The response to dopamine was tested by
puffing the dopamine and glucose containing solution towards the same electrode, while instead
applying a potential of +0.5 V to the electrode surface. The electrode response to dopamine was used
for evaluation of the ability of the sensor to co-detect glucose and dopamine, as well as to compare
the kinetic response for the two analytes. The results show that, in the initial rise of the current peak,
the enzymatically catalyzed reaction of glucose to H2O2, followed by the reduction of H2O2 at the
electrode, is as fast as the direct oxidation of the electroactive dopamine, with rise times (25–75%) of
the peaks of 300 ms for dopamine and 260 ms for glucose. However, the current transient returns to
the baseline faster for glucose than for dopamine. A possible explanation for this observation could
be the higher sensor detection limit for glucose as compared to dopamine, since the concentration of
analyte will quickly decrease as the pressure from the microinjector is switched off, and glucose will
more rapidly reach a concentration that is not detected by the electrode.

In summary, the results from these experiments demonstrate that, by altering the potential
applied to the sensor surface according to the respective redox potential for glucose-derived H2O2

and dopamine, rapid fluctuations of these analytes can be monitored. Even though the sensitivity
for detection of glucose versus dopamine at this sensor scheme is significantly reduced, by limiting
the coating to an ultra-thin enzyme layer during fabrication, the temporal resolution of glucose
concentration fluctuation recordings in solution is comparable to the speed of that for dopamine.
Hence, this sensor design provides a tool for correlating dopamine activity with metabolic glucose
levels at a time scale relevant for neuronal communication. As development of many enzyme-coated
electrochemical biosensors are functionalized with nanomaterials, this methodology can also be applied
for construction of biosensors that aim for dual detection of other fast fluctuating non-electroactive
and electroactive analytes that are involved in neuronal communication.
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(a) (b)

Figure 4. (a) The temporal response for detection of puffing a solution containing 20 μM dopamine
(blue) and 25 mM glucose (red) against the biosensor surface when applying a potential of +0.5 V
and −0.5 V vs. an Ag/AgCl reference electrode, respectively. (b) Normalized detection response of
the dopamine- and glucose-containing solution. The black band indicates the timing for the 500 ms
injection pulse applied to the glass microinjection pipette.

3. Materials and Methods

3.1. Chemical Reagents

Glucose oxidase (type VII) from Aspergillus niger, phosphate-buffered saline tablets (10 mM,
pH 7.2), sulfuric acid, copper sulfate, tetrachloroaurate, serotonin chloride, dopamine chloride, glucose,
lactic acid, monosodium glutamate, acetylcholine chloride, ascorbic acid, ferrocene methanol, tungsten
wire, and hydrogen peroxide were purchased from Sigma-Aldrich (St. Louis, MO, USA). All reagents
used where of reagent grade and used as received. Deionized water (resistivity ≥ 18 MΩ cm) was
used in all experiments.

3.2. Electrochemical Set-Up

Electrochemical measurements, cyclic voltammetry, chronoamperometry, and amperometry were
performed using a two-electrode system with a computer-controlled 1000C Series Multi-Potentiostat
(CH Instruments, Austin, TX, USA) or an Axopatch potentiostat 200B (Axon Instruments, Foster City,
CA, USA). For all experiments, a saturated Ag/AgCl was used as a reference electrode and all
potentials are reported against this reference electrode unless otherwise stated.

3.3. Preparation of a 33 μm CFME

Carbon fiber microelectrodes were prepared by aspirating single 33-μm diameter carbon fibers
(Cytec Engineered Materials, Tempe, AZ, USA) into borosilicate glass capillaries (1.2 mm O.D., 0.69 mm
I.D., Sutter Instrument Co., Novato, CA, USA). The filled capillaries were then pulled to a taper
using a commercial micropipette puller (P-1000; Sutter Instrument Co., Novato, CA, USA) and epoxy
(Epoxy Technology, Billerica, MA, USA) was used to seal the glass-carbon fiber junction of the electrode.
The electrode tips were cut using a scalpel and polished at a 45◦ angle on a diamond dust-embedded
micropipette beveling wheel (Narishige, Inc., London, UK). The electrodes were backfilled with silver
paint or KCl (3 M) and a metal wire (tungsten and silver, respectively) was inserted and used as the
connection to the potentiostat. All electrodes were tested in 1 mM ferrocene methanol by performing
cyclic voltammetry between −0.2 and +0.6 V at 0.1 V s−1 in order to make sure the electrodes where
well-functioning by evaluating their voltammograms prior to each experiment.
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3.4. Functionalization with AuNP

Electrodes were functionalized with AuNP by an electrochemical deposition similar to Finot et al. [51]
with minor alterations. The CFME and an Ag/AgCl reference electrode were immersed in a 0.5 mM
solution of HAuCl4 in 0.5 M H2SO4. A potential of +1.2 V was applied for 10 s followed by a potential
of −0.6 V for 24 s. The AuNP surface area was then measured electrochemically by performing a linear
sweep from +1.4 V (potential held for 5 s) to +0.5 V at a rate of 0.1 V s−1 in 0.5 M H2SO4. Here a Cu/CuSO4

reference electrode was used to avoid chloride contamination. The resulting peak at approximately +0.8 V
was integrated by the inbuilt software in the 1000C Series Multi-Potentiostat (CH Instruments, Austin,
TX, USA) and the obtained charge was divided with a factor of 4.89 pC μm−2 as used by Finot et al. [51].
The electrodes used for further experiments had a total gold surface area of approximately 2000 μm2.

3.5. Immobilization of Enzymes

The tip of each electrode was immersed in a solution containing 2 mg mL−1. Glucose oxidase in
phosphate-buffered saline, (10 mM, pH 7.2) for 2 h at room temperature. After immersion, the tip of
each electrode was washed with deionized water and stored in a solution of phosphate-buffered saline
(PBS) (10 mM, pH 7.2) at 4 ◦C when not used immediately for experiments.

3.6. Characterization of the Glucose Sensor

The detection of glucose was tested using chronoamperometry in PBS. Briefly, a constant potential
where no reaction occurs (at 0 V) was held for a certain time (10 s) and then immediately changed to
−0.5 V where the reduction of the enzymatic product hydrogen peroxide takes place and held constant
until the resulting reduction current had reached a steady state (30 s). A glucose calibration curve was
performed from 10 μM to 10 mM using freshly prepared solutions from a 1 M glucose stock solution
by adding aliquots of 1, 10, and 100 mM to the bulk PBS solution followed by convection induced
by a pipette. The response of the following interferences, acetylcholine, lactate, dopamine, serotonin,
ascorbic acid, and glutamate were tested in a 1 mM concentration in the presence of 1 mM glucose with
the same chronoamperometry method as described above. The AuNP-modified CFME response to the
enzymatic product hydrogen peroxide was performed using the same method and concentrations as
for the glucose calibration. Statistical analysis and enzyme kinetic parameters where analyzed using
GraphPad Prism 7 (La Jolla, CA, USA).

For the kinetic characterization, a micropipette (o.d. 1 mm, i.d. 0.78 mm, with filament; Harvard
Apparatus, Holliston, MA, USA) was pulled on a commercial filament puller (P-1000; Sutter Instrument
Co., Novato, CA, USA) and back-filled with a solution containing 20 μM dopamine and 25 mM glucose
in PBS. The pipette was placed together with a glucose sensor in a dish containing PBS on an Olympus
IX-71 microscope (Olympus, Melville, NY, USA). Hydraulic micromanipulators (MHW-3, Narishige,
Tokyo, Japan) were used to position the pipette approximately 30 μm away from the electrode surface.
A potential was applied at the electrode vs. a silver/silver chloride reference electrode (World Precision
Instruments, Inc., Sarasota, FL, USA) also placed in the dish. A commercial patch-clamp instrument
(Axopatch 200B; Axon Instruments, Foster City, CA, USA) was used to control the potential at the
working electrode, +0.5 V for the detection of dopamine, while a negative potential of −0.5 V was
applied to detect the enzymatic product hydrogen peroxide. Pressure was applied to the back of
the pipette (Picospritzer II; General Valve Instruments, Fairfield, NJ, USA) to create a 500 ms puff of
solution towards the electrode, resulting in a peak in either reductive or oxidative current depending
on the applied potential. The current, digitized at 5 kHz, was displayed in real time (AxoScope 8.1;
Axon Instruments, Union City, CA, USA) and stored digitally. The peaks were analyzed in Igor Pro
6 (Version 6.2.2.0; WaveMetrics, Lake Oswego, OR, USA) using an Igor Procedure File designed for
analysis of quantal release by the group of David Sulzer [61].

Supplementary Materials: The following are available online at www.mdpi.com/2073-4344/8/1/34/s1, Figure S1:
Cyclic voltammetry of a CFME–AuNP in PBS buffer (black) 5 mM H2O2 (red) and 10 mM H2O2. The voltammogram
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shows that H2O2 is reduced at potentials below −0.25 V and that no oxidation reaction occurs involving H2O2 when
potential +0.5 V is applied. Figure S2: The AuNP–CFME response to H2O2 shows linearity over a large concentration
range (10 μM–10 mM) and display a sensitivity of 8.4 ± 0.5 pA mM−1 μm−2. Figure S3: The GOx–AuNP–CFME
response to glucose for the whole concentration range tested (10 μM–10 mM).
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Abstract: A novel immobilization matrix for the entrapment of viable whole-cell Baeyer–Villiger
monooxygenase was developed. Viable recombinant Escherichia coli cells overexpressing cyclohexanone
monooxygenase were entrapped in polyelectrolyte complex beads prepared by a two-step reaction of
oppositely-charged polymers including highly defined cellulose sulphate. Immobilized cells exhibited
higher operational stability than free cells during 10 repeated cycles of Baeyer–Villiger biooxidations of
rac-bicyclo[3.2.0]hept-2-en-6-one to the corresponding lactones (1R,5S)-3-oxabicyclo-[3.3.0]oct-6-en-3-one
and (1S,5R)-2-oxabicyclo-[3.3.0]oct-6-en-3-one. The morphology of polyelectrolyte complex beads was
characterised by environmental scanning electron microscopy; the spatial distribution of polymers in the
beads and cell viability were examined using confocal laser scanning microscopy, and the texture was
characterised by the mechanical resistance measurements.

Keywords: polyelectrolyte complex beads; environmental scanning electron microscopy; confocal laser
scanning microscopy; Baeyer-Villiger biooxidation; cyclohexanone monoxygenase; immobilization;
viable whole-cell biocatalyst

1. Introduction

The immobilization of viable whole-cell biocatalysts has long been considered an important
method for ensuring their recyclability and stabilisation for the development of the industrial
production of chemical specialities and chiral drug precursors [1]. In particular, the combination of
viable recombinant cells with overproduced enzymes and their immobilization facilitates recyclability
and renders possible a continuous bioreactor arrangement with high application potential [2].

One of the validated techniques for immobilizing viable recombinant cells is their encapsulation in
polyelectrolyte complex (PEC) capsules, which afforded promising results in the previous development
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of encapsulated viable whole-cell biocatalysts [3–5]. PEC capsules have been produced by a single-step
polyelectrolyte complexation of oppositely-charged polyanion (PA) aqueous solutions consisting of
cellulose sulphate (CS), high-viscosity sodium alginate and living bacterial cells with a polycation
solution of poly(methylene-co-guanidine) (PMCG), CaCl2 as gelling and NaCl as antigelling agents [6].
PA microdrops have been air-stripped by a coaxial nozzle into a polycation solution flowing in
a multiloop chemical reactor for the preparation of spherical and monodispersed PEC capsules [7].
This encapsulation protocol preserved the high viability of the encapsulated recombinant Escherichia coli
(E. coli) cells with overproduced ezymes from the group of Baeyer–Villiger monooxygenases (BVMOs)
as well as their long-term storage and operational stability [4,8–10].

The development of encapsulation techniques, including the PEC capsules, has progressed
towards a precise and targeted characterisation of the morphology, physicochemical properties
of capsules, biocompatibility and their changes over time, using the latest techniques [11,12]
for applications in biotechnology and medicine. Additionally, there is also an increased effort to
optimise immobilization by predicting and modelling the bioengineering parameters of potential
industrial processes [13]. On the other hand, current practice in industrial applications of immobilized
biocatalysts [14] does not entail the consistent characterisation of the immobilization procedure and
influence over the geometry, size, stability of composition, mechanical and diffusion properties
of immobilized cell particles. This could lead to an incomplete knowledge of the immobilization
parameters and methods for their control as well as the unsubstantiated exclusion of promising
immobilization techniques for industrial use. The current development and production of tailor-made
CS is crucial for further research into innovative and improved PEC capsules [15]. Parameters such as
the origin of cellulose, molecular weight (MW), viscosity and degree of substitution (DS) of the CS
significantly influence the successful formation of PEC capsules. Hence, the selection of commercial,
tailor-made CS by the process described in [15], which, to the best of our knowledge, alone meets the
latter scientific requirements, is essential for the encapsulation of cells. Although the production of PEC
capsules with semipermeable membranes has been useful for the development of viable whole-cell
biocatalysts under laboratory conditions, it entails a relatively complex encapsulation procedure and
considerable consumption of PMCG and washing solutions using a continuous, one-step protocol.
In addition, for more robust uses, PEC capsules with immobilized whole-cell biocatalysts have proved
to be fragile during intensive mixing [10], and it was necessary to use fluidised-bed bioreactors [5]
or mini packed-bed reactors with a low flow-rate [9]. Hence, it is desirable to develop protocols for the
preparation of PEC beads with enhanced mechanical properties, with a lower consumption of PMCG
and washing solutions, and with a simpler cation immobilization procedure.

The present work sought to develop PEC beads with entrapped viable cells complexed in the
whole volume of the beads. Another aim was the use of imaging techniques to characterise the
morphology of PEC beads and cells in the native state, the spatial distribution of the polymer within
PEC beads and the mechanical resistance of the PEC beads. Viable recombinant E. coli (Escherichia coli)
cells overproducing cyklohexanone monooxygenase (CHMO) from the group of BVMOs were used as
a model biocatalyst in this study. Currently, there is increased interest in research into novel enzymes
and the industrial applications of BVMOs, as they catalyse the enantioselective BV biooxidation
of a wide range of cyclic ketones to the corresponding lactones as chiral precursors of natural and
bioactive compounds as well as potential drugs [16–19]. The study also sought to determine the
operational stability of PEC beads with immobilized recombinant E. coli cells with CHMO during
repeated Baeyer–Villiger (BV) biooxidations as well as the influence of repeated biotransformations on
the viability of cells.

131



Catalysts 2017, 7, 353

2. Results and Discussion

2.1. Production of PEC Bads with Immobilized E. coli Containing CHMO

The development of PEC beads was performed following a modified protocol originally developed
for the one-step encapsulation of viable E. coli cells with overproduced BVMO in PEC capsules [4,9].
In the present work, PEC beads were prepared by a two-step procedure. This included the gelation
of PA microdrops with cells in a solution of CaCl2 in the first step followed by polyelectrolyte
complexation with PMCG in the second step, and finally washing in a physiological saline solution.
This immobilization protocol resulted in less stringent and simpler conditions including higher utility
and approximately a 2-fold decrease in the consumption of expensive PMCG and washing solutions for
the preparation of immobilized viable E. coli with CHMO as compared with the PEC capsules previously
used [9]. Use of the two-step procedure for the preparation of PEC beads led to an approximately
one-third cost reduction as compared with the previous production of PEC capsules. Irrespective of this,
a narrow size distribution of PEC beads of 0.64 ± 0.03 mm (Figure 1), high cell viability as well as higher
operational stability of immobilized cells than in free cells was achieved, as detailed subsequently.

Figure 1. Photomicrography of uniform polyelectrolyte complex (PEC) beads with entrapped
recombinant E. coli (Escherichia coli) cells with overexpressed cyklohexanone monooxygenase (CHMO).
The immobilization yield was 100%. The scale bar is 1 mm.

2.2. Suitability of Cellulose Sulphate

The selection of suitable CS as the polyanion component is the key to polyelectrolyte complexation
with the PMCG polycation, which is crucial for the integrity, mechanical and chemical resistance and
biocompatibility of PEC beads. CS with a DS of 1.45 and a molecular weight of 400,000 g/mol–
500,000 g/mol was used for the preparation of the PEC beads using a two-stage procedure including
gelation and complexation steps. The substitution did not apparently depolymerise the cellulose, because
the DS of 1.45 was in good agreement with the increase in MW of the starting cellulose (254,700 g/mol).
The crystallinity index of the bleached kraft pulp (BKP) CrI of 50 ± 3%, determined by the method
developed by [20] showed a relatively high proportion of the amorphous phase distorted by the
supra-molecular structure of the starting cellulose. If a similar crystallinity is exhibited by the spruce
sulphite pulp (SSP) used in this work, a relatively high proportion of the amorphous phase should afford
a more homogeneous distribution of substitution in the over-molecular cellulose structure. The amorphous
phase also affords the availability of the polycations (PMCG) forming the PEC complex as well as better
permeability of substrates and products for a biocatalytic reaction in that part of PEC beads in which the
CS is incorporated.
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2.3. Repeated Biotransformations Using Immobilized Cells

Stabilisation of the high enzyme activity of cells to achieve the maximum substrate conversion in
repeated biotransformation cycles is one of the most important parameters in respect of the profitability
of immobilized whole-cell biocatalysts [1]. At the same time, when using live cells, the need to maintain
the highest degree of cell viability is also important. Over the course of 10 repeated BV biooxidations
of bicyclo[3.2.0]hept-2-ene-6-one to regioisomeric lactones (1R,5S)-3-oxabicyclo-[3.3.0]oct-6-en-3-one
and (1S,5R)-2-oxabicyclo-[3.3.0]oct-6-en-3-one, a high and stable conversion rate was observed using
E. coli cells with CHMO immobilized in PEC beads (Figure 2). For up to 8 cycles, conversion rates
of 100–93 ± 4% were achieved. After the 9th and 10th cycles, decreases to 85 ± 6% and 65 ± 5%,
respectively were observed. In contrast with these findings, unprotected free cells exhibited a distinct
decrease of 85 ± 6% in substrate conversion of the BV biooxidation in the 4th cycle, which showed
a steady decline to 48 ± 6% in the 10th cycle. Cell stabilization within mild and physiological
microenvironment of the PEC beads may contribute to higher stability of immobilized cells and
delayed their deactivation compared to free cells (Figure 2).

Figure 2. Conversion of bicyclic substrate to enantiomerically pure lactones using free and PEC
immobilized E. coli cells containing CHMO enzyme catalysing Baeyer–Villger BV biooxidation.
The graph shows the conversion rate in reaction time of 120 min. PEC: polyelectrolyte complex;
BV: Baeyer–Villiger.

2.4. Morphology of PEC Beads

To investigate the morphology of the PEC beads, the confocal laser scanning microscopy
arrangement described in the previous section was used (Figure 3). The beads contained Rhodamine
123 and Eosin Y as fluorescent tracer dyes of a concentration of 10−6 mol/L and were incubated
for 15−30 min. These two non-covalently bound fluorescent tracer dyes were employed to monitor
the distribution of the residual opposite charge within the PEC microcapsule [21]. Anionic Eosin Y
(Figure 3A) was predominantly localised in the outer region of the PEC bead, and its concentration
dropped sharply towards the bead interior. On the other hand, cationic Rhodamine 123 (Figure 3B)
was observed in the entire volume of the PEC bead, with a higher intensity at the outer region and
a lower intensity in the centre. Unlike in the previous study on polyelectrolyte capsules [21], no specific
layers or internal structures were observed in the present study. It is worth noting that the spatial
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distribution of the fluorescence reflects the concentration of the dye molecules, corresponding to the
residual free-charged groups of the matrix, rather than the spatial distribution of polymer components
in the bead.

Figure 3. Image of PEC beads obtained by confocal laser scanning microscopy. Visualisation of the
spatial distribution of fluorescence of Eosin Y (A) and Rhodamine 123 (B); Profiles of fluorescence
intensity distribution, estimated along the white line for the respective tracer dye (C,D).

2.5. Cell Viability

Cell viability prior to and after biotransformation was measured by the intake of PI by the necrotic
cells [8]. The viability of immobilized cells of E. coli with CHMO under different conditions and after
10 repeated biotransformation cycles (Figure 4) was evaluated. The viability in all cases remained
within an 85−95% range.

Figure 4. Viability of recombinant E. coli cells with CHMO in different preparations. 1: PEC beads
after 10 biotransformation cycles; 2: PEC beads prior to biotransformations; 3: free cells after
10 biotransformation·cycles; 4: free cells prior to biotransformations.
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The high viability of cells immobilized in PEC beads was identical with that of free cells prior to
biotransformations. This demonstrates the excellent biocompatibility of the novel PEC beads and
their ability to preserve the physiological microenvironment for immobilized cells. At the same
time, the nontoxicity of the PEC complex with CS in capsules [22] was also confirmed in the PEC
beads developed in the present work. In addition, the high cell viability which did not vary
after 10 biotransformation cycles demonstrates the preservation of the physiological conditions for
immobilized cells during biotransformations.

2.6. Environmental Scanning Electron Microscopy (ESEM)

The PEC beads with and without E. coli cells showed a very regular spherical shape with
a relatively smooth surface free from cracks and corrugations that was maintained after repeated
biotransformations (Figure 5A–C). E. coli cells in their native state covered with a very thin liquid
layer of a solution are shown in Figure 5D. The PEC bead microstructure was significantly improved
compared with the microstructure described in a previous study, where the roughness of the PEC
capsule surface with Gluconobacter oxydans cells was higher [5]. A slight wrinkling of the PEC bead
surface without cells is commonly formed during polyelectrolyte complexation (highlighted by white
dashed arrows in Figure 5A). In all cases, good roundness and bead regularity as well as low size
distribution were demonstrated using ESEM. A slightly blurred image of E. coli cells partially covered
by a small layer of the solution exhibited the unique possibility to depict fully wet cells in their
native state using the ESEM AQUASEM II (Figure 5D) equipped with custom-built detectors of signal
electrons with a very high detection efficiency [23]. A lower quality of this image was caused by the
unprocessed state of these live cells, depicted without the use of any preparation technique such as
chemical fixation, drying or metal coating [24] as well as their imaging under a very low beam current
and a relatively high pressure of water vapour in the specimen chamber of the ESEM.

Figure 5. Microstructure of PEC bead surface free from cells (A), PEC bead with 10% (w/v) of
wet E. coli cells prior to biotransformations (B), PEC bead with 10% (w/v) of wet E. coli cells after
10 biotransformation cycles (C), free live E. coli cells (D) in aqueous solution of phosphate buffer
recorded by environmental scanning electron microscopy (ESEM) AQUASEM II with highlighted
circularity and diameter measurement (black lines). The surface corrugation is due to cells clustering
(A, white dashed arrow). The scale bar indicates 200 μm in (A–C) and 2.5 μm in (D).
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2.7. Mechanical Resistance

Figure 6 depicts a typical course of the force during measurement of the mechanical resistance
of PEC beads. The point marked by the arrow represents the bursting force required for mechanical
disruption of the PEC bead. The average bursting force of PEC beads with entrapped cells prior
to biotransformations was 0.95 ± 0.04 g/bead, which was close to the average bursting force of
1.16 ± 0.26 g/bead obtained for PEC beads after 10 biotransformation cycles. Practically the same
mean values of bursting force prior to and after biotransformations showed that the mechanical
strength of the PEC complex in the beads was not influenced either by mechanical forces induced by
mixing or the sequestering agents such as phosphate buffer present in the reaction media.

Figure 6. Time evolution of compression force applied onto a single PEC bead with immobilized cells
after the 10th biotransformation cycle, measured during mechanical resistance test. The arrow indicates
the moment of bead disruption.

It is also important to note that the PEC complex found throughout the volume of PEC beads
provides additional mechanical resistance to the cells compared with the previously reported PEC
capsule which contains the PEC membrane and the liquid core [25]. This can be seen in the course of
the compression force where, after the disruption of a PEC bead at the point indicated by the arrow,
a small decrease in the force occurred, followed by an increase in the bead resistance. On the other
hand, the bursting of the PEC capsule observed previously [25] was followed by a sharp drop in force
caused by the immediate and irreversible PEC capsule collapse.

3. Materials and Methods

3.1. Characterisation Polymers

High-viscosity, high-mannuronic acid sodium alginate from ISP Alginate (Girvan, UK) with
the following chemical composition (determined by 1H NMR) was employed: fraction of alginate
consisting of guluronic acid FG = 0.41, fraction of alginate consisting of mannuronic acid FM = 0.59;
fractions of alginate consisting of dimers and trimers of gluronic acid (G) and mannuronic acid
(M): FGG = 0.21, FGM = FMG = 0.20, FMM = 0.39; FGGM = FMGG = 0.03, FMGM = 0.18, FGGG = 0.18,
NG>1 = 8. PMCG from Scientific Polymer Products Inc. (Ontario, NY, USA), supplied as a 35% (w/v)
aqueous solution, was lyophilised prior to use. The fluorescent tracer dyes Rhodamine 123 and
Eosin Y were obtained from Acros Organics (Geel, Belgium). Water-soluble CS with the required DS,
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dynamic viscosity and MW was provided by Senova Biotechnologieunternehmen (Weimar, Germany).
The derivative was prepared in accordance with the literature by the homogeneous conversion of
spruce sulphite pulp (MWCuen 254, 700 g/mol from Borregaard ChemCell, Sarpsborg, Norway)
with SO3-pyridine complex in the ionic liquid 1-butyl-3-methylimidazolium chloride (BMIMCl) with
N,N-dimethylformamide as a dipolar aprotic co-solvent in order to improve the miscibility of the
reaction mixture [15]. The final product had a DS of 1.45 and a dynamic viscosity of 15.6 mPa·s in 0.9%
NaCl aqueous solution. The viscosity average molecular weight of around 500,000–600,000 g/mol
corresponds to the weight average molecular weight of CS in the range from 310,000 to 460,000 g/mol
determined by size exclusion chromatography [15]. These values were similar to those of the starting
cellulose of 254,700 g/mol [15]. Sharp peaks characteristic of CS originating from sulphate groups
were observed at 1256 cm−1 (δ SO2) and 805 cm−1 (δ SO).

A Flash 2000 CHNS/O Analyser (Thermo Fisher Scientific, Waltham, MA, USA) was used for
elemental analyses. The DS was calculated from the elemental composition as described in the
literature [15]. Size exclusion chromatography (SEC) of CS was performed on a JASCO system (PU-980
isocratic pump, RI-930 refractive index detector, Suprema guard column and columns (100 Ǻ, 1000 Ǻ,
3000 Ǻ, in series) with 1 M Na2HPO4 (pH = 9, 200 mg/L NaN3) as eluent (flow-rate: 1 mL/min,
sample, concentration: 0.5 mg/mL). A viscometer (Brookfield Programmable DV-II+ Instrument,
Middleboro, MA, USA) equipped with Thermostat Julabo F12 (Seelbach, Germany) was employed
to determine the dynamic viscosity of CS solutions in an 0.9% NaCl aqueous solution. The viscosity
average molecular weight of CS was determined from the intrinsic viscosity in 0.5 M NaCl at 25 ◦C
(Mark Houwink parameters: α = 0.94, K = 6.37·10−6 mL/g) in accordance with the literature [26].
Fourier-transform infra red (FTIR) spectra were measured using a Nicolet 6700 spectrometer (Thermo
Fisher Scientific, Waltham, MA, USA) equipped with DTGS detector and Omnic 8.0 software (Thermo
Fisher Scientific, Waltham, MA, USA). The spectra were collected in the range from 4000 cm−1 to
400 cm−1 at a resolution of 4 cm−1; the number of scans was 128. Diamond Smart Orbit ATR accessory
was applied to solid-state measurements.

3.2. Cultivation of Cells

Cell stocks of E. coli overexpressing CHMO (EC1.14.13.22) from Acinetobacter calcoaceticus
NCIMB 9871 were stored at −80 ◦C. The recombinant E. coli strain was kindly donated by
Prof. Marko D. Mihovilovič (TU Vienna, Austria). Cells, streaked at LBamp agar Petri dish containing
10 g/L of peptone, 5 g/L of yeasts extract, 10 g/L of NaCl, 15 g/L of agar and 0.2 g/L of ampiciline,
were cultivated in an incubator at 37 ◦C to afford colonies of approximately 1 mm size. A single colony
from LBamp agar was inoculated to a 10 mL of LBamp medium in an Erlenmayer flask and allowed
to grow at 37 ◦C in an orbital shaker at 150 rpm for 12 h. 1% of the inoculum (v/v) was pipetted into
a TBamp medium and cultivated at 37 ◦C in an orbital shaker at 150 rpm for 12 h. The addition of
isopropyl β-D-1-thiogalactopyranoside (IPTG) to the final concentration of 0.25 mM to the medium,
during shaking at 25 ◦C in an orbital shaker at 200 rpm for 2 h, induced the synthesis of CHMO
enzyme. The biomass was separated from the medium by centrifugation at 15 ◦C and 4000× g for
15 min and used for biotransformation experiments and immobilization.

3.3. Preparation of Polyelectrolyte Complex Beads

A suspension of cells was prepared in a solution of 1.8% (w/v) of PA consisting of 0.9% (w/v) of
sodium alginate and 0.9% of CS in 0.9% (w/v) NaCl at pH = 7 to the final concentration of 10% of wet
cells. The PA solution with the cells was added dropwise into a stirred gelation solution of 1.0% (w/v)
of CaCl2 using a custom-made coaxial air-stripping extrusion device. The time of gelation was 10 min
and the collection time was 1 min. Subsequently, the prepared beads were separated from the gelation
medium and transferred into a stirred solution containing 1.8% (w/v) of PMCG and 0.9% (w/v) of NaCl
at pH = 7 for 10 min in order to undergo polyelectrolyte complexation. The polyelectrolyte complex
beads were washed with 0.9% (w/v) of NaCl and used in biotransformation.
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3.4. Repeated Biotransformations

PEC beads with immobilized cells (10% w/w) and free E. coli cells were transferred into
a reaction medium containing 50 mM phosphate buffer (pH = 7), 0.2 g/L of ampiciline and 4 g/L of
glucose. Model Baeyer–Villiger biooxidation resulting in the production of lactone regioisomers
(1S,5R)-2-oxabicyclo[3.3.0]oct-6-en-3-one and (1R,5S)-3-oxabicyclo-[3.3.0]-oct-6-en-2-one [27] was
initiated by the addition of substrate rac-bicyclo[3.2.0]hept-2-en-6-one in ethanol (volume ratio 1:9) to
the reaction medium to a final concentration of 0.5 g/L. The reaction conditions were 25 ◦C and 150 rpm
in an orbital shaker. Substrate and produced lactones in samples were extracted in dichlormethane
with methyl benzoate as internal standard (0.5 mg/mL) and analysed using gas chromatography as
reported previously [9]. After each biotransformation, the PEC beads containing cells, and the free
cells, were separated from the reaction medium by filtration (encapsulated cells) or centrifugation
(free cells), washed with a substrate-free medium and subjected to another biotransformation cycle.

3.5. Confocal Laser Scanning Microscopy

The internal structure of the PEC beads was characterised using confocal laser scanning
microscopy (CLSM). Images of the PEC beads were recorded simultaneously in transmission, reflection
and fluorescence modes using a laser scanning microscope head LSM 510 META on Axiovert 200M
stand (both from Carl Zeiss, Jena, Germany). A Zeiss PlanApochromat 10x/0.45 lens was used to
visualise the whole beads. Laser lines of 488 nm for Rhodamine 123 and 543 nm for Eosin Y were used
for excitation. Two channels with band-pass filter 500–550 nm for detection of the reflected light and
a long-pass filter LP 560 nm were used for fluorescence.

3.6. Cell Viability

The CLSM confocal laser scanning microscopy system described for the investigation of the PEC
bead structure was also used for cell viability imaging. Cells necrosis was detected using fluorescence
of propidium iodide by LSM 510 META NLO microscope (Carl Zeiss, Jena, Germany) equipped with
the C-Apochromat 40xW/corr water immersion objective. Viability of the encapsulated cells was
determined after mild disruption of the beads in a test tube. The mixture was carefully stirred so
as to ensure that the remains of beads did not affect the measurement. The cells were incubated for
10 min with 1 μM of propidium iodide (PI). Fluorescence was initiated by the 543 nm line of HeNe
laser and an LP 560 nm long-pass emission filter was used for PI fluorescence detection. The cell
viability was evaluated as a ratio of the number of the surviving bacterial cells to the total number of
bacterial cells. The number of viable bacterial cells was calculated as the difference between the total
number of bacterial cells and the number of necrotic cells identified by propidium iodide fluorescence.
The total number of cells was counted from the respective transmission image in accordance with the
literature [8].

3.7. Environmental Scanning Electron Microscopy

Due to the very high sensitivity of PEC beads to electron beam irradiation resulting in
radiation damage and a high risk of surface dehydration, images of the beads were recorded under
conditions of carefully controlled and very slowly reduced relative humidity (from 100% to 90%) in
a specimen chamber of the ESEM AQUASEM II developed by the group of Environmental Electron
Microscopy (ISI ASCR in Brno, Czech Republic) in cooperation with TESCAN (Brno, Czech Republic).
A sophisticated hydration system with heated needle valve (35 ◦C) was used as an additional water
supply in the microscope. PEC beads and E. coli cells were observed in a small droplet of aqueous
solution of 50 mM phosphate buffer (pH = 7), ampicillin 0.2 g/L and glucose 4 g/L, at a reduced beam
accelerating voltage of 10 kV and very low beam current of 30 pA. A specially modified ionisation
detector of secondary electrons [28] affording a low beam current observation with a large field of
view (up to 850 μm) was used.
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3.8. Mechanical Strength

The mechanical properties of the PEC beads were determined in compression mode using
a Texture Analyser TA-XT2i (Stable Micro Systems, Godalming, UK) equipped with a mobile probe
and Texture Expert Exceed 2.64 software (Stable Micro Systems, Godalming, UK). Compression
measurements were conducted at a compression speed of 0.5 mm/s to the point at which 95% of
50 PEC beads per batch were deformed. The bursting force is the result of this compression test.

4. Conclusions

This work focused on the development of an immobilization procedure providing PEC beads for
the entrapment of viable recombinant E. coli cells with overexpressed cyclohexanone monooxygenase.
Uniform and stable PEC beads were successfully produced by a two-step procedure including
ionotropic gelation and polyelectrolyte complexation. The PEC beads were prepared under less
stringent conditions with a lower consumption of polycation and washing solutions than for the PEC
capsules previously used. These characteristics are highly advantageous for a potential production
scale-up of Baeyer–Villiger biooxidations using entrapped viable cells. Accordingly, it was important
that the performance of cells entrapped in PEC beads for a model Baeyer–Villiger biooxidation,
expressed as their operational stability, was enhanced over that of free cells. The PEC beads
preserved high cell viability and enabled faster and more precise handling with cells during repeated
Baeyer–Villiger biooxidations. Further studies using environmental scanning electron microscopy
confirmed the stability of the dimensions and the sphericity of the PEC beads. In addition, both the
surface morphology and the mechanical resistance of the PEC beads remained unchanged prior to and
after biotransformations.
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Author Contributions: Tomáš Krajčovič performed experiments, analyzed data and wrote the paper; Marek Bučko
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3. Bučko, M.; Vikartovská, A.; Lacík, I.; Kolláriková, G.; Gemeiner, P.; Pätoprstý, V.; Brygin, M. Immobilization of
a whole-cell epoxide-hydrolyzing biocatalyst in sodium alginate-cellulose sulfate-poly(methylene-co-guanidine)
capsules using a controlled encapsulation process. Enzyme Microb. Technol. 2005, 36, 118–126. [CrossRef]
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24. Tihlaříková, E.; Neděla, V.; Shiojiri, M. In Situ study of live specimens in an environmental scanning electron
microscope. Microsc. Microanal. 2013, 19, 914–918. [CrossRef] [PubMed]

140



Catalysts 2017, 7, 353
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Abstract: Planococcus sp. S5, a Gram-positive bacterium isolated from the activated sludge is known
to degrade naproxen in the presence of an additional carbon source. Due to the possible toxicity
of naproxen and intermediates of its degradation, the whole cells of S5 strain were immobilized
onto loofah sponge. The immobilized cells degraded 6, 9, 12 or 15 mg/L of naproxen faster than the
free cells. Planococcus sp. cells immobilized onto the loofah sponge were able to degrade naproxen
efficiently for 55 days without significant damage and disintegration of the carrier. Analysis of
the activity of enzymes involved in naproxen degradation showed that stabilization of S5 cells in
exopolysaccharide (EPS) resulted in a significant increase of their activity. Changes in the structure
of biofilm formed on the loofah sponge cubes during degradation of naproxen were observed.
Developed biocatalyst system showed high resistance to naproxen and its intermediates and degraded
higher concentrations of the drug in comparison to the free cells.

Keywords: whole-cell immobilization; loofah sponge; Planococcus sp. S5; naproxen

1. Introduction

In recent years more attention has been paid to the presence of various medicines in the natural
environment. One of them is naproxen (2-(6-methoxy-2-naphthyl)propionic acid) which belongs to the
group of polycyclic Non-Steroidal Anti-Inflammatory Drugs (NSAIDs). This drug is not metabolized
in human body and the sewage treatment plants are not adapted to its utilization. Therefore, naproxen
has been releasing into the natural environment in an unchanged form for over 40 years. Due to its
continuous accumulation in the environment, naproxen is now one of the most frequently detected
drug in surface and drinking water (concentration in the range 0.01–2.6 μg/L) [1–3].

The most efficient methods for naproxen removal from the environment are based on the
physicochemical processes. However, the biggest disadvantage of these methods is generation
of products with greater toxicity than the drug itself and formation of free radicals that directly
damage biological structures [3–6]. The use of microorganisms in naproxen utilization brings many
benefits. Bioremediation is based on the capabilities of selected microorganisms for accumulation,
transformation, detoxification or degradation of pollutants. This technology is environmentally
friendly, cheap and effective [7–9].

During application of microbial cells in bioremediation processes, extremely important is their
immobilization. It allows increasing microbial degradation capacity, extends viability and catalytic
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activity of cells introduced into bioremediation systems as well as increases the chances of microbial
cells survival and adaptation to changing environment. In immobilization process, microbial cells are
trapped in polymeric gels (entrapment, encapsulation) or on the surface of various carriers (adsorption,
electrostatic or covalent binding on the surface). However, the main disadvantages of immobilization
are: limitation of diffusion, leakage of cells into the medium or lowering their catalytic functions
depending on the binding compounds used. Recently, immobilization based on the natural ability of
some microorganisms to biofilm formation on the surface of various carriers is gaining more attention.
Through the existence of many microenvironments in the biofilm, cells are less vulnerable to changing
environmental conditions. Created in this way stable matrix is also characterized by a high degree of
heterogeneity in which microbial cells are protected against anti-bacterial agents and bacteriophages
and are able to degrade contaminants at higher concentrations [8,10,11].

From an economic point of view, the carrier and the procedure for immobilization of
microorganisms should be cheap. Therefore, natural and organic carriers are widely used in
bioremediation processes [8,12]. These biodegradable and biocompatible supports are characterized
by hydrophilic surface on which many functional groups are located. Among these natural carriers,
particular attention is paid to the group of lignocellulolistic plant materials. One of them is loofah
sponge derived from the dry mature fruit of Luffa aegyptiaca, grown in most subtropical and tropical
regions. This sponge is composed of an open network of fibres that form the skeleton of the fruit. The
main advantages of this material are its high porosity, low price, non-toxicity, simple application and
operation technique and high mechanical resistance [13–15].

The present work is a continuation of studies on bacterial degradation of NSAIDs. Our previous
study showed the ability of Gram-positive Planococcus sp. S5 to catalyse naproxen degradation under
cometabolic conditions [2]. The aim of this study was to investigate the effect of immobilization of
Planococcus sp. S5 cells on the loofah sponge on degradation processes. The degradation capacity of
the developed biocatalyst at various concentrations of naproxen and its reusability were examined.
To investigate how immobilization affected degradation activity of S5 strain, the activity of enzymes
involved in naproxen utilization was examined. Additionally, visualization of biofilm formed on the
surface of the carrier and its changes during drug degradation was performed. This is the first report
about degradation of naproxen by immobilized bacterial cells. Moreover, the results of these studies
enable evaluation of potential application of tested strain in bioremediation systems.

2. Results and Discussion

2.1. Immobilization of Planococcus sp. S5 on Loofah Sponge

The natural ability of some microorganisms to colonize surface of porous materials is a key
feature for efficient immobilization. At the beginning, process of cells attachment to the surface is
reversible and cells may be easily removed from the carrier by washing. In the second phase, cells
which synthesize extracellular polymeric substances bind to the surface of the carrier with such a
force that more invasive process is needed to remove them. Taking into consideration stability of the
constructed biocatalyst, it is desirable that the formed biofilm should be strongly bound to the carrier.
This feature depends on the species of the microorganism and the type of the surface. Additionally,
selection of proper conditions of immobilization can improve the quality of biofilm [16–18]. To verify
the quality of biofilm formed by S5 strain, which corresponds to its catalytic functions, its physiological
state was evaluated by determination of its ability to hydrolyse fluorescein diacetate by non-specific
esterases produced by alive bacterial cells (total enzymatic activity). This assay was chosen due to its
simplicity, short incubation time (1 h) and possibility of spectrophotometric determination of the data.
What is more important, the test used is correlated with other bacterial indicators such as an amount
of biomass or adenosine triphosphate (ATP) and the oxygen consumption [19,20].

Selection of the optimal conditions for immobilization of the whole bacterial cells by their
adsorption on the surface is an extremely important in designing of biocatalyst systems. Due to
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the diversity of bacteria, optimization should be carried out for each immobilized strain. Strain
Planococcus sp. S5, which was isolated from the activated sludge from a sewage treatment plant
in Bytom Miechowice (Poland), was able to degrade aromatic compounds like salicylate, benzoate,
hydroxybenzoate and dihydroxybenzoate and phenol [21,22]. However, this is the first report regarding
its immobilization and one of a few on the ability of biofilm formation by bacteria from Planococcus
genus [23].

Procedure of Planococcus sp. S5 immobilization on the loofah sponge through its adsorption
on the surface was developed by optimizing each parameter to obtain the highest amount and
enzymatic activity of immobilized microorganisms. Immobilization of S5 cells on the loofah sponge
was the most effective in mineral salts medium (pH 7.2), in the presence of glucose and manganese
salt, during bacteria incubation with shaking (90 rpm) at 30 ◦C. The effect of the growth phase on
immobilization process was also observed. The best results were obtained for a culture at stationary
phase. Immobilization of S5 strain was also more efficient during the osmotic stress caused by a higher
concentration of NaCl (19 g/L) and at high number of cells in the medium (initial OD600 equal to 1.2)
(Figure S1).

It has been proven that limitation of carbon source in the medium stimulates biofilm formation by
Bacillus subtilis by activating the Spo0A transcription factor [24]. This mechanism enables survival and
proliferation of bacteria during nutrient deficiency at which growth in the form of planktonic cells
is impossible. On the other hand, Staphylococcus aureus and Staphylococcus epidermidis form biofilms
only when glucose is present in the medium because it is necessary for the synthesis of adhesins [25].
Therefore, since S5 strain is not spores producing bacterium [21], efficient immobilization in the
presence of glucose probably resulted from synthesis of adhesins which are involved in attachment of
cells to the carrier. Bacteria of genus Planococcus are known to be moderately halophilic [26–28]. Recent
research [23] shows that osmotic stress favours the formation of biofilm by Planococcus rifietoensis
by increasing production of exopolysaccharides (EPS), which additionally improves water holding
capacity at higher salt concentrations.

The developed method of S5 strain immobilization on the loofah sponge resulted in
0.0191 ± 0.0022 g of Planococcus sp. S5 cells (dry mass) immobilized on each loofah cube, able
to hydrolysis of 23.88 ± 1.06 μg of fluorescein diacetate during 1 h (total enzymatic activity) (Figure 1).
Results for fluorescein diacetate hydrolysis and fluorescein adsorption by unimmobilized loofah cubes
were not statistically significant.

 
a  

 
b  

Figure 1. Loofah sponges cubes after total enzymatic activity assay; (a) unimmobilized carrier (b)
loofah cubes after incubation with Planococcus sp. S5 cells.
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2.2. Naproxen Biodegradation

2.2.1. Biodegradation of Different Concentration of Naproxen

Naproxen (2-(6-methoxy-2-naphthyl)propionic acid)) belongs to the propionic acid derivatives
family. Due to the presence of two aromatic rings, naproxen biodegradation is more difficult than
monocyclic NSAIDs. Only a few strains (mainly white-rot fungi) are known to possess enzymatic
systems which enable them to acquire carbon and energy from naproxen [29,30]. Biodegradation of
naproxen by bacterial strains is a process that is being explored. However, none of the known bacterial
strains—Planococcus sp. S5 [2], Bacillus thuringiensis B1(2015b) [31], Stenotrophomonas maltophilia
KB2 [32], Pseudomonas sp. CE21 [33]—are able to use naproxen as the sole carbon source. First study
about naproxen biodegradation by strain Planococcus sp. S5 [2] revealed that the addition of glucose
which was readily available source of carbon and energy resulted with complete biodegradation of the
drug. However, due to the negative effect of naproxen on the total enzymatic activity of free S5 cells,
the degradation of the drug at a concentration of 6 mg/L lasted 38 days (data not published). For this
reason it was decided to carry out the immobilization process.

Loofah sponge due to the relatively large surface area and chemical composition (cellulose,
hemicellulose, lignin) shows good sorption properties. However, making the loofah sponge capable
of sorption of hydrophobic substances (like naproxen) requires subjecting it to a cooking process
with NaOH to increase its hydrophobicity and to create available vacant sites [34,35]. For this reason,
the loofah sponge in this study has not been subjected to a cooking process with NaOH to limit its
sorption capacity. Another important factor that needed to be consider in biodegradation studies
with immobilized cells by adsorption of the surface is accumulation of xenobiotics in biofilm. This
phenomenon is related to the sorption properties of exopolysaccharides (EPS). While the sorption of
positively-charged compounds by EPS is more efficient due to anionic nature of biofilm, sorption of
anionic organic molecules is limited due to electrostatic repulsion [36].

There was no changes observed in drug concentration during incubation with sterile
non-immobilized carriers, which confirms lack of the naproxen adsorption capacities by prepared
in that way loofah sponges. Naproxen was also not detected in the biofilm formed onto the loofah
sponges by Planococcus sp. S5. Obtained results demonstrated that loss of the drug from the medium
during biodegradation experiments was caused only by immobilized cells of Planococcus sp. S5.

To investigate whether the immobilization onto the loofah sponges affected the degradation
capacity of Planococcus sp. S5, biodegradation of various concentrations of naproxen (6, 9, 12 or
15 mg/L) by immobilized cells with respect to non-immobilized cells was tested (Figures 2 and 3).

Observation of the efficiency of the naproxen cometabolic biodegradation conducted by free
cells of Planococcus sp. S5 showed that they were able to degrade naproxen in concentration 6, 9 and
12 mg/L respectively in 38, 44 and 62 days. Biodegradation of the highest tested concentration of
the drug (15 mg/L) stopped after biodegradation of 29% of naproxen (Figure 2a). Obtained results
shows that the free cells of S5 strain were able to complete cometabolic naproxen biodegradation at a
concentration up to 12 mg/L. Higher drug concentrations showed inhibitory effects on free cells of the
S5 strain. Immobilization of Planococcus sp. S5 cells onto the loofah sponges resulted in a significant
acceleration of the naproxen cometabolic biodegradation. It was observed a complete biodegradation
of 6, 9, 12 and 15 mg/L of naproxen respectively after 17, 32, 43 and 53 days (Figure 2b).
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a  

 
b  

Figure 2. Cometabolic degradation of 6, 9, 12 and 15 mg/L naproxen by (a) free cells of Planococcus
sp. S5; (b) cells of Planococcus sp. S5 immobilized onto the loofah sponge. Data presented as
mean ± standard deviation of three replicates.

In order to evaluate changes in the course of the biodegradation process, the rate of naproxen
biodegradation was calculated (Tables 1 and 2). Biodegradation rates by free cells of S5 were statistically
different (Test T, p ≥ 0.05) than by immobilized cells. During the biodegradation of naproxen by
free cells, in the initial phase the slower drug degradation was observed, independently of the
drug concentration (average 6.3 ± 3.4 μg/h). After 29 days twice faster biodegradation of the drug
(12.0 ± 4.5 μg/h) was observed that lasted until the end of biodegradation (Table 1). Designation of the
naproxen biodegradation rates by immobilized cells of S5 strain revealed its almost linear and constant
course (12.1 ± 4 μg/h) (Table 2). Interestingly, there was no significant difference between naproxen
biodegradation rates by the immobilized cells and by free cells during faster drug degradation phase
(Test T, p ≥ 0.05). This situation was most likely caused by the fact that cells in the biofilm exhibit
characteristics of the stationary phase (altered genetic expression profile and slower growth) [37].
Confirmation of this hypothesis is the fact that the phase of faster naproxen degradation by free cells
of Planococcus sp. S5 occurred when cells entry into the stationary phase (data not published).

Table 1. Naproxen degradation rates by free cells of Planococcus sp. S5. Data presented as a mean ±
standard deviation of three replicates.

Period [Day–Day]
Average Naproxen Degradation Rate [μg/h]

6 mg/L 9 mg/L 12 mg/L 15 mg/L

0–3 9.8 ± 2.2 6.6 ± 0.6 6.4 ± 1.1 5.7 ± 0.9
3–7 4.8 ± 2.2 7.3 ± 1.7 5.8 ± 1.0 5.0 ± 1.7
7–11 1.3 ± 0.5 5.3 ± 2.5 1.2 ± 0.5 7.6 ± 0.2

11–14 2.6 ± 1.4 7.7 ± 1.5 1.7 ± 2.6 8.1 ± 1.9
14–21 3.0 ± 0.4 2.5 ± 0.4 6.4 ± 1.5 7.4 ± 0.1
21–27 6.5 ± 1.4 4.5 ± 1.7 6.4 ± 0.5 3.8 ± 0.6
27–29 19.6 ± 3.3 19.2 ± 6.0 11.5 ± 4.6 5.5 ± 1.2
29–34 11.9 ± 0.9 10.6 ± 1.4 9.2 ± 1.5 0.1 ± 1.9
34–38 8.2 ± 1.6 18.4 ± 1.3 19.6 ± 0.6 1.0 ± 3.2
38–41 11.4 ± 0.5 10.1 ± 0.7 0.6 ± 7.3
41–44 10.3 ± 0.6 6.7 ± 1.1 −2.2 ± 4.9
44–47 8.9 ± 5.1 1.3 ± 3.8
47–50 5.5 ± 4.0 1.2 ± 4.0
50–54 11.4 ± 0.9 −1.3 ± 3.7
54–58 12.8 ± 1.1 −0.7 ± 2.4
58–62 7.8 ± 2.0 1.0 ± 1.9
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Table 2. Average naproxen degradation rates by immobilized cells of Planococcus sp. S5. Data presented
as a mean ± standard deviation of three replicates.

Period [Day–Day]
Average Naproxen Degradation Rate [μg/h]

6 mg/L 9 mg/L 12 mg/L 15 mg/L

0–4 11.2 ± 1.2 20.7 ± 8.6 16.1 ± 6.7 13.9 ± 0.6
4–8 13.9 ± 0.9 10.1 ± 1.4 18.0 ± 14.6 10.5 ± 2.5
8–13 15.8 ± 1.1 12.9 ± 1.8 13.2 ± 5.4 13.4 ± 4.2

13–17 18.2 ± 1.7 6.4 ± 2.4 10.1 ± 1.2 10.0 ± 1.4
17–21 11.6 ± 3.0 9.4 ± 0.9 10.0 ± 1.0
21–25 15.0 ± 5.8 12.0 ± 4.8 4.6 ± 4.2
25–29 7.6 ± 3.9 5.1 ± 0.6 9.7 ± 5.6
29–32 8.7 ± 4.2 6.4 ± 2.9 13.1 ± 5.6
32–36 11.5 ± 1.7 10.8 ± 6.0
36–39 17.4 ± 4.8 9.4 ± 4.3
39–43 7.3 ± 2.4 13.0 ± 2.5
43–46 19.0 ± 2.8
46–49 17.7 ± 0.6
49–53 14.6 ± 2.2

It is known that one of the most important parameters that can significantly affect the
biodegradation process is initial substrate concentration. Analysis of the patterns and correlations
between the time of incubation, naproxen concentration and biodegradation rate shows that free
cells of Planococcus sp. S5 were capable of the fastest biodegradation of naproxen at the lowest dose.
With increasing drug concentration the rate of naproxen biodegradation was decreased (Figure 3a).
Obtained results indicated that during decomposition of naproxen, accumulation of metabolites
occurred, which negatively affect free cells of S5 strain and caused increasing difficulties with its total
degradation. Therefore, biodegradation of the highest dose of naproxen (15 mg/L) ended with 29%
efficiency most likely due to the critical level of inhibitory or toxic metabolites. Recently, more attention
has been focused on the antibacterial activity of certain NSAIDs or their derivatives [38,39]. Although
the mechanisms of this process are not known, one study found that vedaprofen, bromfenac and
carprofen—by binding to polymerase α subunit—inhibit the proliferation of E. coli, A. baylyi, S. aureus
and B. subtilis cells [39]. Inhibitory effect of naproxen on the ammonia oxidizing bacterium (AOB)
Nitrosomonas europaea was observed by Wang et al. [40]. They revealed that naproxen at concentration
of 10 μM significantly inhibits nitrile production by AOB by affecting membrane integrity of the cells,
while exposure on the drug in concentration of 1 μM did not influences AOB cells. To reveal possibility
of antibacterial activity of naproxen or its intermediates on Planococcus S5 cells more research should
be attempted.

No correlation between analysed variables was observed for the immobilized cells. Degradation
proceeded with the same trend regardless of the initial naproxen concentration (Figure 3b). Obtained
results indicated good adaptation of immobilized S5 cells to the presence of higher concentrations of
naproxen. Lack of the lag phase and concentration-independent drug biodegradation course suggests
that formed biofilm reduced the sensitivity of the cells to naproxen and its intermediates. Due to the
good sorption properties and the limited diffusion in the extracellular biofilm matrix, immobilized
microorganisms have limited contact with xenobiotics, which are transported to the cells at a constant,
slower rate. This mechanism allows the immobilized cells to biodegrade higher concentrations of
impurities, without causing toxic effects [41]. Thus, the immobilized cells of Planococcus sp. S5 onto the
loofah sponge have a promising potential to use them for the bioremediation of naproxen-contaminated
sites. In addition, lack of the toxic effect of naproxen and its metabolites on immobilized cells allowed
them to utilize higher concentrations of the drug compared to the free cells.
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Figure 3. Naproxen (6, 9, 12 and 15 mg/L) biodegradation rate by (a) free cells of Planococcus sp.
S5; and (b) immobilized on loofah sponges cells of Planococcus sp. S5; presented as patterns and the
relationships among the time of incubation, naproxen concentration and biodegradation rate.

2.2.2. Stability and Degradation Capacity of the Developed Whole-Cell Biocatalyst System

The stability during long-term operations is a crucial factor for practical application of immobilized
biocatalysts. To test reusability of Planococcus sp. S5 cells immobilized on the loofah sponges, the
efficiency of naproxen biodegradation in subsequent cycles has been determined. In the presence of fresh
sterile mineral salts medium in each cycle, immobilized cells were able to complete drug degradation
in 3 repetitions (Figure 4). The first and the second dose of naproxen were utilized within respectively
17 and 15 days. In the next cycle it was observed deceleration of the degradation efficiency (21 days)
while in the 4th cycle, the biodegradation ended after decomposition of 27% of the drug. However,
cells of Planococcus sp. S5 immobilized on loofah sponges demonstrated the ability to efficient naproxen
biodegradation for 55 days. After the end of the experiment, no significant damage and disintegration of
the loofah sponges was observed, which confirms its high mechanical resistance [14].

 

Figure 4. Cycles of 6 mg/L naproxen degradation by immobilized Planococcus sp. S5 on the loofah
sponge. Data presented as a mean ± standard deviation of three replicates.

Evaluation of the biodegradation rate during each cycle shows not significant differences in the
first 3 cycles of naproxen biodegradation amounting 14.8 ± 3.0, 16.0 ± 6.9 and 11.4 ± 3.9 μg/h
respectively (Table 3, Figure 5). Only during the first cycle it was observed increasing rate of
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drug degradation. The second and third cycle, however, were characterized by slowing down
biodegradation rate, while the last one proceeded unstable (Table 3). It is suggested that one of
the reasons why immobilization extends the catalytic activity of cells is to ensure the stability of cell
membranes and adequate permeability [41].

Table 3. Average biodegradation rate of 6 mg/L naproxen by immobilized cells of Planococcus sp. S5 in each
cycle. Data presented as a mean ± standard deviation of three replicates. Different letters (a, b, c) indicate a
statistically significant difference between biodegradation rates during subsequent cycles (p ≥ 0.05).

Period [Day–Day]
Average Naproxen Degradation Rate [μg/h]

I Cycle II Cycle III Cycle IV Cycle

0–4 11.2 ± 1.2 a

4–8 13.9 ± 0.9 b

8–13 15.8 ± 1.1 b

13–17 18.2 ± 1.7 c

17–21 23.2 ± 1.8 a

21–25 16.8 ± 0.7 b

25–29 17.4 ± 0.2 b

29–32 6.7 ± 0.1 c

32–36 15.0 ± 3.8 a

36–39 8.9 ± 1.4 b

39–43 9.6 ± 1.2 b

43–46 18.2 ± 2.0 a

46–49 12.3 ± 2.4 ab

49–53 8.3 ± 1.8 b

53–55 3.8 ± 3.5 a

55–58 8.5 ± 3.2 b

58–61 6.8 ± 0.1 ab

61–64 3.5 ± 1.7 a

64–67 3.9 ± 1.0 a

67–70 3.3 ± 1.9 a

70–73 −4.2 ± 2.5 c

 

Figure 5. Naproxen (6 mg/L) biodegradation rate during subsequent cycles by immobilized on loofah
sponges cells of Planococcus sp. S5 presented as patterns and the relationships among the time of
incubation, cycle and biodegradation rate.
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The ability of immobilized cells of Planococcus sp. S5 to carry out the biodegradation of naproxen
in several cycles indicates the possibility of their use in bioremediation. However, to study their
behaviour in such systems it is necessary to conduct pilot studies.

2.3. The Influence of Immobilization on Enzymes Activity

The process of biodegradation of naproxen by white rot fungi is much better understood than
by bacteria [29,42–44]. One of the proposed mechanisms demonstrates naproxen demethylation
carried out by cytochrome P-450 [32]. The reaction product, 6-desmethylnaproxen appeared during
biodegradation of naproxen by the Planococcus sp. S5 strain. Domaradzka et al. [2] showed that
some enzymes involved in the degradation of polycyclic aromatic hydrocarbons were active during
cometabolic (with glucose) biodegradation of naproxen by free cells of Planococcus sp. S5. The activity
of phenol monooxygenase, naphthalene dioxygenase, hydroxyquinol 1,2-dioxygenase and gentisate
1,2-dioxygenase was demonstrated.

A typical degradation pathway of aromatic compounds by bacteria is the initial hydroxylation
followed by the ring cleavage [45]. The first step in degradation of naphthalene (the derivative of
which is naproxen) is the hydroxylation of C1 and C2 catalysed by naphthalene dioxygenase [46]. It
was suggested that this enzyme is responsible for hydroxylation of C7 and C8 of naproxen. Moreover,
on the base of the activity of phenol monooxygenase additional hydroxylation was proposed. Formed
trihydroxylated derivative probably is cleaved by hydroxyquinol 1,2-dioxygenase [2]. One of the
most important steps in catabolism of naphthalene is its conversion to salicylate, which bacterial
pathway has been well described. The most important part of the catabolism of salicylate is direct ring
cleavage by salicylate 1,2-dioxygenase or gentisate 1,2-dioxygenase (in case salicylate transformation
to gentisate by monooxygenase). The salicylate transformation products are next introduced into the
tricarboxylic acid cycle [47–49].

Because the immobilization of bacterial cells may change the xenobiotic degradation pathway,
the activity of enzymes that are involved in naproxen degradation were examined. This phenomenon
is related to the change in the gene expression profile that occurs during the formation of the biofilm
and can be related to the type of carrier surface [50,51].

The activities of O-demethylase, aromatic monooxygenase (with phenol or naproxen as a
substrate), naphthalene dioxygenase, gentisate 1,2-dioxygenase and salicylate 1,2-dioxygenase were
compared. As is shown in Table 4, the activity of all analysed enzymes was observed, both in free and
immobilized cells. Obtained results showed that the naproxen biodegradation pathway in immobilized
S5 cells probably did not change markedly. Significant changes, however, were observed in the values
of activity (Table 4). As expected, during the slower degradation phase of naproxen (15th day), free
S5 cells were characterized by the lowest activity of enzymes associated with drug degradation. At
the same time, the enzymatic activity of immobilized cells was about 2 times higher in the case of
O-demethylase, aromatic monooxygenase (with phenol as a substrate), naphthalene dioxygenase
and salicylate 1,2-dioxygenase. Interesting increase in the activity of aromatic monooxygenase (with
naproxen as a substrate, 10 times higher) and gentisate 1,2-dioxygenase (4 times higher) was observed
in the immobilized cells. However, due to the methodology for determining the activity of aromatic
monooxygenase (determination of reduced nicotinamide adenine dinucleotide - NADH oxidation),
it is not excluded that more of the enzymes belonging to the class of oxidoreductases are involved
in the degradation of naproxen by immobilized cells of Planococcus sp. S5. A higher gentisate
1,2-dioxygenase activity may have been caused by the increase of its participation (in relation to
salicylate 1,2-dioxygenase) in the drug biodegradation due to immobilization.

Due to the non-statistically different biodegradation rate of naproxen by free cells in the phase of
faster drug degradation and immobilized cells, it was suspected that the enzymatic activity of these
systems would also not be different. However, according to the analysis (Table 4), the activity of all
analysed enzymes was higher in the immobilized cells. Higher activity of enzymes associated with the
biodegradation of naproxen in immobilized cells confirms that the sensitivity to the drug of cells in the
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developed biocatalyst was reduced. For that reason, the significant acceleration of its biodegradation
was observed.

Table 4. Specific activity of enzymes involved in naproxen degradation under cometabolic conditions
by immobilized and non-immobilized Planococcus sp. S5. Different letters (a, b, c) indicate a statistically
significant difference between activity of enzymes from free and immobilized cells (p ≥ 0.05).

Enzyme

Specific Enzyme Activity
(U/mg protein)

Free Cells Immobilized Cells
15th Day

15th Day 35th Day

O-demethylase 412.84 ± 48.53 a 737.16 ± 55.81 b 1051.84 ± 65.57 c

Aromatic
monooxygenase (Phe) 13.06 ± 0.83 a 27.14 ± 2.40 b 31.55 ± 1.18 c

Aromatic
monooxygenase (Npx) 14.78 ± 1.28 a 65.17 ± 3.59 b 123.71 ± 12.39 c

Naphthalene
dioxygenase 8.16 ± 0.82 a 10.71 ± 2.23 a 15.73 ± 1.80 b

Gentisate
1,2-dioxygenase 52.95 ± 2.90 a 122.26 ± 9.44 b 203.03 ± 18.55 c

Salicylate
1,2-dioxygenase 388.26 ± 11.12 a 520.38 ± 24.60 b 714.87 ± 71.58 c

2.4. Changes in Biofilm Formed Onto the Loofah Sponge during Naproxen Degradation

Visualization of bacterial biofilm in high resolution using SEM (Scanning Electron Microscopy)
is one of the best methods to determine the biofilm structure. Preparation of samples for analysis
by SEM involves the fixation of their structures (using glutaraldehyde and osmium tetraoxide),
dewatering, drying and covering with a conductive layer. However, due to the fact that the structure
of EPS (which stability is dependent on the presence of water) often collapses during dewatering
and drying, identifying certain structures in biofilm sometimes is problematic [52]. The procedure
of sample preparation very often leads to the creation of artefacts. One of them, especially at higher
magnifications, is the appearance of EPS as fibres or granularity and not as a gel structure surrounding
the cells [53]. However, the advantage of this visualization method is the possibility of determining
the distribution of microorganisms and changes in the biofilm structure caused by specific factors.
Considering the identical preparation of samples for analysis, demonstration of changes in the biofilm
structure in relation to the state of biofilm before exposure to a specific factor reduces the probability
of incorrect image analysis.

Loofah sponge which was used as a carrier for immobilization, observed in SEM revealed its
multidirectional highly fibrous network and porous surface with a small protuberances (Figure 6a)
which was a suitable place for the attachment of microorganisms.

After immobilization of Planococcus sp. S5 cells through the adsorption on the surface (lasting
72 h), accumulation of cells covered with an extracellular matrix (Figure 6b) was observed. Flat biofilm
formed on the loofah sponges had the form of irregular rods of different lengths (Figure 6b) and
appeared in aggregates.

When the first and the second dose of naproxen (6 mg/L) have been degraded (respectively 17th
and 36th day of incubation), immobilized loofah sponges were observed in SEM to reveal changes
in biofilm structure during naproxen biodegradation. After complete degradation of the first dose of
naproxen, a more diversified and intense colonization of the carrier was observed (Figure 6c). There
was present formation of the connections between aggregates (Figure 6c) and new fibrous extracellular
matrix-like structures. When the second dose of naproxen was degraded, surface of loofah sponges
was completely covered by biofilm formed by Planococcus sp. S5 (Figure 6d). A decrease in the amount
of aggregates in relation to the newly formed structures was observed.
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In the presence of toxic substances bacteria trigger different protective mechanisms. One of them
is the secretion of large amounts of EPS, which will create a protective layer for cells. At the same time,
by forming clusters, the cells reduce the contact surface with the toxin-containing environment [54].
Due to the problematic utilization of naproxen by free S5 cells (especially in the first phase of
degradation), increased tolerance of immobilized cells appears to be the result of the accumulation of
large amounts of extracellular substances in the biofilm. The same defence mechanism was observed by
Ma et al. [55] against to immobilized bacteria from activated sludge during biodegradation of phenol.
They showed that with the increase in the amount of toxic phenol nol photodegradation products,
the number of microbial cells in the biofilm decreased. On the other hand, the amount of secreted EPS
was increasing, which resulted with a lack of differences in the phenol biodegradation way.

  
a  b  

  
c  d  

Figure 6. Scanning electron microscopy (SEM) micrographs of unimmobilized loofah sponge (a),
biofilm formed by Planococcus sp. S5 cells onto loofah sponge before naproxen degradation (b), after
decomposition of the first dose of naproxen (6 mg/L) (c) and the second dose of the drug (6 mg/L) (d).

3. Materials and Methods

3.1. Bacterial Cultures Cultivation

Isolated from activated sludge Gram-positive strain Planococcus sp. S5 described by Łabużek et al. [21]
was used. Proliferation of S5 cells was carried out in the nutrient broth (BBL) at 30 ◦C on a rotary shaker at
130 rpm. After 72 h of incubation bacterial cultures were centrifuged (5000 rpm, 15 min), washed twice
with mineral salts medium [56] and resuspended in the same medium. Prepared bacterial suspensions
were used as an inoculum for immobilization and control non-immobilized cells experiments.
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3.2. Carrier Preparation for Immobilization

The first step in the preparation of the loofah sponges (York, Bolechowo, Poland) for
immobilization was drying them in a desiccator to establish constant weight and cutting out fragments
weighing 0.15 g. Obtained cubes were washed according to Iqbal et al. [14] and sterilized (121 ◦C,
1.2 atm) two times at an interval of 24 h.

3.3. Immobilization Procedure

Cells of S5 strain were immobilized through the adsorption on the surface of loofah sponge.
Immobilization was conducted in 250 mL Erlenmeyer flasks, which contained 0.75 g of the carrier and
100 mL of the mineral salts medium (pH 7.2) with Planococcus sp. S5 cells (optical density at 600 nm
equal to 1.2; Genesys 20, Thermo Scientific). Medium was supplemented with glucose (0.5 g/L), NaCl
(10 g/L) and MnSO4 (0.01 g/L). Flasks were incubated with shaking (90 rpm), at temperature of 30 ◦C.
After 72 h of incubation, loofah sponges with immobilized bacteria were rinsed with aqueous solution
of NaCl (0.9%) to remove unbound microorganisms and used for biodegradation experiments.

3.4. Characterization of Immobilized Loofah Sponges

Dry mass of the immobilized bacteria was obtained by comparing the dried weight of immobilized
carrier (105 ◦C, 2 h and stored in a desiccator) with unimmobilized carriers incubated and dried under
the same conditions. Enzymatic activity of biofilm formed onto loofah sponge was measured as follow
(modified method proposed by Jiang et al. [19]): immobilized carrier (1 cube) was added to 8 mL
of phosphate buffer (pH 7.6) and incubated for 15 min on the orbital shaker (130 rpm, 30 ◦C). After
pre-incubation, 0.1 mL of FDA (Sigma-Aldrich, St. Louis, MO, USA) (4.8 mmol L−1) was slowly
injected directly into middle of the carrier and incubated in the dark on the orbital shaker (130 rpm,
30 ◦C) for 1 h. Fluorescence intensity in the liquid was measured spectrophotometrically at 490 nm
(Genesys 20, Thermo Scientific, Waltham, MA, USA). Concentration of fluorescein was calculated on
the basis of a standard curve.

3.5. Biodegradation Experiments

Naproxen decomposition was conducted in 500 mL Erlenmeyer flask containing 250 mL of
the mineral salts medium [56] and 10 pieces of the loofa sponge colonized by bacteria. Each flash
was supplement with naproxen (Sigma-Aldrich, USA) to obtain a final concentration of 6, 9, 12 or
15 mg/L and at every 3 days with glucose (0.5 g/L, POCH, Gliwice, Poland) and incubated with
shaking (130 rpm) at 30 ◦C. The control cultures contained non-immobilized cells of Planococcus sp.
S5 were also prepared. For estimation of naproxen accumulation in the biofilm the drug extraction
with modified Huerta et al. protocol was performed [36]. Loofah sponges with immobilized bacteria
were cut into small pieces and placed in 15 mL falcon tube with 10 mL of mixture of citric buffer
(pH 4) and acetonitrile (1:1, v/v, Sigma-Aldrich, USA). Mixtures were subsequently sonicated 3 times
for 10 min and centrifuged (15,000 rpm, 20 min). Obtained supernatants were analysed by HPLC
and naproxen concentrations were calculated based on a standard curve prepared with extraction
mixture. Determination of naproxen adsorption on the carrier was conducted by incubation sterile
loofah sponges (1.5 g) with 250 mL of MSM medium supplemented with naproxen (6 mg/L) and
glucose (0.5 g/L) in 500 mL Erlenmeyer flasks. Medium samples were taken every 24 h for 7 days and
analysed by HPLC to determine naproxen concentration.

3.6. Determination of Naproxen Concentration

Decomposition of naproxen was monitored by HPLC (Merck HITACHI, Darmstadt, Germany)
equipped with a LiChromospher® RP-18 column (4 × 250 mm), liChroCART® 250-4 Nucleosil 5 C18
and a DAD detector (Merck HITACHI). Medium samples from each flask were taken at 3 days period
and centrifuged (14,000 rpm, 20 min). Naproxen identification and quantification in the supernatant
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was done by following the protocol proposed by Wojcieszyńska et al. [32]. The mobile phase consisted
acetonitrile and 1% acetic acid (50:50 v/v) with a flow rate of 1 mL/min and column temperature was
23 ◦C. The detection wavelength was set at 260 nm. Naproxen was identified by way of comparison of
HPLC retention time (2.41 min) and ultraviolet-visible spectra with those of the external standards. To
determine the abiotic degradation of naproxen, uninoculated controls were prepared.

3.7. Enzyme Assay

After 15 days of incubation (additionally free cells after 35 days), free and immobilized cells of
Planococcus sp. S5 were separated from the medium by centrifugation (4500× g for 15 min at 4 ◦C).
The release of immobilized cells from the carrier was carried out by vortexing. The obtained pellet
was washed with 50 mM phosphate buffer (pH 7.0), disrupted by sonication (6 times for 15 s) and
centrifuged at 9000× g for 30 min at 4 ◦C. Obtained crude extract was used for the measurement of
enzyme activities.

The activity of O-demethylase was determined by measuring the loss of vanillic acid (λ = 260 nm)
with the use of the HPLC method [57]. In order to determine monooxygenase activity (with phenol or
naproxen as a substrate), NADH oxidation (ε340 = 6220/M cm) was measured spectrophotometrically [58].
The naphthalene dioxygenase, gentisate 1,2-dioxygenase and salicylate 1,2-dioxygenase activity was
measured spectrophotometrically by the formation of cis,cis-dihydrodiol (ε262 = 8230/M cm) [46],
maleylpyruvate (ε330 = 10,800/M cm) [49] and 2-oxohepta-3,5-dienedioic acid (ε283 = 13,600/M cm) [48],
respectively. Protein concentration was determined using the Bradford method [59]. One unit of enzyme
activity was defined as the amount of enzyme required to generate 1 μmol of product per minute.

3.8. Scanning Electron Microscopy

To observe the structure of biofilm formed onto the loofah sponges and its changes
during naproxen biodegradation, samples for Scanning Electron Microscopy were prepared. For
this examination, unimmobilized and immobilized loofah sponges before and after naproxen
biodegradation were collected from the medium and prepared as follows: fixation in 3% glutaraldehyde
(24 h), in 1% osmium tetroxide (3 h), dehydration with ethanol (30, 50, 70, 80, 90, 95 and 100%, each for
10 min), drying by lyophilisation and covering with gold. Samples were observed in high-resolution
electron microscope JSM-7100F TTL LV (JEOL, Tokio, Japan).

3.9. Statistical Analysis

All experiments were performed in at least three replicates. The values of the efficiency of
naproxen biodegradation and enzymes activities were analysed by STATISTICA 12 PL software
package. Statistically significant differences and similarities have been demonstrated by the t-test or
the Least Significant Differences (LSD) test (p ≥ 0.05).

4. Conclusions

Ability of some bacterial strains to form a biofilm on the surface of various materials is a key
element for efficient immobilization process. By optimizing each parameter of the immobilization
procedure, a biocatalyst that is characterized by increased naproxen biodegradation capacities has
been developed. Immobilized cells of Planococcus sp. S5 strain on the loofah sponge, compared to the
free cells, were able to faster biodegradation of naproxen added at higher doses. Additionally, due to
the maintenance of full catalytic activity for 3 cycles (55 days), immobilized onto the loofah sponge S5
cells, show promising potential in their application in bioremediation systems. Analysis of the effect
of immobilization on the activity of enzymes associated with naproxen biodegradation showed that
it caused a significant increase in the activity of all examined enzymes. The significant increase in
the efficiency of the naproxen biodegradation by immobilized S5 cells was most probably caused by
the synthesis of large amounts of EPS, which by sorption and limitation of the substrates diffusion
increased the tolerance of the strain to the drug.
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Figure S1: Effect of various environmental and physiological factors on the efficiency of Planococcus sp. S5 cells
immobilization onto the loofah sponge.
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by Planococcus sp. strain S5. Water Air Soil Pollut. 2015, 226, 297. [CrossRef] [PubMed]

3. Grenni, P.; Patrolecco, L.; Ademollo, N.; Tolomei, A.; Caracciolo, A.B. Degradation of gemfibrozil and
naproxen in a river water ecosystem. Microchem. J. 2013, 107, 158–164. [CrossRef]

4. Marotta, R.; Spasiano, D.; Di Somma, I.; Andreozzi, R. Photodegradation of naproxen and its photoproducts
in aqueous solution at 254 nm: A kinetic investigation. Water Res. 2013, 47, 373–383. [CrossRef] [PubMed]

5. Musa, K.A.; Eriksson, L.A. Theoretical study of the phototoxicity of naproxen and the active form of
nabumetone. J. Phys. Chem. A 2008, 112, 10921–10930. [CrossRef] [PubMed]

6. Isidori, M.; Lavorgna, M.; Nardelli, A.; Parrella, A.; Previtera, L.; Rubino, M. Ecotoxicity of naproxen and its
phototransformation products. Sci. Total Environ. 2005, 348, 93–101. [CrossRef] [PubMed]

7. Alvarez, A.; Saez, J.M.; Costa, J.S.D.; Colin, V.L.; Fuentes, M.S.; Cuozzo, S.A.; Amoroso, M.J. Actinobacteria:
Current research and perspectives for bioremediation of pesticides and heavy metals. Chemosphere 2017, 166,
41–62. [CrossRef] [PubMed]
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Abstract: In our previous study, Rhodotorula mucilaginosa (R. mucilaginosa) was selected via high
throughput screening as a very active and selective whole-cell biocatalyst for the asymmetric
reduction of ketones. In this study, the reduction of ketones to the desired chiral alcohols by
immobilized cells of this strain was investigated. Characterization with Fourier-transform infrared
(FTIR) spectroscopy and scanning electron microscopy (SEM) showed that whole R. mucilaginosa cells
were successfully immobilized on support matrices composed of agar, calcium alginate, PVA-alginate
and chitosan. The immobilized cells were applied to the enantioselective reduction of fourteen
different aromatic ketones. Good to excellent results were achieved with R. mucilaginosa cells
immobilized on agar and calcium alginate. The immobilized cells on the selected support matrix
composed of agar exhibited a significant increase in pH tolerance at pH 3.5–9 and demonstrated highly
improved thermal stability compared to free cells. The cells immobilized on agar retained 90% activity
after 60 days storage at 4 ◦C and retained almost 100% activity after 6 reuse cycles. In addition, the
immobilization procedures are very simple and cause minimal pollution. These results suggest that
the application of immobilized R. mucilaginosa can be practical on an industrial scale to produce
chiral alcohols.

Keywords: biocatalyst; Rhodotorula mucilaginosa; immobilization; asymmetric reduction; stability

1. Introduction

Chiral alcohols are useful intermediates that are applicable for the synthesis of pharmaceuticals,
flavors, aromas, agricultural chemicals and specialty materials [1]. Among the methods for their
production, enantioselective ketone reduction is generally regarded as a reliable, scalable and
straightforward method to obtain optically active alcohols [2,3]. Whereas traditional synthetic methods
usually use toxic metals or expensive complex hydrides [4–6], enzymatic enantioselective reductions
benefit from high selectivity, environmentally friendly processes and simple operations and are thus
of great interest [7]. Nevertheless, biotechnological approaches are still limited in their industrial
application due, in most cases, to low volumetric productivity, high cost of catalyst preparation,
complex final products, and/or complicated downstream processing [8]. Much attention is needed
for the development of robust biocatalysts to facilitate the performance of biocatalytic reduction
processes, such as high substrate loads, to obtain industrial feasibility and competitiveness of
preparative-scale biotransformations.
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Biocatalytic processes can benefit from the habitat-related characteristics of marine enzymes, that is
excellent stability and activity under extreme conditions (such as, extreme temperature, pressure, or pH
or an organic solvent) and the unique enzyme properties of substrate specificity and affinity [9,10].
In our previous study, after a microbial screen, the marine fungi R. mucilaginosa was selected as
a very active and selective whole-cell biocatalyst for the asymmetric reduction of ketones [11,12].
Although this strain has promising catalytic properties, several challenges remain before it can be
used in industrial applications. In particular, its pH tolerance and thermostability were not perfect yet
compared to those of other marine-derived biocatalysts, which limits the utilization of this strain.

To maintain the effectiveness of a biocatalyst in a certain process, it should be protected from
interactions with the reaction solvent to avoid inactivation, as inactivation might halt the enzymatic
reaction [13]. In this context, a range of immobilization technologies have been introduced to improve
the stability of biocatalysts and assist their recovery and reusability [14]. Among the immobilized
biocatalysts, purified enzymes are commonly immobilized in/on materials known as matrices,
yet the immobilization of marine fungi has rarely been reported. Notably, the immobilization of
whole cell biocatalysts is of interest in light of the growing number of industrial applications using
biotechnological approaches in the medicinal and food industries, especially the application of methods
using filamentous fungi with a large production of enzymes [15].

The present study is a continuation of our work on the use of marine-derived fungi as biocatalysts
for the asymmetric reduction of ketones. The conversion of ketones to the corresponding chiral alcohols
by immobilized R. mucilaginosa cells was investigated. Whole R. mucilaginosa cells were immobilized
on support matrices composed of agar, calcium alginate, PVA-alginate and chitosan and the synthetic
potential of the immobilized cells was evaluated for the enantioselective reduction of fourteen aromatic
ketones of various compound classes.

2. Results and Discussion

Marine fungi, which are considered promising biological carriers, have been employed in many
industrial sectors [16]. Recently, we investigated the use of marine-derived fungi for the reduction
of aromatic ketones [10,11] and R. mucilaginosa GIM 2.157 was selected as a very active and selective
whole-cell biocatalyst after a microbial screen. Whole-cell immobilization technology has attracted
widespread attention for its application in several fields, such as its application for the biodegradation
of mixed wastes and drug or fuel biosynthesis [17]. To develop a successful bioprocess, we immobilized
R. mucilaginosa GIM 2.157 cells on various support matrices for the catalytic reduction of ketones (1a–1n)
and tested the immobilized cells for recyclability and storage stability.

2.1. Characterization of Immobilized Cells

2.1.1. FTIR Spectroscopy

The immobilized and non-immobilized cells were confirmed by FTIR (Fourier transform infrared
spectroscopy) and SEM (scanning electron microscopy). FTIR spectra showed the functional group of
the immobilized cell matrices [18]. Scans were performed at 4000–400 cm−1 using a Hitachi 270–50 IR
spectrophotometer with KBr discs. For the immobilization of whole cells on agar, the FTIR spectra
of free cells, agar and immobilized cells are shown in Figure 1a [(a) is for free cells; (b) is for agar;
(c) is for immobilized cells on agar]. Figure 1a (b) shows characteristic peaks at 3313 cm−1 (O–H
stretching), 2911 cm−1 (C–H stretching) and 1152 cm−1 (C–O–C stretching) for the agar. The FTIR
results support that the immobilization reaction occurred, as the peaks of the whole cells immobilized
on agar show changes relative to the position and intensity of the characteristic peaks for native
agar. The presence of additional peaks at 1742 cm−1 and 1546 cm−1 [Figure 1a (c)] confirms that
immobilization reaction occurred.

For the immobilization of whole cells on calcium alginate, the FTIR spectra of free cells, calcium
alginate and immobilized cells are shown in Figure 1b [(a) is for free cells; (d) is for calcium alginate;
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(e) is for immobilized cells on calcium alginate]. Figure 1b (d) shows characteristic peaks at 3428 cm−1

(O–H trenching), 2930 cm−1 (C–H stretching), 1032 cm−1 (C–O–C stretching), 1623 cm−1 and 1419 cm−1

(–COO asymmetric and symmetric stretching) for calcium alginate. The FTIR results support that the
immobilization reaction occurred, as the peaks for the whole cells immobilized on calcium alginate
show changes relative to the position and intensity of the characteristic peaks for native calcium
alginate]. The presence of additional peaks at 1743 cm−1 and 1548 cm−1 [Figure 1b (e)] confirms that
the immobilization reaction occurred.

For the immobilization of whole cells on PVA-alginate, the FTIR spectra of free cells, PVA-alginate
and immobilized cells are shown in Figure 1c [(a) is for free cells; (f) is for PVA-alginate; (g) is for
immobilized cells on PVA-alginate]. Figure 1c (f) shows characteristic peaks at 3417 cm−1 (for O–H
stretching) and 2941 cm−1 (for C–H stretching) in PVA-alginate. The FTIR results support the
occurrence of the immobilization reaction, as the peaks for whole cells immobilized on PVA-alginate
show changes relative to the position and intensity of the characteristic peaks for native PVA-alginate.
The presence of additional peaks at 1547 cm−1 [Figure 1c (g)] confirms that the immobilization
reaction occurred.
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—e R. mucilaginosa with calcium alginate

Figure 1. Cont.
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—a R. mucilaginosa

—f PVA alginate

—g R. mucilaginosa with PVA alginate
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—i R. mucilaginosa with chitosan

—a R. mucilaginosa

Figure 1. Fourier transform infrared (FTIR) for immobilization of R. mucilaginosa GIM 2.157 on agar (a),
on calcium alginate (b), on PVA-alginate (c) and on chitosan (d): —a R. mucilaginosa; —b agar; —c R.
mucilaginosa with agar; —d calcium alginate; —e R. mucilaginosa with calcium alginate; —f PVA-alginate;
—g R. mucilaginosa with PVA-alginate; —h chitosan; —i R. mucilaginosa with chitosan.

For the immobilization of whole cells on chitosan, the FTIR spectra of free cells, chitosan and
immobilized cells on chitosan are shown in Figure 1d [(a) is for free cells; (h) is for chitosan; (i) is
for immobilized cells on chitosan]. Figure 1d (h) shows characteristic peaks at 3373 cm−1 (for O–H
stretching), 1157 cm−1 (for C–O–C stretching), 1655 cm−1 and 2876 cm−1 (for C–H stretching) for
chitosan. FTIR confirmed the occurrence of the immobilization reaction, as the peaks for whole
cells immobilized on calcium alginate show changes relative to the position and intensity of the
characteristic peaks of native chitosan. The presence of additional peaks at 1547 cm−1 [Figure 1d (i)]
confirms that the immobilization reaction occurred.

2.1.2. SEM Spectroscopy

The SEM images of agar, calcium alginate, PVA-alginate and chitosan immobilization are shown
in Figure 2. Using simple and easy gelation technology, R. mucilaginosa GIM 2.157 cells were captured
in agar microspheres and cross-linked with agar using distilled water. The SEM images for the
agar immobilization are shown in Figure 2A–C. These images confirmed good immobilization of
R. mucilaginosa GIM 2.157 cells on the surface due to the agar’s flocculating ability and cross-linkability.

R. mucilaginosa GIM 2.157 cells were captured in calcium alginate (one of the most important
immobilization matrices) microspheres and cross-linked with calcium alginate using CaCl2. The SEM
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images for calcium alginate immobilization are shown in Figure 2A,D,E. These images confirmed
good immobilization of R. mucilaginosa GIM 2.157 cells on the surface due to calcium alginate’s high
mechanical strength and cross-linkability. Notably, the gelling characteristic of an alginate highly
depend on its monomeric composition and sequential arrangement, which is essential for its use as an
immobilization matrix [19]. The electron micrographs revealed that 4% CaCl2 played a vital role in the
formation of microspheres and that complex interactions occurred between cells and support materials.

Figure 2. Scanning electron micrographs of agar, calcium alginate, PVA-alginate and chitosan
beads containing R. mucilaginosa GIM 2.157 cells. (A) Free R. mucilaginosa GIM 2.157 cells; (B) agar;
(C) R. mucilaginosa GIM 2.157 cells immobilized on agar; (D) calcium alginate; (E) R. mucilaginosa GIM
2.157 cells immobilized on calcium alginate; (F) PVA-alginate; (G) R. mucilaginosa GIM 2.157 cells
immobilized on PVA-alginate; (H) chitosan; and (I) R. mucilaginosa GIM 2.157 cells immobilized
on chitosan.

The addition of calcium alginate to the mixture improved the bead characteristics by reducing
the agglomeration problems of the PVA–boric acid method thus enhanced the surface characteristics
of the beads [20]. R. mucilaginosa GIM 2.157 cells were captured in PVA-alginate microspheres and
cross-linked with alginate-polyvinyl alcohol using boric acid. The SEM images for PVA-alginate
immobilization were specifically shown in Figure 2A,F,G. These images confirmed good immobilization
of R. mucilaginosa GIM 2.157 cells on the surface due to alginate-polyvinyl alcohol’s covalent
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interactions and cross-linkability [21]. The electron micrographs also revealed that pores were made
on the outer layer of the beads and the pores were almost evenly distributed and had an average size.

R. mucilaginosa GIM 2.157 cells were entrapped in chitosan surface and cross-linked using
glutaraldehyde. The SEM images for chitosan immobilization are shown in Figure 2A,H,I. These images
confirmed the effective immobilization of R. mucilaginosa GIM 2.157 cells on the surface because of
chitosan’s flocculating ability and cross-linkability [22]. Moreover, (interconnected) porous structures
were observed for chitosan-immobilized R. mucilaginosa GIM 2.157 cells, suggesting that the cells have
excellent immobilization performance and strong adhesion properties.

2.2. Catalytic Activity of Immobilized Cells for the Reduction of Various Ketones

The biocatalytic reduction of a series of prochiral ketones was attempted with R. mucilaginosa
GIM 2.157 cells immobilized on the abovementioned support matrices (Table 1). Parallel reactions
were conducted with free resting cells without the support matrices. The resting cells were also
used for immobilization on agar, calcium alginate, PVA-alginate and chitosan. R. mucilaginosa GIM
2.157 cells were cultured for 24 h. The cell mixture was centrifuged at 4000 rpm (4 ◦C) and washed
three times with given buffer and the pellets were collected as resting cells, which were further used
for immobilization reactions. All reduction reactions were performed in 10 mL of Na2HPO4-KH2PO4

buffer (100 mM, pH 7.0) supplemented with glucose (0.5 g), substrates (10 mM) and biocatalysts
(3 g resting cells or 4.5 g immobilized cells) at 25 ◦C for 24 h. Yield and enantioselectivity were
measured on a chiral HPLC (Conditions see the Experimental section). The absolute configuration
of reduction products was assigned by comparison the optical rotations measured for the isolated
products with those reported. The results are shown in Table 1. According to the data displayed in
Table 1, the free (not immobilized) resting cells catalyzed Prelog’s stereospecific reduction of ketones
1a–1h, 1k and 1l into the corresponding chiral alcohols with excellent yield and enantioselectivities.
Notably, the immobilized cells showed slightly better activity towards substrates with substituent –Cl
(1d, 1e and 1f) than those with substituent –Br (1a, 1b and 1c). Regarding the mechanism, although
ketone 1c is closely related to 1f, the substituent –Br in 1c is a relatively poor electron-withdrawing
group compared to –Cl in substrate 1f. In our previous study with free resting cells [11,12], we found
that substrates with electron-donating substituents inhibited the enzyme activity of R. mucilageinosa
GIM 2.157, which might be useful to explain why the yield and ee value of 2c was slightly lower
than those of 2f. On the other hand, –Br has larger atomic radius than –Cl, increasing the distances
between substrates and immobilized cells and thus resulting in slightly lower activity (i.e., yield and ee).
When resting cells were immobilized on agar, calcium alginate and PVA-alginate, they could still
catalyze the reduction of assayed ketones (1a–1h, 1k and 1l) with excellent activities; however, in some
cases, the yields/enantioselectivities were slightly lower. It is possible that the access of the substrate
to the carbonyl reductases must have been hindered by partial coverage of the mycelia, preventing
the reaction. The R. mucilaginosa GIM 2.157 cells immobilized on agar showed slightly better activity
(higher yields/ee) than those immobilized on calcium alginate and PVA-alginate. The agar bead surface
likely had many porous structures, allowing more substrates and carbonyl reductases to freely access
to cells inside and outside, maintaining stronger mechanical strength than other support matrices
and improving the stability of the entire cellular system [23]. However, when the R. mucilaginosa
GIM 2.157 cells were immobilized on chitosan, the reduction occurred in only substrates 1l and 1k.
This might be due to two factors: chitosan adhered strongly to the surface of the whole cells, forming
a strong barrier and blocking the access of the substrate to one or more enzymes involved in the
reduction [24] and the chitosan matrix completely covered the entire cellular surface so that the
ketone reductase cannot be released, halting the reactions [9,25,26]. Interestingly, the reduction of 1l

and 1k with R. mucilaginosa GIM 2.157 cells immobilized on chitosan resulted in total inversion of
the configuration compared to the other biocatalysts (free cells and R. mucilaginosa GIM 2.157 cells
immobilized on agar, calcium alginate and PVA-alginate). This phenomenon might occur because all
carbons present in the chitosan itself were chiral, making the reaction environment chiral. In these
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chiral conditions, the configurations of the glycosidic bonds could be easily altered, which is likely
related to the inversion of the configuration of reduction products 2l and 2k. Further experiments
regarding the mechanism are currently being implemented in our laboratory. Nevertheless, it can
be concluded that agar was a perfect support matrix for the immobilization of R. mucilaginosa GIM
2.157 cells, which were used for all further studies.

Table 1. Catalytic activity of immobilized cells in the reduction of various ketones a: the numbers
indicate chemical yields of desired products, numbers within brackets indicate the enantiomeric excess
values of the desired product (%), S/R within brackets indicate the absolute configuration of the
desired products.

Reduction Products

Biocatalysts

Free Cells
R. mucilaginosa Cells Immobilized on

Agar Calcium Alginate PVA-Alginate Chitosan

2a 99 (99, S) 99 (99, S) 99 (99, S) 99 (99, S) 0
2b 99 (99, S) 99 (89, S) 86 (99, S) 89 (94, S) 0
2c 99 (99, S) 73 (68, S) 71 (19, S) 51 (54, S) 0
2d 99 (99, S) 99 (99, S) 89 (99, S) 97 (99, S) 0
2e 99 (99, S) 99 (99, S) 94 (89, S) 99 (99, S) 0
2f 99 (99, S) 94 (83, S) 91 (94, S) 59 (77, S) 0
2g 99 (99, S) 99 (91, S) 94 (97, S) 75 (66, S) 0
2h 99 (99, S) 99 (99, S) 93 (99, S) 94 (99, S) 0
2i 0 0 0 0 0
2j 0 0 0 0 0
2k 99 (99, S) 99 (89, S) 99 (85, S) 77 (84, S) 88 (91, R)
2l 99 (99, R) 99 (73, R) 99 (82, R) 23 (21, R) 72 (84, S)

2m 0 0 0 0 0
2n 0 0 0 0 0

a Reaction conditions: 10 mL Na2HPO4-KH2PO4 buffer (100 mM, pH 7.0), 3 g resting cells (or 4.5 g immobilized
cells), 10 mM substrate, 0.5 g glucose, 25 ◦C, 24 h; 94 (83, S) indicates 94% yield of desired (S)-selective reduction
product with 83% ee for all data listed in the table above; Yield and ee were determined by chiral HPLC analysis
equipped with a Chiralcel AD-H chiral column; Configuration was assigned by comparing specific signs of rotation
measured for isolated products to those reported in the literature.
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2.3. Stability of Immobilized Cells on Agar

2.3.1. pH Tolerance

It is commonly known that pH plays an essential role in biocatalytic reactions, that is, pH variation
can affect the activity and selectivity of the biocatalyst. In principle, the pH stability of a biocatalyst
can be strongly enhanced by immobilization. Thus, the effects of pH on the enzymatic activity of
immobilized cells and free cells were both studied. Either free cells or immobilized cells were added
to buffer (10 mL) containing 10 mM of 1-(2-bromophenyl)ethanone 1a and glucose (0.5 g) at a given
pH value between 3.5–11 (buffers at pH 3.5 and 4.5 were prepared with citrate buffer; buffers at pH
5.5, 6.5, 7 and 7.5 were prepared with phosphate buffer; buffers at pH 8.5, 9, 10 and 11 were prepared
with Tris buffer; 100 mM) at 25 ◦C for 24 h. As shown in Figure 3, the reaction product yield was kept
above 99% within the tested range of pH 3.5–9.0 when substrate 1a was treated with immobilized cells.
As the buffer pH increased from 9.0 to 11.0, the activity of the immobilized cells slightly decreased and
approximately 90% of its original activity was maintained. However, the catalytic activity of the free
cells was much more sensitive to alkaline/acidic environments. As illustrated in Figure 3, buffer pH
showed a significant impact on the product yield of the reaction treated with free cells. The product
yield slowly increased with the increase in pH from 3.5 to 7.0. When buffer pH was further increased
to alkaline ranges (pH 7.0–11), the activity of the free cells dramatically decreased to 10% of their
original activity at pH 11. Notably, within the tested buffer pH ranged from 3.5 to 11.0, there was only
a marginal change in the product ee (not shown in Figure 3). Obviously, these results suggested that
R. mucilaginosa GIM 2.157 immobilization on agar beads was much more effective for improving the
pH stability of the cells, which might be due to the unique micro-environment induced by the gel
networks that may protected cells from the impact of H+ ions (pH variation).

Figure 3. Optimum pH profile of free (represented by the dots) and agar-immobilized (striped bar)
R. mucilaginosa GIM 2.157 cells for catalyzing the reduction of 1-(2-bromophenyl)ethanone (1a).

2.3.2. Thermostability

The immobilized cells are particularly interesting because of their stability with respect to
higher temperatures, which makes them superior to the free cells. Hence, the thermostability of
the immobilized R. mucilaginosa GIM 2.157 cells was characterized compared to that of the free resting
cells. The immobilized cells were incubated at various temperatures (30–70 ◦C) for 1 h, 3 h, 6 h, 12 h

166



Catalysts 2018, 8, 165

and 15 h. The cells were added to a solution containing 10 mL Na2HPO4-KH2PO4 buffer (100 mM,
pH 7.0) supplemented with substrate 1a (10 mM) and 0.5 g glucose. The reaction proceeded at 25 ◦C
for 24 h. As shown in Figure 4, the immobilized biocatalyst showed a retention of >99% of its original
activity after 15 h of incubation at 30 ◦C or 40 ◦C. The immobilized cells maintained approximately
99% of their original activity after 1 h of incubation at 50 ◦C or 60 ◦C. However, when the temperature
was higher than 60 ◦C, a significant decrease was observed in the activity of the immobilized cells over
a 3-h period. The immobilized cells were completely deactivated after 1 h at 70 ◦C. Free cells retained
>99% of their original activity after incubation for 1 h at 30 ◦C. When the temperature increasing from
30 to 60 ◦C led to a clear reduction in the activity (27% of initial activity was lost after 1 h at 40 ◦C,
40% was lost after 1 h at 50 ◦C and total deactivation was observed after 1 h at 60 ◦C). It is clear that
the immobilized cells have huge thermal stability advantages compared to the free cells.
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Figure 4. Thermostability of free (represented by the dots) and agar-immobilized (striped bar)
R. mucilaginosa GIM 2.157 cells for catalyzing the reduction of 1-(2-bromophenyl)ethanone (1a).
Cells were incubated at various temperatures and times before substrate was added to initiate reactions.

2.3.3. Storage Stability

One essential factor for the practical application of whole cells is their storage stability for an
extended period of time. The longer the period that a biocatalyst maintains stable, the more efficient a
process is. To estimate the storage stability of R. mucilaginosa GIM 2.157, free cells and cells immobilized
on agar were stored at 4 ◦C with physiological saline (0.85% NaCl, w/v). Samples were withdrawn
at various time intervals (5, 10, 20, 25, 30, 60 days) to determine the catalytic activity at 25 ◦C using
1-(2-bromophenyl)ethanone (1a) as the substrate. As shown in Figure 5, the cells immobilized on agar
showed a superior retention of activity comparing to free cells after storage for 60 days at 4 ◦C. The cells
immobilized on agar maintained approximately 95% of their original activity after storage for 60 days
at 4 ◦C, while the catalytic activity of free cells decreased to 82% after storage for 20 days at 4 ◦C and to
7% after storage for 60 days at 4 ◦C. Hence, we concluded that immobilization of R. mucilaginosa GIM
2.157 cells on agar resulted in a biocatalyst with excellent storage properties and essential industrial
application potential.
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Figure 5. Storage stability of free (represented by the dots) and agar-immobilized (represented by
striped bar) R. mucilaginosa GIM 2.157 cells for catalyzing the reduction of 1-(2-bromophenyl)ethanone
(1a) at 4 ◦C.

2.3.4. Recyclability

Recyclability is a crucial parameter for the practical application of an immobilized cell system.
From a process economics point of view, if immobilized cells are stable for a higher number of
cycles, then the process can be more efficiently operated. Thus, experiments were conducted to
examine the recyclability of the free and agar-immobilized R. mucilaginosa GIM 2.157 cells for the
reduction of 1-(2-bromophenyl)ethanone (1a) as an example. Each reaction was carried out in 10 mL
Na2HPO4-KH2PO4 buffer (100 mM, pH 7.0) with 4.5 g immobilized cells or 3 g free cells, 10 mM
substrate and 0.5 g glucose and the reactions were shaken at 25 ◦C for 23 h. Afterwards, the cells were
separated, washed two times with the same buffer [Na2HPO4-KH2PO4 buffer (100 mM, pH 7.0)] and
reused for the next batch under the same reaction conditions. R. mucilaginosa GIM 2.157 cells immobilized
on agar showed high activity than free cells and completed the reduction of 1a for six cycles without
significant loss of activity and selectivity. A loss of 68% of the initial activity was detected in cycle 7,
whereas almost no activity (3.7% yield of alcohol) was retained in cycle 8 (Figure 6). When the free
cells were used, the yield dropped to 80% at cycle 4. At cycle 5, the activity of free cells was completely
lost (corresponding to the yield of 1.4%). Consequently, the immobilization of the R. mucilaginosa GIM
2.157 cells on agar provided a slight advantage for increasing the reusability of the cells, potentially
making their implementation in commercial availability simpler and more cost effective.
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Figure 6. Repeated bioreduction of 1-(2-bromophenyl)ethanone (1a) catalyzed by free (dots) and
agar-immobilized (striped bar) R. mucilaginosa GIM 2.157 cells.

3. Materials and Methods

3.1. General Methods

All substrates used in this study were obtained from Sigma-Aldrich (Schnelldorf, Denmark)
and were used directly without any further purification. Fungus culture media components were
purchased from Huankai Microbial (Guangzhou, China).

All NMR experiments were recorded with a Bruker Avance 500 instrument (1H 500 MHz and
13C 125 MHz) using CDCl3 as the solvent. Data for 1H NMR are documented in terms of chemical
shift (δ ppm), multiplicity (s = singlet, d = doublet, t = triplet, q = quartet, m = multiplet), integration,
coupling constant (Hz) and assignment. Data for 13C NMR are recorded as chemical shift. Optical
rotations were measured at 20 ◦C on a MCP 300 (Anton Paar) (sodium D line). Column chromatography
(CC) was performed with silica gel (200–300 mesh, Qingdao Marine Chemical Factory) and mixtures
of petroleum ether (PE) and ethyl acetate (EtOAc) as solvents. Thin-layer chromatography (TLC) was
performed on silica gel plates (Qingdao Huang Hai Chemical Group Co., G60, F-254).

Reduction products were analyzed using High Performance Liquid Chromatography (HPLC)
coupled to a UV/Vis detector SPD-M10Avp (190–370 nm, Shimadzu) on a column (Daicel
4.6 × 250 mm 5 m Chiralcel AD-H). The mobile phase: n-hexane/i-PrOH (95:5, v/v); flow rate:
0.5 mL/min; column temperature: 25 ◦C. Retention times: 11.85 min [1-(2-bromophenyl)ethanone
(1a)], 12.71 min [(R)-1-(2-bromophenyl)ethan-1-ol (R-2a)], 13.23 min [(S)-1-(2-bromophenyl)ethan-1-ol
(S-2a)]; 10.66 min [1-(3-bromophenyl)ethanone (1b)], 16.45 min [(R)-1-(3-bromophenyl)ethan-1-ol
(R-2b)], 17.39 min [(S)-1-(3-bromophenyl)ethan-1-ol (S-2b)]; 11.21 min [1-(4-bromophenyl)ethanone
(1c)], 16.83 min [(R)-1-(4-bromophenyl)ethan-1-ol (R-2c)], 17.99 min [(S)-1-(4-bromophenyl)ethan-1-ol
(S-2c)]; 10.71 min [1-(2-chlorophenyl)ethanone (1d)], 13.32 min [(R)-1-(2-chlorophenyl)ethan-1-ol
(R-2d)], 13.98 min [(S)-1-(2-chlorophenyl)ethan-1-ol (S-2d)]; 10.49 min [1-(3-chlorophenyl)ethanone
(1e)], 14.60 min [(R)-1-(3-chlorophenyl)ethan-1-ol (R-2e)], 16.35 min [(S)-1-(3-chlorophenyl)ethan-1-ol
(S-2e)]; 10.78 min [1-(4-chlorophenyl)ethanone (1f)], 15.09 min [(R)-1-(4-chlorophenyl)ethan-1-ol
(R-2f)], 16.09 min [(S)-1-(4-chlorophenyl)ethan-1-ol (S-2f)]; 11.46 min [acetophenone (1g)], 15.93 min
[(R)-1-phenylethan-1-ol (R-2g)], 17.93 min [(S)-1-phenylethan-1-ol (S-2g)]; 10.94 min [propiophenone
(1h)], 14.74 min [(R)-1-phenylpropan-1-ol (R-2h)], 16.49 min [(S)-1-phenylpropan-1-ol (S-2h)]; 16.75 min
[2-chloro-1-phenylethanone (1k)], 20.98 min [(R)-2-chloro-1-phenylethan-1-ol (R-2k)], 24.71 min
[(S)-2-chloro-1-phenylethan-1-ol (S-2k)]; 16.42 min [2-bromo-1-phenylethanone (1l)], 22.33 min
[(R)-2-bromo-1-phenylethan-1-ol (R-2l)], 27.39 min [(S)-2-bromo-1-phenylethan-1-ol (S-2l)].
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The optical rotations of reduction products were recorded as: (S)-2a, [α]D
20 = −62.4 (c 1.00,

CHCl3); {Ref. [23] (S)-1-(2-bromophenyl)ethanol [α]D
27 = −29.8 (c 0.68, CHCl3)}; (S)-2b, [α]D

20 = −43.9
(c 1.00, CHCl3); {Ref. [24] (S)-1-(3-bromophenyl)ethanol [α]D

25 = −27.6 (c 1.00, CHCl3)}; (S)-2c,
[α]D

20 = −17.3 (c 1.00, MeOH), {Ref. [25] (S)-1-(4-bromophenyl)ethanol [α]D
21 = −20.6 (c 1.07, MeOH)};

(S)-2d, [α]D
20 = −78.4 (c 1.00, MeOH), Ref. [26] (S)-1-(2-chlorophenyl)ethanone [α]D

20 = −57.75 (c 1.46,
CHCl3)}; (S)-2e, [α]D

20 = −49.7 (c 1.00, MeOH), Ref. [27] (R)-1-(3-chlorophenyl)ethanone [α]D
20 = +40.4

(c 1.00, CHCl3)}; (S)-2f, [α]D
20 = −66.49 (c 1.00, MeOH), Ref. [27] (R)-1-(4-chlorophenyl)ethanone

[α]D
20 = +46.1 (c 1.70, CHCl3)}; (S)-2h, [α] D

20 = −38.5 (c 1.00, MeOH), Ref. [28] (S)-1-phenylpropan-1-ol
[α]D

20 = −45.4 (c 1.00, CHCl3)}; (S)-2k, [α]D
20 = +9.68 (c 0. 05, MeOH), Ref. [28] (R)-2-chloro-1-

phenylethanone [α]D
20 = −5.5 (c 1.00, CHCl3)}; (R)-2l, [α]D

20 = −16.9 (c 0.35, MeOH), Ref. [28]
(R)-2-bromo-1-phenylethanone [α]D

20 = −30.9 (c 1.00, CHCl3)}.

3.2. Microorganism and Culture Conditions

The marine fungus R. mucilaginosa GIM 2.157 was isolated from marine sediments collected in
Guangdong Province, China and deposited at the Guangdong Culture Collection Center.

The marine fungus was cultivated on medium containing 15 g glucose, 5 g peptone, 5 g yeast
extract, 0.5 g disodium hydrogen phosphate, 0.5 g sodium dihydrogen phosphate, 0.5 g magnesium
sulphate and 10 g sodium chloride, in 1 L distilled water, final pH 7.0. The medium was autoclaved at
115 ◦C for 30 min to get sterilized. A single colony was cut from the agar stock cultures and added to
1 L of medium in a 2-L Erlenmeyer flask. This culture was shaken at 28 ◦C for about 48 h. Then the
cells were harvested by centrifugation at 4000 rpm at 4 ◦C for 20 min. The supernatant was discard
and the cells were rinsed with a Na2HPO4-KH2PO4 buffer (100 mM, pH 7.0) and centrifuged again.
The supernatant was removed and the pellets were stored at −20 ◦C.

3.3. Immobilization of R. mucilaginosa GIM 2.157 by Various Matrices

3.3.1. On Agar

First, 2.5 g wet cells were suspended in 2 mL distilled water and the suspensions were added to a
10-mL sterilized agar (5% w/v) solution in a 50-mL screw-capped glass vial and mixed thoroughly for
5 min. Subsequently, the mixture was poured into the plate. The mixture was allowed to solidify and
yielded a solid agar layer. The solid layer was divided into blocks (3 × 3 × 3 mm3) using a grid-cutter
and then washed with distilled water and stored in phosphate buffer (pH 7, 0.1 M) at 4 ◦C.

3.3.2. On Calcium Alginate

First, 2.5 g wet cells were suspended in 5 mL distilled water and the suspensions were added
to a 5-mL sterilized calcium alginate (40 g/L) solution in a 50-mL screw-capped glass vial, stirring
thoroughly for 5 min. Subsequently, the mixture was injected dropwise into a sterilized CaCl2 (4% v/v)
solution with a needle. After the formation of stable bead structures, the solid layers were moved to a
20–22 ◦C water bath for 2 h. The spherical particles were washed thoroughly and stored in CaCl2 (4%)
solution at 4 ◦C.

3.3.3. On PVA-Alginate

First, 2.5 g wet cells were suspended in 5 mL distilled water and the suspensions were added to
5 mL calcium alginate (1% w/v) in a polyvinyl alcohol (10% w/v) solution and stirred thoroughly for
5 min in a 50-mL screw-capped glass vial. Subsequently, the mixture was injected dropwise into a
sterilized CaCl2 (4% v/v) solution by a needle. After the formation of stable bead structures, the solid
layers were moved to a 20–22 ◦C water bath for 2 h. These spherical particles were washed thoroughly
and stored in saturated boric acid solution at 4 ◦C.
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3.3.4. On Chitosan

First, 2.5 g wet cells were suspended in 5 mL distilled water and the suspensions were added to a
10-mL sterilized chitosan solution (3% w/v) in acetic acid 3% v/v, with thorough stirring for 5 min in a
50-mL screw-capped glass vial. Subsequently, this mixture was dropped with the help of a syringe
into an NaOH (1 M):MeOH (80:20) solution. After 30 min, the beads were washed thoroughly with
distilled water. Thereafter, glutaraldehyde (1% v/v) was added and stored at 4 ◦C for further use.

3.4. Scanning Electron Microscopy

For the scanning electron microscopy (SEM) analysis, the surfaces of the immobilized whole
cells were washed with water to remove the non-adhering support matrix. Alcohol dehydration
was performed using 10%, 30%, 50%, 70%, 90% and 100% ethanol; samples contacted each alcoholic
solution for 15 min. The samples were air dried at room temperature and coated with 8–10 nm of
gold using argon ion sputtering with a Baltec MCS 010 model sputter. Finally, the metallization of
the dehydrated samples was achieved and samples were observed at 15 kV on a Joel JMS 6480 LV
computer for Scanning Electron Microscopy.

3.5. Bioconversion of Ketones with Immobilized Cells

The asymmetric catalytic reduction of ketones was performed in a 50-mL screw cap glass vial
to prevent spillage of substrate or product. Shaking was performed in a heated ground-top shaker
at 25 ◦C with 240 rpm. Approximately 4.5 g immobilized cells with agar (or with calcium alginate,
PVA-alginate, chitosan) were suspended in 10 mL of Na2HPO4-KH2PO4 buffer (100 mM, pH 7.0)
containing 0.5 g glucose and 10 mM of aromatic ketones (1a–1n). For the control reaction, the setup
was the same but with the addition of free cells instead of immobilized cells. Reactions were performed
for 24 h. For workup, the cells were discarded by filtration and 1 mL of the supernatant was saturated
with NaCl, followed by extraction with 1 × 1 mL of HPLC eluent (n-hexane/i-PrOH = 95/5, v/v) with
shaking for 5 min. The organic layer was combined, dried over Na2SO4 and measured by HPLC for
yield and ee.

3.6. pH Profile

Reactions were performed in 10 mL buffer (100 mM) containing 10 mM 1-(2-bromophenyl)
ethanone (1a), 4.5 g immobilized cells on agar and glucose (0.5 g) at pH values of 3.5–11 (buffers at
pH 3.5 and 4.5 were prepared with citrate buffer; buffers at pH 5.5, 6.5, 7 and 7.5 were prepared with
phosphate buffer; and buffers at pH 8.5, 9, 10 and 11 were prepared with Tris buffer) at 25 ◦C for 24 h.
Afterwards, the cells were removed by filtration and 1 mL of the supernatant was saturated with NaCl,
followed by extraction with 1 × 1 mL of HPLC eluent (n-hexane/i-PrOH = 95/5, v/v) with shaking
for 5 min. The organic layer was combined, dried over Na2SO4 and measured using an HPLC to
determine the yield and ee.

3.7. Thermostability

For thermostability studies, the immobilized cells (physiological saline) or free cells were
incubated at various temperatures (30–70 ◦C) for 1 h, 3 h, 6 h, 12 h and 15 h before being added to the
reaction. The cells were recovered, washed thoroughly with distilled water and used for the reduction
of 1-(2-bromophenyl)ethanone (1a). Reactions were performed in 10 mL of Na2HPO4-KH2PO4 buffer
(100 mM, pH 7.0) containing 10 mM of 1-(2-bromophenyl)ethanone (1a), 4.5 g cells immobilized on
agar and glucose (0.5 g) at 25 ◦C for 24 h. Then, the cells were discarded by filtration and 1 mL
of supernatant was saturated with NaCl, followed by extraction with 1 × 1 mL of HPLC eluent
(n-hexane/i-PrOH = 95/5, v/v) with shaking for 5 min. The organic layer was combined, dried over
Na2SO4 and measured using an HPLC to determine the yield and ee.
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3.8. Storage Stability

To estimate their storage stability, both free and immobilized cells were stored in 100 mL
physiological saline (0.85% NaCl, w/v) at 4 ◦C for 5, 10, 20, 25, 30 or 60 days. The cells were used to
reduce 1-(2-bromophenyl)ethanone (1a). The reactions were performed in 10 mL of Na2HPO4-KH2PO4

buffer (100 mM, pH 7.0) containing 10 mM of 1-(2-bromophenyl)ethanone (1a), 4.5 g cells immobilized
on agar and glucose (0.5 g) at 25 ◦C for 24 h. Then, the cells were discarded by filtration and 1 mL
of the supernatant was saturated with NaCl followed by extraction with 1 × 1 mL of HPLC eluent
(n-hexane/i-PrOH = 95/5, v/v) with shaking for 5 min. The organic layer was combined, dried over
Na2SO4 and measured using an HPLC to determine the yield and ee.

3.9. Reusability

For recyclability studies, reactions were performed with substrate 1a (10 mM) in 10 mL of
Na2HPO4-KH2PO4 buffer (100 mM, pH 7.0) and 4.5 g R. mucilaginosa GIM 2.157 cells immobilized on
agar at 25 ◦C for 23 h. At the end of the reaction, the cells were centrifuged at 4000 rpm for 20 min to
separate them from the reaction mixture, washed with Na2HPO4-KH2PO4 buffer (100 mM, pH 7.0)
and suspended in 10 mL of the same buffer containing the same substrate. The reaction mixture
(1 mL of supernatant separated from cells) was saturated with NaCl and extracted with 1 mL (×2) of
HPLC eluents (n-hexane/i-PrOH = 95/5, v/v) while being shaken for 5 min. The organic phases were
combined, dried over Na2SO4 and crude samples were analyzed using HPLC to determine the yield
and ee.

4. Conclusions

In this study, we reported the immobilization of whole mycelia of a selected strain of
marine-derived R. mucilaginosa GIM 2.157 on agar, calcium alginate, PVA-alginate and chitosan as
support matrices. The successful immobilization was confirmed by FTIR and SEM. The immobilized
cells showed a potential for the asymmetric reduction of various ketones, depending on the support
matrix. It was shown that agar is a highly effective material for the entrapment of R. mucilaginosa
GIM 2.157 cells in terms of the catalytic activity of the cells for the asymmetric reduction of ketones.
The cells immobilized on agar maintained activities and selectivities comparable to those of free cells.
The free cells exhibited an optimum activity at pH of 7.0 and were very sensitive to alkaline or acidic
environments. The cells immobilized on agar retained approximately 99% of their initial activity in
the pH range 3.5–9, with a slight decrease at pH 10 and 11. The cells immobilized on agar retained
>99% of their original activity after incubation for 1 h at 60 ◦C, while the activity of the free cells
decreased to 70% after incubation for 1 h at 40 ◦C. The storage stability of the R. mucilaginosa GIM
2.157 strain was greatly enhance by immobilization on agar. The agar-immobilized cells maintained
approximately 95% of their original activity after storage at 4 ◦C for 60 days, while the catalytic activity
of free cells decreased to 82% after storage at 4 ◦C for 20 days and to 7% after storage at 4 ◦C for
60 days. The immobilized cells on agar could be reused for 6 cycles without significant loss of activity,
while free cells began to lose their activity at cycle 4. As a result, the R. mucilaginosa GIM 2.157 cells
immobilized on agar are highly practical for the enantioselective preparation of chiral alcohols.
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Abstract: Biological hydrogen production by microbial cells has been extensively researched
as an energy-efficient and environmentally-friendly process. In this study, we propose a fast,
easy method for immobilizing Enterobacter aerogenes by expressing ataA, which encodes the adhesive
protein of Acinetobacter sp. Tol 5. AtaA protein on the E. aerogenes cells carrying the ataA gene
was demonstrated by immunoblotting and flow cytometry. The AtaA-producing cells exhibited
stronger adherence and auto-agglutination characteristics than wild-type cells, and were successfully
immobilized (at approximately 2.5 mg/cm3) on polyurethane foam. Hydrogen production from the
cell-immobilized polyurethane foams was monitored in repetitive batch reactions and flow reactor
studies. The total hydrogen production in triple-repetitive batch reactions reached 0.6 mol/mol
glucose, and the hydrogen production rate in the flow reactor was 42 mL·h−1·L−1. The AtaA
production achieved simple and immediate immobilization of E. aerogenes on the foam, enabling
repetitive and continuous hydrogen production. This report newly demonstrates the production of
AtaA on the cell surfaces of bacterial genera other than Acinetobacter, and can simplify and accelerate
the immobilization of whole-cell catalysts.

Keywords: hydrogen production; Enterobacter; immobilization; trimeric autotransporter adhesin;
cell surface engineering; whole-cell catalyst; surface display

1. Introduction

Biological hydrogen production promises a less energy intensive and more environmentally
friendly process than traditional processes [1,2]. Most bioprocesses occur at ambient temperatures
and pressures. More importantly, they generate hydrogen from various waste biomasses, such as
industrial and agricultural organic wastes and wastewaters [2–6]. Hydrogen conversion bioprocesses
by heterotrophic bacteria can be classified into two types: light-dependent and light-independent.
Light-dependent processes include biophotolysis by cyanobacteria and photo-fermentation by
photosynthetic bacteria, which need light energy for hydrogen production [7]. These bioprocesses
are disadvantaged by the requirement for lighting throughout the process and the low efficiency of
the light-energy conversion. Light-independent hydrogen-production processes include microbial
electrolysis [8] and dark fermentation under anaerobic conditions [9]. Dark-fermentation is the
most promising of these two approaches, and has been well studied. Although several bacterial
species reportedly produce hydrogen via dark-fermentation in pure culture [9], the facultative
anaerobes belonging to genus Enterobacter are often exploited for this purpose, because they are
easily grown and completely consume the residuary oxygen in the reactor before starting the hydrogen
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production [10]. Mutant strains of E. aerogenes isolated in previous research have demonstrated high
hydrogen productivity via fermentation on several substrates [5,10–12].

In most exploratory studies, bio-hydrogen production under dark fermentative conditions has
been implemented by the batch-reactor method, which is simply operated and efficiently controlled.
However, the development of continuous production processes is recommended for large-scale
industrial operations, which must be practically and economically viable [13]. To achieve effective
continuous hydrogen production, many studies have developed the cell immobilization method.
Cells affixed by various immobilization strategies have been evaluated for their performance as
biohydrogen producers [4,14–19]. Unlike planktonic cells, immobilized cells can be repeatedly used in
continuous hydrogen production, because the stability and durability of them during the process is
enhanced by the immobilization. However, conventional immobilization methods are hindered by
complex processes or long startup periods, which increase the manufacturing costs of the immobilized
whole-cell catalysts.

Previously, we discovered a bacterial nanofiber protein, Acinetobacter trimeric autotransporter
adhesin (AtaA), which plays a vital role in cell adhesion and auto-agglutination of its natural producer,
Acinetobacter sp. Tol 5 [20–25]. AtaA belongs to the protein family of trimeric autotransporter adhesins
(TAAs), which participate in cell adhesion of Gram-negative pathogens to biotic materials in their
host tissues [26,27]. Unlike other TAAs, AtaA mediates adhesion to various abiotic materials such as
plastics, glass, and stainless steel [20,24]. Importantly, introducing the ataA gene induces these features
in non-adhesive and non-agglutinating Acinetobacter species. We developed a new immobilization
method for bacterial cells on the basis of a kind of physical adsorption mechanism through AtaA [28,29].
However, the immobilization of bacterial species other than Acinetobacter has not been reported. In this
study, we demonstrate the first evidence that E. aerogenes beyond the Acinetobacter genus can be
immobilized by expressing ataA, and that the immobilized cells can be utilized in repetitive and
continuous hydrogen production. We chose polyurethane foam as a typical carrier material for
microbial cells. It is light, durable, inexpensive, and easy to handle material, and is practically used for
wastewater treatment [30–32].

2. Results

2.1. Production of AtaA on the Cell Surface of E. aerogenes

The E. aerogenes cells were transformed by conjugal transfer from Escherichia coli harboring pAtaA,
and the transformant was analyzed for AtaA production by sodium dodecyl sulfate-polyacrylamide
gel electrophoresis (SDS–PAGE) followed by immunoblotting (Figure 1A). The AtaA protein band
(~300 kDa) was detected in the outer membrane fraction prepared from the transformant by
immunoblotting with anti-AtaA antibody (Figure 1A). This result confirmed AtaA production by the
transformant cells. Surface display of AtaA on the cell was then confirmed by immunocytostaining of
the transformant cells. In the flow cytometry analysis, the fluorescent signal for AtaA on the cell surface
of the transformant was clearly more positive than that of wild-type cells (Figure 1B). These data
demonstrate the surface display of AtaA on E. aerogenes.

2.2. AtaA-Mediated Immobilization of E. aerogenes

The cell adhesion, auto-agglutination, and immobilization of the transformant were analyzed.
Crystal Violet staining of the adherent cells on polystyrene (PS) plates revealed a clearly greater
adhesion of the E. aerogenes transformant than the wild-type (photographs in Figure 2A, inset).
Quantitatively, the cell adhesion was 19 times higher in the transformant than the wild-type cells
(Figure 2A). Auto-agglutination of the transformant cells was then observed by tube-settling assay.
The transformant sank faster than the wild-type cells, and approximately 40–50% of the transformant
cells were sedimented in 3 h (Figure 2B). These data demonstrate that E. aerogenes acquired adhesive
and auto-agglutinative properties by expressing ataA.
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Figure 1. Expression and production of AtaA in Enterobacter aerogenes IAM1183. (A) Immunoblotting
of outer membrane proteins prepared from the wild-type E. aerogenes IAM1183 (middle lane) and the
cells transformed with the pAtaA construct (left lane) or Tol 5 4140::pAtaA (positive control, right lane).
Arrow points to the detected band of the full-length AtaA protein. (B) Flow cytometry analysis for
confirming surface display of AtaA on the transformant.

Figure 2. Adherence and auto-agglutination assay of Enterobacter aerogenes-expressing ataA. (A) A cell
suspension was placed on the polystyrene plate, and the cells adhering to the bottom of a 48-well were
stained with Crystal Violet (photographs, inset). Adherent cells were quantified by measuring the
Crystal Violet absorbance at 590 nm. (B) The sediment of the transformant at the bottom of the test tube
was observed after settling for 3 h (photographs, inset), and the auto-agglutination ratio was calculated
from the OD600 decrease in the upper segment of the cell suspension. Data are the mean ± SD of
three independent measurements. Significant differences between the data (student t-test, p < 0.01) are
marked with asterisk (*).

We next attempted instant and direct immobilization of ataA-expressing E. aerogenes on
polyurethane foams, as previously demonstrated by ataA-expressing Acinetobacter [28]. We first
optimized conditions for AtaA-mediated immobilization of E. aerogenes cells onto the polyurethane
foam, and found the suitable conditions; the cells were suspended in BS-N medium to 4.0 of OD600,
shaken in the presence of polyurethane foams at 115 rpm at 30 ◦C for 2 h. After merely shaking the
polyurethane foams and a cell suspension of the transformant cells in a flask for 2 h, the turbidity was
decreased (Figure 3A), and the immobilized cell density on polyurethane foams was approximately
5 times higher than that of the planktonic cells (Figure 3B). The immobilized cell concentration in
the polyurethane foams reached 2.5 g-dry cell weight (DCW)/L-medium. The loading capacity of
the polyurethane foams was calculated to be 80 mg-DCW/g-foam. In contrast, the wild-type cells
were not immobilized by shaking with polyurethane foams in a flask; after 2 h, the cell density on
polyurethane foams was lower than that of the cells that remained in the planktonic state (Figure 3B).
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The result clearly showed that ataA expression enhances the immobilization of E. aerogenes on the
polyurethane foam.

Figure 3. Immobilization of ataA-expressing E. aerogenes on polyurethane foams. A cell suspension
of the transformant was shaken with polyurethane foams in the flask. (A) A clear suspension was
observed after 2 h of shaking. (B) Immobilized cells were detached from the 4 pieces of polyurethane
foams, and the cells were freeze-dried for dry cell weight (DCW) measurements. The DCW of the
remaining cells in the 20 mL of suspension was also measured. Dry cell densities packed in the unit
volume were calculated. Data are the mean ± SD of three independent studies. Significant differences
between the data (student t-test, p < 0.01) are marked with an asterisk (*).

2.3. Repetitive and Continuous Hydrogen Production by Immobilized E. aerogenes

Figure 4A describes batch-mode repetitive hydrogen production utilizing immobilized E. aerogenes
on polyurethane foams. The processes was performed under the restriction of a nitrogen source
(0.02 g/L (NH4)2SO4) to prevent cell growth during the reaction. The glucose consumption and
hydrogen production in the batch reactor were measured during each reaction (Figure 4B).

When most of the glucose was consumed, the cell-immobilized polyurethane foams were
transferred to new reaction medium for the next hydrogen production. At least three batch reactions
were completed by the cell-immobilized polyurethane foams, whereas the polyurethane foams shaken
with wild-type cells were unavailable for repetitive hydrogen production because an insufficient
quantity of the cells was immobilized on the carrier (Figures 3B and 4B). Batches 1, 2, and 3
of the transformant-adhered foams yielded approximately 0.4, 0.6, and 0.4 mol/mol glucose of
hydrogen, respectively.

Finally, we constructed a flow reactor for hydrogen production (Figure 5A) and measured the
hydrogen production during continuous culture. The transformants immobilized on the polyurethane
foams or cultured under planktonic conditions (without polyurethane foams) were loaded into the
reactor. These processes were also performed under the restriction of a nitrogen source. Hydrogen
production by the immobilized cells continued for at least 30 h, and the hydrogen production rate from
5 to 30 h was 42 mL·h−1·L−1. In contrast, hydrogen was hardly produced in the planktonic condition,
because the cells were washed out (Figure 5B). These data suggest that AtaA-mediated immobilization
is tenacious enough to enable continuous hydrogen production in the flow reactor.
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Figure 4. Repetitive hydrogen production by immobilized E. aerogenes in batch reactions.
(A) Repetitive batch reactions utilizing polyurethane foams shaken with the transformant or wild-type
cells; (B) hydrogen yields (black) and glucose consumptions (gray) measured during the three
repetitive batches.

Figure 5. Continuous hydrogen production by immobilized E. aerogenes in a flow reactor. The flow
reactor was inoculated with immobilized or planktonic cells. (A) Measurement procedure of hydrogen
yields during the reactions. (B) Hydrogen yield versus time in the flow reactor with immobilized-cells
on polyurethane (pAtaA +PU: black) and with the planktonic-cell (pAtaA -U: gray). Data are the
mean ± SD of three independent studies.
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3. Discussion

We achieved simple and immediate immobilization of E. aerogenes cells by introducing ataA
gene. The immobilized bacterial cells were successfully applied in repetitive and continuous
hydrogen production.

In previous studies, we demonstrated the heterologous cell-surface production of AtaA in
Acinetobacter baylyi ADP1 and sp. ST550 [28,29], but whether heterologous hosts outside the genus
Acinetobacter can produce AtaA was not investigated. In this report, we newly demonstrate that AtaA
can be produced on the surface of another genus, Enterobacter. This implies that AtaA-mediated
bacterial cell immobilization [28,29] is achievable in broader hosts.

To realize large-scale hydrogen production, continuous/repetitive production processes are
recommended [13]. Immobilized whole-cell catalysts enable continuous and efficient bioprocessing
by maintaining a sufficient cell density in the reactor. Hydrogen-producing microbes are usually
immobilized by the gel or resin embedding method using alginate or polyvinyl alcohol (PVA) [14,18].
However, this method requires additional gelling and molding processes after mixing the bacteria and
gelling agent. Direct immobilization through bacterial biofilm formation has also been reported in
previous Enterobacter studies, but these approaches require a long startup period; biofilm formation
on a support ranges from 20 h to over 14 days [4,17]. For hydrogen production, AtaA-mediated
immobilization offers several advantages over conventional immobilization methods: (1) wide-variety
of carrier availability, (2) rapid and tenacious immobilization, and (3) direct immobilization on
the surfaces of materials [24,28,29]. Moreover, we recently showed that whole-cell catalysts
expressing AtaA can be reversibly immobilized on a carrier, enabling the reuse of bacterial cells
and supports [33]. This feature is hardly realized in direct immobilization through biofilm formation.
The immobilized-cells by AtaA are hardly detached in buffer solution, while they are easily detached in
pure water [33]. In this study, the results shown in Figure 5 suggest that the cells on polyurethane were
maintained during the continuous reaction over 30 h without leaching, because the reaction rate did
not reduce. Taken together, these considerations imply that the AtaA-based method can improve the
cell immobilization process for whole-cell catalyst production, and would likely reduce the production
cost of biohydrogen.

We demonstrated that the transformant cells maintained their hydrogen-production ability
after displaying AtaA on their surfaces; moreover, the immobilized cells were sufficiently robust to
withstand several repeats of the reaction, as well as continuous reaction (Figures 4 and 5). Our results
suggest that AtaA-mediated immobilization of E. aerogenes caused no serious damage to the cell.
E. aerogenes produces hydrogen from glucose through several metabolic pathways [9], which can
be circulated only if the immobilized cells remain viable. Overexpression of membrane proteins
such as AtaA is commonly considered to become toxic, because the excessively produced proteins
disrupt the bacterial membrane structures [34–36]. In our previous report, we unexpectedly found
that immobilization of bacteria by surface production of AtaA causes no damage to the cells [33].
Moreover, the over expression of ataA did not seem to affect severely on E. aerogenes’s growth. In fact,
we could prepare the cells producing AtaA at a high cell density (OD600 = 4.0) for immobilization.
These features are useful for immobilizing E. aerogenes and other hydrogen-producing Gram-negative
bacteria. In the third batch reaction with cell-immobilized polyurethane, however, slight reduction
of hydrogen production was observed (Figure 4). Because we restricted a nitrogen source during
hydrogen production to prevent cell growth, the resting cells immobilized might gradually have lost
their activities during the repetitive reaction.

The hydrogen production in each batch of the triple batch reactions was 0.4–0.6 mol/mol
glucose, and the hydrogen production rate in the flow reactor was 42 mL·h−1·L−1. These values
are unremarkable when compared with those of pure Enterobacter spp. cultures in previous laboratory
studies [4,17,37–39]. Table 1 summarizes our results with previously reported studies utilizing
immobilized Enterobacter for hydrogen production. However, a proper comparison between the present
and previous results is difficult, because the experimental conditions such as reactor types, bacterial
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strains used, and operation systems are different among the studies. To further increase the hydrogen
yield in our system, it is necessary to increase the immobilized-cell mass by examining carriers, design
a sophisticated reactor, and optimize operating conditions for hydrogen production. The selection of
bacterial strain and implement metabolic engineering of the cells is also important [40–42]. Combining
our new simple method for microbial immobilization with knowledge from previous studies would
develop a practical biohydrogen production process with high performance.

Table 1. Comparison of hydrogen production with immobilized Enterobacter spp.

Biocatalyst
Immobilization

Method
Reactor

Type
Feed
Stock

Production Rate
Conversion

Rate
Advantage/

Disadvantage
Reference

Enterobacter
aerogenes
IAM1183

Adhesion of
AtaA protein on

polyurethane
foam

CSTR in
Erlenmeyer

flask
Glucose

42 mL·h−1·L−1

(1.87
mmol·h−1·L−1)

0.6 mol/mol
glucose (Batch)

Immediate and direct
immobilization (2–3 h)/

Low production rate
This study

Enterobacter
aerogenes

ATCC 13048

Gel entrupment
in alginate gel

Packed-bed
tubular
column
reactor

Glucose n/d

9.44 mmol/g
glucose

(1.7 mol/mol
glucose)

High conversion rate/
Complex

immobilization
processes

[37]

Enterobacter
aerogenes

HO-39

Adsorptionon
porous glass

beads

Packed-bed
column
reactor

Glucose 850 mL·h−1·L−1

(37 mmol·h−1·L−1)
0.73 mol/mol

glucose

High production rate/
complex

immobilization
processes

[38]

Enterobacter
cloacae

IIT-BT 08

Biofilm
formation on

Lignocellulosic
agroresidues

Packed-bed
reactor Glucose 75.6 mmol·h−1·L−1 n/d High production rate/

Long setup time (20 h) [4]

Enterobacter
aerogenes
NCIMB
10102

Biofilm
formation on

synthetic
sponge

Packed-bed
column
reactor

Glucose 10.2 mmol·h−1·L−1
1.36 to 3.02

mmol/mmol
glucose

High production and
conversion rate/
Long setup time

[39]

Enterobacter
aerogenes

E.82005

Biofilm
formation on
polyurethane

foam

Hand-made
fermenter

Molasses
from a
sugar

refinery

13
mmol·h−1·L-culture−1

1.5–3.5 mol/mol
sugar

High production and
conversion rate/
Long setup time

(14 days)

[17]

n/d: Not determined.

4. Materials and Methods

4.1. Materials

Luria-Bertani (LB) medium was purchased from Nakarai Tesque (Kyoto, Japan). Glucose,
anmonium sulfate, ampicillin, and gentamicin were purchased from Fujifilm Wako Pure Chemical
Corp. (Osaka, Japan). Polyurethane foam (CFH-40) was given from Inoac Corp. (Nagoya, Japan).
N2 gas and argon gas were purchased from Sogo Kariya Sanso (Nagoya, Japan).

4.2. Plasmid Construct, Bacterial Strains, and Culture Conditions

The plasmid construct, pAtaA [19], was used for ataA gene expression in E. aerogenes.
The bacterial strains used were E. aerogenes IAM1183, its transformant harboring pAtaA, and a

ΔAtaA mutant of Acinetobacter sp. Tol 5 harboring pAtaA (Tol 5 4140::pAtaA) [43]. Cells of all strains
were grown aerobically in New Brunswick Scientific (NBS) mineral salts medium or Luria-Bertani
(LB) medium at 30 ◦C with shaking. To cultivate the transformant cells, the antibiotics ampicillin
(100 μg/mL) and gentamicin (10 μg/mL) were added to the growth media. To induce ataA expression
on the plasmid construct, 0.5% (w/v) arabinose was added to the NBS medium. After transferring the
seed culture to the induction medium, AtaA production on the cells was promoted by incubation for
12 h at 30 ◦C.
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4.3. Transformation of E. aerogenes and Isolation of the Transformants

Enterobacter aerogenes was transformed by conjugal transfer as previously described [20],
with slight modification of the transformant selection processes. The chemically competent cells
of Escherichi coli S17-1 strain [44] were transformed with pAtaA, which was passed by conjugal transfer
to E. aerogenes. The transformants obtained by conjugal transfer were selected by the color change of
the medium on Shimon’s citrate agar plates [45] supplemented with ampicillin and gentamicin.

4.4. Analysis of AtaA Production by E. aerogenes Transformants

To confirm AtaA production on the outer membranes of the transformants, the bacterial cells were
collected from liquid culture, and the proteins on their outer membranes were extracted, separated
by SDS–PAGE, and immunoblotted with anti-AtaA699-1014 antibody [20]. The production of AtaA on
the cells was then confirmed by flow cytometry. The extraction, immunoblotting, and flow cytometry
procedures were described previously [20]. The data were obtained by a FACSCanto II flow cytometer
(BD biosciences, San Jose, CA, USA), and were further analyzed by comparing their fluorescence
intensities using FlowJo software (TOMY digital biology, Tokyo, Japan).

Adherence and tube-settling assays of the transformant were performed as previously
described [24], with slight modifications. Bacterial cell suspensions in BS-N medium (prepared at
OD600 = 4.0) were injected into the wells of a 48-well PS plate or test tubes as described previously [24].

4.5. Cell Immobilization on Polyurethane

To check the immobilization of resting cells, E. aerogenes and its transformant were prepared as
previously described [28]. A bacterial cell suspension (grown to OD600 = 4.0) was transferred to a
100-mL Erlenmeyer flask containing polyurethane foams with a specific surface area of 50 cm2/cm3

(1 cm3 cubes). The cells were immobilized on the polyurethane foams by incubating the flask at 30 ◦C
with shaking at 115 rpm for 2 h in 20 mL of BS-N medium as previously described [28].

The DCW of the immobilized cell mass was quantified as described previously [28]. The packed
cell density was calculated by dividing the immobilized cell mass (i.e., the DCW) by the immobilzation
support volume, which was calculated as described previously [28].

4.6. Hydrogen Production by the Immobilized Cells

Repetitive hydrogen production in the batch reactor was started by adding 20 pieces of the
polyurethane foams holding the immobilized cells to 30 mL of BS-N medium supplemented with
0.5% glucose and 0.02 g/L (NH4)2SO4 in a sealed vial. The head-space gas was switched to N2,
and the vial was incubated at 37 ◦C. During the incubation, the gases produced were collected by a
gass-tight syringe, and their hydrogen content was measured by gas chromatography at designated
time intervals (0, 3, 6, 8, 12, 15, 18, 21, 27, 30, 33, and 36 h). The glucose concentration in the
reaction medium was measured by a Glucose CII-Test Wako kit (Wako, Osaka, Japan) following the
manufacturer’s instructions. At the end of every batch reaction (i.e., after 12 and 24 h operation), carrier
pieces were collected from the vial, washed in 300 mL BS-N medium for 5 min, dewatered on a paper
towel for 2 min, and transferred to the new reaction medium in the new vial for the next reaction.

Hydrogen production by the ataA-expressing cells in the flow reactor was started by loading
the immobilized cells (50 pieces of polyurethane foam) or planktonic cells into a 100 mL Erlenmeyer
flask containing 80 mL of BS-N medium was supplemented with 0.3% (w/v) glucose and 0.02 g/L
(NH4)2SO4. The air in the head space of the flask was purged by filling with N2 gas. Fresh medium
was supplied through an inlet line in the flask at a flow rate of 30 mL/h. At the same time, the spent
medium in the flask was expelled through an outlet line at the same flow rate. The gas produced was
collected by the downward displacement of water through the sampling line.
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4.7. Quantification of H2 Production by Gas Chromatography Coupled to a Thermal Conductivity Detector
(GC–TCD)

The produced H2 was quantified by gas chromatography (CG) (GC-2014; Shimadzu, Kyoto,
Japan) equipped with a thermal conductivity detector (TCD) and a SHINCARBON-ST packed column
(4.0 m × 3.0 mm φ, Shinwakako; Kyoto, Japan). The TCD was set to 150 ◦C. The recovered gas was
injected into the GC–TCD. The carrier gas was argon flowing at 25 mL/min. The GC operating
program was run in isocratic mode at 40 ◦C for 12 min. The H2 peak was detected at a retention time
of 3.3 min. The H2 production was calculated from the peak area.
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Abstract: A two-enzyme system composed of immobilized ketoreductase (Hansenula polymorpha) and
glucose dehydrogenase (Bacillus megaterium) was developed for the asymmetric reduction of keto
esters to optically active hydroxy esters via immobilization in polyvinyl alcohol (PVA) gel particles.
The concentration of enzymes was optimized, and the final particles were used 18 times in a row in
a batch mode to achieve minimal loss of activity and complete conversion of the model substrate,
β-ketoester ethyl-2-methylacetoacetate. Excellent stability was also achieved using new storage
conditions of PVA particles, with 80% of activity being retained after almost 10 months.

Keywords: ketoreductase; co-immobilization; PVA gel

1. Introduction

Ketoreductases (KREDs) are powerful tools for the asymmetric reduction of ketone
substrates to optically active alcohols, which are useful chiral building blocks in chemical and
pharmaceutical industries [1]. Numerous potentially interesting substrates were tested, including aryl
γ,δ-unsaturated-β-ketoesters [2], various substituted β-ketoesters [3–6], diaryl ketones [7], and bicyclic
ketones [8]. All KREDs require a reduced cofactor NAD(P)H, which increases the cost of their
application. Therefore, cofactor recycling systems were applied to overcome this problem [9]. One of
the well-established systems consists of glucose dehydrogenase (GDH)/glucose.

Despite the many advantages of and recent successes in biocatalysis, the use of enzymes is
often hampered by a lack of long-term operational stability due to low-substrate solubility in the
aqueous reaction system, poor enzyme stability in commonly-used organic solvents, and difficulties
in recovering and reusing the enzyme. Enzyme immobilization provides an attractive approach
to overcoming these drawbacks [1]; however, the immobilization of KREDs remains challenging
and only a few examples have been reported. For example, one system used nonporous glass as
a support for the KRED and was used in a continuous gas-phase reactor [10]. Another system
used covalent binding of KRED on resin EC-HFA, which was applied in both batch mode and flow
reactor mode [1]. KRED and GDH were also separately immobilized on aldehyde-activated agarose
and used in a flow reactor to perform stereoselective ketone reduction [11]. Combined cross-linked
enzyme aggregates (combi-CLEAs) of KRED and GDH were used for repeated conversions of ethyl
4-chloro-3-oxobutanoate (COBE). The system retained 70% of its activity after 10 cycles in aqueous
system probably because of relatively weaker bond between enzyme molecules [12].

LentiKats® is an entrapment technology that has been applied for the immobilization of whole
cells and enzymes [13–21]. Its lens-shaped capsules are made of polyvinyl alcohol gel which offers
several advantages such as low matrix costs, inexpensive and simple gel preparation, low diffusion
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limits, etc. [13]; however, the co-immobilization of redox enzymes linked with cofactor regeneration
have not been studied to date. Scale-up process of immobilization into PVA gel is also possible and
was reviewed recently [22].

This article reports the optimization and application of co-entrapped KRED and GDH in a PVA gel.

2. Results and Discussion

2.1. KRED and GDH Expression and Purification

The KRED gene from H. polymorpha was first sequenced and cloned by Hanson et al. and the
enzyme was used to prepare (S)-2-chloro-1-(3-chloro-4-fluorophenyl)-ethanol with 81% yield and
excellent optical purity >99% ee [23]. GDH (EC. 1.1.1.47) from B. megaterium was chosen for effective
NADPH regeneration.

Enzymes were expressed in E. coli BL21(DE3) with a combined lac and T7 promoter. The presence
of enzymes (Supplementary Material Figure S1, (a) KRED: 32 kDa, (b) GDH: 35 kDa) was checked by
SDS-PAGE. Enzymes were further purified, concentrated, and desalted, which was verified by protein
electrophoresis (Supplementary Material Figure S2).

The activity of purified enzymes was determined spectrophotometrically by cofactor utilization
separately for each enzyme. The initial specific activity of GDH was 45.7 U·mg−1, which was
3.5-fold higher than the initial specific activity of KRED (13.06 U·mg−1). Based on the pH and
temperature profiles of KRED and GDH (Figure 1), pH 6.5 and 37 ◦C were chosen as the conditions
for all experiments. According to spectrophotometric measurements of enzyme temperature profiles,
the optimal temperatures were 25–35 ◦C; however, in combined cascade reaction with both enzymes,
37 ◦C was observed as the optimum for product formation. For the same type of KRED, pH 7 and
30 ◦C were used as the optimal conditions [23], while pH 6.9–7 and 32–37 ◦C were used for commercial
KREDs [2,3,8].

Figure 1. pH and temperature profile of KRED and GDH.

2.2. Free-Enzyme Biotransformations

Biotransformations were performed to verify the activity of purified KRED in combination with
NADPH regeneration with GDH (Section 3.6). Ethyl-2-methylacetoacetate, which is an α-alkyl-β-keto
ester, was selected as a model substrate for these purposes. This group of substrates are used in
relatively low concentrations (25–50 mM) due to their low solubility in water and their potential ability
to inhibit enzymes [3].

Free enzymes were used at different ratios for the complete conversion of the substrate
(Supplementary Material, Figures S3 and S4). According to the results summarized in Table 1, a five-fold
higher concentration of KRED increased the initial activity approximately five and half times and
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total conversion of the substrate was achieved within 90 min. In contrast, a four-fold increase in
the GDH concentration had no significant effect on initial activity. As expected, KRED was the
rate-limiting enzyme and GDH was added in excess in biotransformations. GDH was previously
used at concentrations equal to [3] or three-quarters lower than KRED [23], which is similar to the
experiments reported above. One study reported the effect of GDH concentration on reaction rate in
the kinetic resolution of 11-oxo-5,6,7,8,9,10-hexahydro-6,9-methanobenzocyclooctene and an increasing
rate was only observed until 0.15 g·dm−3, while the KRED concentration was 0.2 g·dm−3 [8]. This
represents a KRED:GDH ratio of 1.33:1. In general, to overcome the limitation of NADPH access in the
reaction, GDH should always be in excess and the enzyme ratio should be optimized.

Table 1. Biotransformations with free enzymes.

KRED:GDH C KRED (μg·mL−1) C GDH (μg·mL−1) Initial Activity (U) Final Conversion (%)

1:1.7 9.21 15.79 0.27 84
5:1.7 46.04 15.79 1.51 >99
5:6.9 46.04 63.16 1.85 >99

2.3. Optimization of Co-Immobilization

Various factors of LentiKats® need to be verified as the co-immobilization of two or more enzymes
using this technology has not been described to date. As for the free enzymes, the most important
factor is determining the optimal concentration and ratio of both enzymes to achieve total substrate
conversion in a reasonable time. Five different ratios and concentrations of KRED and GDH were used
for co-immobilizations (Table 2). Based on the free-enzyme experiments described above, KRED was
added in excess as it is rate limiting enzyme.

The graph in Figure 2 displays the dependence of initial specific activity on the concentrations
of enzymes entrapped in particles. A four-fold lower amount of KRED and a constant concentration
of GDH led to a three-fold decrease in activity while only a 50% conversion rate was achieved. Half
of the amount of KRED had no influence on initial specific activity. The concentration of GDH in
batch four was limiting and caused a significant decrease in activity, while a two-fold higher amount
made no additional improvements. Therefore, 0.19 mg·g−1

LKs of GDH was optimum. The major
impact of KRED concentration within particles was proven in the free-enzyme reactions. To prevent
the possible inactivation of KRED during co-immobilization and the repetitive use of particles for
all further experiments, a KRED:GDH weight ratio of 25:1 was applied (batch number 1, Table 2).
The ratio depends on the enzyme activities; for example, in previously reported immobilized KRED
and GDH cascades, the optimal KRED:GDH ratio was 1:25 [11], which is opposite to the results
reported here. Furthermore, the concentrations of KRED (Table 2) used were very low in comparison
with the 100 g·dm−3 of KRED used in the immobilization on EC-HFA resin [1].

Table 2. Concentration of enzymes loaded into particles.

Batch Nr. KRED:GDH C KRED

(mg g−1
LKs)

c GDH

(mg g−1
LKs)

Initial Specific
Activity (U g−1

LKs)
Conversion a

(%)

1 25:1 4.84 0.19 3.63 >99
2 12.5:1 2.42 0.19 3.62 92
3 6.25:1 1.21 0.19 1.29 50
4 12.5:0.5 2.42 0.1 2.74 92
5 12.5:2 2.42 0.39 3.69 95

LKs—LentiKats® particles. a after 90 min.
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Figure 2. Influence of KRED and GDH concentrations in co-immobilization on the initial specific
activity in biotransformations.

2.4. Repeated Biotransformations

To verify the stability of selected co-immobilized KRED and GDH (Table 2, batch number 1),
particles were used for 18 repeated batch bioconversions in nonstop mode. Three parallel reactions
were stopped at different stages of the conversion (50, 60, and 90 min) to see how the presence of
the product could influence the level of bioconversion and the initial specific activity (Figure 3).
The non-constant trend of activity during repeated bioconversions can be caused by different residual
reaction components after each washing of particles. There were observed similar effect in work
with PVA particles before [19]. The activity of the 90-min reaction dropped at the same speed as the
others despite particles being exposed to the highest product concentrations, therefore inhibition was
excluded. The level of total conversion was still >95%, which is an advantage for product separation
and downstream processing.

Conversely, the 50-min reaction had the highest activity decline (36%), which may have been caused
by the substrate remaining in the particles after each round. The total level of conversion decreased faster
than in the other reactions, which also signifies possible inhibition by the accumulated substrate.

The 60-min biotransformations achieved the most consistent results. The overall activity decline
was only 16% after 18 biotransformations, while the total conversion reached 90% for all rounds.
Termination of the biotransformation at the exact moment of substrate utilization seemed to be optimal
for stability of the co-immobilized enzymes’ activity.

Despite the least activity decrease being achieved with the 60-min reaction, a better method
would be to let the reaction run to the total conversion as product inhibition was not observed and the
subsequent product separation is easier without any residual substrate.

In comparison, only a few KRED immobilizations have been described; for example, covalent
binding of KRED on EC-HFA resin with a self-isopropanol regeneration cycle showed no activity
decrease during 10 repetitions [1], and covalent binding of KRED on aldehyde-activated agarose
together with immobilized GDH in a flow reactor for 15 days also showed no activity decrease [11].

Co-immobilized enzymes demonstrated possible reusability with 80% retained activity and >95%
conversion, which is an enormous advantage and yield increasing mainly in biotransformations
with small concentrations of inhibiting ketone substrates (25–100 mM). Enantiomeric ratio of chiral
products was not changed after co-immobilization of enzymes (Supplementary Material Figures S11
and S12). Complete time graphs of the bioconversions are provided in the Supplementary Material,
Figures S8–S10.
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Figure 3. Initial specific activity and final bioconversion in repeated biotransformations of three parallel
reactions of co-immobilized KRED and GDH.

2.5. Storage of Particles

The storage of immobilized enzymes is one of the crucial parameters in applied immobilized
biocatalysis. Samples from batch number 1 (Table 2) were stored at 4 ◦C in 0.1 M potassium phosphate
buffer (pH 6.5) or at −80 ◦C without any buffer or solvent. After each biotransformation, particles were
washed twice with buffer and stored. Storage at 4 ◦C caused a significant decrease in relative activity
after 90 h (Figure 4) and is therefore not suitable for these co-immobilized enzymes. Storage at 4 ◦C
was chosen based on the previously reported application for immobilized invertase [19]. The particles
retained 78% of activity after eight months. Complete time graphs of the bioconversions are provided
in the Supplementary Material, Figures S5–S7).

Figure 4. Relative activity of co-immobilized KRED and GDH during storage at 4 ◦C.

The particles stored at −80 ◦C surprisingly retained 87% of their relative activity after
nine-and-a-half months (Figure 5). This was the first-time the storage conditions of PVA particles had
been reported and it showed a huge improvement compared with storage at 4 ◦C where particles lost
their entire activity after four days. Moreover, the properties of the PVA particles remained unchanged.

 

Figure 5. Relative activity of co-immobilized KRED and GDH during storage at −80 ◦C.
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3. Materials and Methods

3.1. Chemicals and Media

Kanamycin was purchased from Gibco® (Life Technologies, Glasgow, UK),
ethyl-2-methylacetoacetate was purchased from Sigma-Aldrich (St. Louis, MO, USA) and
NADP+ and NADPH were purchased from Prozomix (Haltwhistle, UK). All other chemicals were of
analytical grade and were commercially available. Luria-Bertani (LB) medium contained 1% (w/v)
NaCl, 1% (w/v) tryptone, and 0.5% (w/v) yeast extract, and plates additionally contained 2% (w/v)
agar. Kanamycin was used at a concentration of 30 μg·mL−1.

3.2. Cloning

Codon-optimized genes encoding KRED from Hansenula polymorpha [23] and GDH from
Bacillus megaterium were obtained from Generay Biotech Co., Ltd. (Shanghai, China). Genes were inserted
into a pET28b vector system, and these plasmids were transformed into Escherichia coli BL21(DE3) cells.

3.3. Preparation and Purification of KRED and GDH

An inoculum of E. coli BL21(DE3) expressing KRED or GDH was prepared from a single colony.
Glass tubes containing 3 mL of LB medium were incubated overnight at 37 ◦C and 200 rpm. After
approximately 12 h, a 500 mL flask containing 100 mL of LB medium was inoculated with 1% (v/v)
inoculation culture and cultivated at 37 ◦C and 200 rpm. Isopropyl β-D-thiogalactopyranosid was
added at a final concentration 0.5 mM when the cell density at OD600 reached 0.5–0.6.

After cultivation at 30 ◦C for 3 h, the induced cells were harvested by centrifugation (7197× g,
15 min, 4 ◦C). The sediment was subsequently resuspended in 20 mL of 0.1 M potassium phosphate
buffer (KRED: pH 6.5; GDH: pH 7). The cell suspension was disrupted in a continual cell disruptor
(CF Range, Constant Systems Ltd., Daventry, UK) in two cycles at 4 ◦C and 20 kPSI. After disruption,
70 μL of protease inhibitor (Complete EDTA-free, Roche, Berlin, Germany) per 20 mL of cell lysate was
added. The cell debris was removed by centrifugation (7197× g, 30 min, 4 ◦C).

The cell extract was filtered (Filtropur S, 0.2 μm; Sarstedt, Germany) and loaded onto 5 mL
HisTrapTM FF columns (GE Healthcare, Chicago, IL, USA) equilibrated with binding buffer (pH 5.8,
300 mM sodium phosphate, 300 mM NaCl and 10 mM imidazole). Enzymes were eluted with 80%
(KRED) or 75% (GDH) elution buffer (pH 7.4, 300 mM sodium phosphate, 300 mM NaCl, and 500 mM
imidazole) using an ÄKTA purifier system (GE Healthcare, Chicago, IL, USA). The presence of expressed
proteins in eluted fractions was determined by sodium dodecyl sulfate polyacrylamide gel electrophoresis
(SDS-PAGE) (Mini PROTEAN® Tetra Cell, Bio-Rad, Hercules, CA, USA). Fractions showing a band of the
expected size (GDH: 35 kDa; KRED: 32 kDa) were pooled, concentrated either 180 (KRED) or 40 times
(GDH) and desalted using 3 × 14.5 mL of 0.1 M potassium phosphate buffer (pH 6.5) using an Amicon®

Ultra centrifugation membrane (15 mL, 30 kDa; Merck, Kenilworth, NJ, USA).

3.4. Enzyme Assays

KRED assays (1 mL) contained 0.1 M potassium phosphate buffer (pH 6.5), 35 mM ethyl
2-methylacetoacetate and 16.53 μg·mL−1 of purified enzyme. The reaction was started with 0.5 mM
NADPH and its decrease was measured spectrophotometrically at 340 nm. GDH assays (1 mL)
contained 0.1 M potassium phosphate buffer (pH 7), 100 mM glucose, and 3.72 μg·mL−1 of purified
enzyme. The reaction was started with 0.5 mM NADP+. One unit of an enzyme was defined as the
amount of KRED catalyzing the oxidation of 1 μmol NADPH/min or the amount of GDH catalyzing
the reduction of 1 μmol NADP+/min at a pH of 6.5 (KRED) or 7 (GDH) and 25 ◦C. Experiments
were duplicated.

The concentrations of purified enzymes were measured spectrophotometrically at 280 nm using
an Eppendorf μCuvette® G1.0 (Eppendorf, Hauppauge, NY, USA). The initial specific activity was
expressed in units/mg of protein used in the reaction.
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3.5. Co-Immobilization

LentiKats® technology was used for co-immobilization. The PVA gel was composed of polyvinyl
alcohol (PVA, 10% w/v), polyethylene glycol (6% w/v), and water. The amount of water varied
according to the concentration of the added enzyme (Table 2). This mixture was heated at 90 ◦C for
30 min before being cooled at 40 ◦C under continuous stirring. Enzymes were added to the mixture in
a dropwise manner and, after approximately 5 min, the particles were prepared by dripping onto a
polyethylene plate using a syringe. The PVA drops were subsequently dried in an air flow cabinet at
35–40 ◦C for 45 min and hardened in 0.1 M sodium sulfate. The prepared particles were washed with
a sterile 0.1 M potassium phosphate buffer (pH 6.5) and used directly for biocatalysis.

3.6. Biotransformation

Ethyl 2-methylacetoacetate, was used as a β-keto ester substrate for the KRED biotransformations.
The GDH regeneration system (Figure 6) was used to regenerate NADPH. The reaction mixture
contained 0.1 M potassium phosphate buffer (pH 6.5), 35 mM ethyl 2-methylacetoacetate, 100 mM
glucose, 1 mM NADP+, and free or 20% (w/v) co-immobilized enzyme. Free enzymes were used in
different concentrations and ratios as reported in Table 1. The amount of buffer added depended on
the volume of enzyme used. In repeated batch biotransformations, the particles were washed twice in
0.1 M potassium phosphate buffer (pH 6.5) after each biotransformation. Reactions were carried out in
Eppendorf tubes in a total volume of 1 mL at 37 ◦C with shaking at 550 (free enzymes) or 700 rpm
(co-immobilized enzymes). Experiments were duplicated.

Figure 6. Reduction of ethyl 2-methylacetoacetate to ethyl 3-hydroxy-2-methylbutanoate by
NADPH-dependent KRED combined with cofactor regeneration system using GDH.

3.7. Analytics

During the biotransformations, 10 μL of sample was taken at regular intervals and 0.5 mL of ethyl
acetate was added to the extract substrate and product. After vortexing, the sample was centrifuged
(13,300× g, 1 min) to facilitate phase separation. The organic phase was transferred to a glass vial for
analysis. The bioconversion of keto ester to hydroxy ester was monitored by gas chromatography-flame
ionization detector (GC-FID) (Agilent 6890N, Santa Clara, CA, USA) with a DB-5 capillary column
(Agilent J&W, 30 m × 0.25 mm × 0.25 μm) and H2 as the carrier gas with a flow of 1 mL·min−1.
The volume of injection was 1 μL with split 50:1. The oven temperature was initially 90 ◦C for 5.5 min,
but increased to 280 ◦C with a gradient of 30 ◦C/min and was held for 3 min.

The percentage conversion was evaluated as the peak area of alcohol product/(peak area of
ketone substrate + peak area of alcohol product) × 100. One unit of KRED was the amount of enzyme
that catalyzed the production of 1 μmol·min−1 of hydroxy ester (Figure 6). The middle volume of
the reaction mixture was included in the calculation of co-immobilized KRED activity. The initial
specific activity of free (or co-immobilized) KRED was defined as μmol of hydroxy ester (Figure 6)
produced/min by 1 mg of KRED (or 1 g of particles).
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The activity decline during repeated biotransformations with co-immobilized KRED and GDH
was evaluated as the difference between the average first five and last five activities and was expressed
as a percentage.

4. Conclusions

KRED and GDH were successfully produced, purified and co-immobilized using PVA entrapment
technology and applied in a cascade reaction with NADPH regeneration. This immobilization method
was used for the first time for a two-enzyme cascade. The ratio of enzymes entrapped in particles was
optimized, and the best option (KRED:GDH = 25:1) was employed in 18 repeated batch conversions
of ethyl-2-methylacetoacetate. Particles retained approximately 80% of their activity, which is the
highest stability of co-immobilized KRED reported to date. Furthermore, the storage of co-immobilized
redox enzymes was found to be effective when particles were stored without any buffer or solvent at
−80 ◦C. Particles lost 20% of their initial activity after almost 10 months of storage and their mechanical
properties remained unchanged. This storage technique may also be applied to other immobilized
unstable oxidoreductases.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4344/8/4/168/s1.
Figure S1 (a) expression of KRED (32 kDa); column 1—molecular standard, 2—start of induction, 3—after
2h, 4—after 3h, 5—cell extract (b) expression of GDH (35 kDa); 1—molecular standard, 2—start of induction,
3—after 1h, 4—after 2 h, 5—after 3 h, 6—cell extract. Conditions of induction for both KRED and GDH: 30 ◦C,
0.5 mM IPTG, Figure S2 Purification of (a) KRED (1—molecular standard, 2–3—flow through, 4—unspecific
proteins eluted with 25% elution buffer, 5—KRED eluted with 80% elution buffer) and (b) GDH (1—molecular
standard, 2–3—flow through, 4—unspecific proteins eluted with 20% elution buffer, 5–6—GDH eluted with
75% elution buffer). Figure S3 Product conversion in biotransformations with free ketoreductase (KRED) and
glucosedehydrogenase (GDH) with three different ratios (KRED:GDH) of enzymes: nr. 1—1:1.7; nr. 2—5:1.7; nr.
3—5:6.9. Figure S4 Influence of KRED:GDH ratio and enzyme concentration on initial activity in biotransformation
with free enzymes. Figure S5 Product conversion in biotransformations with co-immobilzed enzymes nr. 1 during
six biotransformations with 12-h storage at 4 ◦C in potassium phosphate buffer (0.1 M; pH = 6.5) after 3rd, 4th
and 5th batch. Figure S6 Product conversion in biotransformations with co-immobilzed enzymes nr. 2 during
five biotransformations with 12-h storage at 4 ◦C in potassium phosphate buffer (0.1 M; pH = 6.5) after 3rd and
4th batch. Figure S7 Product conversion in biotransformations with co-immobilzed enzymes nr. 5 during five
biotransformations with 12-h storage at 4 ◦C in potassium phosphate buffer (0.1 M; pH = 6.5) after 3rd and 4th
batch. Figure S8 Product conversion in 18 batches of 50-min reactions. Figure S9 Product conversion in 18 batches
of 60-min reactions. Figure S10 Product conversion in 18 batches of 90-min reactions. Figure S11 Chromatogram
of hydroxy ester product after biotransformation with free enzymes. Figure S12 Chromatogram of hydroxy ester
product after biotransformation with co-immobilized enzymes. Figure S13 Bioconversions after 45 h and relative
activity of free and co-immobilized enzymes with different substrate concentrations.
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Abstract: For the first time, commercial macroporous melamine formaldehyde foam Basotect®

(BT) was used as a basic carrier material for both adsorptive and covalent enzyme immobilization.
In order to access inherent amino groups, the Basotect® surface was pretreated with hydrochloric
acid. The resulting material revealed 6 nmol of superficial amino groups per milligram Basotect®.
Different optimized strategies for tethering the laccase from Trametes versicolor and the lipase from
Thermomyces lanuginosus onto the pre-treated Basotect® surface were studied. Particularly, for covalent
immobilization, two different strategies were pursued: lipase was tethered via a cross-linking method
using 1-ethyl-3-(3-dimethylaminopropyl)carbodiimide, and laccase was bound after functionalizing
Basotect® with hydrophilic copolymer poly(ethylene-alt-maleic anhydride) (PEMA). Prior to
laccase immobilization, the PEMA coating of Basotect® was verified by ATR-FTIR analysis.
Subsequent quantification of available high-reactive PEMA anhydride moieties revealed an amount of
1028 ± 73 nmol per mg Basotect®. The surface-bound enzyme amounts were quantified as 4.1–5.8μg
per mg Basotect®. A theoretical surface-covered enzyme mass for the ideal case that an enzyme
monolayer was immobilized onto the Basotect® surface was calculated and compared to the amount
of adsorptive and covalently bound enzymes before and after treatment with SDS. Furthermore, the
enzyme activities were determined for the different immobilization approaches, and the stability
during storage over time and against sodium dodecyl sulfate treatment was monitored. Additionally,
PEMA-BT-bound laccase was tested for the elimination of anthropogenic micropollutant bisphenol
A from contaminated water in a cost-effective and environmentally-friendly way and resulted in
a degradation rate higher than 80%.

Keywords: Basotect®; enzyme immobilization; laccase; lipase; PEMA; EDC; bisphenol A

1. Introduction

Industrially-produced duroplastic Basotect® (BT) is a white slabstock foam with recent
applications in lightweight constructions, as well as for acoustic and thermal insulation. BT polymer
consists of highly cross-linked melamine and formaldehyde monomers, leading to high mechanical
stability and hardness. In addition, BT reveals high chemical stability and is non-soluble in any
organic solvent. Due to its chemical structure, amino and hydroxyl functionalities are buried within
the framework, making this material a promising candidate for covalent enzyme immobilization
approaches. Since enzyme immobilization is preliminary performed using films and beads [1,2],
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BT’s open porous morphology is favorable for enzyme immobilization and its application as a compact
block under flow conditions, as well.

In general, the immobilization of enzymes strongly enhances the usability of biocatalysts for
industrial or catalytic purposes [1,3,4]. Therefore, not only high loadings of enzymes on carrier
materials are favorable, but also the carrier material characteristics play an important role in how
effective the enzyme-modified material will be. It often depends on the carrier material whether
the transport of substrates to and products from an enzyme is ensured. Key factors in enzyme
immobilization, besides the reaction medium and diffusion limitations, are the precipitation of
products, the viscosity of the mixture and reaction thermodynamics [5]. These requirements have to be
considered when choosing the carrier material for any special application. In cases where low flow
rates or highly viscous fluids have to be used, an open porous carrier with bigger pores is necessary.
BT provides excellent preconditions as a carrier with respect to flow-through processes.

There are many different techniques available to immobilize enzymes, which are continuously
enhanced [1,5–7], resulting in heterogeneous catalysts with advantageous properties over
homogeneous catalyst. In particular, re-use or continuous operation of the biocatalyst, as well as
enhancement of stability [8] against thermal influences or organic solvents [9] are of interest. Due to its
simplicity, physical adsorption is a very common approach to immobilize enzymes, although issues
with enzyme desorption over time exist [10]. Covalent immobilization, as well as cross-linking of
enzymes are also widely-used alternatives for tethering enzymes on surfaces [7]. Enzymes can be
linked directly to the carrier surface, in case it is providing suitable functional groups, like the herein
studied Basotect®. The water-soluble 1-ethyl-3-(3-dimethylaminopropyl)carbodiimide (EDC) [11] is
an extensively-used coupling agent, which increases the reactivity of carboxylic groups as an active
ester. However, activating enzyme carboxylic groups can lead to enzyme-enzyme cross-linking since
activated enzyme molecules may react with nucleophiles, e.g., amino groups, of other enzymes [12].
As an alternative, if the carrier surface does not provide enough or suitable functional groups, surface
modification with highly functional polymers is often applied [13]. The latter is an easy possibility
for changing the surface chemistry of carrier materials to get optimized conditions for enzymes and
thus improve immobilization rates and increase enzyme activity. Poly(ethylene-alt-maleic anhydride)
(PEMA) is one example for this purpose and has been used by our group and others for several
years to bind enzymes [14,15]. Due to the high density of anhydride moieties in PEMA, there is an
increased amount of binding sites for protein immobilization along the polymer chain. Additionally,
the functional groups for covalent tethering are well accessible because of the atactic configuration of
the anhydride moieties and the short sidechain of the comonomer. Furthermore, the good solubility
of the polymer in aqueous solution results in a hydrogel-like 3D swelling behavior of surface-bound
PEMA and thus provides an optimal environment for hydrophilic enzymes [16]. Lipase and laccase
immobilization have been extensively studied, particularly either for applications in the dairy industry,
oil and fat processing and for producing fine chemicals or even biofuels [11,17–19], or in case of
laccase, in the pulp and paper industry, cosmetics or for dye synthesis and biosensors, as well as
wastewater treatment [20–23]. Different carrier materials, e.g., zeolites, silica gel, polypropylene,
polyethylene, octyl-agarose and cellulose ester, as well as silica-based mesoporous cements and fibers,
ceramic membranes or polyacrylonitrile beads, and immobilization techniques were applied [24–32].
Immobilized laccase is also a promising candidate for wastewater treatment to remove anthropogenic
pollutants [33–37].

In the present study, we primarily aim at the evaluation of the industrial melamine formaldehyde
foam Basotect® as a new and suitable carrier for the immobilization of enzymes using common
and established adsorptive and covalent immobilization techniques. To our knowledge, the use of
a melamine formaldehyde foam for enzyme immobilization has not been studied before. A few
working groups [38] applied melamine-based resins in pyrolysis to form templates for mostly
non-enzymatic catalysts. Furthermore, BT was used as the moving bed for fungal lipase producers [39].
Using BT as a carrier material for catalytically-active enzymes, either adsorptively or covalently bound,

196



Catalysts 2017, 7, 359

is a completely new approach. Based on BT’s chemical structure, inherent amino groups might be
favorable for covalent immobilization approaches. Thus, we intended to develop a method to expose
amino groups, followed by suitable characterization of the resulting material. Utilizing EDC-mediated
cross-linking of lipase and modified BT, as well as laccase tethering on PEMA-functionalized BT,
two different covalent immobilization approaches were pursued. Aiming at an implementation
of a particularly reactive BT surface for covalent immobilization, an intermediate PEMA layer
providing highly reactive anhydride functional groups should be proven. Utilizing a theoretical
model, the limits of loading the BT with an enzyme monolayer should be calculated. The comparison
of these theoretical values with the actually measured degree of immobilization of the respective
enzyme should make it possible to evaluate the utilization of the available BT surface for enzyme
attachment. In addition, further evaluations of the enzyme activity after binding to BT and the stability
of the adsorptively- and covalently-bound enzymes against SDS treatment, as well as enzyme stability
during storage, should allow a distinct assessment of the suitability of BT as a new carrier material for
enzyme immobilization. Finally, laccase-BT should be applied exemplarily to degrade bisphenol A in
wastewater, to demonstrate the functionality of enzyme-loaded BT.

2. Results

2.1. Characterization of Basotect®

In order to evaluate the accessibility of BT’s inner surface and to obtain information about
flow-through conditions, pore diameter and fillet widths were determined by SEM. The analyzed BT
was a white open porous foam. Its macro-porous morphology was characterized by a set of three
to five slight fillets, connected in a coupling point. By these interconnections, a highly branched
three-dimensional network was formed, as shown in Figure 1a. Furthermore, BET characterization of
the surface area was performed, and additional micropore analysis (de Boer and Saito-Foley method)
showed an absence of any micro-pores on the BT surface. Results are shown in Table 1.

Table 1. Characteristics of Basotect®.

Pore diameter 30–240μm

Fillet width 4–7μm

BET surface 5.91 m2·g−1

(a) (b)

Figure 1. (a) Scanning electron microscopy view of pure Basotect®; (b) fluorescence microscopy of
ATTO-TAGTM labeled amino functionalities on the Basotect® surface after partial hydrolysis with
concentrated HCl. The labeled sample was excited at 488 nm, and the emission was detected at 590 nm.
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Initial investigations of the BT solubility showed a distinct non-solubility in all organic solvents,
as this is typical for duroplastics. In contrast, applying hydrolysis conditions using concentrated
hydrochloric acid at 55 ◦C resulted in a cleavage of chemical bonds and a total dissolution after 4 h.
A reduction of hydrolysis time made the decomposition incomplete, which resulted only in a slight
shrinkage of the foam framework. This process led to an exposure of primary amino functionalities,
suitable for covalent enzyme immobilization.

The potential exposition of primary amino groups by a slight HCl-induced etch of the
BT surface was analyzed by the specific fluorescence marker ATTO-TAGTM FQ (3-2-(furoyl
quinoline-2-carboxaldehyde). Its special performance is based on the non-fluorescent status of the
non-reacted aldehyde form, whereas after reacting with a primary amino group, the resulting isoindole
product reveals a distinct red fluorescent emission. After treatment of BT with concentrated HCl for
20 min, ATTO-TAGTM FQ indicated the availability of primary amino groups, as shown in Figure 1b,
whereas for non-treated samples, no reaction with the dye was observed.

The amount of amino groups on the polymer surface was quantified by a photometric assay
with the azo dye Orange II (β-naphthol orange). The assay was used as previously described by
Noel et al. [40] with some modifications. It is based on ionic interactions between the sulfonate group
of the dye and the protonated amino groups in an acidic milieu. If the pH value rises, the interactions
get weaker, and the dye is released in solution where it is measured at a 484-nm wavelength. For acid
pretreated BT, the amount of amino groups was characterized by the Orange II assay, and a degree of
amination of 6.0 ± 0.7 nmol·mg−1 was determined for pieces of the typical size of 10× 3× 3 mm3.

2.2. PEMA Functionalization of Basotect® and Characterization

The coating of BT with PEMA was shown by ATR-FTIR. Acid pre-treated BT was treated with
PEMA and compared to PEMA-free samples. As shown in Figure 2, the PEMA-BT samples show
distinctive signals of carboxylic acid anhydride groups at 1775 cm−1 and 1850 cm−1, which proves
the tethering of PEMA to the BT surface. As PEMA provides cyclic anhydride moieties, the signal at
1775 cm−1 is larger than the other one at 1850 cm−1.

Figure 2. Comparison of ATR transmission spectra of plain Basotect® (BT) and PEMA functionalized
BT (not normalized). The figure shows untreated and PEMA functionalized BT for comparison.
The signals at 1775 cm−1 and 1850 cm−1 account for tethering of PEMA to the BT surface.
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The amount of free surface bound carboxyl groups (degree of carboxylation, DoC) on the BT surface
after functionalization with PEMA was additionally quantified via a photometric assay using toluidine
blue O. On average, 1028 ± 73 nmol·mg−1 carboxyl moieties on PEMA-coated BT surfaces were detected.

2.3. Enzyme Immobilization

2.3.1. Adsorptive and Covalent Immobilization

This study aimed at the evaluation of a melamine formaldehyde slabstock foam as a suitable
carrier material for the immobilization of the enzymes lipase and laccase. Thus, the immobilized
enzyme quantities and activities were analyzed after adsorptive immobilization on acid-treated BT
samples, as well as after covalent immobilization using two different approaches. Lipase was bound
by the EDC-induced linkage. Covalent laccase immobilization was performed after linkage of PEMA
on the BT surface, creating multiple attachment points.

Immobilization methods varied in immobilization time, as well as in concentration and pH value
of the enzyme solution. Details are described in Section 4.5. In initial experiments, the optimum lipase
and laccase concentrations in solution were stated for achieving the highest amount of immobilized
enzyme quantities on the BT surface. Furthermore, the composition of enzyme solution and its pH
value was ascertained for the best maintenance of the enzyme stability. To evaluate the differences
in the amount of adsorptively- and covalently-immobilized enzyme, the immobilization conditions
were selected identically within a certain enzymes. As shown in Table 2, the adsorptive immobilization of
laccase and lipase resulted in an immobilized mass of just under 6μg protein per mg of BT, respectively.
Covalently-bound enzymes were treated with SDS, additionally, to desorb non-bound enzymes. Thus, the
residual lipase and laccase amount decreased slightly, in contrast to the adsorptive immobilization method.

Verification of enzyme activity after immobilization is essential for further applications of the
enzyme-BT assemblies. Specific activity assays, as described in the literature [39,41], were utilized.
For lipase activity measurements, the hydrolysis of the fatty acid derivative p-nitrophenyl palmitate
was used, and laccase activity was detected by transformation of ABTS. In addition to the activity of
immobilized enzymes, the activities of dissolved enzymes were determined. Compared to the free
enzyme, a general decrease of activity after enzyme immobilization was determined and is shown in
Table 2. After adsorptive immobilization, lipase activity decreased to eight-fold less than free lipase
activity, whereas after EDC induced covalent immobilization, the activity was a quarter compared to
free lipase. In contrast, laccase activity after adsorptive and covalent immobilization was decreased to
about a quarter of the free laccase value, and no distinct difference in remaining activity due to the
immobilization method was detected.

Table 2. Protein quantity and laccase- or lipase-specific activity, respectively, after adsorptive or
covalent immobilization on BT. Covalent lipase immobilization was performed on acid pre-treated
BT using EDC, whereas laccase was tethered on PEMA-BT. Further immobilization conditions were
described in Table 4. n = 6.

Adsorptive Covalent

Quantity on
BT (μg·mg−1)

Activity
(U·mg−1

enzyme)

Quantity on
BT

(μg·mg−1)

Activity
(U·mg−1

enzyme)

Activity of
Free Enzyme
(U·mg−1

enzyme)

Lipase 5.8 ± 1.2 0.3 ± 0.1 4.3 ± 0.4 0.5 ± 0.1 2.2 ± 0.1

Laccase 5.8 ± 1.6 4.5 ± 0.8 4.1 ± 1.2 4.2 ± 0.7 18.5 ± 3.6

2.3.2. Surface Coverage with Enzyme

For further estimation of the ability of BT binding enzymes, the coverage of available BT surface
with immobilized enzyme was analyzed. Aiming at this, the theoretical minimum and maximum

199



Catalysts 2017, 7, 359

enzyme quantities that cover a specific BT surface were calculated (see Section 4.9) and compared to
the actual immobilized enzyme quantity for lipase, as well as laccase.

For comparison, the calculated theoretical surface coverage and the experimental data for lipase
and laccase immobilization according to the adsorptive or covalent immobilization technique, as well
as the effect of SDS treatment are shown in Table 3. In particular, for covalent enzyme immobilization,
SDS was used to remove non-covalently bound enzyme molecules.

Table 3. Determined surface coverage of lipase and laccase after adsorptive and covalent
immobilization and calculated theoretical minimum and maximum coverages of the enzymes on the BT
surface. Additionally, the effect of SDS treatment after enzyme immobilization for each immobilization
technique on surface coverage is presented. Immobilization conditions were described in Table 4. n = 6.

Surface Coverage Lipase Laccase

Theoretical (ng·cm−2)
min 25 114

max 44 125

After adsorptive immobilization
(ng·cm−2)

without SDS treatment 98 ± 20 98 ± 37

after SDS treatment 17 ± 15 63 ± 19

After covalent immobilization
(ng·cm−2)

without SDS treatment 113 ± 14 126 ± 36

after SDS treatment 73 ± 7 69 ± 20

Analyzing lipase surface concentration, the measured value exceeded the theoretical maximum
after adsorptive immobilization. SDS treatment after immobilization resulted in a distinct decrease
of bound enzyme amount (83%) associated with the fall of the indicated value below the theoretical
minimum surface coverage. In contrast, after covalent lipase immobilization and SDS treatment, the
remaining lipase concentration decreased by 35%, but continued to exceed the theoretical maximum
surface concentration. After adsorptive immobilization, laccase surface coverage was slightly below
the theoretical minimum, indicating an almost complete coverage of the BT surface. A subsequent SDS
treatment resulted in a slight decrease of surface concentration (36%). However, SDS treatment after
adsorptive laccase immobilization did not lead to the same extent of laccase molecule detachment
from the BT surface that was observed after adsorptive lipase immobilization. As a result, the same
surface coverage was obtained after adsorptive and covalent laccase immobilization followed by SDS
treatment. As detected with lipase, the laccase surface coverage after covalent immobilization and
SDS treatment was lower, compared to covalent (45%) and adsorptive immobilized laccase without
SDS treatment.

Since adsorptive immobilization of lipase and laccase was performed using uniformly
acid-pretreated BT, a consideration of the molar surface concentration of both enzymes on BT after
using the same molar enzyme solution concentrations allows a comparison of the ability of the BT
to bind the respective enzyme. With the respective enzyme mass concentration shown in Table 4,
a molar surface concentration of 1.8 pmol·cm−2 for laccase and 3.4 pmol·cm−2 for lipase on the BT
surface was achieved. In contrast, the use of the same molar enzyme solution concentrations of
approximately 9 nmol·mL−1 (corresponding to 0.25 mg·mL−1 of lipase solution and 0.5 mg·mL−1 of
laccase solution, respectively) resulted in an almost similar molar surface coverage of 1.6 pmol·cm−2

for lipase and 1.8 pmol·cm−2 for laccase on the BT surface. Additionally, in the case of a lower lipase
solution concentration, a lipase surface concentration of 47 ± 3 ng·cm−2 was almost similar to the
theoretical maximum concentration.

200



Catalysts 2017, 7, 359

2.4. Storage Stability of Enzyme-Basotect® Interactions

The stability of immobilized enzymes was estimated after tethering on BT and subsequent storage
for one or seven days at two different conditions. After adsorptive and covalent immobilization, the
lipase-BT specimens were frozen at −18 ◦C, whereas covalent fixed laccase on PEMA-BT was stored at
4 ◦C. Results in Figure 3 show a decrease of laccase activity to 60% relative to initial activity after one
day. However, remaining activity was constant during the next six days. The activity of adsorptive
immobilized lipase decreased stepwise after freezing. After one day, activity decreased by about
one-fourth, and further storage led to a remaining activity of 12%. A similar trend of activity decrease
was determined analyzing covalently-bound lipase on BT, but remaining activity after seven days
freezing was at about 40%.

Figure 3. Remaining relative activity of lipase and laccase on BT after storage for one or seven days,
respectively. Lipase-loaded BT was stored at −18 ◦C and laccase-loaded PEMA-BT at 4 ◦C.

2.5. Application of Immobilized Laccase for the Elimination of Bisphenol A

To demonstrate the function of immobilized laccase, we applied a laccase from Trametes versicolor
for the degradation of several anthropogenic organic micropollutants in surface water and wastewater
effluent. Among others, bisphenol A (BPA) was tested in degradation experiments. Results are shown
exemplarily in Figure 4. It was possible to degrade the pollutant BPA almost completely within one
week, or by nearly 90% within 48 h. After one week of experiments, the same functionalized BT
pieces were placed in another mixture of the same micropollutant mix again, and the degradation was
monitored for a second time (second curve in Figure 4).
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Figure 4. Oxidative elimination of BPA with BT-PEMA bound laccase from Trametes versicolor over
two periods of one week. After the first week, the same amount of pollutants was added again
(second cycle). Dotted curves represent the same setup with BT pieces without laccase. n = 3.

3. Discussion

3.1. Characterization and Functionalization of Basotect®

Due to its open porous structure, BT is characterized by its favorable flow performance and,
consequently, its ability for easy mass transport through the pore network. Furthermore, a suitable
specific surface and a useful surface chemistry are important for successful application as an enzyme
carrier material. Despite large pores, BT offers a good mechanical stability and hence can be used
for further functionalization. Enzymes and other proteins can be tethered to the inner surface either
adsorptively or via covalent immobilization. The chemical structure of BT is very stable and resistant,
but can also easily be functionalized by partly breaking chemical bonds between melamine and
formaldehyde with strong acids. We used concentrated HCl to uncover amino moieties onto the
surface of BT in a quick and easy way. These amino groups can be used for further functionalization.
However, with increasing HCl treatment time, the BT becomes less stable. We optimized the
exposure process of amino groups to balance out both mechanical stability and preferably the degree
of amination (DoA).

DoA was measured with a photometric assay using the Orange II azo dye. A mean amount
of 6.0 nmol·mg−1 for DoA was found. Since the application of BT for enzyme immobilization
is a completely new approach, comparison with likewise findings or similar materials is limited.
Leirião et al. [42] reported a value of 3.3 ± 0.95μmol of NH2 groups per mg material for
a polyacrylonitrile membrane enzyme support material. Due to different densities and unknown BET
surface areas for these materials, a direct comparison is not possible. Others report NH2 group amounts
only per particle [43] or as the concentration of nitrogen [44]. Additionally, every quantification method
provides deviating results and hence is inappropriate for exact comparability.

HCl-treated BT was further functionalized with the copolymer PEMA, to attach anhydride
moieties to the carriers inner surface as an additional option for optimized covalent enzyme tethering.
PEMA was successfully linked to BT, and remaining maleic carboxylic groups were identified by
ATR-FTIR and quantified using the TBO assay. A mean amount of 1027 nmol·mg−1 of available
carboxylic groups was found. This is more than 170-fold of the identified amount of amino groups,
so it can be assumed that the introduction of a PEMA interlayer increases the capability of BT to
bind enzymes. Although the inner surface of BT might not get fully covered with a PEMA coating
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during the functionalization process, the long polymer chains can be tethered to a few amino groups.
Thus, a significant increase of binding possibilities seems reasonable.

3.2. Enzyme Immobilization

For the selected enzymes lipase and laccase, adsorptive and covalent immobilization to the BT
surface was the aim. Exclusively considering one enzyme, the results of achieved surface amounts
were compared. The generation of an enzyme-carrier interaction depends significantly on the spatial
presentation of suitable functional groups or binding domains of the enzyme, as well as the surface
chemistry of the carrier material. Prior to its application for enzyme immobilization, the surveyed BT
was treated with HCl, leading to superficial hydrolysis. Polymer inherent amino groups were thereby
exposed, which were not available for the raw material. This generated BT surface served as a basis
for adsorptive immobilization of the enzymes or was used either directly for covalent attachment or
after implementation of a reactive PEMA layer on BT surface. Lipase was fixed directly on the BT
surface by EDC activation of carboxyl functions of the enzyme, and covalent laccase tethering was
performed onto PEMA-modified BT. The advantage of the additional PEMA hydrogel layer is based on
the introduction of highly reactive anhydride moieties to the surface. These moieties ensure, on the one
hand, the linkage of the interlayer to the amine-containing carrier, creating stable imide bonds. On the
other hand, unused anhydride groups enable covalent fixation of enzymes. However, the enzyme
might also adsorb additionally onto the surface and thus add to the final amount of immobilized
enzymes. Compared to the use of EDC for the activation of carboxyl functions on the enzymes’ surface,
PEMA provides reactive groups located on the BT surface. The latter allows for specific covalent bonds
to be formed only between enzyme and carrier and prevents the uncontrolled additional linkage of
enzyme molecules to each other, thus preventing loss of enzyme activity.

After adsorptive lipase and laccase immobilization, a higher amount of immobilized enzymes was
determined, as after covalent fixation, since SDS treatment was applied afterwards. It can therefore be
assumed that the covalent type of immobilization includes also a portion of adsorptive immobilization,
as well, because the covalent immobilization cannot occur independently of the adsorptive one.
The hypothesis can be proposed that this portion of non-covalent-bound enzyme molecules has been
desorbed, leading to a decline of immobilized enzyme amount. As SDS treatment is a very rough
approach for detaching enzymes from surfaces, the remaining amounts can be seen as firmly attached
to the BT surface. For enzyme-BT samples after adsorptive tethering, no SDS treatment was performed
so that a high number of non-covalent interactions can persist. This interplay may occur between
enzyme and carrier and, particularly, between enzyme molecules themselves, but does not allow for
permanent anchoring of the enzyme molecules to the carrier surface.

Figure 5 shows a comparison of the used immobilization techniques for both chosen enzymes.
Based on the theoretical assumptions made in section 2.3.2, immobilization results are compared
to a theoretical ideal monolayer of immobilized enzymes. Therefore, the amount of immobilized
enzymes, as well as the enzyme activity of the samples were considered. Adsorptively-bound lipase
showed the highest amounts of immobilized enzymes. As it was significantly higher than for an
expected monolayer, it can be assumed that multilayer immobilization occurred. However, it did
not result in higher amounts of enzyme activity. For laccase, adsorptively-bound enzyme resulted in
slightly better enzyme activity compared to the covalent binding method, which is also the case when
comparing the immobilized enzyme amounts. The difference between the immobilization results of
adsorptively-bound lipase and laccase can partly be explained by taking the concept of ‘hard’ and ‘soft’
proteins into account, which was introduced by Norde and Anusiem in 1992 [45]. While ‘soft’ proteins,
with their lower internal structural stability, can be adsorbed better onto surfaces, ‘hard’ proteins,
in contrast, have stronger inner connections and hence a higher stability of their native structure.
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Figure 5. Classification of used immobilization strategies for laccase and lipase compared to
a theoretically-accessible optimum of enzyme immobilization. Red shading represents better results,
while green shading otherwise symbolizes lower immobilization rates and/or lower enzyme activity.
The figure compares the respective optimal conditions of enzyme immobilization for adsorptive (ads.)
immobilization without SDS treatment and for covalent (cov.) immobilization results after washing
with SDS solution. Activity values were compared to the free enzymes as given in Table 2.

In comparison to the dissolved enzymes, the immobilization leads to an activity decrease for
both biocatalysts. Nonetheless, the respective best activity results reached a comparable level for both
enzymes. The used immobilization methods tether the enzyme molecules to the BT surface, but it
cannot be excluded that access to the active side is hindered by the spatial orientation of the enzymes
on the BT surface. Furthermore, there is a probability that during covalent immobilization, on the one
hand, functional groups of the active site or some close to it are linked to the BT surface or to other
functionalities of further lipase molecules during the lipase immobilization. On the other hand, besides
the linkage of nucleophilic groups on the surface of the laccase molecule with the anhydride moieties
on the BT-PEMA surface, a covalent bond between anhydride groups and amino acid sidechains of the
active side of laccase can occur. Moreover, structural changes in the secondary and tertiary structure of
the enzyme molecules caused by the immobilization processes are possible. All these factors would
explain a decrease in enzyme activity.

3.3. Analysis of Basotect® Surface Coverage with Enzyme

Determination of the theoretical surface coverage and its comparison with the BT surface
actually covered by enzyme molecules allows for the evaluation of the BT surface to be available for
immobilization. It was assumed that the enzyme molecules’ spheres are rectangular cuboid-shaped
and the surface is coated with an enzyme monolayer. For its formation, a theoretical coverage area is
edged by the two extreme states of enzyme molecule orientation on the BT surface. These boundaries
represent the minimum or maximum surface-specific enzyme mass and frame a permitted surface
coverage range (see Figure 6). For this purpose, it was assumed that all enzyme cuboids are bound
exclusively to the BT with their smallest (maximum surface-specific enzyme mass) or exclusively with
their largest contact surface (minimum surface-specific enzyme mass). All values below the minimum
surface-specific enzyme mass indicate that the surface is not completely covered by enzyme molecules
and free space is present. In contrast, measured surface-specific enzyme masses above the maximum
limit allow the assumption that enzyme aggregates or multilayers were formed. For the range between
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the two limits, it can be assumed that an enzyme monolayer was formed. However, local enzyme
aggregations associated with uncovered regions cannot be excluded, although the surface-specific
enzyme mass is within the permissible range.

Figure 6. Visualization of the theoretical orientation and distribution of a lipase molecule on the BT
surface. Assuming a cuboid morphology, lipase can theoretically attach to the BT surface with its
smallest (area a× b) or largest (area a× c) cuboid area. After complete coverage of the carrier surface
with enzyme, a minimum and maximum of lipase molecules per BT surface can be calculated and
represent a range of theoretical surface-specific enzyme mass. In comparison, the real orientation of the
lipase molecules on the BT surface is assumed as a random process. Furthermore, real coverage can take
place in three states: (I) below the theoretical minimum, representing incomplete BT surface coverage,
(II) above the theoretical maximum, representing an enzyme multilayer or enzyme aggregate formation,
and (III) within the theoretical minimum and maximum, when immobilized enzyme mass is in this
range, but enzyme aggregates exist with free space between. However, comparing the theoretical and
measured states allows an assessment of utilizing the available BT surface for enzyme immobilization.
The 3D model of lipase was taken from the RCSB Protein Data Base (ID code: 1DT3).

After adsorptive immobilization of lipase, the determined surface concentration indicates
a multilayer composition or aggregation of enzyme molecules on the surface, since the maximum
theoretical surface concentration has been exceeded. A subsequent SDS treatment also showed
inadequate interactions between enzyme aggregates and the BT surface. The lipase molecules could
be detached from the surface so much that an incompletely covered surface remained. For covalent
lipase immobilization utilizing EDC, exceeding of the maximum theoretical surface coverage was
found to be positive in regard to the amount of fixed lipase. It has been suggested that during this
immobilization, two processes run in parallel: lipase molecules bind to the BT surface adsorptively
and other lipase molecules aggregate to the existing enzyme layer. At the same time, EDC induces the
covalent linkage of lipase and BT, as well as the cross-linking of lipase molecules among themselves.
However, this non-directed immobilization must be regarded as critical, since the chemical bond
can also be generated with amino acids of the active side and thus lead to enzyme inactivation.
The fact that the lipase molecules in the aggregates are not completely interconnected with each other
or with the BT surface is suggested by SDS treatment. Nevertheless, in comparison to adsorptive
immobilization, a higher amount of lipase could be stably bound to the BT, which has not been
detached from the surface by SDS. Furthermore, in comparison to adsorptive lipase immobilization,
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the higher surface concentration of the enzyme automatically leads to a higher BT-specific activity
after covalent immobilization.

Considering the range of theoretical surface coverage of the BT with laccase, the measured
surface concentrations indicate that after adsorptive and covalent immobilization and without SDS
treatment, almost the entire surface is covered. After covalent immobilization and SDS treatment,
however, slightly more than half of the surface was occupied with laccase. This is a clear difference to
lipase immobilization, in which the theoretically maximum surface concentration was consistently
exceeded. Furthermore, the additional detachment of enzyme molecules by SDS treatment indicates
that parts of the covalently-immobilized laccase have not formed a sufficiently strong bond to the BT
surface. Furthermore, the almost equal surface concentrations after adsorptive immobilization at BT
and covalent immobilization at PEMA-BT with subsequent SDS treatment indicate that the covalent
technique does not lead to an enhancement of the binding stability between enzyme and BT in laccase
immobilization. It can be assumed that adsorptive interactions between laccase and BT are beneficially
developed such that no desorption from the BT surface can be initiated by SDS treatment. The lack of
formation of the covalent bond between laccase and PEMA-BT is also conceivable.

Since BT was pretreated in the same way for the adsorptive immobilization without subsequent
SDS treatment for both enzymes, a comparison of the immobilization ability of the BT can be
carried out. For this purpose equal molar enzyme solution concentrations of about 9 nmol·mL−1

were used for the immobilization. If the obtained surface coverage of both enzymes is compared,
regardless of the pH of immobilization solution (see Table 4) and the isoelectric point of the enzymes
(pIlipase = 4.4, pIlaccase = 5.8), almost the same molar surface concentration at the BT could be achieved
after adsorptive lipase and laccase immobilization when using the same molar enzyme solution
concentrations. This suggests that the immobilization process with the acid pretreated BT surface
is primarily independent of the polarity of the binding partners. Despite having the same molar
concentrations in the immobilization solution, the BT surface could not be fully occupied when using
laccase compared to lipase. This is due to the smaller size of a laccase molecule in comparison with
lipase (for sizes of the enzymes, see Section 4.9).

3.4. Stability of Immobilized Enzymes

Immobilization of enzymes on solid support materials can fix their geometrical structure and
increase stability. This enables, i.a., an increase of operating time, the application in enzyme
hostile reaction systems and the more economical application of these biocatalysts. Furthermore,
the immobilization of enzymes enables the preservation of activity during storage periods, while the
activity of free enzymes frequently decreases. According to the immobilization method and storage
conditions, immobilization of the enzymes on BT preserve the activity. Lipase was bound adsorptively
and covalently via EDC activation to the BT and frozen at −18 ◦C. The results indicate that the freeze
and thaw process changes the tertiary structure of the lipase and thus continuously reduces the activity
after seven days. However, it was found that the decline of activity after adsorptive lipase tethering
was significantly higher than after covalent linkage, possibly caused by additional desorption processes.
This suggests that the generation of covalent cross-links between BT and lipase and between lipase
molecules themselves better preserves the enzyme structure than adsorptive fixation. In contrast,
the activity of immobilized laccase could be maintained at a constant level during storage at 4 ◦C.
Accordingly, it can be concluded that the cooled and non-frozen storage of immobilized enzymes on
BT carrier is advantageous.

3.5. Prospect and Applications

Due to its porous structure, functionalized Basotect® can be easily applied as a catalyst for
utilization in fluid media. A possible application for immobilized enzymes is the elimination of
hazardous trace substances from wastewater or drinking water [46,47]. The oxidoreductase laccase
was immobilized on PEMA-functionalized BT and tested in an application in order to demonstrate
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an alternative possibility to reduce water pollution of anthropogenic contaminants. Often, many of
these substances cannot be removed from urban wastewater by conventional wastewater treatment
plants mainly due to their polarity and toxicity and thus become persistent in the environment over
time [48]. In recent years, alternative methods were developed, to get rid of such pollutants mainly
by oxidizing them with UV radiation or ozonation [49]. Other alternatives like the Fenton process
and sonification were also considered [50]. All these new approaches can be summarized by the
term advanced oxidation processes (AOPs) [51] and are mostly still under development for technical
use. Using oxidizing enzymes for a similar approach is, therefore, also a promising option. The
persistent water pollutant bisphenol A was chosen to show that immobilized laccase can be utilized
to eliminate organic micropollutants. Immobilized laccase on BT carrier was applied to eliminate
bisphenol A out of a mix of water pollutants. A reduction of initial BPA amount by 90% within 48 h was
figured out. A higher result could be achieved by a longer reaction time. To examine multiple uses of
immobilized laccase in a second attempt, the same pieces of BT were used again to reduce the amount
of bisphenol A, and a reduction of the initial BPA content by 80% within the first two days was shown.
Degradation efficiency and rate can be adjusted by the amount of applied laccase-functionalized BT
pieces. As aging of the immobilized enzyme and maybe also desorption of adsorptively-bound laccase
occur, the degradation rate becomes lesser when immobilized laccase was applied repeatedly. For
a technical application of this first approach, a scale up is necessary. Furthermore, reaction times
may also decrease, if immobilized oxidoreductases are applied in a flow-through reactor. Basotect®

analyzed in this study provides an excellent carrier material for such an application, especially because
it can be easy flowed through due to its wide open porous structure. Additionally, it is easy to
functionalize with several biocatalysts and ensures their multiple and long-term usability. Particularly
for such use cases, we can recommend this carrier material, which supplies a highly customizable
surface and allows also an easy exchange between the biocatalysts and their substrates.

4. Materials and Methods

The melamine formaldehyde resin Basotect® was provided by BASF Schwarzheide GmbH as
white slabstock foam. The copolymer PEMA with a molecular weight of 100 to 500 kg·mol−1 was
obtained from Sigma Aldrich (Taufkirchen, Germany). Lipase from Thermomyces lanuginosus was
acquired as type “NOVAREKO” solution from NovaBiotech Dr. Fechter GmbH. Laccase was used from
the white rot fungus Trametes versicolor and purchased from Sigma Aldrich (#51639 with 10 kU·g−1).

4.1. Size and HCl Treatment of Basotect® Samples

BT was cut into pieces having a final size of 10× 3× 3 mm3 (each with a weight of about 500μg),
predominantly, to generate samples for the analyses.

For all enzyme immobilization experiments, BT was pretreated with hydrochloric acid. In detail,
BT samples were immersed in concentrated HCl solution for 20 min at 24 ◦C without previous cleaning
of the raw material. Afterwards, the samples were rinsed with ultrapure water and incubated in 1 mL
0.1 M phosphate buffer pH = 8.0 for 15 min. Finally, the water-rinsed samples were dried at 60 ◦C for 4 h.

4.2. Scanning Electron Microscopy of Basotect®

Morphological analysis of BT was performed using a Philips XL 30 scanning electron microscope.
Samples were examined in native form and after incubation in concentrated hydrochloric acid at
24 ◦C for 90 min, respectively. Subsequently, acid-treated samples were rinsed with ultrapure water
intensively and dried at 60 ◦C for 4 h. After mounting on an aluminum specimen holder, the samples
were coated with gold utilizing an Emitech K550 sputter-coater to create a layer of approximately 20 nm.
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4.3. Amino Group Detection

4.3.1. ATTO-TAG FQ Fluorescence Labeling

Primary amino groups on the BT surface were identified by derivatization with the ATTO-TAGTM

FQ Amine-Derivatization Kit (Molecular Probes, Eugene, OR, USA) with subsequent fluorescence
microscopy. For fluorescence labeling, the manufacturer’s protocol was modified to perform the
reaction with superficially available amino groups. In detail, 2.5 mg·mL−1 ATTO-TAGTM FQ solution
in methanol, 0.01 M KCN solution and a 0.1 M borate buffer pH = 9.5 were mixed at a volume ratio of
1:2:2.5. BT samples were immersed in 0.3 mL of these solution and incubated at room temperature for
1 h. Subsequently, samples were rinsed intensively with ultrapure water and analyzed using a Leica
TCP SP laser scanning microscope (excitation 488 nm, emission 590 nm).

For the positive control, glass slides were cleaned as described elsewhere [52], subsequently
placed in a Petri dish (diameter 150 mm), and 100μL of 3-aminopropyltriethoxysilane were added on
a small watch-glass. The Petri dish was sealed with parafilm, and gas phase silanization was carried
out at room temperature overnight. The resulting amino silanized glass slides were rinsed with toluene
and dried with nitrogen. ATTO-TAGTM FQ treatment of the glass slides was carried out as described
for BT.

4.3.2. Orange II Assay

The assay, which had been previously described by Noel et al. [40], is based on the pH-driven ionic
interaction between a negatively-charged dye and the positively-charged surface and was modified for
use with BT. A piece of foam was incubated in 1.5 mL Orange II solution (0.5 mM, in water at pH = 3
adjusted with hydrochloric acid; Orange II was obtained from Sigma Aldrich, Taufkirchen, Germany)
at 40 ◦C for two hours and shaken vigorously at 750 rpm. Afterwards, the pieces were washed with
at least 4 mL of HCl (pH = 3) four times. Desorption of bound dye was carried out by incubation
of washed and dried BT pieces in 1 mL NaOH (pH = 12) for ten minutes. Finally, one-hundredth
fuming HCl (37%) was added to the solution and its absorption in a 10-mm cuvette was measured at
484 nm. DoA was determined from absorptionΔE by the following formula using the Orange II molar
attenuation coefficient ε of 18.1 mL·μmol−1·cm−1, the volume V of the assay solution, the mass of BT
(mBT) and the layer thickness d (length of the light path in the cuvette):

DoA =
ΔE·V

mBT · d · ε
.

4.4. PEMA Functionalization

To obtain a homogeneous coating of the inner surface of BT with the copolymer PEMA,
HCl-pretreated pieces were submerged in a solution of 1 wt% PEMA in acetone and THF
(volume ratio 1:2) and shaken firmly at 150 rpm for 24 h. The small pieces were removed from
solution, and the remaining solvent was withdrawn by using a pipette until dry. Afterwards, the BT
foam was tempered at 120 ◦C for at least two hours. In a final step, the cooled functionalized pieces
were flushed with acetone at 120 rpm twice for 15 min and subsequently tempered again at 120 ◦C for
two hours. The functionalized carrier was used immediately or stored dry and in the dark.

4.4.1. ATR-FTIR Analysis

The surface modification of PEMA-functionalized Basotect® was analyzed with a Nicolet™ iS™10
FTIR spectrometer (Thermo Scientific, Dreieich, Germany) equipped with a diamond crystal.

4.4.2. TBO Assay

Toluidine blue O (TBO), a blue cationic dye, was purchased from Sigma Aldrich and used as
an easy photometric assay to quantify free carboxylic moieties onto PEMA-functionalized BT surfaces.
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This application was earlier specified by Sano et al. [53] and is based on pH shifting. At basic conditions
carboxylic groups exist as carboxylate anion, so cationic TBO is able to bind via ionic interactions [43].
At first, all carboxylic groups were hydrolyzed by immersing BT pieces in water twice for 30 min at
40 ◦C and shaken at 750 rpm. Dyeing of BT was performed afterwards by incubation of one BT piece in
1 mL 0.25 M TBO solution in 0.1 M NaOH for two hours at 40 ◦C and 1000 rpm. The unbound dye was
subsequently removed by washing BT pieces repeatedly with 10 mL 0.1 M NaOH until the washing
solution appeared clear, or at least five times for 10 min each. Attached TBO dye was then dissolved by
washing in 1 mL 50 vol% acetic acid for 30 min at 40 ◦C and 1000 rpm. Absorption (ΔE) of this solution
was measured at 633 nm, and the degree of carboxylation (DoC) in nmol·mg−1 was calculated with
a molar attenuation coefficient (ε) of 54.8 mL·μmol−1·cm−1 and by assuming that 3.4 mole carboxylic
groups bind one TBO molecule according to Henning et al. [54].

DoC = 3.4 · ΔE·V
mBT · d · ε

,

where V is the volume of the assay solution, mBT is the mass of applied BT and d the layer thickness
(length of the light path in the cuvette).

4.5. Enzyme Immobilization

Detailed conditions for adsorptive and covalent enzyme immobilization are summarized in Table 4.

Table 4. Conditions for adsorptive and covalent immobilization of laccase and lipase on acid-pretreated
BT or PEMA-BT, respectively.

Enzyme
Concentration in

Solution (mg·mL−1)

Immobilization
Time (h)

Composition of
Immobilization

Solution
Wash Procedure

Lipase 3.0 0.5 (adsorptive)
2.0 (covalent)

1% Propylene
glycol, 1.6%

PEG400, 0.01%
CaCl2, pH = 6.1

Five-times dipping into 30 mL
ultrapure water,

three wash cycles

Laccase 0.5 4.0 0.2 M sodium
citrate buffer,

pH = 4.5

Incubation in 5 mL 0.2 M
sodium citrate buffer

(pH = 4.5) on orbital shaker at
110 rpm for 15 min,
three wash cycles

4.5.1. Adsorptive Immobilization

The acid-pretreated slabstocks were incubated on a horizontal shaker at 100 rpm and at room
temperature in 1 mL laccase or lipase solution, respectively, and washed subsequently.

4.5.2. Covalent Immobilization

For lipase immobilization, one piece of HCl-treated (see Section 4.1) and non-dried BT was
immersed in 1 mL lipase solution containing 0.1 M EDC (Sigma Aldrich, Taufkirchen, Germany) at
room temperature. For laccase immobilization, 1 mL of laccase solution was added to three PEMA
functionalized BT pieces (see Section 4.4) and incubated on an orbital shaker at 90 rpm and room
temperature. Afterwards, all samples were washed (see Table 4) and treated with SDS solution
(see Section 4.5.3).
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4.5.3. SDS Treatment

After covalent immobilization, enzyme-functionalized BT or PEMA-BT pieces, respectively, were
treated with SDS solution. Lipase-BT samples were treated with 2 wt% SDS solution at 25 ◦C for 30 min.
Laccase-PEMA-BT samples were treated with 1 wt% SDS solution at 25 ◦C while vigorously shaking at
800 rpm for 24 h and, subsequently, washed in Millipore water again for 24 h under the same conditions.

4.6. Storage Conditions

4.6.1. Laccase on PEMA-BT

Laccase functionalized PEMA-BT pieces were stored in citrate buffer solution (pH = 4.5) at 4 ◦C
until the next measurement of laccase activity, as described in Section 4.8.

4.6.2. Lipase on BT

Lipase-loaded BT samples were stored in 0.1 M phosphate buffer (pH = 7.4) at −18 ◦C, and lipase
activity was determined (see Section 4.8) after several periods.

4.7. Protein Quantification

The amount of surface-bound protein was analyzed using a micro-bicinchoninic acid (BCA)
protein quantification assay (Pierce, Thermo Scientific, Waltham, MA, USA). BCA working reagent was
prepared following the manufacturer’s protocol. To one moist protein-loaded BT or PEMA-BT sample,
ultrapure water was added to a final liquid volume of 500μL. Subsequently, the sample solution
was mixed with 500μL of BCA working reagent and incubated on a Thermomixer (Eppendorf AG,
Hamburg, Germany) at 60 ◦C and 750 rpm for 1 h. After cooling to room temperature, the resulting
solution was transferred to polystyrene cuvettes, and absorption at 562 nm was analyzed. For the
generation of blanks, immobilization procedures onto acid-pretreated BT and PEMA-BT were
performed without enzyme, and BCA assay was applied.

4.8. Enzyme Activity

4.8.1. Lipase

For activity measurement, the lipase-catalyzed hydrolysis of p-nitrophenyl palmitate to palmitate
and the chromatic p-nitrophenolate was followed spectrophotometrically. In detail, 9 mL of 0.1 M
TRIS buffer pH = 8.0, containing 1.0 mg·mL−1 gum arabic (Sigma Aldrich, Taufkirchen, Germany)
and 8 mg·mL−1 Triton X-100 (AppliChem GmbH, Darmstadt, Germany), was blended with 1.0 mL of
3.0 mg·mL−1 p-nitrophenyl palmitate (Sigma Aldrich, Taufkirchen, Germany) in 2-propanol in a beaker
equipped with a magnetic stir bar. The temperature of the resulting solution was adjusted to 45 ◦C.
Subsequently, one piece of lipase-loaded BT was added and stirred at 500 rpm. After 1 min and 5 min,
respectively, 1 mL of solution was removed, and absorption was measured at 405 nm.

4.8.2. Laccase

Laccase activity was determined via the ABTS assay (ABTS = 2,2′-azino-bis(3-ethylbenzthiazoline-
6-sulfonic acid; Sigma Aldrich, Taufkirchen, Germany). A sodium citrate buffer (0.5 M, pH = 5.3)
was used, and a 207μM ABTS solution was prepared and tempered at 37 ◦C. Eight hundred
fifty two microliters of ABTS solution and 648μL buffer were mixed together with one piece of
laccase-functionalized BT in a cuvette, and absorption at 420 nm was recorded for 30 min to 120 min
every 30 s, while tempered at 37 ◦C. Every ten minutes, the porous BT was squeezed in order to get
a homogeneous mixture. The slope of the linear front part of the curve (absorption vs. time) was used
to calculate laccase enzyme units assuming that 1μmol ABTS was oxidized per minute

To calculate the enzyme activity (EA) for the respective assay, the difference in absorption (ΔE)
corrected by the blank was inserted in the equation:
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EA =
ΔE
Δt

· V
ε · d

,

where V is the total volume of the assay solution,Δtis the time difference, ε is the molar attenuation
coefficient (18.3 mL·μmol−1·cm−1 (for p-nitrophenolate) and 36.0 mL·μmol−1·cm−1 (for ABTS)) and d
is the path length of the beam of light through the solution.

4.9. Calculation of Theoretical and Actual Enzyme Surface Concentration

The sizes of a laccase molecule (RCSB PDB ID code: 1GYC) is 9.2× 8.5× 8.4 nm3 and of a lipase
molecule (RCSB PDB ID code: 1DT3) is 13.9× 13.9× 8.1 nm3. Values were taken from the RCSB
protein database. Assuming a rectangular cuboid morphology of the enzymes as shown in Figure 6,
the minimum and maximum rectangular planar surface area of a laccase molecule are 71.4 nm2

and 78.2 nm2, respectively, and for lipase are 112.6 nm2 and 193.2 nm2, respectively. The theoretical
minimum and maximum of enzyme surface coverage was calculated, assuming the creation of enzyme
monolayers in a compact side-on configuration. The quantity of enzyme molecules was identified, when
a specific BT surface is fully covered either with all molecules in contact with the smallest or the largest
contact surface of the enzyme cuboid, respectively. The theoretical surface coverage Γ is calculated using
the equation:

Γ =
M

A1 · NA
,

where M is the molar mass of the enzyme, NA is the Avogadro constant and A1 is the respective
smallest or largest contact area of one enzyme molecule cuboid.

For the calculation of actual enzyme surface concentration, the detected enzyme mass per mass of
BT (see Table 2) was divided by the specific surface of BT.

4.10. Degradation of Bisphenol A Utilizing Laccase on PEMA-BT

4.10.1. Experimental Setup

Degradation, more precisely an oxidative removal, of anthropogenic micropollutants was done
by treating a solution of organic micropollutants with laccase-functionalized pieces of PEMA-BT.
The design of the experiment was established as follows: PEMA-coated BT foam pieces were
functionalized with laccase as described above (see Section 4.5.2). Around twenty of them
(which together carried ~1 U of laccase activity) were placed in a reaction tube, and a 10-mL mix
of anthropogenic micropollutants was added (the final concentration of each pollutant was 1.4 nM).
The mixture was then shaken vigorously for several days. The amount of micropollutants was
monitored by LC-MS/MS at reasonable periods.

4.10.2. LC-MS/MS Detection of BPA

For quantification of bisphenol A (BPA; Sigma Aldrich, Taufkirchen, Germany), an Agilent Triple
Quadrupole LC-MS/MS 6400 system was used. BPA was separated with a Phenomenex reversed
phase column (Gemini-NX 3μm; C18; 110 Å; 100 × 2 mm) and a mobile phase mixture of acetonitrile
(A) and 0.05 vol% NH3 (B) from 67% A to 97% B within two minutes and back to 33% B (stop time:
4 min) with a retention time of 2.4 min and identified after ESI ionization in negative ion mode by its
specific fragments at m/z 212 (quantifier) and m/z 195, 133 and 117 as qualifiers (see Tables 5 and 6
for detailed LC and MS parameters). BPA-16d was used as the internal standard for quantification.
Calibration was established from 0.1 and 75μM with 12 levels and a coefficient of determination
of 99.8%.
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Table 5. MS parameters for quantification of BPA.

Precursor Ion Product Ion Frag-Mentor (V) Collision Energy (V) CAV (V)

BPA-16d 241 223 140 17 4

241 142 140 23 3

BPA

227 212 140 17 4

227 195 140 42 5

227 133 140 23 3

227 117 140 57 4

Table 6. LC parameters for quantification of BPA.

Parameter Value

Temperature 35 ◦C

Flow 0.4 mL·min−1

Injection volume 15μL

Source 300 ◦C

Gas flow (N2) 11 L·min−1

Capillary 4000 V

5. Conclusions

This study has found that the applied macroporous BT is generally suitable for enzyme
immobilization. The developed enzyme-BT assemblies were active in reactions with model substrates,
but the immobilization reduces the enzyme activity. Due to the uncovering of amino groups on
its surface, BT represents a favorable framework for covalent enzyme immobilization. Existing
amino groups on the BT surface can be presumably used to achieve a stable covalent attachment of
lipase molecules by an EDC-mediated reaction. Furthermore, PEMA modification of the BT surface
leads to high-reactive anhydride moieties that increase the number of functionalities for covalent
tethering compared to amino moieties and are more suitable for enzyme immobilization than EDC.
The assessment of BT surface coverage with enzyme molecules suggests that lipase not only interacts
with the BT surface, but also forms appropriate interactions within lipase molecules. It is assumed that
aggregations or multilayers are formed on the BT surface. This intermolecular interaction probably
does not exist between laccase molecules. Consequently, interactions between BT and laccase molecules
lead to the almost complete coverage of the BT surface by the formation of an enzyme monolayer.
Although the immobilized enzyme amount is low, compared to other carrier materials, due to its
open porous structure and resultant favorable flow conditions, as well as its chemical resistance,
the potential as an enzyme carrier for technical and industrial application is ascribed to BT.
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Abstract: The enzymatic synthesis of nucleotides offers several advantages over traditional
multistep chemical methods, such as stereoselectivity, regioselectivity, enantioselectivity, simple
downstream processing, and the use of mild reaction conditions. However, in order to scale up these
bioprocesses, several drawbacks, such as the low enzyme stability and recycling, must be considered.
Enzyme immobilization may overcome these cost-related problems by enhancing protein stability
and facilitating the separation of products. In this regard, tetrameric hypoxanthine–guanine–xanthine
phosphoribosyltransferase (HGXPRT) from Thermus thermophilus HB8 was covalently immobilized
onto glutaraldehyde-activated MagReSyn®Amine magnetic iron oxide porous microparticles
(MTtHGXPRT). In this context, two different strategies were followed: (a) an enzyme immobilization
through its N-terminus residues at pH 8.5 (derivatives MTtHGXPRT1-3); and (b) a multipoint
covalent immobilization through the surface lysine residues at pH 10 (derivatives MTtHGXPRT4-5).
The immobilized derivatives of MTtHGXPRT3 (activity 1581 international units per gram of
support, IU/g; retained activity 29%) and MTtHGXPRT5 (activity 1108 IU/g; retained activity 23%)
displayed the best wet biocatalyst activity, and retained activity values in the enzymatic synthesis of
inosine-5′-monophosphate (IMP). In addition, the dependence of the activities and stabilities of both
derivatives on pH and temperature was tested, as well as their reusability potential. Taking these
results into account, MTtHGXPRT3 was chosen as the best biocatalyst (negligible loss of activity at
60 ◦C during 24 h; reusable up to seven cycles). Finally, as proof of concept, the enzymatic production
of dietary nucleotides from high concentrations of low soluble bases was achieved.

Keywords: phosphoribosyltransferases; enzyme immobilization; green process; dietary nucleotides

1. Introduction

Nucleoside-5′-monophosphates (NMPs) are often used as additives in food. For example, some
dietary nucleotides, such as inosinic acid (inosine-5′-monophosphate, or IMP) or guanosinic acid
(guanosine-5′-monophosphate, GMP), are common additives that are used as flavor enhancers in
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foods, since they induce an umami taste sensation [1]. In addition, the effect of some dietary nucleotide
supplementation on growth and immune function in term infants has been extensively reported [2].
For this reason, nowadays, the demand for nucleotides in the food additives market is increasing, and
the production of NMPs has been well studied.

These molecules have been traditionally synthesized by different chemical methods through
multistep processes requiring the protection and de-protection of labile groups from precursor
nucleosides, as well as the isolation of intermediates [3–5]. In addition, chemical strategies usually
require the use of chemical reagents (phosphoryl chloride, POCl3, or phosphorus pentoxide, P2O5),
acidic conditions, and organic solvents, which are expensive and environmentally harmful [6,7].
These synthetic routes usually provide poor or moderate global yields and low product purity, and are
also associated with harsh reaction conditions and waste disposal issues. On the contrary, the enzymatic
synthesis of NMPs shows many advantages, such as one-pot reactions under mild conditions, high
stereoselectivity and regioselectivity, and an environmentally-friendly technology [1,8–16]. However,
despite the advantages of the bioprocesses, their industrial application is often hampered by several
factors, such as: (i) the high cost of the production of recombinant enzymes; (ii) a low stability of
biocatalysts under the drastic conditions that are often needed in some industrial processes; (iii) the
difficulty of separating the biocatalyst from the reaction medium; and (iv) the reuse of the biocatalyst.

Enzyme immobilization can circumvent these drawbacks by facilitating the separation of products
and allowing biocatalyst reutilization in various reactor configurations. This enhances some enzyme
features, such as protein stability, but also activity, selectivity, specificity, and resistance to inhibitors
or chemical reagents, even purity [17–21]. Since the covalent immobilization of proteins is usually
achieved via the nucleophilic attack of primary amino groups (especially the ε-NH2 of lysine residues)
on electrophile groups from the support, covalent immobilization methodologies usually employ
long reaction times (2−10 h) and alkaline conditions (pH 8−10) in order to avoid the protonation of
amino groups. In this context, the activation of primary amino groups in the support by reaction with
glutaraldehyde is one of the most versatile methods for support activation.

However, since different reactive species of glutaraldehyde (monomeric and polymeric forms)
are found in equilibrium, the coupling mechanism between protein and glutaraldehyde is not well
defined yet, and it seems that it is not limited to just one mechanism [22,23]. Moreover, it is proposed
that glutaraldehyde suffers from intramolecular aldolic condensations, leading to an α,β-unsaturated
aldehyde under alkaline conditions. These glutaraldehyde molecules can react with protein amino
groups by means of two different mechanisms—Schiff base and Michael-type additions—but the
formation of Schiff bases between internal aldehyde groups from the polymeric form of glutaraldehyde
and primary amino groups from the protein leads to a more stable product.

During the last decade, the immobilization of enzymes onto magnetic supports has appeared
as an alternative immobilization methodology that enables an easy recovery of the biocatalyst
by applying a magnetic field [24,25]. Among various supports, porous magnetic materials have
attracted much attention, due to their excellent magnetic responsibility, high specific surface area,
good biocompatibility, chemically modifiable surface, and good reusability [26]. In this regard,
glutaraldehyde-activated magnetic supports are suitable matrices for the development of bioprocesses
catalyzed by immobilized enzymes.

Hypoxanthine–guanine–xanthine phosphoribosyltransferase (HGXPRT, EC 2.4.2.8) catalyzes
the reversible transfer of the 5-phosphoribosyl group from 5-phospho-α-D-ribosyl-1-pyrophosphate
(PRPP) to N9 on the 6-oxopurine bases hypoxanthine (1), guanine (2), or xanthine (3) to form IMP (4),
GMP (5), or xanthosine-5′-monophosphate (XMP) (6), respectively, in the presence of Mg2+ (Figure 1).
In a previous work, our research group has shown the potential of HGXPRT from Thermus themophilus
HB8, TtHGXPRT, as an industrial biocatalyst in the monoenzymatic and multienzymatic synthesis
of dietary nucleotides [8,11,27]. However, this enzymatic approach has significant limitations to its
practical application as an industrial biocatalyst, such as the high cost and instability of PRPP or the
high cost of the production of the recombinant enzyme. In this context, the immobilization of the
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enzyme onto magnetic microbeads would offer several advantages, such as an easy recovery and the
possibility of being successfully reused in batch reactions.

 

Figure 1. Enzymatic synthesis of nucleoside-5′-monophosphates (NMPs) catalyzed by Thermus
themophilus HB8 (TtHGXPRT).

Within this field, the present work describes—for the first time, to the best of our knowledge—the
covalent immobilization of TtHGXPRT onto glutaraldehyde-activated magnetic iron oxide porous
microspheres (MTtHGXPRT). The efficiency of these immobilization processes was tested at several
pH values, temperatures, and protein loadings, leading to the selection of MTtHGXPRT3 as the best
derivative (in terms of stability, activity, and reusability). Finally, MTtHGXPRT3 was employed in
the enzymatic production of valuable nucleoside-5′-monophosphates (NMPs) that are commercially
available as food additives (IMP or GMP).

The only precedent in the literature for the immobilization of a 6-oxopurine phosphoribosyltransferase
was the development of a covalently linked enzyme aggregate (CLEA) multienzyme system, which contains
an engineered 6-oxopurine phosphoribosyltransferase combined with several adenosine triphosphate
(ATP) regeneration enzymes [28]. In this regard, the MTtHGXPRT3 derivative represents the first strict
characterization and application of an immobilized pure purine phosphoribosyltransferase.

2. Results and Discussion

2.1. Covalent Immobilization of TtHGXPRT

According to results reported by the H++ protonation predictor program (Table S1, Supplemental
Material), the N-terminus of His6-tagged TtHGXPRT is deprotonated at pH 8.5, and can perform
a nucleophilic attack on aldehyde groups, leading to a covalent linkage. Accordingly, TtHGXPRT
should be immobilized through its N-terminus at pH 8.5, and since TtHGXPRT has been reported
as a homotetramer, four potential interaction sites are possible (one of each N-terminal group).
Unfortunately, since the only available structure of TtHGXPRT deposited in the Protein Data Bank
(PDB) shows monomers in the crystal lattice (PDB code 3ACD), we cannot confirm if all of the
N-termini are located on the same plane. TtHGXPRT also contains seven lysine residues, all of which
are fairly exposed and scattered around the protein surface. However, program H++ predicts that only
five of them are deprotonated, with apparent pKa values lower than 10.0 (Lys18, Lys36, Lys37, Lys94,
and Lys138) (Table S1). The calculated electrostatic potential surface of TtHGXPRT at pH values of 8.5
and 10 is shown in Figure S1. Lys94 and Lys138 are highlighted to show how the titration state changes
with pH. These theoretical results suggest that TtHGXPRT could be immobilized through surface
lysine residues when it is incubated at pH 10. However, due to the tetrameric nature of TtHGXPRT,
the orientation of Lys residues on the monomer surface is unlikely to play a very important role.
In addition, since the only available structure of TtHGXPRT deposited in the PDB is the monomer
(PDB 3ACD), we cannot predict how the immobilization process will be conducted at pH 10.

The recombinant N-terminus His6-tagged TtHGXPRT was covalently immobilized onto
glutaraldehyde-activated MagReSyn®Amine microspheres. In this regard, different immobilized

218



Catalysts 2018, 8, 184

biocatalysts were prepared by the immobilization of TtHGXPRT in 50 mM of potassium
phosphate, pH 8.5 (MTtHGXPRT1–MTtHGXPRT3), and 50 mM of sodium borate, pH 10.0
(MTtHGXPRT4–MTtHGXPRT5). Magnetic biocatalysts were prepared by increasing the amount
of enzyme in contact with the support in order to obtain a high load of the enzyme attached to the
carrier (Table 1). In view of the experimental results, MTtHGXPRT3 and MTtHGXPRT5 were chosen as
the best derivatives for further biochemical studies. MTtHGXPRT3 displayed an activity of 1581 IU/g
of wet biocatalyst, and a retained activity of approximately 29% compared with the soluble enzyme.
Similarly, the MTtHGXPRT5 derivative showed an activity of 1108 IU/g of wet biocatalyst, and an
activity recovery of 23%.

Table 1. Effect of enzyme/support mass ratio on the immobilization of TtHGXPRT on
MagReSyn®aldehyde microspheres. MTtHGXPRT: MagReSyn®Amine magnetic iron oxide porous
microparticles of hypoxanthine–guanine–xanthine phosphoribosyltransferase.

Derivative
Biocatalyst Loading

(Mgenz/gsupport)
Immobilization

Yield (%)
Activity

(IU/gsupport)
Recovery(%)

MTtHGXPRT pH 8.5
MTtHGXPRT1 102 84 ± 1 800 ± 33 25 ± 2
MTtHGXPRT2 226 88 ± 4 802 ± 29 21 ± 1
MTtHGXPRT3 322 85 ± 3 1581 ± 27 29 ± 2

MTtHGXPRT pH 10.0
MTtHGXPRT4 226 67 ± 2 783 ± 26 21 ± 4
MTtHGXPRT5 322 71 ± 3 1108 ± 21 23 ± 1

Reaction conditions: 6 μg of immobilized TtHGXPRT, [Hyp] = [PRPP] = 10 mM, [MgCl2] = 12 mM, in 12 mM of
Tris-HCl buffer, pH 8.0 at 60 ◦C, 10 min, 300 r.p.m. Vr = 80 μL.

According to our previous work, TtHGXPRT works as a homotetramer [11], and its oligomeric
state may not only contribute to the high thermal stability exhibited by this protein: it also plays
an essential role in the catalysis and stabilization of the active conformation [11]. Since MTtHGXPRT
derivatives displayed a significant loss of activity (only 25–30% of retained activity), we think that
the immobilization process could affect the oligomeric assembly of the enzyme, leading to a lack
of reactivity.

Moreover, as reported in the literature, three different types of interactions between the support
and the protein may take place when using a support that is highly activated with glutaraldehyde:
covalent, hydrophobic, and anionic exchange interactions [29]. Even if all of the enzyme molecules are
immediately incorporated into the support, it is not certain that the enzyme is covalently attached to
the support. In fact, when a highly activated support is used, in most cases, an ionic exchange reaction
among the enzyme and amino groups in the support takes place at the beginning [29–35]. In order
to discard that the immobilization takes place through ionic exchange, the derivatives were washed
four times with 1 M of NaCl solution to promote protein relase, but the presence of TtHGXPRT in
the solution was not detected in the solution. Moreover, the sodium dodecyl sulfate polyacrylamide
gel electrophoresis (SDS-PAGE) analysis of MTtHGXPRT derivatives was performed to detect any
non-covalently attached subunits. As shown in Figure S2, the presence of monomeric subunits of
TtHGXPRT was observed after boiling the immobilized preparations in the presence of SDS and
mercaptoethanol. These results suggest to us that not all of the subunits are covalently bonded,
and this could be another reason for the significant loss of activity.

2.2. Biochemical Characterization of MTtHGXPRT Derivatives

The dependence of the stability and activity of MTtHGXPRT3 and MTtHGXPRT5 on temperature
and pH was studied to determine the optimal operating conditions of the enzyme (Figure 2).

The temperature profile revealed that MTtHGXPRT3 displayed high activity (more than 80%)
across a broad temperature range (from 50 ◦C to 90 ◦C), with a maximum of activity at 60–90 ◦C
(Figure 2a). In a similar way, MTtHGXPRT5 displayed high activity in the 60–90 ◦C temperature range
(more than 90%), with the maximum activity being observed at 60–70 ◦C (Figure 2b). In this regard,
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both derivatives, MTtHGXPRT3 and MTtHGXPRT5, displayed higher activity than soluble TtHGXPRT
at high temperatures (relative activity <70% at 90 ◦C) (Figure 2a,b) [11].

Nonetheless, the pH profile revealed significant differences between both derivatives.
MTtHGXPRT3 displayed high activity (relative activity >80%) in the pH 7–9 range, and there were
no substantial differences depending on the nature of the buffer solution (similar activity at pH 7 in
sodium phosphate buffer and Tris-HCl; similar activity at pH 8 in sodium phosphate buffer, Tris-HCl,
and sodium borate). On the contrary, the relative activity of MTtHGXPRT5 was also high (>80%) in the
pH 7–8 range, but was strongly affected by the nature of the solution and only displayed high activity
values when it was incubated in 50 mM of sodium phosphate buffer. Since soluble TtHGXPRT has
excellent activity (more than 80% of retained activity) in the pH 8–11 range, the results displayed in
Figure 2 (Figure 2a,b) demonstrate that the pH dependence is affected by the immobilization process.

Figure 2. Temperature and pH dependence on the activity of MTtHGXPRT derivatives. (a) Effect of
temperature on the activity of ( ) MTtHGXPRT3 and (—) TtHGXPRT; (b) Effect of temperature on
the activity of ( ) MTtHGXPRT5 and (—) TtHGXPRT; (c) Effect of pH on MTtHGXPRT3 activity, (�)
50 mM sodium citrate (pH 4–6), ( ) 50 mM sodium phosphate (pH 6–8), (�) 50 mM Tris-HCl (pH
7–9), (Δ) 50 mM sodium borate (pH 8–11), (—) effect of pH on TtHGXPRT activity; (d) Effect of pH on
MTtHGXPRT5 activity, (�) 50 mM sodium citrate (pH 4–6), ( ) 50 mM sodium phosphate (pH 6–8), (�)
50 mM Tris-HCl (pH 7–9), (Δ) 50 mM sodium borate (pH 8–11), (—) effect of pH on TtHGXPRT activity.

2.3. Thermal Stability of MTtHGXPRT Derivatives

The effect of the storage of MTtHGXPRT derivatives at 4 ◦C was analyzed in order to ensure
biocatalyst stability, and both derivatives, MTtHGXPRT3 and MTtHGXPRT5, retained their activity
for more than 100 days (85% relative activity) (data not shown). In addition, the effect of temperature
on the stability of MTtHGXPRT derivatives was evaluated by incubating both derivatives for 24 h in
50 mM sodium phosphate pH 8, at 60 ◦C. Interestingly, there was a negligible loss of activity under
any of these experimental conditions (Figure 3). On the contrary, we can observe that the stability
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of soluble TtHGXPRT is affected for storage periods longer than 4 h. Therefore, the immobilization
process clearly increases the thermal stability of TtHGXPRT.

It is extensively reported that a multimeric state leads to a more functional and stable immobilized
enzyme due to multipoint interactions [35,36]. In this regard, enzyme immobilization by surface lysine
residues involves the largest surface of the protein, meaning that most of the subunits participate
in the process. This fact may explain the good stabilization results achieved when immobilizing
TtHGXPRT at pH 10 (MTtHGXPRT5) (no loss of activity when it is incubated at 60 ◦C during 24 h),
but we have evidence that not all of the subunits are covalently attached to the support (Figure S2).
Moreover, unexpectedly high thermal stability is also observed when immobilizing TtHGXPRT at
pH 8.5 (immobilization through the N-terminus; MTtHGXPRT3). In this case, the oligomeric state of
TtHGXPRT could lead to an immobilization process involving several N-terminal residues, thereby
increasing the thermal stability of the protein. In addition, after the first immobilization, other lysine
residues can react because of the proximity of the support.

Experimental results display a similar thermal stability in both derivatives. Since surface lysine
residues reactivity is around 50% at pH 10 and not all of the subunits are covalently bonded, it
seems that the protein would be preferably immobilized by N-terminal amino groups in both cases
(pH 8.5 and pH 10). However, we cannot discard the possibility of an additional multipoint covalent
immobilization at pH 10.

Figure 3. Thermal inactivation at 60 ◦C and pH 8 of (Δ) soluble TtHGXPRT, ( ) MTtHGXPRT3, and (�)
MTtHGXPRT5.

2.4. Recycling of MTtHGXPRT Derivatives

The recycling of enzymes is an essential requisite for their industrial application, so once the
optimal operating conditions were established, the next step was to evaluate the reusability of the
immobilized enzyme. To this end, MTtHGXPRT derivatives were employed in eight consecutive batch
reactions (Figure 4).

221



Catalysts 2018, 8, 184

Figure 4. Recycling of MTtHGXPRT derivatives in the enzymatic production of inosine-5′-monophosphate
(IMP). (a) MTtHGXPRT3; (b) MTtHGXPRT5.

As shown in Figure 4, MTtHGXPRT3 and MTtHGXPRT5 suffered a progressive loss of activity
as the reuse number increased. MTtHGXPRT3 could be efficiently reused for at least seven cycles
(>60% of retained activity) in the enzymatic synthesis of IMP, whereas MTtHGXPRT5 suffered a drastic
activity decrease after three cycles (<60% of retained activity after four cycles). These results suggest
that multipoint covalent immobilization could also be happening at pH 10, and it may lead to the
rigidification of TtHGXPRT, thus altering the enzyme conformation and distorting its active site.
Nevertheless, both derivatives display a similar trend.

Taking into account all of the experimental results (catalyst loading, retained activity, temperature
and pH dependence on enzymatic activity, and thermal stability), MTtHGXPRT3 was chosen as the
best derivative for synthetic applications.

2.5. Effect of Molar Ratio

To avoid the reverse reaction, different initial ratios of hypoxanthine (Hyp) and MgCl2 were
analyzed. As shown in Table 2, an excess of Hyp leads to an increase of conversion (≈2-fold greater
enzymatic activity). Thus, it seems that an excess of Hyp partially shifts the reaction equilibrium.
In addition, an excess of MgCl2 is clearly harmful for the enzymatic process (Table 2). According to
our experimental results, the ratio 2/1/1 (Hyp/PRPP/MgCl2) appears to be the optimal molar ratio.

Table 2. Effect of substrate ratio in MTtHGXPRT3 activity.

PRPP (mM) Hypoxanthine (mM) MgCl2 (mM) IMP (mM) Activity (IU/gsupport)

10 10 12 2.1 ± 0.1 1830 ± 24
10 24 1.1 ± 0.2 962 ± 32
20 12 3.0 ± 0.1 2400 ± 57
20 24 1.4 ± 0.1 1060 ± 35

Reaction conditions: 6 μg of immobilized TtHGXPRT, [Hyp] = 10–20 mM, [PRPP] = 10 mM, [MgCl2] = 12–24 mM in
12 mM Tris-HCl buffer, pH 8.0 at 60 ◦C, 10 min, 300 r.p.m. Vr = 80 μL.

Moreover, in order to know whether the presence of phosphate buffers affects the reaction (a high
concentration of phosphate ions can chelate Mg2+ and decrease the concentration of such cations in
the reaction medium), we tested the transferase reaction in the presence of phosphate buffer, Tris-HCl,
and sodium borate buffer at pH 8. Our results show that 50 mM of sodium phosphate does not affect
protein activity (Figure 3c,d).
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2.6. Enzymatic Production of IMP and GMP

To explore the potential of MTtHGXPRT3 as an industrial biocatalyst, the enzymatic production
of several dietary nucleotides (IMP and GMP) was carried out using high concentrations of low soluble
nucleobases (guanine and hypoxanthine) (Table 3).

Table 3. Enzymatic production of dietary nucleotides catalyzed by MTtHGXPRT3.

PRPP (mM) Base (mM) MgCl2 (mM) Derivative (μg) IMP (mM) Activity (IU/gsupport)

IMP synthesis

10 20 12 12 2.9 ± 0.1 2200 ± 24
20 40 24 12 2.4 ± 0.2 1654 ± 29
40 80 48 12 4.8 ± 0.2 3365 ± 45
10 20 12 30 3.8 ± 0.1 2800 ± 69
20 40 24 30 5.6 ± 0.1 4400 ± 100
40 80 48 30 7.5 ± 0.1 5600 ± 49

GMP synthesis

10 20 12 12 1.6 ± 0.1 1149 ± 120
20 40 24 12 3.7 ± 0.1 2722 ± 80
40 80 48 12 1.4 ± 0.2 1000 ± 70
10 20 12 30 3.8 ± 0.1 2835 ± 87
20 40 24 30 3.2 ± 0.1 2335 ± 90
40 80 48 30 2.4 ± 0.2 1790 ± 56

Reaction conditions: 12–30 μg of immobilized TtHGXPRT, [Hyp] = 20–80 mM, [PRPP] = 10–40 mM,
[MgCl2] = 12–48 mM in 12 mM Tris-HCl buffer, pH 8.0 at 60 ◦C, 10 min, 300 r.p.m. Vr = 80 μL.

3. Materials and Methods

3.1. Chemicals

Cell culture medium reagents were purchased from Difco (St. Louis, MO, USA). Trimethyl
ammonium acetate buffer was acquired from Sigma-Aldrich (Madrid, Spain). All of the other reagents
and organic solvents were purchased from Scharlab (Barcelona, Spain) and Symta (Madrid, Spain).
All of the nucleoside-5′-monophosphates and bases used in this work were provided by Carbosynth
Ltd. (Compton, United Kingdom).

3.2. Production TtHGXPRT

Recombinant His6-tagged TtHGXPRT was produced and purified as previously described [11].
In brief, TtHGXPRT was overexpressed by adding 0.5 mM isopropyl β-D-1-thiogalactopyranoside,
and the cells were grown for a further 5 h. Cells were harvested using centrifugation (3500× g), and
the resulting pellet was resuspended in Tris buffer (20 mM Tris-HCl, pH 8.0) containing 100 mM
NaCl. Crude extracts were prepared by the ultrasonic cell disruption of whole cells. The lysate was
centrifuged at 17,000× g for 35 min, and the cell pellet was removed. The lysate was then heated at
70 ◦C for 20 min. Insoluble material was removed by centrifugation (17,000× g, 15 min, 4 ◦C), and the
supernatant was passed through a 0.22-μm filter (Merck Millipore, Madrid, Spain). Clear lysate was
loaded onto a 5-mL HisTrap FF column (GE Healthcare, Madrid, Spain) that was pre-equilibrated
in binding buffer (20 mM of Tris-HCl buffer, pH 8.0, with 100 mM NaCl and 10 mM imidazole).
Bound proteins were eluted using a linear gradient of imidazole (from 10 mM to 500 mM). Fractions
containing recombinant TtHGXPRT were identified by SDS-PAGE, pooled, and concentrated before
being loaded onto a HiLoad 16/60 Superdex 200 prep grade column (GE Healthcare) pre-equilibrated
in 20 mM Tris-HCl, pH 8.0. Fractions with the protein of interest identified by SDS-PAGE were pooled,
and the protein was concentrated and stored at 4 ◦C until use. The standard activity assay for soluble
enzyme was achieved by incubating 3 μg of pure enzyme with 10 mM PRPP, 10 mM Hyp, and 12 mM
MgCl2 in 12 mM Tris pH 8 for a final volume of 40 μL. The reaction mixture was incubated at 40 ◦C
for 10 min (300 rpm). The enzyme was inactivated by adding 40 μL of cold methanol in an ice bath
and heating for 5 min at 100 ◦C. After centrifugation at 9000× g for 5 min, samples were half-diluted
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with water, and NMP production was analysed using HPLC to quantitatively measure the reaction
products, as described below [11].

All of the determinations were carried out in triplicate, and the maximum error was less than
5%. Under such conditions, specific activity was defined as the amount of enzyme (mg) producing
1 μmol/min (IU) of IMP under the assay conditions.

3.3. Enzyme Immobilization

TtHGXPRT immobilization was carried out by covalent attachment of the enzyme to
glutaraldehyde-activated MagReSyn®Amine porous microspheres (from ReSyn Biosciences, Pretoria,
South Africa), according to the recommendations of the manufacturer. These iron-oxide containing
porous microparticles consist of a loosely linked interpenetrating network of polymer, which is more
fully described by Jordaan et al. in patent number WO2009057049 [37].

First, 25 μL of the bead suspension (20 mg mL−1) were washed and equilibrated in binding buffer
(MTtHGXPRT 1–3 in 50 mM potassium phosphate buffer, pH 8.5; MTtHGXPRT 4–5 in 50 mM sodium
borate buffer, pH 10) during 4 h at 25 ◦C. After the equilibration procedure, the beads were collected by
a magnetic separator, and the supernatant was discarded. Activation of the support was accomplished
by contacting MagReSyn®Amine microspheres with 200.0 μL of 50 mM sodium phosphate buffer pH
8.5 containing 5% (w/v) glutaraldehyde during 3 h at 25 ◦C, and then they were washed extensively
with distilled water to remove the excess of the activating agent. Finally, activated microspheres were
washed and equilibrated in binding buffer (50 mM potassium phosphate buffer, pH 8.5, or 50 mM
sodium borate buffer, pH 10) shortly prior to use.

Subsequently, different amounts of enzyme (75–225 μg) were mixed with activated
MagReSyn®Amine microspheres. The enzyme solution with the binding buffer was adjusted to 10×
the volume of the initial beads suspension. The enzyme and bead suspensions were mixed thoroughly
and incubated at room temperature under orbital shaking using a Sunflower 3D Mini–Shaker (BioSan,
Latvia) for 4 h. After the binding procedure, the beads were collected by a magnetic separator and
the supernatant was discarded. The beads were washed three times with washing buffer (50 mM
of potassium phosphate buffer, pH 8.5, or 50 mM of sodium borate buffer, pH 10) to remove the
non-covalently bound enzyme. After this, the beads were also treated with Glycine 3 N for 3 h at room
temperature to quench any remaining amine reactive residues on the microparticles. The beads were
washed with 50 mM of potassium phosphate buffer (pH 8.5) three times, and then stored at 4 ◦C.

3.4. Enzyme Activity Assay for Immobilized TtHGXPRT

As performed with the soluble enzyme, the enzymatic production of IMP from Hyp and PRPP was
established as the standard reaction. The enzymatic activity of the immobilized enzyme was measured
using 9–30 μg of different MTtHGXPRT derivatives (containing 6 μg of immobilized MTtHGXPRT),
which was added to a 80-μL solution containing 10 mM 5-PRPP, 10 mM hypoxanthine, and 12 mM
MgCl2 in 12 mM Tris-HCl pH 8.0 in a final volume of 80 μL. The reaction mixture was incubated
at 60 ◦C for 10 min (300 rpm). The reaction was stopped by collecting the beads with a magnetic
separator, and the supernatant was treated following the general procedure that was previously
described [11]. NMP production was analysed using HPLC to quantitatively measure the reaction
products, as described below. Biocatalyst activity was defined as the amount of derivative (g) producing
1 μmol/min (IU) of IMP under the assay conditions. All of the determinations were carried out in
triplicate, and the maximum error was less than 5%.

3.5. Biochemical Characterization of Immobilized Biocatalysts

The pH profile of purified recombinant enzyme was initially determined using the standard assay
described for immobilized TtHGXPRT with sodium citrate (pH 4–6), sodium phosphate (pH 6–8),
Tris-HCl (pH 7–9), or sodium borate (pH 8–10) as reaction buffers (50 mM). The optimum temperature
was determined using the standard assay across a 40–90 ◦C temperature range.
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3.6. Thermal Stability and Reusability of MTtHGXPRT

MTtHGXPRT derivatives were stored at 4 ◦C in 50 mM sodium phosphate, pH 8.5, for 100 days.
Samples were taken periodically, and enzymatic activity was evaluated. Storage stability was defined
as the relative activity between the first and successive reactions. Moreover, the thermal stability of
MTtHGXPRT3 and MTtHGXPRT5 was assessed by incubating 6 μg of derivative in 50 mM Tris-HCl
buffer pH 8.0, at 60 ◦C for a period of 1–24 h. After this, the derivative was incubated during 15 min at
4 ◦C, and then, the activity was measured using the standard assay.

In addition, the reusability of MTtHGXPRT3 and MTtHGXPRT5 was evaluated by employing
both derivatives in consecutive reactions. After each use, magnetic derivatives were recovered by
an imposed magnetic field, and washed with 50 mM Tris-HCl buffer, pH 8.0. Then, the recovered
derivatives were introduced into a fresh reaction medium and reused again.

3.7. Enzymatic Production of Dietary Nucleotides

The enzymatic production of IMP and GMP was carried out by incubating 12–30 μg of
immobilized enzyme with 10–40 mM 5-PRPP, 20–80 mM purine base, and 12–48 mM MgCl2 in
12 mM Tris-HCl buffer pH 8.0, at 60 ◦C with 300 rpm orbital shaking at 10 min, in a final volume of
80 μL. Biocatalyst activity was evaluated as described in the Analytical methods section (see below).

3.8. Analytical Methods

The production of NMPs was followed and quantitatively measured with an ACE EXCEL 5 μm
CN-ES column 250 mm × 4.6 mm (Advanced Chromatography Technologies) equilibrated with 100%
trimethyl ammonium acetate at a flow rate of 0.8 mL/min. The NMP was eluted into the diode array
detector for quantification at 254 nm.

Retention times for the bases and NMPs (hereafter abbreviated according to the recommendations
of the IUPAC-IUB Commission on Biochemical Nomenclature) were as follows: guanine (Gua), 5.8 min;
hypoxanthine (Hyp), 5.3 min; guanosine-5′-monophosphate (GMP), 3.1 min; inosine-5′-monophosphate
(IMP), 3.4 min. The identification and quantification of most of the reaction substrates and products
was performed in relation to the external standard calibration curve using the above, well-characterized
commercial products (IMP or GMP).

3.9. Molecular Docking and Surface Analysis of TtHGXPRT

Recombinant N-terminus His6-tagged TtHGXPRT was modeled using the crystal structure of
TtHGXPRT in complex with IMP (PDB code 3ACD) as a template [38]. This structure was improved
by refining the loop conformations through assessing the compatibility of an amino acid sequence to
known PDB structures, and the geometry of loop region was corrected as previously described [11].
PyMOL 2.1 [39] was used for building the TtHGXPRT structure, and for molecular illustration.
The predicted titratable residues in the protein were studied at pH 8.5 and 10.0 using the H++ web
server. (http://biophysics.cs.vt.edu/H++). The electrostatic potential on the surface of TtHGXPRT
was computed using the APBS program [40].

4. Conclusions

Herein, we report for the first time the covalent immobilization of a purine phosphoribosyltransferase
onto magnetic glutaraldehyde-activated microbeads, as well as its characterization and application in
the enzymatic production of dietary nucleotides. Among all of the magnetic derivatives produced,
MTtHGXPRT3 was selected as the optimum biocatalyst, displaying an activity of 1581 IU/g of wet
biocatalyst and a retained activity of 29%. In addition, MTtHGXPRT3 outperformed soluble TtHGXPRT
in thermal stability and could be reused for up to seven cycles.
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Notwithstanding that several drawbacks still need to be overcome, such as the high price of
PRPP and shifting the reaction equilibrium in a desired way, the reusability of this biocatalyst and the
sustainability of this process are good reasons to further investigate this novel bioprocess.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4344/8/5/184/
s1, Table S1: Computed theoretical pKa values of the lysine residues in TtHGXPRT using the server H++
(http://biophysics.cs.vt.edu/H++), Figure S1: APBS-generated electrostatic surface of TtHGXPRT. (a) Titrable
state of the protein at pH 8.5 ; (b) Titrable state of the protein at pH 10.5. Figure S2. SDS-PAGE analysis of soluble
and immobilized TtHGXPRT, Lane 1. Prestained standard proteins from BioRad used as molecular weight markers.
Lane 2. Supernatant obtained after boiling the soluble TtHGXPRT in the presence of SDS and mercaptoethanol.
Lane 3. Supernatant obtained after boiling the MTtHGXPRT3 in the presence of SDS and mercaptoethanol. Lane 4.
Supernatant obtained after boiling the MTtHGXPRT5 in the presence of SDS and mercaptoethanol.
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Abstract: Barley β-amylase was immobilized using different techniques. The highest global yield
was obtained using the cross-linked enzyme aggregates (CLEA) technique, employing bovine serum
albumin (BSA) or soy protein isolate (SPI) as feeder proteins to reduce diffusion problems. The CLEAs
produced using BSA or SPI showed 82.7 ± 5.8 and 53.3 ± 2.4% global yield, respectively, and a
stabilization effect was observed upon immobilization at neutral pH value, e.g., after 12 h at 55 ◦C,
the free β-amylase is fully inactivated, while CLEAs retained 25 and 15% of activity (using BSA and
SPI, respectively). CLEA using SPI was selected because of its easier recovery, being chosen to convert
the residual starch contained in cassava bagasse into maltose. This biocatalyst permitted to reach
almost 70% of maltose conversion in 4 h using 30.0 g/L bagasse starch solution (Dextrose Equivalent
of 15.88) and 1.2 U of biocatalyst per gram of starch at pH 7.0 and 40 ◦C. After 4 reuses (batches of
12 h) the CLEA using SPI maintained 25.50 ± 0.01% of conversion due to the difficulty of recovering.

Keywords: barley β-amylase; cross-linked enzyme aggregates (CLEA); cofeeders; enzyme
immobilization; cassava bagasse

1. Introduction

Cassava (Manihot esculenta Cranz) is produced worldwide and plays an important role in food
security in tropical areas [1]. One of the most important cassava industrial products is starch [2],
which is usually extracted by a mechanical shear. The mechanical extraction of starch from 1 ton of
cassava roots results in 254.7 kg of starch (~10% moisture) and 928.6 kg bagasse (85% moisture) [3].
Sriroth et al. [4] reported that the mechanical extraction of starch from cassava is limited, removing
only partially the starch existing in the root fibers. The bagasse waste can contain up to 60 wt %
of starch (dried basis) and is usually considered as a residue and disposed to the environment as
landfill without any treatment [2], although in some instances it is used in animal feed mixtures or
as additive to enrich fertilizers [2,4,5]. An alternative application of the residual starch from cassava
waste could be the conversion into added-value products such as maltodextrins, glucose and maltose
syrups using amylolytic enzymes. Maltose is widely used in the food industry, particularly in the
brewing industry [6].
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The starch chain can be hydrolyzed into dextrins by several groups of amylases [7,8]. α-Amylases
cleave the starch molecule into smaller oligosaccharides, being used to improve the gelatinization
process, in enzymatic starch extraction, to decrease medium viscosity and in saccharification processes
(combined or not with other amylases) [7,8]; β-amylases (EC 3.2.1.2) are responsible for partial
hydrolysis of starch non-reducing ends into maltose molecules [7–9]. There are several different sources
of β-amylase, i.e., Bacillus spp, Bacillus cereus, soybean, sweet potato and barley [7,8]. A commercial
β-amylase used for maltose production is that from barley [7]. Barley β-amylase has a monomeric
structure with a molecular mass of 56–60 kDa [10], high activity in a pH ranging from 4.0 to 7.0
(optimum pH of 4.35 [11]). However, it is unstable at temperatures over 55 ◦C [12,13]. The use of a high
temperature is desirable in maltose syrup production to improve operational aspects like viscosity of
gelatinized starch solutions and highly concentrated sugar solutions and to avoid microbial growth [7].
Moreover, it looks convenient for the economy of the process to develop strategies that may permit the
easy reuse of the barley β-amylase in several reactions cycles.

The enzyme immobilization may be a solution for these enzyme problems and even other enzyme
limitations [14–17]: it allows a simple biocatalysts recovery and reuse [18], and becomes a powerful
tool to improve enzyme features [19,20], such as stability [21,22], selectivity, specificity [23] or even
purity [24]. These advantages have, as main costs, the immobilization process and immobilization
carrier prices.

Chitosan is a prominent and versatile support, allowing different immobilization strategies [25–28].
It is obtained by deacetylation of chitin, a component of the exoskeleton of crustaceans and other
arthropods [26]. That way, a support containing primary amino groups is easily obtained from a
residue. This support may be used to directly ionically exchange enzymes [29], enabling a reversible
immobilization that may not have high stabilizing effects on the protein [30]. The reversibility of the
immobilization enables the reuse of the support, but may also raise a problem: the release of the enzyme
during operation. To solve this, covalent glutaraldehyde immobilization may be a good alternative, this
is a very used reactive even though the exact mechanism is unknown [31–33]. Amino-glutaraldehyde
supports are heterofunctional ones [34] and they are very versatile for enzyme immobilization [35],
enabling the use of glutaraldehyde preactivated supports [36] or the treatment of the previously
adsorbed enzymes to obtain enzyme-support bonds [37]. Recently, the effect of the pH on the first
immobilization step has been also showed [38,39]. Chitosan may be also utilized to encapsulate the
enzyme [40,41]. Encapsulation has always the risks of enzyme release, as the pores need to be very
small to relay trap the enzyme [42–44], but using chitosan some ion exchange of the enzyme on the
polymer may be expected to reduce the enzyme release and crosslinking with glutaraldehyde may
further reduce this enzyme leakage.

Professor Sheldon’s group proposed a strategy that avoided the use of supports to immobilize
enzymes: the cross-linked enzyme aggregates (CLEAs) [45–47]. The preparation of CLEAs is a
very simple method that consists of two steps: (i) aggregation/precipitation of proteins induced
by precipitant agents (salts, water-miscible organic solvents, non-ionic polymers, etc.); and (ii)
chemical crosslinking of the formed aggregates with a bifunctional reagent (e.g., glutaraldehyde)
via reaction with amino groups of the lysine residues that are presented on the surface of the
enzyme [48,49]. However, if the enzyme has low surface density of amino groups, the immobilization
could be inefficient, due to the low cross-linking bonds. Some authors suggest the amination
of the enzyme (genetically or chemically) [50,51], or the coaggregation of enzyme and aminated
polymers [52,53]. Yet, the first solution is complex and the second one produces a highly hydrophilic
and cationic micro-environment around the enzyme that may be undesired. An alternative with a
great success is the use of a feeder protein rich in lysine residues, such as bovine serum albumin (BSA),
which can contribute to the formation of CLEAs with high global yield and excellent operational
stability [48,49,54–60]. A cheaper alternative to BSA is soy protein isolate (SPI). This is an industrial
residue from extraction of soybean oil [61], which has about 90% of heterogenic protein content,
mainly composed by 7S (β-conglycinin) and 11S (glycinin) storage proteins [62], of molecular sizes
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of 150–175 kDa [63] and 340–375 kDa [64], respectively. SPI is about 250 times cheaper than BSA
(R$34.90/kg and R$9803.00/kg, respectively; values from Estação dos Grãos Ltd. (Perdizes, Brazil) and
Sigma-Aldrich (St. Louis, MO, USA) in March 2018), what could turn CLEA technology economically
viable when a feeder protein is necessary. The feeder could also reduce other CLEAs problems, due to
the high volumetric activity in many instances diffusion limitations become very high and the feeder
protein will “dilute” the enzyme [18].

Several researchers immobilized β-amylases from different sources using carrier-bound methods,
stabilizing the enzyme [65–67] but recovering low activity [65–69], attributed mainly to substrate
diffusional problems. As far as we know, there are no reports about the immobilization of β-amylase
by the CLEA technique.

This study shows an option for the use of cassava bagasse as starch source for maltose production
and explores the barley β-amylase immobilization by different techniques, including the CLEA
methodology using two different feeder proteins, bovine serum albumin (BSA), which is used as feeder
protein in many other studies [48,54–60], and soy protein isolate (SPI). The best biocatalyst obtained in
this study will be tested in the maltose production using commercial and residual cassava starch.

2. Results and Discussion

2.1. β-Amylase Immobilization

The enzyme was first immobilized using chitosan as a carrier using the different strategies
described in the Methods section. Immobilization via ion exchange presented low immobilization
and global yields (less than 25%, Table 1); however, high expressed activity was achieved (around
100%). The treatment of the already ionically exchanged enzyme with glutaraldehyde drives to full
enzyme inactivation. Immobilization on glutaraldehyde activated chitosan permitted the full enzyme
immobilization, but the expressed activity and global yield were very low (just over 6%). Thus, these
strategies seem unsuitable to immobilize this enzyme; as an alternative, we tried to trap the enzyme
on chitosan beads at a lower concentration, to have larger pores. The immobilization is not really a
trapping, as the polymer will ionically immobilize the enzyme and we treat the immobilized enzyme
with glutaraldehyde; in any case the expressed activity was even lower than in the other cases, perhaps
the enzyme may be released, perhaps the polymer may block the active center of the enzyme, or the
glutaraldehyde inactive the enzyme.

Table 1. Carrier-bond immobilization using chitosan 2% (for adsorption and covalent attachment), 1%
(for encapsulation) and free-carrier immobilization (CLEA) without feeder protein. It was supplied
0.53 mg of protein per gram of carrier in each immobilization method using chitosan.

Immobilization Method Immobilization Yield (%) Expressed Activity (%) Global Yield (%)

Adsorption 21.4 ± 3.4 108.9 ± 17.6 23.3 ± 3.8
Adsorption followed by crosslinking 1 21.4 ± 3.4 0.0 ± 0.0 0.0 ± 0.0

Covalent attachment 2 100.0 ± 0.0 6.7 ± 0.8 6.7 ± 0.8
Encapsulation 3 – – 1.1 ± 0.5

CLEA 4 – – 34.2 ± 3.3
CLEA 5 – – 25.8 ± 1.2

1 Using 0.15% glutaraldehyde solution as crosslinker; 2 activated with 0.80% glutaraldehyde solution; 3 using
0.10% glutaraldehyde solution as crosslinker; 4 using 0.30% glutaraldehyde solution as crosslinker; 5 using 0.60%
glutaraldehyde solution as crosslinker.

For this reason we tried the immobilization of β-amylase using CLEA technology. The results
(Table 1) were better than when using chitosan (near to 30% of global yield). Thus, CLEAs technology
appeared to be more suitable to immobilize this β-amylase, with the advantage of saving the support.

Aiming to improve the CLEA global yield, we tried to optimize some immobilization aspects of
this biocatalyst.
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2.2. Optimization of β-Amylase Immobilization Using CLEAs Technology

To optimize the CLEA, we decided to use feeder proteins. As explained in introduction, this may
have a double positive effect: to improve the crosslinking step and to reduce the diffusion problems
by diluting the enzyme into inert protein [46,48,49]. Thus, the effects of the feeder proteins (BSA or
SPI) and glutaraldehyde concentrations for the same β-amylase concentration on the global yield were
studied (Section 3.4). More than 80% of global yield was achieved using BSA as feeder at condition 5
(CLEA-β-BSA-5) and more than 50% using SPI as feeder at condition 12 (CLEA-β-SPI-12), as presented
in Table 2. Using a feeder protein, the final activity of the biocatalyst was higher than using just
the enzyme.

Table 2. Global yields for CLEAs of β-amylase prepared with different concentrations of feeder protein
and glutaraldehyde.

Assay Feeder Protein Global Yield (%)

1
None

34.2 ± 3.3
2 25.8 ± 1.2

3

BSA

54.5 ± 0.9
4 43.2 ± 0.4
5 82.7 ± 5.8
6 53.1 ± 0.1
7 33.6 ± 0.5
8 0
9 0

10 0

11

SPI

45.2 ± 2.1
12 53.3 ± 2.4
13 48.0 ± 2.3
14 47.5 ± 1.5
15 38.2 ± 5.2
16 31.0 ± 1.8
17 28.4 ± 2.9
18 24.4 ± 0.5
19 28.6 ± 0.0

The CLEAs obtained using SPI (CLEA-β-SPI) were noticeably larger than the CLEAs produced
using BSA or without feeder protein, helping in the separation of the biocatalyst from the viscous
medium when submitted to centrifugation. This larger size may be the cause of the lower expressed
activity of CLEA-β-SPI-12 compared to CLEA-β-BSA-5.

Figure 1 shows images of CLEA-β-SPI-12 using scanning electron microscopy, where it is possible
to see the heterogeneity in the particle size (lower than 70 μm) of the prepared biocatalyst.

The activities obtained using both feeder proteins in the CLEA preparation were better than those
reported in several studies employing β-amylases from different sources immobilized on preexisting
supports. Vretblad and Axen [66] reported a global yield of 35% for barley β-amylase covalently
attached on Sepharose activated with 4,4′-methylene dianiline. Tavano et al. [69] reported global yield
of 21% for sweet potato β-amylase immobilized on glyoxyl-agarose support. These results are much
closer to those obtained in our work for barley β-amylase ionically adsorbed on chitosan (Table 1).
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Figure 1. Images of CLEA-β-SPI-12 using scanning electron microscopy at different amplifications.
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2.3. Effects of pH and Temperature on the Activity and the Stability of β-Amylase Preparations

The study of the effect of the reaction pH and temperature on the enzyme activity of β-amylase
was performed using free enzyme, CLEA-β-BSA-5 and CLEA-β-SPI-12 to investigate the influence of
the enzyme immobilization technique on enzyme response to the medium [68–71] (Figure 2).
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Figure 2. Temperature activity profile (a), using 1% (w/v) soluble starch solution at pH 4.8 (standard
condition for enzymatic assay as described in the Section 3.2) and pH activity profile (b), using 1%
(w/v) soluble starch solution at 20 ◦C, for free β-amylase (squares), CLEA-β-BSA-5 (circles) and
CLEA-β-SPI-12 (triangles). The maximum activities were taken as 100%.

The effect of the temperature on the enzyme activity was similar for all β-amylase preparations
(Figure 2a), expressing maximum activities in the range 50–55 ◦C. In the case of CLEA-β-SPI-12,
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a small shift to lower temperature (approximately 5 ◦C) of the maximum activity temperature was
observed. It was expected that optimal pH and temperature of enzymes immobilized as CLEAs were
shifted because covalent bonds established between amino groups of the enzyme and glutaraldehyde,
changing the microenvironment and the conformational flexibility of the enzyme [49]. Talekar et al. [72]
reported a shift to higher temperature (around 15 ◦C) for β-amylase from Bacillus amyloliquefaciens after
immobilization by CLEA technique. However, Mafra et al. [58] reported the same maximum activity
temperature for soluble and CLEAs of catalase. The effect of the pH on enzyme activity (Figure 2b)
was similar for all enzymes, expressing maximum activity in the pH range 6.0–7.0. Talekar et al. [72]
reported a pH shift from 6.0 to 7.0 for α-amylase from B. amyloliquefaciens immobilized as CLEA, while
Mafra et al. (2016) also reported a pH shift from 7.0 to 7.4 for catalase immobilized as CLEA with BSA
as feeder protein. In our work, the pH shift from 6.0 to 7.0 for β-amylase immobilized as CLEA with
SPI as feeder protein was not different statistically, considering the standard deviations (as provided
by the F test).

Figure 3a shows the residual activity after 12 h incubation at different pH values and 25 ◦C of
free β-amylase, CLEA-β-BSA-5 and CLEA-β-SPI-12. In almost all cases, the free enzyme exhibited
a slightly higher residual activity, followed by CLEA-β-BSA-5. The highest activity retained for
each sample was observed at pH 7.0 (96.0 ± 0.6%), 6.0 (88.2 ± 3.5%) and 7.0 (64.2 ± 22.9%), for free
β-amylase, CLEA-β-BSA-5 and CLEA-β-SPI-12, respectively. Figure 3a shows that at pH 5.0 (very
similar to pH 4.8 used in optimal temperature assay), the stability of free β-amylase is higher than those
of CLEA-β-BSA-5 and CLEA-β-SPI-12 (residual activities of 94.2 ± 0.0, 75.7 ± 3.2 and 45.1 ± 2.2%
respectively). This enzyme inactivation (especially high for CLEA-β-SPI-12) at acid pH value can
explain the results observed in the effect of temperature on enzyme activity.

The temperature stability test was performed at the optimal pH for the stability of each β-amylase,
pH 6.0 for CLEA-β-BSA-5 and pH 7.0 for free β-amylase and CLEA-β-SPI-12. Figure 3b shows that at
40 ◦C free β-amylase and CLEA-β-SPI-12 did not present significant thermal deactivation after 12 h
(109. 2 ± 3.2 and 96.1 ± 5.5% of residual activity respectively). At 55 ◦C the CLEAs retained some
activity when the free enzyme was fully inactivated. The thermal stabilization observed at 55 ◦C was
reported for several enzymes immobilized as CLEAs by Sheldon [48] and Talekar et al. [49].

Although CLEA-β-BSA-5 presented higher global yield and pH stability than CLEA-β-SPI-12,
its stability at high temperatures was high. Also, the CLEA-β-BSA-5 was more difficult to manipulate
and separate from the very viscous reactional medium, containing a high sugar concentration. Thus,
the CLEA-β-SPI-12 was chosen to be compared with free β-amylase on the maltose production assay.

2.4. Maltose Production

Maltose production was performed using soluble and residual cassava bagasse (enzymatically
extracted) starches with free and CLEA-β-SPI-12 under the respective pH and temperature conditions
where the biocatalysts exhibited optimal stabilities.

The residual starch solution was obtained via enzymatic extraction of cassava bagasse with starch
content of 45.7 ± 0.8% (d.m.). The high starch content in cassava bagasse from industrial mechanical
extraction can be related, as explained in introduction, to the limitations of shear and broke the cassava
root fibers to extract the starch [4] and this content can vary depending on cassava crop and processing
conditions [2].

The maltose conversion by free β-amylase and CLEA-β-SPI-12 were compared using soluble
starch solution containing 30.0 g/L of commercial starch (dextrose equivalent, DE ≈ 0) and 36.0 U/L,
the equivalent of 1.2 U/g (enzymatic unit per gram of starch), for each enzyme preparation. Figure 4a
shows that maltose conversion using free enzyme was faster than using CLEA-β-SPI-12. After 45 min,
the free enzyme achieved 44.5% of conversion, while CLEA-β-SPI-12 presented the same conversion
after 9 h. The maximum conversions were 52.3 ± 2.3 (after 6 h) and 46.4 ± 5.4% (after 12 h) for free
β-amylase and CLEA-β-SPI-12, respectively. The productivities and specific productivities of both
soluble starch conversions were 2.7 ± 0.1 and 1.2 ± 0.1 kg/m3 h, and 75.9 ± 3.3 and 33.7 ± 3.9 mg/Uh
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using free β-amylase and CLEA-β-SPI-12, respectively. Yoshigi et al. [73] reported 57.7% of starch
conversion using free barley β-amylase and 5.0 g/L soluble starch solution (50 mM acetate buffer,
pH 5.5) incubated at temperature of 37 ◦C. This could be due to the high size of the starch used, as well
as the low DE, probably causing diffusional limitations in the CLEA-β-SPI-12.

4 5 6 7 8
0

20

40

60

80

100
R

es
id

ua
l a

ct
iv

ity
, %

pH

 Free     CLEA BSA 5    CLEA SPI 12

(a) 

40 45 50 55 60
0

20

40

60

80

100

 

R
es

id
ua

l a
ct

iv
ity

, %

Temperature (°C)

 Free 
 CLEA BSA 5
 CLEA SPI 12

(b) 

Figure 3. Residual activities of free β-amylase, CLEA-β-BSA-5 and CLEA-β-SPI-12 for pH stability (a)
after 12 h of incubation at 25 ◦C and temperature stability and, (b) after 12 h of incubation at pH 6.0
(CLEA-β-BSA-5) and pH 7.0 (free β-amylase and CLEA-β-SPI-12). 100% is the initial activity.
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Figure 4. Comparative soluble starch (30 g/L) conversion using free β-amylase (squares) and
CLEA-β-PS-12 (circles) at pH 7.0 and 40 ◦C; (a) comparative starch conversion using cassava bagasse
starch solutions with free β-amylase (squares) and CLEA-β-PS-12 (circles), using 1.2 U/g of starch,
pH 7.0 and 40 ◦C (b).
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The assay using cassava bagasse starch solutions 30.0 g/L (DE of 7.95 and 15.88) with free enzyme
and CLEA-β-PS-12 (using 36 U/L) reached maximum conversion of 54.3 ± 1.2% and 66.0 ± 2.6% at 6 h
and 4 h, respectively (Figure 4b). With both catalyst a higher maltose yield and activity was detected
using this product (starch partially hydrolyzed extracted by α-amylase action), very likely due to the
very low DE using the commercial starch (near 0) compared to the high one of these home-obtained
products (DE 8-16), offering more non-reducing ends to the enzyme action. Moreover, the lower size of
the starch extracted from bagasse can reduce the diffusion limitations found using commercial starch,
greatly improving the performance of the immobilized enzyme, that now overpass the free enzyme.
The productivity and specific productivity of cassava bagasse starch conversions using free β-amylase
and CLEA-β-PS-12 were 2.8 ± 0.1 and 5.2 ± 0.2 kg/m3h, and 78.8 ± 1.8 and 143.7 ± 5.6 mg/Uh,
respectively. The CLEA-β-PS-12 productivity and specific productivity using cassava bagasse starch
solution with DE of 15.88 was 4.3 times higher than using soluble starch (DE near 0).

Gaouar et al. [74] used in this reaction a highly concentrated liquefied starch, 340 ± 25 g/L (DE
unknown) and free Maltogenase 4000 L (from Bacillus subtilis) as biocatalyst, at pH values between
5.0 to 5.5 in a 1.0 L jacketed Pyrex cell with magnetic stirring, achieving 65.4% of maltose production,
practically the same as using cassava bagasse residual starch with DE of 15.88 and CLEA-β-SPI-12.
Shiraishi et al. [75] also achieved comparable starch conversion, using 150, 200 and 300 g/L of liquefied
white potato starch (DE = 5.6) with 1.59 g/L of free soybean β-amylase in a baffled flask with magnetic
stirring at temperature of 40 ◦C and pH 4.8, achieving a value of maltose content of 58.2% for all
the tests.

CLEA-β-SPI-12 was utilized for four successive cycles of reaction (12 h reaction for each cycle)
(Figure 5); the continuous decrease on yields becomes evident. The reasons for this may be the difficulty
to capture the CLEAs in this very viscous media, even though the size of the biocatalyst was quite large,
as enzyme inactivation under these conditions may be discarded in these very short reaction courses.
The breakage of the CLEA particles during use will further increase this difficulty in the recovery,
and that occurs even using a vortex reactor. In fact, Talekar et al. [72] also reported a reduction in the
activity of CLEA of α-amylase to around 65% of its original activity after four cycles of 30 min reaction
at 60 ◦C. They attributed the loss of activity to the substantial change in the CLEA morphology after
four batches as shown by SEM images. In fact, in our work, the weight of CLEA obtained after the
four reuses almost fit with the decreased activity. An alternative to improve the CLEA recovery may
be to use magnetic nanoparticles trapped in the CLEAs to facilitate the capture [71,76–80]. Another
possibility may be the trapping of the CLEAs in some larger and more rigid solids, e.g., lentikats [81,82]
or silica [83,84].
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Figure 5. Reuse assays converting starch to maltose at 40 ◦C, pH 7.0 in a vortex flow reactor stirred at
900 rpm, using cassava bagasse starch solution (8.2 g/L) and CLEA-β-PS-12 (36.0 U/L).
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3. Materials and Methods

3.1. Materials

Cassava bagasse was supplied by Tereos Syral (Palmital, Brazil), soluble starch was purchased
from Sigma-Aldrich (St. Louis, MO, USA). The α-amylases Termamyl 120 L from Bacillus licheniformis
and BAN 480 LS from Bacillus amyloliquefaciens were supplied by LNF Latino Americana (Bento
Gonçalves, Brazil). Crude extract of barley β-amylase (type II-B) and bovine serum albumin (BSA,
96% purity) were purchased from Sigma-Aldrich (St. Louis, MO, USA). Soy protein isolate (SPI,
90% purity) was purchased from Doremus Ingredientes (Guarulhos, Brazil). Other reagents were of
analytical grade.

3.2. Enzymatic Activity Assay

The activity of β-amylase was determinate according to Bernfeld [85] by measuring the initial
velocity of maltose production. A solution of 1% (w/v) soluble starch in 16 mM sodium acetate buffer
(pH 4.8) was used as substrate. Free or immobilized β-amylase was added to the reaction medium,
which was thermostatically equilibrated at 20 ◦C in a batch reactor. Periodically, sample aliquots were
withdrawn until 12 min and the maltose content was quantified by the dinitrosalicylic acid method [86]
using pure commercial maltose as standard. An enzymatic unit of β-amylase (U) was defined as the
amount of enzyme required to release 1.0 mg of maltose per minute under the assay conditions.

3.3. β-Amylase Immobilization Using CLEA Technique

A set of experiments were carried out using 0.5 mL of BSA or SPI solution (feeder protein), with
concentrations values described in Table 3, and 0.5 mL of 100 mM sodium phosphate buffer at pH 7.0
containing 2.0 mg of protein/mL of β-amylase. Then, 1.0 mL of 5.0 M ammonium sulfate solution
was added to precipitate the proteins; after 5 min stirring 24.0 or 48.0 μL of 25% (w/w) glutaraldehyde
aqueous solution were added, reaching a glutaraldehyde final concentration of 30.0 or 60.0 mM,
respectively. The protein suspension was kept under 200 rpm stirring at 4 ◦C for 3 h. Finally, the
CLEA of β-amylase was separated from the supernatant by centrifugation at 21,000× g and 4 ◦C,
washed with 100 mM sodium phosphate buffer pH 7.0, centrifuged again and resuspended in 1.0 mL
of 100 mM sodium phosphate buffer pH 7.0 for β-amylase activity measurement.

The global yield was calculated according to Equation (1):

Global yeld (%) =
CLEA activity
Initial activity

× 100, (1)

where the CLEA activity is the observed activity in the CLEA after centrifugation, washing (2 times
with 1.0 mL of 100 mM phosphate buffer pH 7.0) and resuspension in the same washing buffer; initial
activity is the total activity offered to the immobilization.

3.4. Immobilizations on Chitosan Based Supports by Adsorption, Covalent Attachment and Encapsulation

β-amylase was immobilized on chitosan according to Vieira et al. [87], with chitosan-based
matrices of 2.0% (for adsorption and covalent attachment) and 1.0% (for encapsulation) (w/w), aiming
to achieve bigger pore sizes. The amount of enzyme supplied for immobilization was 0.53 mg of
protein per gram of chitosan. Table 4 shows the conditions for chitosan-based immobilizations.

Chitosan powder was solubilized in 2.0% (v/v) acetic acid solution and coagulated using 0.5 M
potassium hydroxide solution (volume ratio chitosan:KOH solutions of 2:3). The suspension was
stirred at 50 ◦C for 30 min to form flakes. The flakes were filtrated and washed with Milli-Q water and
5 mM sodium phosphate buffer pH 7.0.
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Table 3. Conditions of preparation of CLEAs of β-amylase using bovine serum albumin (BSA) and soy
protein isolate (SPI) as cofeeder and glutaraldehyde as crosslinker.

Assay 1 Feeder Protein
Cofeeder Concentration 2

(mg/mL)
Glutaraldehyde

Concentration 3 (mM)
Glutaraldehyde/Total

Protein 4 Ratio (mM/mg)

1
None

0 30 60.0
2 0 60 120.0

3

BSA

160 30 0.74
4 120 30 0.98
5 80 30 1.46
6 60 30 1.93
7 40 30 2.86
8 120 60 1.97
9 80 60 2.93
10 40 60 5.71

11

SPI

80 30 1.46
12 60 30 1.93
13 40 30 2.86
14 30 30 3.75
15 20 30 5.45
16 60 60 3.87
17 40 60 5.71
18 30 60 7.50
19 20 60 10.91

1 All assays were carried out at 4 ◦C and amonium sulfate solution (5 M) was used to precipitate the proteins.
2 Feeder protein concentration in water solution; 3 Glutaraldehyde concentration in protein solution (2 mg/mL),
prepared in 100 mM sodium phosphate buffer pH 7.0.; 4 Total amount of enzyme and cofeeder (BSA or SPI).

Table 4. Conditions for adsorption, covalent attachment and encapsulation in chitosan using 0.53 mg
of protein (crude enzyme) per gram of chitosan.

Immobilization
Method

Adsorption
Adsorption Followed

by Crosslinking
Covalent

Attachment
Encapsulation

Carrier Chitosan 2 wt % Chitosan 2 wt % Chitosan 2 wt % Chitosan 1 wt %
Glutaraldehyde
concentration 0 0.15% 0.80% 0.10%

Temperature (◦C) 25 25 25 0 (Ice bath)
Stirring 100 rpm 100 rpm 100 rpm 50 rpm

The β-amylase adsorption was performed in a shaker at 25 ◦C and 100 rpm, suspending 1 g
of chitosan flakes in 5 mL of enzyme solution (0.53 mg of β-amylase/g of chitosan), prepared in
5 mM sodium phosphate buffer pH 7.0. The immobilization was monitored by measuring the enzyme
activity in the supernatant and suspension, using an identical enzyme solution without chitosan as
blank reference. At the end, the immobilization yield was determined (Equation (2)), then the flakes
were filtrated, washed with distilled water and the expressed activity (Equation (3)) and the global
yield (Equation (4)) were calculated. We also determined the global yield of the adsorbed enzyme after
treatment with 0.15% (v/v) glutaraldehyde solution under mild stirring, at room temperature for 1 h
at pH 7.0.

For covalent immobilization, firstly the chitosan flakes were activated with 0.8% (v/v)
glutaraldehyde solution at pH 7.0 under mild stirring for 30 min, followed by washing with Milli-Q
water and 100 mM sodium phosphate buffer at pH 7.0. The immobilization of β-amylase on activated
chitosan was carried out in 100 mM sodium phosphate buffer pH 7.0 (1:5 solid/liquid ratio, 0.53 mg of
β-amylase/g of chitosan, as in the adsorption method) at 25 ◦C and 100 rpm stirring, monitoring the
supernatant, suspension and blank reference. The immobilization yield, expressed activity and the
global yield were calculated as described above.

For the encapsulation into chitosan, chitosan powder was solubilized in 2.0% (v/v) acetic acid
solution and homogenized under stirring at room temperature for 1 h. Then the pH was adjusted
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to 4.35 using sodium hydroxide solution and the β-amylase was added. This solution was added
dropwise into a 100 mM Tris-HCl buffer pH 8.0 (in ice bath) in a volume ratio chitosan solution:buffer
of 1:10, under mild stirring for 30 min. After, glutaraldehyde 25% (w/w) was added to achieve a final
concentration of 0.1% (v/v) and the reaction occurred under mild stirring at room temperature for 2 h.
The chitosan gels were filtrated, washed with distilled water and 100 mM sodium phosphate buffer
pH 7.0, and the global yield was calculated by Equation (4).

The immobilization yield and expressed activity for adsorption and covalent attachment on
chitosan were calculated according to Equations (2) and (3), respectively:

Immobilization yield (%) =
Immobilized activity

Initial activity
× 100, (2)

Expressed activity (%) =
Derivative activity

Immobilized activity
× 100, (3)

where the immobilized activity is the initial activity offered to the immobilization minus the activity in
the final supernatant. Derivative activity is the activity measured in the immobilized enzyme.

The global yield was calculated according Equation (4):

Global yield (%) =
Derivative activity

Initial activity
× 100, (4)

3.5. Effect of pH and Temperature on Activity and Stability of β-Amylase Preparations

The enzymatic activity of immobilized or free enzyme was determined at different pH values
and 20 ◦C as described in the Section 3.2, using different buffers (16 mM): sodium acetate buffer at
pH values from 3.0 to 5.0, sodium phosphate buffer at pH values from 6.0 to 8.0 or sodium carbonate
buffer at pH 9.0.

To determinate the optimum activity temperature of free or immobilized β-amylase, the enzymatic
activity was measured using 16 mM sodium acetate buffer at pH 4.8 in a temperature range from 30 to
60 ◦C.

For the stability assays, free and CLEAs of β-amylase samples were incubated at the indicated
temperature and pH values for 12 h under 200 rpm stirring. The pH stability assay was studied
at 25 ◦C and pH values from 4.0 to 8.0, using the same buffers of the pH effect on activity assay.
The temperature stability assay was performed incubating the samples in the buffer of highest stability
for each sample (free or CLEAs β-amylase) and temperatures from 40 to 60 ◦C. The relative residual
activity was calculated as the ratio between the activity after the incubation and the initial activity.

3.6. Cassava Bagasse Compositional Analysis

Starch was extracted from cassava bagasse using 0.625 mL of α-amylase (Termamyl 120 L)
per g of bagasse (dry mass) in 50.0 mL of water, at 90 ◦C, with 540 rpm mechanic stirring for
2 h [88]. Then, the reactional medium was filtrated to remove the solid fraction. The liquid fraction,
containing mainly maltodextrins, was submitted to acid hydrolysis (1.0 mL of 72% (v/v) sulfuric acid
to 22.5 mL of maltodextrin solution) in an autoclave for 30 min to produce glucose monomers [89].
The acid hydrolysis in an autoclave can also generate a small amount of hydroxymethylfurfural
(HMF) molecules. Glucose was quantified by liquid chromatography in a Shimadzu chromatograph
equipped with a refractive index detector (RID) at 50 ◦C, using a BioRad Aminex HPX-87H column
(300 × 7.8 mm) set to 65 ◦C and 5 mM sulfuric acid solution as eluent with a flow of 0.6 mL/min.
HMF was quantified in a Shimadzu Chromatograph equipped with a UV-Visible detector (set to
274 nm) using a SunFire C18 column (4.6 × 150 mm) at 40 ◦C and acetonitrile-water solution (1:8 v/v),
containing 1% (v/v) acetic acid, as mobile phase at 0.8 mL/min flow rate. The amount of glucose and
HMF was used to calculate the total amount of extractable starch from cassava bagasse.
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3.7. Residual Starch Extraction

The residual starch contained in cassava bagasse was gelatinized in 50 mM sodium phosphate
buffer pH 7.0 (28.0 g of starch/L) under stirring in boiling water bath for 10 min. The bagasse
suspension was cooled to 60 ◦C and the pH was adjusted to 6.0 using diluted HCl solution. Then
12.6 mL of α-amylase (BAN 480 LS) per kg of starch was added to the bagasse suspension, the medium
was stirred for 5 min, and the reaction was stopped by adding a 50% (v/v) HCl solution to the
reactional medium (1:333 volume ratio). The medium was filtrated at 60 ◦C, the starch concentration
and dextrose equivalent (DE = 100 × amount of reducing sugar expressed as glucose/solid dry mass)
were quantified and, if necessary, the soluble starch was diluted or concentrated. DE is a measure of
polymerization degree of the starch chains, using glucose as pattern. When the DE value is near to
zero the polymerization degree is very high, the starch molecules have high molecular weight. When
the DE value is near to 100 the polymerization degree is very low, the starch molecules were practically
converted into glucose [7].

The amount of reducing sugar was determinate by DNS method [86] using glucose as standard.

3.8. Maltose Production

The enzymatic maltose production was performed in a batch Taylor vortex flow reactor (VFR) [90]
with radius ratio (η = Ri/Re) of 0.24, aspect ratio (Γ = L/d) of 6.32 and inner cylinder rotation rate
(ω) of 900 rpm, using 50.0 mL of commercial starch solution or residual starch solution extracted
from cassava bagasse and 36.0 U/L of free or CLEA of β-amylase, at pH and temperature values
of maximum stability (determined as described before). The starch conversion was followed by the
increase of maltose concentration during the reaction time. Samples of the reactional medium were
treated with 1.0 M HCl (50:3 v/v) to inactivate the enzymes in the sample, the maltose concentrations
were determinate by HPLC (Shimadzu Chromatograph, using a BioRad Aminex HPX-87H column
and 5 mM sulfuric acid solution at 0.6 mL/min as eluent, as described above for glucose quantification)
and the starch conversion was calculated using 0.957 g of starch/g of maltose as conversion factor.

3.9. Reuse Assays

The reuse assays were performed using the same conditions for maltose production catalyzed
by CLEA of β-amylase. Each batch was carried out for 12 h reaction, being the maltose conversion
determined in the end of each batch. Between each reactional cycle the biocatalyst was separated by
centrifugation (15,370× g at 4 ◦C for 10 min) and washed with distilled water.

3.10. Protein Assay

The protein concentrations of β-amylase extracts were determined according to the Bradford’s
method [91] using BSA as the standard protein.

4. Conclusions

This study showed that barley β-amylase can be immobilized by CLEA technology and can
achieve a higher global yield than other strategies used to immobilize this β-amylases. Soy protein
isolated could be used as feeder protein for barley β-amylase CLEA, creating an immobilized enzyme
cheaper and easier to manipulate than using bovine serum albumin as feeder protein. The use of soy
protein isolated as an alternative as feeder protein could reduce the cost of the CLEAs biocatalyst
production when a feeder is required. The bagasse-starch conversion using CLEA-β-SPI-12 reached
maximum starch conversion even slightly better that that obtained by using free β-amylase, and
achieved high starch conversion similar to the best results reported in the literature in a short period
of time. This study also shows that the cassava bagasse could be used as starch source for maltose
production, giving this residue a new and more profitable use. CLEAs recovering in this viscous
medium become a problem that should be attacked using different strategies, e.g., use of magnetic
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nanoparticles, trapping of the CLEAs in larger and more rigid solids, easier to recover in this very
viscous medium.
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Abstract: This study presents a one-step encapsulation method for synthesizing X-shaped zeolitic
imidazolate frameworks (ZIF-8) and immobilizing Rhizomucor miehei lipase (RML). We proved
that the morphological structure of ZIF-8 had changed after immobilization with enhanced
characterization using a field-emission scanning electron microscope, an energy-dispersive
spectrometer, a transmission electron microscope, a Fourier transform infrared spectrometer,
and powder X-ray diffraction. The surface area and pore size of the carrier were investigated before
and after immobilization using Brunauer–Emmett–Teller and Barrett–Joyner–Halenda methods,
respectively. RML@ZIF-8 exhibited high recovery activity of up to 2632%, representing a 26-fold
increase in its free lipase. Encapsulated RML was used for biodiesel production from soybean oil
in an isooctane system with a conversion yield of 95.6% under optimum conditions. The resulting
reusability of the immobilized enzyme indicated no substantial decline in the conversion yield, which
remained at 84.7% of the initial activity after 10 cycles. The stability and high performance of the
immobilized enzyme are attributed to the harmony between RML and ZIF-8 based on the easy
synthesis of ZIF-8 and the short time required to immobilize RML.

Keywords: X-shape ZIF-8; Rhizomucor miehei lipase (RML); encapsulation technique; biodiesel yield;
soybean oil

1. Introduction

The depletion of fossil fuel resources and the environmental impacts of fossil fuel use are the main
motives for investigating and developing renewable fuel sources. The term biodiesel implies a fuel that
is biodegradable, and such fuels are being increasingly used in compression-combustion engines [1].
Biodiesel consists of oxoalkyl esters that include ethyl and methyl esters that originate from animal fats
or vegetable oils as renewable feedstock [2]. However, the applicability of the chemical processes used
to create biodiesel has been restricted due to substantial energy requirements, challenges in retrieving
catalyzers, and various environmental barriers [3]. Enzymatic methods, including lipase catalysis,
are more advantageous than chemical processes due to their lower energy consumption, easier product
retrieval, environmentally friendly means, and adaptability to a broad range of crude substances,
particularly those with large free fatty acid content [4]. Despite the multiple advantages of lipases,
the high price of enzyme catalysts is a significant barrier in biodiesel manufacturing. Immobilization
is a possible solution to this problem, because immobilized lipases are repeatable and tolerate a wide
range of pH values, temperatures, and organic solvents and more stable than the free counterparts [5].

In-depth studies have explored immobilization enzymes and their applications to various fields.
The literature describes conventional methods used in immobilization, adsorption, covalent bond
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cross-linking, and entrapping [6,7]. The adsorption technique is easy to complete, but the bonding
of enzymes is frequently weak, resulting in the leaching of biocatalysts [8]. Conversely, covalent
techniques prevent leaching, but the processes are lengthy and require several chemical steps that
lead to the loss of enzyme activity [9]. The entrapment technique has attracted considerable interest
because of its numerous advantages, including its speed, stability, simple treatment process, low cost,
and requirement of mild conditions [10]. Macario et al. [11] investigated the sol-gel for entrapped
lipase, obtaining the highest yield of fatty acid methyl esters at 77% and retaining 60% of the original
activity after five batches. For biodiesel synthesis, lipase from Pseudomonas cepacia was encapsulated
into hydrophobic sol-gel, yielding nearly 67% [4]. Calcium alginates were used as substrates for
providing beads; the obtained biocatalysts were reused for four cycles with minimal leakage [12].
These materials that use gel structures for entrapment, such as calcium alginate or sol-gel, suffer
from mass transfer limitation; thus, the biocatalyst performance is slightly restricted, which is another
disadvantage in addition to the leaching of enzymes and loss of activity [13,14]. To overcome this
problem, coordinated matrices of carriers are needed with a pore size that allows the flow of substrates
and other materials, but is sufficiently small to prevent the rinsing of encapsulated enzymes.

To this end, we have been investigating the potential of metal-organic frameworks (MOFs).
MOFs are hybrid materials with both organic and inorganic components that acts a host and protective
shield for enzymes subjected to harsh environmental conditions [15].

The zeolitic imidazolate framework (ZIF-8), an MOF subdivision, is a novel type of microporous
material formed by the coordination between zinc (Zn2+) ions and 2-methylimidazole. It is the branch
of the ZIF subclass of MOFs that has attracted significant research attention due to its high porosity,
tunable surface properties, negligible cytotoxicity, exceptional thermal and chemical stability, and ease
of synthesis under mild biocompatible conditions [16,17]. These properties allow ZIF-8 to be used for
a variety of applications, such as adsorption, separation, [18,19], gas storage [20], drug delivery [21],
and catalysis [22].

In the present work, we used X-shaped ZIF-8 as a carrier to immobilize Rhizomucor miehei lipase
(RML) via the encapsulation method in a single step from synthesis and immobilization in an aqueous
solution. We also investigated the optimum conditions for immobilizing lipases. Several specific
characteristics of the encapsulated RML@ZIF-8 and its morphological properties were studied to
prove the ability of the lipase to directly regulate the morphology of ZIF-8 and ensure successful
immobilization. Eventually, experiments were performed with the encapsulated lipase by stimulating
transesterification in biodiesel production from soybean oil.

2. Results and Discussion

2.1. Synthesis and Characterization of ZIF-8 and Lipase@ZIF-8

The lipase was entrapped within ZIF-8 using the encapsulation method (Figure 1), dried in a
vacuum dryer, and characterized by scanning electron microscope (SEM), the morphology of ZIF-8
changed after RML encapsulation, as shown in Figure 2a,b. The same morphology was identified by
TEM (Figure 2c,d), but it did not match the morphology obtained by Cui et al. [23], who reported that
the shape of ZIF-8 did not change with the macromolecule protein (lipase). EDS analysis demonstrated
differences between ZIF-8 and RML@ZIF-8 (Figure 2e,f). The immobilized lipase consisted of sodium
(Na) due to the presence of RML. However, we did not find Na in ZIF-8, confirming the success of
the immobilization.
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Figure 1. Schematic illustration of (a) the synthesis of zeolitic imidazolate frameworks (ZIF-8) and
(b) the immobilization of Rhizomucor miehei lipase (RML)@ZIF-8.

Figure 2. SEM images (a) ZIF-8 and (b) ZIF-8@RML; TEM images of (c) ZIF-8 and (d) ZIF-8@RML;
EDS patterns of (e) ZIF-8 and (f) RML@ZIF-8.

Figure 3 presents additional evidence for RML encapsulation in ZIF-8. The FTIR spectra exhibited
ZIF-8, RML@ZIF-8, and absolute RML. A notable characteristic peak of Zn–N stretched at 434 cm−1.
The strong bending vibrations at 756 and 1424 cm−1 were due to the Hmim ring. Simultaneously,
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the feeble peaks at 2922–3200 cm−1 were due to the aliphatic and aromatic stretching of the C–H bond of
Hmim [24]. The aforementioned bands in the spectrum included ZIF-8 and RML@ZIF-8. The spectrum
(RML) displayed characteristic bands of the free RML protein. Two bands were observed at 1640–1660
and 3370–3380 cm−1, which align with the amide I band of the enzyme, corresponding to C=O and
N–H stretching, respectively. After the immobilization of RML in ZIF-8, the same characteristic peaks
of RML were retained.

Figure 3. Fourier transform infrared (FT-IR) spectra of samples of ZIF-8, RML, and ZIF-8@RML.

Powder X-ray diffraction (PXRD) further confirmed our findings by demonstrating the differences
in the peak intensities of ZIF-8 and lipase@ZIF-8. The main summits denoted the increase in intensity
for pure ZIF-8 at 2θ = 10.98◦, 15.11◦, 17.04◦, 18.01◦, 21.76◦, 27.78◦, and 29.05◦, which corresponded
to the 1833, 1840, 2800, 3710, 1388, 1504, and 2245 plates of the crystal face structure. In contrast,
the intensity of lipase@ZIF-8 decreased due to the diminished distance between the atomic layers
in the crystalline material and the decrease in crystallinity of RML@ZIF-8 after modification [25,26].
This result shows that the modification of the morphological properties of ZIF-8 resulted from the
encapsulation of biomacromolecules (RML) (Figure 4).

Figure 4. PXRD patterns of ZIF-8 of ZIF-8@RML.
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For ZIF-8 and RML@ZIF-8, Figure 5 shows the N2 adsorption–desorption isotherm test results,
which were between Types I and IV, correlating to the International Union of Pure and Applied
Chemistry (IUPAC), which suggests that this nanocomposite contains micro- and mesopores due to
the gas adsorption at low relative pressure and increased uptake at pressures higher than 0.6 P/P0 [27].
The BET-based specific surface area for ZIF-8 before lipase immobilization was 697.51 m2/g, but this
value decreased to 593.36 m2/g after immobilization. The average pore diameter of RML@ZIF-8
was 4.65 nm after immobilization and 9.67 nm before immobilization. This is a 5.11 nm reduction
in diameter. These results were due to the role of the enzyme in modulating the morphological
properties of ZIF-8 during the immobilization process. In this case, RML occupied some of the pores
and destroyed other pores, creating new pores with different sizes and unusual shapes. Consequently,
the surface area and diameter of the pores reduced.

Figure 5. Nitrogen adsorption–desorption isotherms and pore size distributions (insert figures) for
(a) ZIF-8 and (b) RML@ZIF-8.

2.2. Impacts of Immobilization Parameters

During lipase immobilization, we observed the effects of enzyme loading, encapsulation time,
and immobilization temperature on the efficiency of immobilization and activity recovery. For lipase
loading, the amount of lipase ranged from 15 to 27 mg and was increased by 2 mg after each run.
Maximum activity recovery was 2426% when RML loading was 25 mg, whereas the immobilization
efficiency exhibited a consistent decline whenever loading increased (Figure 6a). Therefore, we chose
25 mg as the suitable lipase amount for the immobilization of RML. A large quantity of lipase loading
can reduce activity recovery, as the enzyme particles interred in the inner pore of ZIF-8 cannot be
reached by the substrate [28].

Duration time did not significantly affect the efficiency of immobilization. The activity recovery
increased with increasing encapsulation time, reaching the highest value of 2528% at 20 min and
then decreasing when the encapsulation time exceeded 20 min. Consequently, 20 min was chosen as
the best encapsulation period (Figure 6b). The enzyme activity in the aqueous phase decreased as
encapsulation time increased [29].

For the immobilization temperature, immobilization efficiency increased gradually. Activity
recovery increased despite the elevated temperature, reaching a maximum value of 2632% at 30 ◦C.
Thereafter, activity recovery began to decline due to the thermal inactivation of the lipase (Figure 6c).
Thus, 30 ◦C was chosen as the most suitable immobilization temperature.
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Figure 6. Impacts of three variables on the immobilization efficiency and activity recovery of the
enzyme. (a) Amounts of lipase, (b) encapsulation time and (c) reaction temperature.

Under these optimal conditions, enzyme loading, encapsulation time, and immobilization
temperature led to a 26-fold increase in the activity recovery of the enzyme relative to the free
enzyme. This result is attributed to the features of the carrier and to the immobilization method
and unique characteristics of the lipase. To improve the activity and stability of the immobilized
enzyme caused by the complicated process, the following factors were considered. The first factor is
related to the immobilization method. The encapsulation method was found to be better than other
conventional methods because it protects the enzyme upon encapsulation and prevents direct contact
between the enzyme and the substrate, which can influence enzyme activity. The other methods used
for immobilization occasionally couple the active site of the enzyme with the substrate, leading to
an expected loss in enzyme activity due to direct contact [30,31]. Second, immobilization carriers,
and particularly ZIF-8, can significantly affect enzyme activity by creating microenvironments that are
suitable for enzyme catalysis through ZIF-8 for a limited time in mild biocompatible conditions that
allow for the preservation of enzymatic activity [32,33]. In addition, MOF biomimetic mineralization is
aided by the attraction of biomacromolecules (lipase) to imidazole, which is a component that emerges
from intermolecular hydrogen bonding and hydrophobic interactions. Simultaneously, RML affects
the morphology, crystal dimension, and crystallinity when it is encapsulated within the porous crystal,
leading to the formation of different holes that firmly envelope the lipase [34]. Finally, the active
catalytic center of the lipase is closed by the mobile element called the “lid” configuration, which
regulates the passage of substrates to active enzymatic sites. The secondary structure related to RML
can be altered by the conformation of lipase@ZIF-8. The lid opens to the substrate for a long period,
which causes an increase in lipase activity due to the ease of access [35].
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2.3. Influence of Transesterification Parameters on the Biodiesel Yield

Many previous reports explored the effects of kinetic parameters on transesterification reactions
in biodiesel production. We conducted a string of investigations to identify the ideal conditions to
production (FAAE) using the biocatalysis of lipase@ZIF-8 with soybean oil.

As shown in Figure 7a, the biodiesel product considerably increased to 84.7% with the addition of
20% isooctane to the reaction system. Above 20% isooctane, the biodiesel yield gradually decreased.
An explanation for this phenomenon is that the residual amino acids in the lid react with the isooctane
molecules, so the immobilized enzyme remains in the open conformation, reaching higher catalytic
activity [36]. We ascribe the decrease in biodiesel yield to the ethanol and the by-product, glycerol,
exhibiting poor solubility in isooctane when the concentration and deposit of ethanol and glycerol
layering on RML occur with an isooctane concentration above 20% [37].

Water is fundamental to the reaction mixture in ester production because it retains and enhances
enzyme activity in organic solvents [38]. Furthermore, water significantly influences the reaction
equilibrium. The transesterification reaction involves aqueous and organic phases that enable the
lipase to work at water–oil interfaces; thus, performance is appreciably influenced by the interfacial
region [39]. As shown in Figure 7b, RML@ZIF activity significantly increased when 3% water was
added to the reaction mixture, therefore proving that activating the enzyme requires a small amount of
moisture content. The highest biodiesel yield of 87.1% was obtained with 9 wt % water. The conversion
yield decreased to 83.1%, 81.5%, and 72.8% yield with a water content of 12%, 15%, and 18%,
respectively. Nevertheless, the moisture concentration in a transesterification reaction mixture can
positively or negatively affect the lipase catalytic activity. Excess moisture in the reaction mixture
provides the lipase with additional flexibility and can lead to undesirable reactions, such as hydrolysis.
For example, the highest catalytic activity in the transesterification of commercial Novozym 435 lipase
was achieved without adding water to the batch system [40]. Thus, the best moisturizing content
is the lowest value in hydrolysis and the highest enzyme activity for the transesterification reaction,
depending on the oil of the feedstock, the organic solvent, lipase type, and the immobilized carrier [28].

The catalytic activity of each enzyme at the optimum temperature directly influences the rate
and velocity of the reaction. Hence, the impact of temperature on enzymatic reactions should not be
neglected. According to Figure 7c, the maximum conversion yield of RML@ZIF-8 transesterification
was 88.8% at a temperature of 45 ◦C. A further increase in temperature to 55 ◦C induced a notable
drop in biodiesel product. As reported, the optimal temperature for enzymatic transesterification
results from the interaction between the transesterification rate and operational stability of the
biocatalyst [41,42].

Alcohols have two roles in transesterification reactions. First, the surplus of alcohols in
transesterification reactions increases the reaction rate and drives the high yield of FAEEs [43]. Second,
a high concentration of alcohol negatively affects enzymes, which typically become unstable in
alcohols, such as ethanol and methanol, enabling the deactivation of RML@ZIF-8 through its contact
with insoluble ethanol that exists in a reaction system and results from decreases in ethyl ester
production [44]. Accordingly, we determined the optimum volume of ethanol added to the system that
causes the least harm to the lipase and leads to an increase in maximal conversion value (Figure 7d).
The highest conversion yield for biodiesel was 91.2% at a molar ratio of 1:4, declining gradually when
the molar ratio increased from 1:5 to 1:6.

Yan et al. [45] reported that an equivalent of alcohols higher than 1/2 M added to the mixture
at onset interplay disrupt the enzyme activity. To prevent the inactivation of the enzyme caused by
alcohol, we applied a stepwise addition of EtOH to the system. Thus, the interval time between alcohol
addition and the reaction positively affected the reaction system. Fan et al. [46] obtained a 93.1%
biodiesel yield when they used a three-step approach with a time interval of 10 h. Therefore, we studied
the effects of the interval time of ethanol addition on biodiesel product. We improved biodiesel yield
from 73.8 to 92.3% when we increased the interval time from 4 to 8 h (Figure 7e). Although the interval
time was extended to 12 h, this level of transmutation did not significantly increase biodiesel yield
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due to the dynamic equilibrium in the reaction components. Therefore, the optimal biodiesel yield
required an 8 h interval. Based on that, 8 h were regarded as the best interval at which ethanol is
added, and a maximum biodiesel yield of 92.3% was obtained within a 24 h reaction time.

To reduce the cost of biodiesel production and obtain maximum yield, we optimized the measure
of immobilized RML added to the reaction mixture. Biodiesel product increased as the quantity of
immobilized enzyme was increased from 4 to 14 wt %, and the highest output of 95.6% was found
at 8 wt % (Figure 7f). No considerable improvement in the conversion yield was observed when
the lipase dosage was increased from 8 to 14%. Therefore, 8 wt % RML@ZIF-8 was considered the
best dosage.

Figure 7. Impacts of reaction parameters on biodiesel production catalyzed by RML@ZIF-8. (a) The
amount of isooctane; (b) Water content; (c) Reaction temperature; (d) Molar ratio oil to ethanol; (e) Reaction
time; (f) The dosage of lipase.

2.4. Reusability of the Immobilized RML@ZIF-8

The purpose of using immobilize lipase in industrial applications is to achieve reusability, reducing
the cost of the process. The reusability of RML@ZIF-8 in an isooctane medium was investigated, and the
results are presented in Figure 8. We noted that the encapsulation of ZIF-8 to RML maintained an
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84.7% yield after a continuous run of 10 cycles. The immobilized RML in the X-shaped ZIF-8 carrier
had good operational stability. The lipase immobilized by the encapsulation method was more stable
than it was under physical adsorption and was different from the covalent bonding that used a
complex and time-consuming mechanism to connect the enzyme to the carrier. The proposed method
specifically uses a relatively simple design and procedure. The decrease in biodiesel yield production
with an increasing number of cycles was attributed to the excess ethanol and the glycerol by-product
being adsorbed onto the surface of RML@ZIF-8. The poor solubility of these alcohols in feedstock oil
decreases the biodiesel yield, which results from the gradual inactivation of the enzyme. Breaking the
carrier apart by mechanical force results in a continuous reaction and leads to lipase leakage, reducing
the effect of the immobilized lipase.

Figure 8. Reuse of RML@ZIF-8 for biodiesel production.

3. Materials and Methods

3.1. Materials

Lipase from Rhizomucor miehei (RML) was purchased from Sigma Aldrich (Copenhagen, Denmark).
2-Methylimidazole (HMeIM) and fatty acid methyl and ethyl ester standards were purchased from
Aladdin Industrial Corporation (Shanghai, China). Bovine serum albumin (BSA) was procured from
Shenshi Chemical Industry (Wuhan, China). Soybean oil with nearly 99% purity was brought from local
markets. Other reagents of analytical grade were purchased from Sinopharm Chemical Reagent Co.,
Ltd. (Shanghai, China). These reagents included Zn (NO3)2·6H2O, lauric acid, acetone, 1-dodecanol,
ethanol, isooctane, hexane, phenolphthalein, and sodium hydroxide (NaOH). They were used without
any further purification. For all the experiments, purified water was used in the water refining system,
with a resistance exceeding 18.2 MΩ cm.

3.2. Lipase Immobilization

Zif-8 encapsulated lipases were prepared according to a modified method [23]. Zn (NO3)2 (0.148 g,
0.5 M) had been disbanding in 1 mL deionized (DI) water and dripped through a syringe into mixture
solution of 25 mg of lipase and 2-methylimidazole (0.656 g, 0.8 M, 10 mL) under stirring at 200 rpm at
30 ◦C for 20 min. The nanoparticles that formed were gathered by centrifuging at 8000 rpm for 6 min
and washed twice with DI water to remove excess unbound lipase. RML@ZIF-8 was vacuum dried
and stored at 4 ◦C until further use. The remaining protein content in the supernatant was measured
to determine the amount of immobilized enzyme using the Bradford protein assay with bovine
serum albumin (BSA) as the standard protein. Within the immobilization procedure, the impacts of
enzyme loading, period immobilization, and temperature on specific activity, immobilization efficiency,
and lipase activity recovery were examined.
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3.3. Measurement Activity for Immobilization Enzyme

The activity of RML@ZIF-8 and free lipases was examined with the esterification process
previously explained [47]. A specific amount of the free and immobilized enzyme was added to
10 mL of a combination containing 1-dodecanol (0.2 M) and lauric acid (0.2 M) in isooctane with the
addition of 0.01 mL water. The reactions occurred at 40 ◦C for 30 min with persistent agitation at
200 rpm. Afterward, the reactions were stopped by adding 1 mL of the samples to 5 mL of the stop
solution consisting of acetone-ethanol 1:1, v/v. NaOH (0.05 M) was used in a titration to determine
residual acid in the sample. Phenolphthalein solution (0.05%, w/v) was used as a pH indicator.
One unit of RML activity (U) was expressed as the quantity of lipase required to liberate 1 μmol of
lauric acid per 1 min under the assay conditions. The specific activity (U/g protein), activity recovery
(%), and immobilization efficiency (%) were determined using Equations (1)–(3) [29].

Specific activity (U/g protein) =
initial activity

protein content of immobilized lipase
(1)

Immobilization efficiency (%) =
immobilized protein
total loading protein

× 100% (2)

Activity recovery (%) =
activity of immobilized lipase

total activity of free lipase
× 100% (3)

3.4. Characterization

The detailed morphological structure was visualized using a field emission-scanning electron
microscope (FE-SEM) SU-8010 equipped with a Hitachi energy-dispersive spectrometer (EDS)
for elemental analysis. Transmission electron microscopy (TEM) images were obtained with an
H-7000FA (Hitachi, Tokyo, Japan). Fourier-transform infrared spectrometer (FT-IR) images were
obtained on a Bruker, VERTEX 70 using the KBr pellet system, in the range of 400–4000 cm−1.
Powder X-ray diffraction (PXRD) (Empyrean PANanalytical Company, Almelo, The Netherlands)
patterns were conducted using copper and potassium radiation (40 kV, 40 mA) to study the
crystal structures of ZIF-8 and RML@ZIF-8. The nitrogen gas adsorption and desorption isotherms
at 77 K were applied to Micromeritics ASAP 2420 (Norcross, GA, USA). The surface area was
measured using the Brunauer–Emmett–Teller (BET) method. Pore size was measured using the
Barrett–Joyner–Halenda design.

3.5. Lipase@ZIF-8 for Biodiesel Production

Lipase@ZIF-8 was used as a catalyst for real world applications, such as biodiesel production for
soybean oil. Transesterification reactions were performed in 50 mL capped flasks with a shaking speed
of 200 rpm. The mixed reaction included 2.19 g soybean oil, RML@ZIF-8 lipase, isooctane, ethanol,
and water. Ethanol was added in three steps to avoid its inhibitory influence on the immobilized
RML during the same period. The effects of biodiesel production conditions, including isooctane
amount, immobilized RML amount, water content, alcohol-to-oil molar ratio, reaction temperature,
and reaction duration, were methodically determined. After a specified reaction time, the supernatant
was collected through centrifugal separation at 12,000 rpm for 5 min. Thereafter, 10 μL supernatant
was withdrawn and mixed with 290 μL n-hexane and 300 μL of 1.0 mg/mL heptadecanoic acid methyl
ester as the interior standard. The mixture was then completely agitated for gas chromatography (GC)
to determination biodiesel yield.

3.6. GC Analysis of Biodiesel Yield

The fatty acid ethyl esters (FAEEs) content was analyzed via GC using a previously reported
method [48]. We used heptadecanoic acid methyl ester as the interior standard for defining biodiesel
products. The GC-9790 gas chromatography system included an Agilent HP-INNOWAX capillary
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column (30 m × 0.25 i.d. mm × 0.25 μm, Scientific, Folsom, CA, USA). The initial column temperature
was 180 ◦C and was then increased to 230 ◦C at a rate of 3 ◦C/min and maintained at 230 ◦C for 3 min.
The injector and detector temperatures were fixed at 230 ◦C and 280 ◦C, respectively. The biodiesel
yield (%) was specified as the gross quantity of FAAE content in the diversion oil. The output was
computed using Equations (4)–(6) [49,50]:

Weight of FAAE =
Asample f0

AinternalWinternal
(4)

f0 =
WsampleAinternl
WinternalAsample

(5)

Biodiesel yield (%) =
We
Wt

× 100% (6)

where Asample is the peak region of FAAE in specimen, f 0 is the response agent, Ainternal is the peak
region of the interior standard, Winternal is the weight (g) of the interior standard, Wsample is the weight
(g) of the sample, We is the experimental value of FAAE tested with GC, and Wt is the theoretical value
of FAAE.

4. Conclusions

We successfully immobilized lipase in X-shaped ZIF-8 for the first time using the encapsulation
method within a short time period under mild conditions. In addition, we enhanced the esterification
activity 26-fold by optimizing the immobilization conditions. The immobilized RML was applied to
catalyze biodiesel production with a high diversion average and excellent operational stabilization.
Moreover, the SEM and TEM analyses indicated a change in the morphology of ZIF-8 after
immobilizing the lipase. This X-shaped RML@ZIF-8 nanobiocatalyst is promising not only for
biofuel production but also for other industrial applications, such as biosensors, the food industry,
and biopharmaceuticals.
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Abstract: Fusarium verticillioides lipases were purified in a “cascade” method using octadecyl
Sepabeads and octyl Sepharose resins, which led to the isolation of two proteins with lipolytic
activities. Lip 1 was purified after octyl Sepharose adsorption presenting 30.3 kDa and, Lip 2
presented 68.0 kDa after octadecyl adsorption. These immobilization processes resulted in an increase
of 3-fold in activity of each immobilized enzyme. These enzymes presented optima of pH of 5.0
and 6.0, respectively and temperature at 40 ◦C. They were thermostable at 40 ◦C and both remained
more than 50% of its activity at the pH range of 5.0 to 7.0, with 180 min of incubation. The sardine
oil hydrolysis showed higher EPA/DHA ratio. Concerning the ethanolysis reaction, Lip 2 showed
higher conversion (5.5%) and both lipases showed activity in the release of the S enantiomers
from 2-O-butyryl-2-phenylacetic acid (mandelic butyrate acid) and HPBE hydrolysis. Lip 2 also
demonstrated capacity of transesterification. These applications made these enzymes attractive for
industrial application.

Keywords: immobilization; purification; lipase; Fusarium verticillioides; EPA; DHA

1. Introduction

Lipases are very interesting enzymes due to their ability to catalyze a wide range of reactions, such
as synthesis, transesterification and ester hydrolysis in aqueous or organic media, accompanied with a
high regio- or enantioselectivity. The interest in this class of enzymes essentially increased due to their
industrial and biotechnological applications in oil and fat hydrolysis and also because of their capacity
to recognize different synthetic or natural substrates. Additionally, the increasing interest in the kinetic
resolution of racemic mixtures with high regio- and stereo-specificities producing intermediates for
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pharmaceutical industries as well as the use of fatty acid esters synthesis as cosmetic ingredients or
surfactants, pesticides and agro-chemistry synthesis are also interesting [1–5]. Currently, due to these
broad uses, they are attractive in biotechnological application and there is an increasing search for new
microorganisms able to produce these enzymes with different specificities and stabilities.

Aiming their biotechnological applications, lipases should be stable enough to be reused for
several reaction cycles. Consequently, immobilization techniques can improve this stability and
catalytic properties leading to higher catalyst efficiencies [3,6–9]. Another advantage is the enzyme
purification which minimizes or eliminates the contamination of other proteins, as shown in this work.
Lipase adsorption on a cascade of hydrophobic supports at low ionic strength is a new purification
strategy, capable to separate two or more enzymes with different hydrophobicity at low cost, fast
procedure and high yield [1,10].

The selectivity of these enzymes is another attractive feature that enables their use in a large
number of applications, which includes the resolution of racemic mixtures. Consequently, the
enantioselectivity is gaining more and more space in industrial processes and in fine chemistry
biocatalysts due to its importance in the preparation of pure enantiomers of chiral intermediates, which
have been widely applied in synthetic purposes as well as stereochemical investigations. [4,11–13].

Besides, the use of lipases on fish oil reactions has increased in the last years. The release of
omega-3 fatty acids [e.g. eicosapentaenoic acid (EPA) and decosahexaenoic acid (DHA)] from this oil
have encouraged many studies involving health and food professionals, once these acids are able to
improve the learning ability, mental development and visual perception in the early stages of life as
well as prevent cardiovascular diseases in adults [3,14].

Fusarium verticillioides is among the most common Fusarium spp. infecting maize in most areas of
the world and they are also famous in the production of fumonisin. Fusarium sp. has recently been
described as a remarkable lipase producer [15–17], however no publication was found describing
lipases from Fusarium verticillioides.

In this context, this study aims a high selective purification of two lipases from
Fusarium verticillioides by their immobilization in hydrophobic supports, in which the stability of
lipases was increased and the catalytic properties were improved through modulation of the enzyme
properties with immobilization procedures.

2. Results and Discussion

2.1. Hydrophobic Immobilization

It was important to test the behavior of F. verticillioides crude extract on different supports with
increasing levels of hydrophobicity. The crude extract containing lipases was adsorbed on all supports
tested at different adsorption rates (Table 1). Except by Butyl Sepharose, lipases were efficiently
immobilized in all the other supports, which showed more than 100% of residual activity presenting an
activation above 2-fold. Phenyl Toyopearl derivative was the one with the highest activation, despite
having only 50% immobilization. Other lipases of fungi described in the literature also presented
activation when immobilized [1,18,19].

Table 1. Lipase immobilization on hydrophobic supports at pH 7.0.

Derivatives Immobilization (%) Fold *

Butyl Sepharose 28.2 ± 2.0 0.1
Phenyl Toyopearl 50.0 ± 2.0 3.7
Hexyl Toyopearl 59.6 ± 0.8 2.6
Octyl Sepharose 74.3 ± 1.0 2.4

Octadecyl Sepabeads 89.3 ± 0.5 2.6

* Fold-degree of activation and/or inhibition of the lipases when immobilized on hydrophobic supports, compared
to their free form.
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The phenomenon of hyper-activation could occur possibly due to the fact that when lipases are
immobilized on hydrophobic supports, they keep the lid open, exposing the active site, which facilitates
substrate input resulting in an easier hydrolysis [20].

2.2. Cascade Purification of Two Lipases

Possibly, in the enzymatic crude extracts, more than one type of lipase could be present and in
order to verify this possibility in F. verticillioides crude extract, a SDS-PAGE analysis was performed.
Notably, the presence of two lipases were suggested: one totally adsorbed octyl derivative and the
other adsorbed in octadecyl derivative.

In order to separate these possible lipase isoforms from this crude extract a cascade purification
strategy using two hydrophobic supports was performed. Initially, 70% of the active lipase (confirmed
by pNPB assay) was adsorbed on octyl Sepharose (Lip1) after 3 h (Supplementary Figure S1A) and
the supernatant containing the remaining lipase activity (Lip2) was further incorporated to octadecyl
Sepabeads, which resulted in a total lipase adsorption (Supplementary Figure S1B). No lipase activity
was observed in the supernatant after octadecyl immobilization. A single band in each support
corresponding to Lip1 and Lip2 could be observed by this cascade technique. Afterwards, both pure
lipases were fully desorbed from each support by incubating 1 g of the derivatives with 10 mL crescent
Triton X-100 solution (1%, v/v) (Figure 1). At 0.3% Triton-X100 was sufficient to desorb 100% of
Lip1 and the same concentration desorbed 80% of Lip2. Purified Lip1 and Lip2 presented 30.3 and
68 kDa, respectively. Table 2 summarizes the purification steps of the lipases from F. verticillioides.
The immobilization on Octyl provided a purification factor of 2.14-fold with 44.5% protein recovery
and the immobilization on octadecyl resulted in a purification factor of 4.1-fold and 25.7% protein
recovery. The total recuperation was 70.2%.

Figure 1. Desorption of the immobilized lipases on octyl and octadecyl supports. Full squares: octyl
derivatives (Lip1); empty circles: octadecyl derivatives (Lip2).

Table 2. Purification of two lipases from F. verticillioides.

Enzyme
Volume

(mL)
Mass (g)

Total
Activity (U)

Immobilization (%)
SA *

(U/mg)
Recuperation

(%)
PF **

Crude extract 10 - 21.8 - 90.8 100 1
Octyl - 1.0 9.7 70 194.0 44.5 2.14

Octadecyl - 1.0 5.6 100 a 373.3 25.7 4.11

* SA = specific activity; ** PF = purification factor (SA/SAcrude extract); a lipase immobilized from octyl supernatant.
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2.3. Thermal Stability of Derivatives

After the cascade purification, both lipases were desorbed from the supports where they were
previously immobilized. Further, both lipases were immobilized on CNBr-activated supports (Table 3).
FVL1 exhibited 53.5% of immobilization while FVL2 presented 38.3%. The uni-punctual immobilization
on CNBr support was used as control in the characterization experiments, because, as this linkage
does not modify the enzyme characteristics, this type of immobilization simulates the activity of the
enzyme in its free form.

Table 3. F. verticillioides lipases immobilization at uni-punctual support.

Lipase Time (min) Immobilization (%)

FVL1 30 53.5
FVL2 30 38.3

Therefore, lipase thermal stability of soluble and immobilized lipase on different supports was
compared at 40 ◦C and 50 ◦C. At 50 ◦C, after 24 h, all derivatives presented residual activity of less than
40% (Figure 2). This may have occurred because, at these temperatures, the enzyme could possibly
be desorbed and may have aggregated, reducing the stability. At 40 ◦C, in 24 h, the uni-punctual
immobilized Lip1 and Lip2 on CNBr lost about 35% and 85% of their residual activities, respectively.
Therefore, at this temperature, the immobilization on octyl Sepharose and octadecyl Sepabeads
supports contributed to increase Lip1 and Lip2 stabilities when compared to the CNBr-activated
supports, thereby extending their application range.

Figure 2. Thermal stability of F. verticillioides lipases (A) 40 ◦C (B) 50 ◦C. Symbols: -�- Butyl
Sepharose; - - Hexyl Toyopearl; -�- Phenyl Toyopearl; -∇- Octyl Sepharose; -�-Octadecyl Sepabeads
-�- CNBr-activated Lip1 and -�- CNBr-activated Lip2.

Increased thermal stability of derivatives was also observed by Cunha et al. the stability of butyl and
octyl derivatives increased as the pH decreased, at 30 ◦C, retaining 78% to 100% of the lipolytic activity
after 48 h [1]. Lipase from Thermomyces lanuginosa presented a more stable derivative obtained from hexyl
Toyopearl than the others studied, whereas octyl agarose showed an intermediate stability [21].
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2.4. Biochemical Characterization of Purified and Free Lipases

2.4.1. pH and Temperature Effects

The optimum pH values obtained for both free lipases showed a slightly acidic character
(Figure 3A). The optima pH observed were 6.0 and 5.5, respectively to Lip1 and Lip2. The optimum
temperature for both lipases studied was 40 ◦C; however, Lip1 presented activity higher than
50% in a range of 25 ◦C to 55 ◦C (Figure 3B). The same optimum temperature was observed to
Pseudomonas monteilii [22] and the optimum pH of 8.0.

Figure 3. Fusarium verticillioides free lipases characterization. (A) pH effect in enzymatic activity;
(B) temperature effect in enzymatic activity. Symbols: -�- Lip1; -�- Lip2.

Regarding pH stabilities (Figure 4), both lipases maintained more than 50% of their residual
activity in a pH range of 5.0–7.0, with 180 min. Lip 1 presented better pH stability than Lip 2,
at non-suitable pH (4, 5, 9 and 10) maintaining at least 20% of its activity. Concerning the thermal
stability, Lip1 also presented better stability than Lip2 at temperatures of 40, 50 and 60 ◦C (Figure 5A).
Both lipases are 60% stable at 30 ◦C with 180 min.

Figure 4. pH stability of pure lipases (A) Lip1 (B) Lip2. pH symbols: -�- 3.0; - - 4.0; -�- 5.0; -�- 6.0;
-�- 7.0; -�- 8.0; -�- 9.0; -�- 10.0.
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Figure 5. Thermal stability of pure lipases (A) Lip1 (B) Lip2. pH symbols: -�- 30 ◦C; - - 40 ◦C; -�-
50 ◦C; -�- 60 ◦C.

Generally, free lipases from mesophilic fungi are active and stable at temperatures between 25 and
40 ◦C [23]. F. solani lipase was stable up to 45 ◦C and in a range of pH 5–10. Above this temperature,
the stability decreased [15]. The lipase obtained from Aspergillus niger was stable at 40 ◦C for 3 h but
it sharply decreased when the temperature was increased, losing 52% of its original activity at 50 ◦C
after 1 h. However, in alkaline pH, the residual activity remained 100% after 24 h [24].

2.4.2. Effect of Metallic Ions

In this experiment, Ca2+ and Ba2+ ions increased the activity of both lipases (Figure 6). Barium
had a better effect on Lip1, increasing activity by 20% and 60% using the final concentrations of 5 mM
and 10 mM, respectively. However, Ba2+ decreased Lip2 activity by 30% when 5 mM of this ion was
used. On the other hand, Ba2+ increased the activity of the same enzyme by 45% when 10 mM (final
concentration) was added. Calcium had no effect on Lip1 at the final concentration of 5 mM but at
10 mM Ca2+ was able to activate the enzyme in 20%. In contrast, Ca2+ activated Lip2 in about 45% in
both concentrations. Calcium activation corroborates with literature results, since it is well-known
that some lipases described are positively influenced by this ion, for the reason that in a calcium-free
system, lipases are not able to adsorb at the water-fat interface and no lipolytic activity occurs [22,25,26].
On the other hand, it is known that heavy metals inhibit lipase activity as copper, aluminum and
zinc ions. Consequently, in this study Co2+, Al3+ and Cu2+ ions and EDTA decreased Lip1 activity
around 40% and Pb+ and Zn2+ decreased approximately 60% Lip2 activity, while other ions did not
affect them significantly. The inhibition by Zn2+ and Hg2+ ions was observed for the lipase from
Mortierela alliacea [26].
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Figure 6. Effect of ions on lipases activity (A) Lip1 e (B) Lip2.

2.4.3. Isoelectric Point and Kinetic Parameters

The kinetic parameters of F. verticillioides purified lipases were calculated using
p-nitrophenylpalmitate synthetic substrate (pNPP). The purified lipases had their kinetic parameters
(KM and Vmax) calculated by SigrafW software and they were described in Table 4. The value of KM

and Vmax obtained for Lip1 were 0.16 mM and 47.71 U/mg protein, respectively (n = 1.78). Lip2 KM

and Vmax values were 0.26 mM and 37.4 U/mg, respectively. The values of the isoelectric points for
Lip1 were 5.2 and for Lip 2 were around 4.2–5.0.

Table 4. Kinetic parameters of F. verticillioides purified lipases

Enzyme KM (mM)
Vmax

(U·mg·protein−1) kcat (s−1)
kcat/KM

(M−1·s−1)

Lip1 0.16 47.71 2.00 × 109 1.25 × 1013

Lip2 0.26 37.4 3.53 × 109 1.35 × 1013

Lipase from Aspergillus fumigatus presented KM of 14 mM and Vmax of 1.37 mM·mg−1·min−1

with p-nitrophenyl acetate [27]; even lower values were found to Aspergillus japonicus lipase, for
which KM and Vmax were 0.64 × 10−3 mmol and 0.25 μmol·min−1·mL−1 [28]. Vici et al. [29]
obtained from a recombinant lipase from Beauveria bassiana a KM and Vmax value of 0.5546 μM and
85.67 μmol·min−1·mg−1 respectively, against pNPB, pH 6.0 at 50 ◦C.

2.5. Lip1 and Lip 2 Biotechnological Applications

2.5.1. Transesterification Reaction Applications

Both purified lipases adsorbed on octadecyl supports were submitted to this transesterification
reaction. A control sample was performed using the same assay conditions without enzyme to each oil
tested (Figure 7). Ethanol was used in all reactions.
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Figure 7. Transesterification assay with ethanol in different oils (black arrow). (A) Control (B) Lip1
adsorbed in octadecyl (C) Lip2 adsorbed on octadecyl. P = ethyl oleate 1%, B = soy oil control,
1 = soy oil, 2 = macaúba almond oil, 3 = canola oil, 4 = corn oil, 5 = pequi oil, 6 = sunflower oil,
7 = olive oil, 8 = macaúba pulp oil, 9 = sesame oil.

Macaúba pulp oil and macaúba almond oil controls presented bands which corresponded to
the expected ethyl ester, possibly due to the presence of free fatty acids in these oils. However, the
derivatives were able to react and release ester (Figure 7). Lip1 showed lower ability than Lip2,
which showed a notable transesterification capacity with soybean oil, almond and macaúba pulp
as well as olive oil, producing esters. It could make these enzymes attractive for industrial and
biodiesel applications.

The conversion rate of the transesterification reaction was also checked by gas chromatography
coupled to a mass spectrometer (Table 5). The highest conversion was observed on macaúba pulp,
about 4%. Several authors studied the immobilization of lipases from different sources in biodiesel
production [30–32].
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Table 5. Conversion rate of the transesterification reaction to Lip2 derivative.

Samples Oils Conversion (%)

Ethyl oleate 1% 100

Controls

Soy oil 0.0
Macaúba pulp oil 0.29

Macaúba almond oil 0.13
Olive oil 0.0

Octadecyl Sepabeads (Lip2)

Soy oil 1.71
Macaúba pulp oil 3.62

Macaúba almond oil 1.28
Olive oil 1.18

2.5.2. Ethanolysis of Sardine Oil

Both free and pure lipases were first adsorbed on octadecyl supports in order to be used in
ethanolysis reaction and presented activities around 0.3–0.5 U/mL. Lip2 derivatives presented a
conversion rate about 2-fold higher than Lip1 (Table 6). This result was significant to demonstrate the
ability to synthesize esters from oils (important feature for biodiesel production). However, it was
lower when compared to the selectivity of commercial lipase from Thermomuyces lanuginosus, Candida
albicans B and Rhizomucor miehei (Novo Nordish, Denmark) [33].

Table 6. Ethanolysis of sardine oil catalyzed by F. verticillioides lipases adsorbed to octadecyl Sepabeads
in cyclohexane.

Derivative Ester Conversion (%) Selectivity (EPA/DHA)

Control
EPA nd *

nd *DHA nd *

Lip1 EPA 2.1
1.25DHA 1.7

Lip2 EPA 5.5
1.15DHA 4.8

* Non-detected.

2.5.3. Sardine Oil Hydrolysis

The main purpose of this experiment was to examine the specificity of lipases by EPA/DHA ratio,
as well as check the lipases behavior on hydrolysis reaction, to confirm the enzyme activity as lipases.
Both lipases could hydrolyze the sardine oil. Lip1 immobilized on octyl Sepharose support, presented
the best conversion (6% EPA and 2.4% DHA) and a great ratio between both omega 3 released,
EPA/DHA 14.72 (Table 7). Lip2 presented a better conversion rate in EPA. Results published by
Pereira et al. [20] showed a ratio of 3.0 with glyoxyl-immobilized lipase from Trichoderma pseudokoningii.

Table 7. Sardine oil hydrolysis catalyzed by F. verticillioides lipase immobilized on hydrophobic support.

Enzyme Derivative
Selectivity

(EPA/DHA) EPA (%) DHA (%)
Total

Conversion (%)

Lip1 Octyl 14.72 6.00 2.40 8.40
CNBr-activated 19.57 1.50 0.40 1.90

Lip2 Octadecyl 13.89 1.80 0.80 2.60
CNBr-activated 2.84 1.00 0.60 1.60

Control - 0.08 0.06 0.07
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In general, F. verticillioides lipases proved to be very selective and released EPA better than DHA.
Similar results were obtained by Fernandez-Lorente et al. [14], where the release of DHA was lower
than EPA. F. verticillioides lipases also showed 4-fold higher selectivity compared to EPA released
from Rhizomucor miehei lipase immobilized on octyl support [7]. Pizarro et al. [8] after 48 h hydrolysis
reached maximum conversion of EPA and DHA of 8.7% and 6.1% respectively.

2.5.4. Hydrolysis of Racemic Mixtures

In this application, Lip1 and Lip2 were used immobilized on octyl and octadecyl supports,
respectively. Moreover, they were necessary to compare these results with CNBr-activated derivatives.

2-O-butyryl-2-phenylacetic

Lip2 showed better conversion rates in a shorter period of time, 10.3%; while Lip1 reached half of
this value. Both CNBr-activated derivatives required longer periods to achieve some conversion rate
(Table 8).

Table 8. 2-O-butyryl-2-phenylacetic hydrolysis by Lip1 and Lip2.

Lipase Derivatives Time (h) Conversion (%) SA * (U/mg) Selectivity E ee Isomer

Lip1
CNBr-activated 240 1.7 0.25 1.0 21.2 S

Octyl 144 4.8 1.15 3.4 54.5 S

Lip2
CNBr-activated 336 2.0 0.28 1.3 13.6 S

Octadecyl 144 10.3 4.51 2.6 44.3 S

* SA = Specific Activity.

The second analysis refers to selectivity (E) and enantiomeric excess (ee) coefficients evaluated
by HPLC analysis using a chiral column. Lip1 presented the best E and ee results; however, both
lipases indicated a high isomer S purity. This result corroborates with Fernandez-Lorente et al. [34]
which reported the enzyme preparation of Aspergillus niger lipases, immobilized on DEAE-Sepharose,
that showed different E values but preferred enantiomer S. However, not all authors reported S as
the preferred isomer, as the reported for Mucor miehei lipase that the conversion of the R isomer by
octadecyl derivative, with a value of E equal to 5.0 and ee around 51.0 [12].

HPBE Hydrolysis

HPBE hydrolysis presented excellent conversion rates by both lipases in a shorter time than
2-O-butyryl-2-phenylacetic acid, probably indicating preference by this substrate (Table 9). Octyl
derivative obtained the best conversion rate reaction in just 1.5 h and therefore its specific activity
increased by about 400 times when compared with other derivatives (after 96 h). Higher specificity,
around 3.5, was reached by both lipases. However, excellent E and ee values have been reported by
Fernandez-Lorente et al. [35], in which Pseudomonas fluorescens lipase reached 86 and 92.5, respectively.

Table 9. HPBE hydrolysis by Lip1 and Lip2.

Lipase Derivatives Time (h) Conversion (%) SA * (U/mg) Selectivity E ee Isomer

Lip1
CNBr-activated 96 18 6.51 2.1 35.7 S

Octyl 1.5 6.9 159.7 3.7 57.6 S

Lip2
CNBr-activated 96 10.8 5.4 1.4 17.8 R

Octadecyl 96 10.8 7.13 3.6 56.2 S

* SA = Specific Activity.
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3. Materials and Methods

3.1. Microorganism and Culture Maintenance

Fusarium verticillioides stock culture was maintained on oatmeal agar medium, at 4 ◦C and in silica
gel at −20 ◦C.

3.2. Lipase Production

Lipase production was carried out in 125 mL Erlenmeyers flasks under 100 rpm, at 30 ◦C,
for 4 days. The liquid culture medium was composed by 0.2% peptone, 0.05% MgSO4, 0.1% monobasic
sodium phosphate and 1% sunflower oil. The filtrate named FVL (Fusarium verticillioides lipase) was
collected by vacuum filtration and stored at 4 ◦C [36].

3.3. Measurement of Lipase Activity

3.3.1. p-Nitrophenyl Butyrate (pNPB)

Lipolytic activity was measured by the increase in absorbance at 348 nm produced by the release of
pNPB hydrolysis, using a spectrophotometer equipped with a thermostatized chamber and continuous
magnetic stirring, which kept the immobilized enzyme homogenously suspended. Standard assay
conditions were 50 μL of enzymatic sample (or suspension), 2.5 mL of 25 mM sodium phosphate buffer,
pH 7.0 containing 20 μL of 50 mM p-nitrophenylbutyrate diluted in pure acetonitrile. The mixture
was incubated at 25 ◦C for different periods. One unit (U) of enzyme activity was defined as that
catalyzing the conversion of 1μmol of substrate (or the formation of 1 μmol of product) in 1 min in the
assay conditions.

3.3.2. p-Nitrophenyl Palmitate (pNPP)

Lipase activities were determined using pNPP according to Pencreach and Baratti (1996) [37].
The reaction was carried out using McIlvaine buffer (pH 5.5 or 6.0), at 40 ◦C [38]. One unit (U) of
enzyme activity was defined as that catalyzing the conversion of 1 μmol of substrate (or the formation
of 1 μmol of product) in 1 min in the assay conditions.

3.4. Lipase Hydrophobic Immobilization

The adsorption of enzyme was analyzed in hydrophobic supports: Butyl Sepharose, Hexyl
Toyopearl, Phenyl Toyopearl, Octyl Sepharose and Octadecyl Sepabeads. One gram of each support
was added to 5 mL of 10 mM sodium phosphate buffer, at pH 7 and to 5 mL of the crude extract.
All suspensions were incubated at 25 ◦C with constant stirring. Periodically, suspension and
supernatant activities were assayed by using the pNPB assay. Once adsorbed, the immobilized
preparations (derivatives) were thoroughly washed with distilled water, filtered and stored at 4 ◦C.
A blank suspension was prepared by adding 1 g of Sepharose 4 BCL. The initial protein offered was
specified by Bradford’s method [39].

3.5. Hydrophobic Derivatives Thermal Stability

In order to determine the thermal stability, the derivatives were incubated in 25 mM sodium
phosphate buffer (pH 7.0) at different temperatures (40 ◦C to 70 ◦C). Samples were withdrawn
at different times using a pipette with a cut-tip and under strong stirring aiming a homogeneous
biocatalyst suspension. The activity, measured immediately after withdrawn, was determined by the
pNPB assay. The experiments were carried out in triplicates.
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3.6. Cascade Purification

It was performed a sequential immobilization with adsorption of F. verticillioides crude extract in
octyl followed by octadecyl supports at a low ionic strength. Previously, the crude enzymatic extract
was diluted in 10 mM sodium phosphate buffer at pH 7 (1:2 v/v) and sequentially, 1 g of octyl support
was added. After adsorption, the supernatant was added to 1 g of octadecyl support until complete
adsorption. After immobilization, both derivatives were thoroughly washed with distilled water and
with increasing concentrations of Triton X-100 until the complete desorption.

The analysis of the adsorbed lipases on supports was performed using SDS-PAGE. Aiming
to verify the lipases purity in both supports, 0.1 g of each derivative was suspended in 0.5 mL of
rupture buffer, containing bromophenol, 10% (v/v) mercaptoethanol, 40% glycerol and 4% (w/v) SDS.
After boiling for 5 min, the supernatant of the derivatives was quickly withdrawn and analyzed by
SDS–PAGE. The gel was stained using silver nitrate or Coomassie method. Molecular weight markers
were from a Pharmacia LMW kit (14,400–94,000 Da).

After purification, the enzyme recuperation, specific activity (SA) and the purification factor (PF)
were calculated. The purification factor shows how much the specific activity increased compared to
the crude preparation (PF = SA/SAcrude extract).

3.7. Enzyme Desorption

In order to analyze the mechanism of lipase desorption, 250 mg of derivatives were diluted to
2.5 mL of 25 mM sodium phosphate buffer at pH 7 and were sequentially washed with different
concentrations of Triton X-100.

3.8. Immobilization of the Lipase on CNBr-Activated Support

Immobilization of both desorbed lipases on CNBr-activated support was prepared by Pharmacia
protocol, at pH 7. The immobilization occurred through the lipase amino terminal group [35]. One gram
of CNBr-activated support was added to a solution of 10 mL of purified lipase in 25 mM sodium
phosphate buffer, at pH 7.0. After 30 min, the enzyme immobilization was ended by blocking the
amine reactive groups with 1 M ethanolamine, at pH 8. After 2 h, the immobilized preparation was
washed with abundant distilled water.

3.9. Biochemical Characterization of Lipases

3.9.1. Temperature and pH Influence

The optima of temperature and pH were determined to each lipase. In order to determine the
thermal stability, both derivatives were incubated in 25 mM sodium phosphate, pH 7.0 at different
temperatures. The residual activity was measured after incubation. As the same, the pH stability was
carried out in a range of pH 3.0–10.0, the enzymes were pre-incubated in citrate phosphate buffer
(range 3.0–7.0), sodium phosphate 0.1 mol·L−1 (pH 7.0), Tris-HCl (range, 8.0–9.0) and glycine (pH 10.0)
at 25 ◦C, for 24 h. Samples were withdrawn at different times using a pipette with a cut-tip and under
strong stirring aiming a homogeneous biocatalyst suspension. The activity, measured immediately
after withdrawn, was determined by the pNPB assay, as described above. The experiments were
carried out in triplicates.

3.9.2. Effect of Metallic Ions

In order to determine the effect of metallic ions on lipases activity, assays were performed at
the final concentrations of 5 and 10 mM of Zn(NO3)2·6H2O; NaCl, NH4Cl, BaCl2, MnCl2·4H2O,
CoCl2·6 H2O, MgCl2, AlCl3·6H2O, CuSO4·5H2O, CaCl2, Pb(C2H302)·3H2O, NaBr, KCl and EDTA. The
activity in the absence of these components was defined as the control.
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3.9.3. Isoelectric Point and Kinetic Parameters

Isoelectric focusing was carried out according to O’Farrel et al. [40], using Pharmalyte Ampholyte
(pH range 3.0–10.0). The apparent kinetic parameters KM, Vmax and kcat of the FVLs were determined
and calculated by SigrafW software [41,42].

3.10. Hydrolysis of Sardine Oil

The sardine oil composition has been previously reported by Fernandez-Lorente et al. [2,6] and
the main fat acids present are eicosapentaenoic acid (EPA, 18.6%), docosahexaenoic acid (DHA, 12.7%),
palmitic acid (16.1%) and oleic acid (11.7%). The release of EPA and DHA was analyzed. The hydrolysis
was performed in an organic-aqueous system, in which 4.5 mL of cyclohexane, 5 mL of Tris–HCl
buffer (0.01 M) pH 6.0, 0.5 mL of sardine oil and 0.5 U/g of each lipase derivative were incubated at
25 ◦C and stirred at 150 rpm. The control samples did not have derivatives. Aliquots were withdrawn
after 7 and 14 days. The concentration of free fatty acids was determined by the HPLC-UV method.
The chromatograms of the aliquots from the organic phase obtained from UV–HPLC were compared to
the corresponding calibration curves to facilitate the calculation of the rates of hydrolysis (EPA + DHA)
and the EPA/DHA ratios. Aliquots of 0.1 mL from organic phase were withdrawn and dissolved in
0.4 mL of acetonitrile. The organic phase was easily separated from the aqueous phase after stopping
stirring. The unsaturated fatty acids produced were analyzed by RP-HPLC [Spectra Physic SP 100
coupled with an UV detector Spectra Physic SP 8450 (Spectra Physics, Santa Clara, CA, USA)] using
a Kromasil C8 (5 μm, 15 cm × 0.4 cm) column. Products were eluted at a flow rate of 1.0 mL/min
using acetonitrile-milli-Q water- acetic acid, pH 3.0 (70:30:1, v/v) and UV detection performed at
215 nm. The retention times for the unsaturated fatty acids were 9.4 min (EPA) and 13.5 min (DHA).
These produced fat acids were compared to their corresponding pure commercial standards.

3.11. Ethanolysis of Sardine Oil

The enzymatic ethanolysis was investigated to octadecyl Sepabeads derivatives for both lipases
(Lip1 and Lip2), at 0.5 U/g. The procedure was performed in an organic solvent system containing
0.5 g of molecular sieves to guarantee total water absorption. First, 1.77 mL of sardine oil, 0.9 mL
of ethanol and 0.5 U/g of lipase preparation were intensely mixed and incubated at 25 ◦C, 150 rpm.
The control samples did not have derivatives. After 7 and 14 days, aliquots of 8 μL were diluted in
992 μL of acetonitrile and the concentration of free fatty acids esters was determined by RP-HPLC
[Spectra Physic SP 100 coupled with an UV detector Spectra Physic SP 8450 (Spectra Physics, Santa
Clara, CA. USA)] using an Ultrabase C18 (5 μm, 150 × 4.6 mm) column. The flow rate elution was
1.0 mL/min with acetonitrile-milli-Q water- acetic acid, pH 3.0 (80:20:0.1, v/v) and UV detection
performed at 215 nm. The retention times were 20 min (EPA) and 26 min (DHA). The area of EPA and
DHA chromatograms were compared to their corresponding pure commercial standards.

3.12. Hydrolysis of Racemic Mixtures

The different immobilized derivatives were assayed by adding 0.3 g of wet immobilized
preparations (0.3–0.6 U/g) to the (R,S)-2-Hydroxy-4-phenylbutanoic acid ethyl ester (HPBE) (2 mM,
20 mL) or (R,S)-2-O-butyryl-2-phenylacetic acid solutions (10 mM, 10 mL), prepared in 25 mM sodium
phosphate buffer, pH 5 (2.5 mL), at 25 ◦C, under mechanical stirring. The control experiments were
performed using the support without enzymes. The mobile phases were: (1) for mandelic acid an
isocratic mixture of acetonitrile (35%) and 10 mM ammonium phosphate buffer (65%) at pH 3.0; (2) for
HPBE an isocratic mixture of acetonitrile (40%) and 10 mM ammonium phosphate buffer (60%) at
pH 2.9. The detection was at 220 nm and 1.0 mL/min flow rate.

The optical purity of the hydrolyzed product as enantiomeric excess of the chiral product (ee),
the extent of conversion of the racemic mixture and the enantiomeric ratio or enantioselectivity (E)
were important parameters to be analyzed. At different conversion degrees, the enantiomeric excesses
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of the released acid were analyzed by HPLC using a Chiracel OD-R column [43]. The mobile phase was
an isocratic mixture of acetonitrile/NaClO4/HClO4 0.5 M (5:95), pH 2.3. The analyzes were performed
at a flow rate of 0.5 mL/min and at 225 nm. Enantioselectivity value and the conversion degree were
calculated [10,12].

3.13. Transesterification Reaction

The pure Lip1 was desorbed from octyl support and adsorbed on octadecyl Sepabeads.
The enzymatic transesterification was carried out in a non-aqueous medium, with a molar ratio
of 1:9 (oil:ethanol), 20 mL, including 6% n-hexane and lipases derivatives. Ethanol was added in two
steps to prevent any interference in the enzyme activity. All experiments were performed at 40 ◦C,
150 rpm for 24 h.

3.14. Thin Layer Chromatography Analysis (TLC)

The preliminary transesterification results were obtained by analyzing the ester released by TLC.
The reaction carried out on silica gel G-60 plates (Merk®). The migration solvent consisted in a mixture
of hexane: ethyl acetate: acetic acid (90:10:1). Chromatograms were revealed in an iodine vapor
atmosphere [44].

3.15. Transesterification Assay by Gas Chromatography (CG-MS)

The product of enzymatic transesterification samples was diluted in 1% methanol and the samples
were analyzed using an HP gas chromatograph (model GC-2012 5890) with a BP column (1.30 m length
and 0.25 mm internal diameter). The mobile phase consisted of helium gas flow of 1.47 mL/minute.
The analysis was accomplished by using a temperature ramp from 80 to 200 ◦C with an injector at
temperature of 200 ◦C. The mass spectra of the main chromatographic peaks were monitored in a mass
spectrometer model GCMS-QP 2010 Plus, which was coupled to the chromatograph. Standard curves
were performed using ethyl oleate with 23 min of retention time. All esters produced between 23 and
26 min were considered as lipase product.

4. Conclusions

Cascade purification was a simple and rapid method to isolate and purify two lipases from the
same crude extract with differences in hydrophobicity. The lipase adsorption, at low ionic strength,
increased lipase activity and stability. The characterization and application demonstrated two different
enzymes with distinct properties, mainly in their transesterification capacity. Moreover, the results
indicated a slightly enantioselectivity improvement; the transesterification reactions showed excellent
capacity of Lip2 to be used in biodiesel production and hydrolysis of sardine oil, releasing omega
3, suggesting the enzyme applicability in industrial food processes. Improvements using genetic
engineering are been studied.

Supplementary Materials: The following are available online at www.mdpi.com/2073-4344/8/2/84/s1,
Figure S1: SDS-PAGE analysis. (A) pure Lip1 adsorbed on octyl Sepharose (B) pure Lip2 adsorbed on octadecyl
Sepabeads. M: molecular marker; 1: crude extract before immobilization; 2: octyl supernatant; 3: octyl derivative;
4: octadecyl derivative.
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Abstract: The demand for synthetic flavor ester is high, especially in the food, beverage, and cosmetic
and pharmaceutical industries. It is derived from the reaction between a short-chain fatty acid
and alcohol. Lipases from Antarctic bacteria have gained huge interest in the industry due to its
ability react at low temperatures. The use of immobilization enzymes is one of the methods that can
improve the stability of the enzyme. The current work encompasses the low temperature enzymatic
synthesis of ethyl hexanoate by direct esterification of ethanol with hexanoic acid in a toluene
and solvent-free system. The effects of various reaction parameters such as the organic solvent,
temperature, time, substrate, substrate ratio and concentration, enzyme concentration on ethyl
hexanoate synthesis were tested. Several matrices were used for immobilization and comparisons
of the efficiency of immobilized enzyme with free enzyme in the synthesis of flavor ester were
conducted. Ester production was optimally synthesized at 20 ◦C in both systems—immobilized
and free enzyme. A 69% ester conversion rate was achieved after a two-hour incubation in toluene,
compared to 47% in a solvent-free system for free enzyme. Immobilized AMS8 lipase showed a
higher conversion of ester in toluene with respect to free-solvents, from 80% to 59%, respectively.
Immobilized enzymes showed enhancement to the stability of the enzyme in the presence of the
organic solvent. The development of AMS8 lipase as an immobilized biocatalyst demonstrates great
potential as a cost-effective enzyme for biocatalysis and biotransformation in the food industry.

Keywords: cold adapted lipase; immobilization; esterification

1. Introduction

Flavor esters are short chain esters that are widely distributed in nature. These compounds are
also known as carboxylic acid esters, which are largely used in the food, beverage, cosmetic and
pharmaceutical industries. Flavor esters are fine organic compounds that form a part of the natural
aromas in fruits and flowers [1]. In addition, low molecular weight flavor esters are the most important
and versatile components of flavors and fragrances [2]. Currently, there is an increasing commercial
demand for natural flavors. These compounds are typically isolated from natural sources such
as plants, fruits, and flowers or are produced by chemical synthesis. However, the commercial
use of natural extracts is hindered by limited supply and high production costs [3]. In addition,
flavors produced by chemical synthesis cause negative side effects due to the use of dangerous
chemicals instead of flammable and highly toxic hazardous chemicals [4]. Recently, the enzymatic
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production of flavor esters has received increasing attention because of the inherent catalytic selectivity
of enzymes, enhanced product purity and mild reaction conditions [5].

Lipases catalyze the hydrolysis of triacylglycerol into free fatty acids and glycerol. These enzymes
can catalyze many types of reactions such as hydrolysis, esterification and transesterification.
Lipases are uniquely able to function at the interface between an aqueous and a nonaqueous phase.
Moreover, lipases have been used to synthesize esters of short chain carboxylic acids and alcohols in
the food industry [2]. The production of flavor ester by lipases is well-known. However, until recently,
almost all of these reactions were performed by commercial lipases, as well as mesophilic lipases such
as Candida rugosa, Candida antarctica and Mucor miehei, whereas the synthesis of esters by psychrophilic
lipases has rarely been studied [6]. Lipases or the other enzymes used in industry facing many
problems generally with regard to stability and productivity [7].

Isolated enzymes in biocatalytic processes lack long-term stability under operational condition
and limit reusability cycles [8]. Lipases are not used as much as other enzymes in industrial
applications because of their high cost of production and their relatively unstable nature. Due to
these reasons, immobilization methods have been developed [9]. Immobilization is one of the useful
techniques to improve the application of enzymes in the industry [10]. The advantages of using
immobilized enzyme systems compared to free enzyme systems are their reusability, lower cost,
easily controlled product formation, rapid termination rate, and ease in separating from reactants
and product [9]. The effectiveness of an immobilization process depends much depends on the
support used. Comparative studies indicated that dramatic differences existed in the activity of lipases
supported on different materials [11]. The cold-active AMS8 lipase is secreted by a psychrophilic
microorganism, Pseudomonas sp. strain AMS8. This strain was isolated from Antarctic soil, and the
AMS8 gene has been cloned and expressed in Escherichia coli [12]. The cold-active lipase AMS8 exhibits
unique properties such as a faster reaction time in comparison to mesophilic and thermophilic enzymes,
as well as increased flexibility, stability and low activation energy at low temperatures. In addition,
this enzyme demonstrates high specific activity, as well as high catalytic activity between 0 ◦C to
20 ◦C. Thus, the aim of this study was to investigate the capacity of the novel psychrophilic lipase,
cold-active AMS8 lipase, to synthesize ethyl hexanoate by direct esterification and to compare the
ability of immobilize and free enzyme in the ester conversion.

2. Results

2.1. Effect of Organic Solvents on the Esterification Reaction

Other than lipase used as a biocatalyst in the synthesis of flavour ester, organic solvent is also
needed in enhancing the reaction organic solvents often to catalyze reverse reactions where water
should be minimal [13]. The effect of organic solvents was studied in order to obtain the esters of good
quality and high percentage of yield. The favoured organic solvent is depending on the polarity of the
enzyme. The production of ethyl hexanoate by AMS8 lipase was studied in the presence and absence
of various organic solvents. Figure 1 shows that the maximum yield for ester conversion obtained in
the presence of toluene was 62%. This value is higher than that obtained in the absence of any organic
solvents (35%). Thus, the conversion percentage was improved in the presence of toluene, compared to
a solvent-free system. The use of hydrophobic solvents such as toluene, hexane and heptane preserve
catalytic activity without disturbing the micro-aqueous layer of enzyme [5]. The presence of solvent
can shift the equilibrium towards the synthesis of esters, most likely due to the total transfer of the
esters into the organic phase [14]. In addition, the use of organic solvents provides high enzyme
thermostability. Enzymes have been reported to be stable and flexible within organic solvents but tend
to exhibit low specific activity [15].

In contrast with polar organic solvent, it has been reported that polar solvent can distort the
water layer around the enzyme which make the enzyme less stable and lead to deactivation of the
enzyme [16]. AMS8 lipase showed the maximum ester conversion was only at 36% in 1-butanol, a polar
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organic solvent which was 1-butanol. A polar organic solvent was reported make low conversion of
ester for R. miehei lipase similarly with AMS8 lipase [17]. In such a medium, the solvent may alter the
native conformation of the enzyme by disrupting hydrogen bonding and hydrophobic interaction,
thereby leading to very low alcoholysis rate [18]. Normally, the ester synthesis by the esterification,
transesterification or interesterification required a suitable mixture of the nonpolar solvents, but in the
food application process, solvent-free systems are preferred [19]. Besides that, solvent-free systems are
preferable due to the absence of any toxicity resulting from the synthesized flavor esters [2].

Figure 1. Effect of various organic solvents on lipAMS8 lipase. Percentage conversion of ethyl
hexanoate catalysed by native AMS8 lipase as affected by various organic solvents in different polarity
(log p value) and solvent-free system. Reactions were performed at 20 ◦C for two hours with 1:1 molar
ratio of hexanoic acid to ethanol.

2.2. Effect of Temperature on the Esterification Reaction

The changes in the reaction temperature can affect the activity and stability of the enzyme and thus
the rate of reaction. Besides that, the effect of temperature can be apportioned to its direct influences
on esterification reaction and the enzyme as well as effect on substrate solubility. The effect of varying
reaction temperatures on the enzymatic synthesis of ethyl hexanoate is shown in Figure 2. The reaction
was optimized at 20 ◦C, with a high percentage of ester conversion (approximately 68.3%) in toluene,
compared to a solvent-free system which was about 45.4%. The ester conversion rate began to decrease
at 25 ◦C. An esterification yield of 75% was reported for the same optimal temperature of 20 ◦C for
butyl-caprylate in n-heptane with an organic phase water concentration 0.25% (v/v) using Pseudomonas
P38 lipase. It shows that the psychrotroph-derived lipase had stable structural flexibility and enzyme
activity within a nearly anhydrous organic solvent phase [20].

The decrease in flavor ester synthesis observed above 20 ◦C was due to the inactivation of the
enzyme at high temperatures. Environmental factors such as low water activity prohibits enzyme
flexibility if thermo stability within an organic solvent is achieved [21]. The optimum temperature for
an enzyme depends on its source, the solvent, the pH, the substrate and the nature of the immobilization
or chemical modification of the reaction medium.

Selvam (2013) had reported that lipase from Rhizopus arrhizus showed that, the percentage of ester
conversion was high at 30 ◦C and started to decrease slowly after 35 ◦C and decreased drastically
above 50 ◦C [22]. Besides, in the other work, the percentage conversion for ethyl valerate increased
with increasing temperature from 30 ◦C (73.29%) to 40 ◦C (77.39%) due to energy received from the
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higher temperature heat used to increase the frequency of collision between the molecules. However,
the percentage conversion of ester was slightly decreased at range of 45 ◦C to 55 ◦C and decreased
sharply at 70 ◦C to 80 ◦C. An increment in the reaction of temperature had improved the substrates
solubility and dissociation lead to unfavourable esterification conditions [10].

In addition, the cold active lipases from cold adapted microorganisms and their potential
applications have been examined [23]. The ‘low activity’ meaning that high catalytic activity at
low temperature and flexible as well as stable at low temperature are some of special features
of psychrophilic microorganism thus these features might be the key to success in some of their
applications. These applications include their use as catalyst for organic synthesis of unstable
compounds at low temperature [24].

Cold active lipases having low thermal stability were shown to be favorable for some purposes.
For instance, heat labile lipase can be inactivated by treatment for short periods of time at relatively
low temperatures after being used for the processing of food and other materials. Thus, during heat
activation, materials can be prevented from damage [25]. Ethyl esterification of docosahexaenoic acid
(DHA) in an organic solvent-free system using C. Antarctica lipase has been reported [26], which acts
strongly on DHA and ethanol. Eighty-eight percent of ester product was produced by shaking the
mixture of DHA/ethanol with ratio (1:1, mol/mol) and 2 % (w/v) immobilized C. Antarctica lipase
B at 30 ◦C for 24 h. In addition, the use of lipase B from C. antarctica for the preparation of optically
active alcohol was reported in previous study [27]. The ability of psychrophilic lipases to catalyse
reactions at low or moderate temperature offers novel opportunities for industrial and biotechnological
potential [22]. The effect of reaction temperature can be distributed to its effect on substrate solubility
as well as its direct influences on the enzyme and the esterification reaction.

Figure 2. Effect of various reaction temperatures on AMS8 lipase in toluene and free-solvent-system.
Percentage conversion of ethyl hexanoate catalysed by native AMS8 lipase as affected different reaction
of temperature in toluene and free-solvent system. Reactions were performed for two hours with 1:1
molar ratio of hexanoic acid to ethanol.
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2.3. Effect of Time on the Esterification Reaction

The reaction time for an enzyme provides an insight into its performance. As the reaction
progresses, a determination of the shortest time required to obtain a suitable yield is helpful and
enhances the cost-effectiveness of the process. The lipase-catalyzed reaction reached equilibrium after
two hours at 20 ◦C, with a conversion yield of 69% in toluene while in free solvent-system about 47%
of ester conversion was achieved (Figure 3). After more than two hours of incubation, the ester yield
began to decrease. This was due to production of water molecule, which had achieved the equilibrium
state. As the reaction proceeded, the substrates concentration decreased which led to a fall in the
degree of substrate saturation of the enzyme [28].

In this study, the AMS8 lipase acts as catalyst to speed up the reaction. The best ester conversion of
AMS8 was achieved at 2 h. Ester production declines after prolonged incubation. The instability of the
psychrophilic lipases over longer time periods is one of the factors contributing to the favorable results
obtained for a short AMS8 lipase reaction time. As the reaction proceeds, the substrate concentration
decreases, which reduces the degree of enzyme substrate saturation. The best production of ethyl
hexanoate in 2 h using cold active AMS8 lipase was considered to be a rapid conversion. In contrast
with Pseudomonas P38 lipase catalyzed reaction which reached equilibrium state after 96 h at 20 ◦C [20].
The lipase from Aspergillus terreus was reported to catalyze the esterification of stearic acid with sorbitol
and the ester conversion of 65% was achieved after 48 h at 37 ◦C. The percentage of ester conversion
keeps increasing from 12 h to 24 h; however, the conversion of ester was found to remain constant
after 24 h to 48 h and slightly decrease after prolonged reaction times [29].

The reaction time and the product yield are two important process endpoints in this study. A short
reaction time reduces overall process cost, reduces the requirement for energy and decreases substrate
inventory. Therefore, it has been proven that AMS8 used as a catalyst had speed up esterification
reaction between hexanoic acid and ethanol within two hours incubation time. The time of reaction
is dependent on kinetic factors such as choice of organic solvent, reaction temperature, amount of
biocatalyst used, specific enzyme activity, concentration of cosubstrates, shaking or sonication that
affects mass transfer limitations and reaction rate and also the degree of stirring [30].

Figure 3. Effect of various reaction times on lipAMS8 lipase in toluene and free-solvent-system.
Percentage conversion of ethyl hexanoate catalysed by native lipAMS8 lipase as affected different
reaction of time in toluene and free-solvent system. Reactions were performed at 20 ◦C with 1:1 molar
ratio of hexanoic acid to ethanol.
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2.4. Effect of the Substrate Molar Ratio on the Esterification Reaction

The effect of the substrate (acid to alcohol) molar ratio was investigated using freeze-dried
AMS8 lipase. Figure 4 shows that the ester conversion rate in toluene increased from 15.4% to 71%
as the alcohol-to-acid molar ratio was decreased from 4 to 1, respectively, while an increase in the
acid-to-alcohol molar ratio also contributed to a lower ester yield. However, in free solvent-system,
the ester conversion shows about 48.6% in 1:1 molar ratio acid-to-alcohol. In this study, the substrate
concentration was constant at 25 mM for both acid and alcohol.

The synthesis of ethyl hexanoate increased with an increase in the acyl donor concentration, and a
high percentage of ester formation (70%) was obtained with a 0.025 M substrate mixture (hexanoic acid
and alcohol) after two-hour incubation at 20 ◦C. However, at substrate concentrations greater than
0.025 M, a decrease in the ester yield was observed. This result could have occurred because polar
substrates might have accumulated in the aqueous microenvironment of the enzyme, reaching a
concentration level sufficient to cause protein denaturation [31]. Moreover, high concentration of
alcohols is reported to be terminal inhibitors of lipases [32]. This inhibition may result from substrate
inhibition, enzyme dehydration and pH reduction in the aqueous microenvironment of the enzyme.
This phenomenon is described with lipases with the exception of the esterification rate of C. cylindracea
lipase [33] which was not inhibited even at butyric acid concentration as high as 1 M. However, most of
enzymes are inhibited by low concentration of acid and alcohol. For instance, the Mucor miehei lipase
was inhibited by 0.05 M of acetic acid [34].

A previous study reported that a high concentration of alcohol might impair the reaction rate [35].
Therefore, it is necessary to optimize the actual excess nucleophile concentration to be employed in
a given reaction. Several observations on alcohol inhibition have been reported for lipase catalysis.
For instance, in a previous study, synthesis of ethyl ester has been affected by increasing ethanol
concentration [36].

Figure 4. Effect of different ratio concentration of substrate on lipAMS8 lipase in toluene and
free-solvent-system. Percentage conversion of ethyl hexanoate catalysed by AMS8 lipase is affected at
different substrate molar ratio in toluene and free-solvent system. Reactions were performed at 20 ◦C
for 2 h.
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In addition, an increase in the fatty acid concentration can affect enzyme activation and also
decreases the pH, which can contribute to the hydrolysis of the esters formed [37]. Furthermore,
an increase in either acid or alcohol concentration affects the polarity of the medium, thus altering
the affinity of the organic solvent and reducing the ester conversion rate [38]. Thus, the use of an
equimolar acid-to-alcohol ratio was recommended to achieve an optimal ester conversion rate [37].
However, the ideal substrate molar ratio required to produce a high ester conversion rate depends on
an enzyme’s properties because every enzyme exhibits its own unique characteristics [39].

2.5. Effect of the Enzyme Concentration on the Esterification Reaction

Amount of enzyme plays a crucial role in any biocatalytic process especially in large scale
production. Its influence on the reaction was assessed to facilitate determination of the minimal
amount necessary for achieving good yield. The reaction in this study was carried out using equimolar
concentration of alcohol and acid substrates (0.025 M), and different enzyme amount (1% to 10%)
(w/v) (mg/mL). The system used for ester synthesis was biphasic with the solid enzyme powder
in suspension in the liquid phase in toluene as well as the free solvent-system. The enzyme AMS8
lipase was lyophilized and dried for 48 h before use. The initial rate of ethyl hexanoate synthesis was
proportional to the amount of enzyme added to the reaction mixture. Figure 5 shows that the ester
conversion rate in toluene increased from 1% (24%) to 5% (68%) of enzyme concentration in (w/v)
and started to decrease when added 7% to 10% of enzyme concentration, whereas only 48% of ester
conversion was seen when 5% of enzyme concentration was added in free solvent-system.

The result shows an excess of enzyme concentration did not contribute to the increase in the
percentage conversion. The previous study shows that the percentage of ester conversion for ethyl
valerate was 75.3% in 5% (w/w) to 80.0% (15%) (w/w) and slightly decreased at 20% of enzyme
concentration and sharply dropped when more than 30% of the enzyme amount was added [1]. As the
enzyme concentration was increased above this point, the reaction will slightly decline due to the
steric hindrance produce by excessive enzyme. The amount of enzyme will influence the total reaction
times in esterification reaction, which are required to achieve desired conversion. The most significant
main effect in enzymatic esterification reaction is the initial catalyst concentration [40]. The use of
a large amount of enzyme could significantly increase the fraction of acyl donor molecules to form
acyl–enzyme complexes was indicated in the previous study [41]. Moreover, their active sites were
not exposed to the substrate and remained inside the bulk of enzyme particles without contributing
significantly to the reaction. According to a study, not all active sites are exposed to the substrates
in the presence of high amount of lipase, and resulted molecules of the enzyme tend to aggregate
together [42]. However, small amounts of enzymes may have been insufficient for complete substrate
conversion within the specified reaction period [43].

The percentage yield of ester product from S. acrimycini NGP 1, S. albogriseolus NGP 2 and
S. variabilis NGP 3 were found to be 40.1%, 48.8% and 63.3% from the previous study. It shows
that the percentage of ester conversion was found reach its maximum at 5% to 15% of the enzyme
concentration and decreased when 20% and 25% of the enzyme amount were added in the reaction
mixture [44]. A simple kinetic model derived from a ping pong mechanism was proposed to
describe the mono-esterification of glucose with stearic acid catalysed by immobilized lipases from
Candida sp. When the concentration of the enzyme increased, the percentage yield of ester product
was decreased [27].

The observation the silica immobilized lipase, (SIL) showed that the percentage of ester conversion
were 50% and 56% for n-butyl acetate and n-propyl acetate synthesis respectively after 24 h of
incubation time at an enzyme concentration of 25% (15/mL). Upon an increase of the enzyme amount,
the yield did not increase significantly due to the lack of substrate to access the active site of enzyme
and difficulty in maintaining the uniformity of the biocatalyst at a higher enzyme concentration [45].
In addition, synthesis of isoamyl acetate using the immobilized lipase as a biocatalyst studied the
effect of enzyme concentration in the range of 4 to 20% (by mass per volume) at 40 ◦C [3].
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Figure 5. Effect of different concentration of enzyme on AMS8 lipase in toluene and free-solvent-system.
Percentage conversion of ethyl hexanoate catalysed by native AMS8 lipase as affected different of
enzyme concentration in toluene and free-solvent system. Reactions were performed at 20 ◦C for two
hours 25 mM of substrate concentration (1:1 molar ratio ethanol to hexanoic acid).

2.6. Immobilization of Lipase

In this study, the AMS8 lipase was immobilized using physical adsorption method. The percentage
of immobilization of AMS8 lipase on four types of matrices is investigated. Among the matrices
or supports used, chitosan shows highest percentage of lipase immobilization (76.2%) while,
kaolin showed low percentage of lipases immobilization at 31.2% (Figure 6). It shows that the
difference in percentage values of immobilization as well as protein loadings were in accordance to the
physicochemical properties.

The lipase activity in native and immobilized forms was measured. The lipase activity of native
AMS8 lipase was about 30.5 U/mL, whereas the lipase activity of immobilized enzyme in chitosan,
celite, Amberlite XAD7 and kaolin were 37.2, 33.5, 28.1 and 15 U/mL, respectively.

The differences in percentage of immobilization appeared to be influenced by support pore
size and adsorption capacities. The great value of immobilization onto chitosan could be due to
its particle size and diameter. Previous study shows that chitosan has been shown to be a versatile
nontoxic material with some effects like it controls pathogenic microorganisms and activates several
defence responses including and inhibiting different biochemical activities during the plant-pathogen
interaction. The advantages of chitosan might be extended from the field through to the storage of
numerous horticultural commodities [46].

Bansal, (2011) reported that chitosan can be tailored to produce different forms for use in different
biotechnological industrial applications such as cosmetic fields [47]. It is an essential component in skin
care creams, shampoo, and hairsprays due to its antibacterial properties. Chitosan forms a moisturizing,
protective, and elastic film on the surface of the skin that has the ability to bind other ingredients
that act on the skin. It can be concluded that chitosan is an important support, natural polymer and
versatile, which successfully used in pharmaceutical industries. Therefore, from this experiment,
chitosan was selected to other supports for immobilization of lipase to synthesize ethyl hexanoate.
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The particle size of support material also influences the coupling effect during immobilization [48].
The forces between a support and the enzymes include hydrogen bonding, Van der Waals forces and
electrostatic interaction. Furthermore, the smaller pore size may restrict mass transfer and pore
penetration of the protein which is limited the protein interaction with the total surface area of
supports. Hence, intraparticle diffusion effect of substrates was reduce and helping to interact between
enzyme and substrates [49].

Figure 6. Percentage of AMS8 lipase immobilization on various matrices. Protein content was
determined using Bradford (1976) method and percentage of immobilization was calculated using
formula described in earlier section.

Comparison between native AMS8 lipase and immobilized lipases towards the synthesis of ethyl
hexanoate was done. As shown in Figure 7, the lipase immobilized with chitosan showed higher
relative conversion as compared with control with 125.7% and 115.6% in the free-solvent system
and toluene, respectively. Similarly with the previous study reported the activity and stability of the
lipase after immobilization on both LDHs were found to be increased in ester conversion compared
to in native lipase [50]. Similar trend was also reported on Zn/Al-diocytyl sodium sulfosuccinate
(DSS) nanocomposite (NAZAD) which has higher porosity and able to adsorb higher protein and
subsequently increase the ester production. The obtained immobilized lipase was applied for the
synthesis of ethyl butyrate and resulted an ester conversion of 89% compared to native lipase 65% [51].

From the previous study, a method of immobilization of Candida rugosa was investigated where,
the immobilization procedure was improved by addition of calcium alginate to polymer of polyvinyl
alcohol (PVA) to improve the surface area properties and reduce the tendency to agglomerate [52].
On the other hand, the lipase isolated from Bacillus sp. was immobilized on different supports and the
results shows the activity and stability of immobilized lipase were much better compared to native
lipase [53]. Similarly with immobilized lipase from Candida rugosa showed and increment in thermal
stability where the enzyme shifted the temperature from 37 ◦C to 45 ◦C [54]. It shows that the thermal
stability of the immobilized lipase was higher than that the native lipase thus, making immobilized
lipase more stable and more preferable for use in the synthesis of ester [54]. The effectiveness of
an immobilization process depends much on the support used. Comparative studies indicated that
dramatic differences exist in the activity of lipases supported on different materials [11]. Similarly with
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Candida rugose lipase where the enzyme shown high activity or ester conversion when immobilize
with chitosan [55].

In contrast with kaolin, this support showed decrement of synthesize ethyl hexanoate ester
compare with control which are 40.4% and 41% in free solvent and toluene. The unsuitability of
this support also has been reported by a few enzymes such as porcine pancreatic lipase and acid
phosphatase [56–58]. The decrement of ester conversion might be due to electrostatic forces that play
an important role in the adsorption of enzyme where the kaolin was reported to have the negative
charge [58,59].

Figure 7. Synthesis of ethyl hexanoate using native AMS8 lipase and immobilized lipases. The ethyl
hexanoate was synthesis relative to the control (free enzyme) in toluene and free-solvent system.
The reactions were performed at 20 ◦C for two hours 25 mM of substrate concentration (1:1 molar ratio
ethanol to hexanoic acid).

2.7. Morphology Analysis of Chitosan Using Scanning Electron Microscopy (SEM)

A suitable support material that can function effectively in immobilization generally requires the
following characteristics. Among those, it should ease enzyme immobilization without any significant
loss of enzyme activity and it must not contain extractable materials which it may contaminate
the product stream. A support or matrix should also have suitable mechanical properties for the
desired process and should have appropriate pores and particle sizes as well as the surface area, so as
not to limit diffusion of substrates and therefore reaction rates and it should be less expensive [59].
Chitosan showed the highest ester conversion among others support or matrices. High exchange rates
indicate matrix compatibility. In order to support the data, morphology analysis has been done using
scanning electron microscopy (SEM). Figure 8a,b shows that the structure of the chitosan-lipase is more
compact compared the support only. The existence in compactness could indicate the presence of lipase.
The pores or holes of chitosan powder can also be clearly seen under 500× and 1000× magnification.
The pore diameter should be four- to fivefold of the protein diameter in order to prevent restrictions
to the access of the enzymes [59,60]. Pore sizes of the support also contribute to the suitability of the
support with the enzyme leading to increase enzyme activity. Previous study reported that supports
with smaller pore sizes can result in restricting mass transfer and the penetration of the enzyme
molecules, thus limiting protein interaction with the total surface area of the support particles [61].
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The pore size might be useful to explain the adsorption capacity of chitosan. Similarly, a commercial
crude lipase and lyophilized Candida antarctica lipase was not easily dispersed and formed aggregates
due to incompatibility of support [62]. The aggregation of freeze-dried lipase as well as lipase crude
powder is the cause of decrease in their specific activities. This phenomenon could be due to the
removal of essential water surrounding lipase during lyophilization.

Lipase is a hydrophobic enzyme, which explained how a strong hydrophobic or electrostatic
interaction was needed between enzyme and support in an immobilization process in order for the
adsorption to be successful. Strong hydrophobic interactions can be achieved by using hydrophobic
supports or enzymes [10]. Moreover, hydrophobicity of lipase plays an important role in increasing
the amount of immobilized activity due to the stronger preferential binding of the more hydrophobic
lipase on the supports. To show how important physical factors influenced the rate of absorption of the
enzyme, lipase from Candida rugosa has been immobilized using chitosan flakes and porous chitosan
beads (PCB). The result showed that PCB has higher recovery compared to flakes, and internal mass
transfer occurred during the process [61]. Thus, selections of supports have a biggest influence in the
successful immobilization of enzymes.

Figure 8. Scanning electron micrographs of chitosan and chitosan with AMS8 lipase. (A) Chitosan
(500× magnification); (B) chitosan-lipase (1000× magnification).

2.8. Fourier Transform Infrared (FTIR) and Gas Chromatography–Mass Spectrometry (GC–MS) Analyses of
Flavor Ester

Product of the reaction was ascertained using FTIR and GC–MS. The aim of these analyses is to
identify those functional groups in each of samples and specifically is the presence of ethyl hexanoate
ester. The infrared result for ethyl hexanoate is tabulated in Table 1.

Figure 9 show that the sharp peaks at 1704.30 cm−1 that indicated the presence of functional group
carbonyl include esters, aldehydes and ketone group which is more specific for ester within the samples.
The free carbonyl stretching frequency ester in pyrrolic ester is in range of 1701–1711 cm−1 [63] Then,
the ester structures were followed by the presence of v(C-O) in 1257.22 cm−1. This characteristic
differentiates between esters and ketones. The band of ester is doublet at 1717–1723 cm−1 for v(C=O)
and 1266–1257 cm−1 for v(C-O) in acetyl ester bonds [64]. Based on the figure also, it showed the
infrared at 2935.11 cm−1 that indicated the stretching v(C-H) functional group while the infrared at
1423.00 cm−1 showed the bending v(C-H) functional group. The stretching v(C-H) functional group
showed the presence of C-H aromatic group. The infrared spectrum in range around 2800–3000 cm−1

indicated the C-H stretching [64].
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Table 1. Infrared spectrum of ethyl hexanoate.

Compound Frequencies of Absorption (cm−1)

v(C=O) v(C-H) stretch v(O-H) v(C-O) v(C-H) bend
Ethyl hexanoate 1704.30 2935.11 - 1257.22 1423.00

Figure 9. IR spectrum of ethyl hexanoate. Spectrum indicating the presence of ester is shown in
circle area.

The total molecular ion of ester mixtures is represented in Table 2. The molecular ion of
144 m/z indicated the presence of ethyl hexanoate molecules with molecular weight of 144.21 g/mol.
The corresponding ester compound of ethyl hexanoate (C8H16O2) can be recognized by mass spectra.
The highest peak at 43 m/z indicates the hexane substituent fragmented from the ethyl hexanoate
ester while at 60 m/z, the peak showed the presence of ethoxide structure, which is a product of
fragmentation of hydrogen from ethanol. At 88 m/z, the peak indicates presence of hexanoic acid in
the sample whereas the peak for ethyl ester appeared at 73 m/z. Thus, it has proven that the existence
of ester group in the sample. The presence of suitable organic solvent in esterification reaction has
helped to minimize the water content and lead to maximize the yield ester production due to the
thermodynamic equilibrium shifting to forward reaction (synthesis) instead of reverse (hydrolysis)
reaction of esterification.

Table 2. Molecular ion fragments of ethyl hexanoate mixtures. The mass spectrum showed the presence
of ethyl hexanoate (144 m/z) in the sample with the compound structure and fragment molecular ions.

m/z Fragment Ion

43 CH3CH2CH2+
60 CH2COOH
73 +COOCH2CH3
88 CH3COOCH2CH3
99 CH3CH2CH2CH2CH2CO+
115 CH3CH2CH2CH2CH2COO+
144 CH2CH2CH2CH2COOCH2CH3
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3. Materials and Methods

3.1. Materials

Hexanoic acid (95%) and toluene (95%) were purchased from Merck KGaA (Darmstadt, Germany).
Acetone and absolute ethanol were obtained from Sigma-Aldrich Co. Ltd. (Poole, UK). Sodium hydroxide
was supplied by Merck. Molecular sieve dehydrate 3A, with indicator, for drying solvents was
purchased from Fluka (Buchs, Switzerland). All other chemicals and solvents used in this study were
of analytical grade.

3.2. Preparation of Crude Freeze-Dried AMS8 Lipase

Recombinant E. coli containing a pET32/LipAMS8 gene vector was obtained from the Laboratory
of Enzyme and Microbial Technology, Faculty of Biotechnology and Biomolecular Sciences,
Universiti Putra Malaysia, Selangor, Malaysia The stock culture was maintained in a sterile
microcentrifuge tube containing 0.2 mL of glycerol and 0.8 mL of Luria-Bertani (LB) medium in a deep
freezer at −80 ◦C prior to use. For the production of lipase, the culture was incubated in a 500 mL
conical flask containing 100 mL of production medium (LB medium with 1% (v/v) culture, 0.1 mL
ampicillin and 0.1 mL IPTG) for 12 h with reciprocal shaking at 20 ◦C and 200 rpm. After incubation,
the culture was centrifuged at 4 ◦C, and the supernatant was discarded. The pellet was resuspended
in 30 mL of 0.05 M Tris-HCl buffer (pH 8) and was sonicated for six minutes at 30-second intervals.
Then, the enzyme was centrifuged at 4 ◦C, and the supernatant was collected. The AMS8 lipase was
freeze-dried overnight. The dried crude AMS8 lipase sample was stored at 4 ◦C prior to use.

3.3. Lipase Hydrolytic Activity

The activity of the freeze-dried AMS8 lipase was measured under the standard assay conditions
described previously [10] using an olive oil emulsion as a substrate. AMS8 lipase activity is expressed
as unit per milliliter of enzymatic solution. One unit (IU) of lipase activity was defined as the amount
of enzyme that catalyzed the liberation of 1 μmol of free fatty acid from olive oil per minute at 20 ◦C
under optimized conditions.

3.4. Synthesis of Ethyl Hexanoate

3.4.1. In Solvent-Free System

The reactions were carried out in screw-capped bottles containing 5 mL of the substrate mixture
(hexanoic acid and ethanol), which consisted of a 1:1 molar ratio of acid to alcohol, at 20 ◦C in the
presence of 5% freeze-dried AMS8 lipase with shaking (200 rpm). A reaction under the same conditions
without added enzyme was performed in parallel and used as a control.

3.4.2. In Toluene

The reactions were performed in 5-mL screw-capped bottles with a substrate concentration of
0.025 M each. Afterwards, 10 mL of toluene was added to the mixture. The reaction mixture was
incubated at 20 ◦C in the presence of 5% freeze-dried AMS8 lipase with shaking (200 rpm).

3.5. Reaction Analysis

Aliquots of the reaction mixture were withdrawn periodically, and the residual acid content was
assayed by titration with 0.5 M sodium hydroxide using phenolphthalein as an indicator and 3 mL of
ethanol as a quenching agent. The ester synthesis rate was calculated based on the conversion of the
acid to an ester. The ethyl hexanoate yield is expressed as a percentage (%) of converted hexanoic acid
compared to the total initial fatty acid content in the reaction mixture.
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The conversion of ester was expressed as percentage conversion (%) under various reaction
conditions according to the following formula:

Conversion of ester (%) =
[ volume of NaOH (control − with enzyme) ]× 100

volume NaOH (control)

3.6. Effect of Reaction Temperature

The reaction mixture was incubated at various temperatures (10, 15, 20, 25, 30, 35, 40, 45, 50) ◦C
using a horizontal water bath shaker with a continuous shaking speed of 200 rpm. The conversion
percentage was determined as described above.

3.7. Effect of Reaction Time

The reaction mixture was incubated for various reaction time intervals (15, 30 45, 60, 120, 240,
480, and 960 min) using a horizontal water bath shaker with a continuous shaking speed of 200 rpm.
The conversion percentage was determined as described above.

3.8. Effect of Substrate Concentration

The reaction mixture was incubated at various substrate molar ratios (1:1, 1:2, 1:3, 1:4, 1:1, 2:1, 3:1,
and 4:1) and different substrate concentrations (5, 10, 25, 50, 75, and 100) mM using a horizontal water
bath shaker with a continuous shaking speed of 200 rpm. The conversion percentage was determined
as described above.

3.9. Effect of Enzyme Concentration

The reaction mixture was incubated at various enzyme concentrations (w/v) in percentage (%)
which are (1%, 3%, 5%, 7% and 10%) using a horizontal water bath shaker with a continuous shaking
speed of 200 rpm. The conversion percentage was determined as described above.

3.10. Immobilization of AMS8 Using Commercial Supports

10 mL of AMS8 lipase and 1.0 g of commercial supports (celite, chitosan, amberlite and kaolin)
were chosen to immobilize the AMS8 lipase. The mixture was incubated for two hours at 25 ◦C with
100 rpm in a water bath shaker. The enzyme-loaded supports were separated from the supernatant
by filtering through Whatmann No. 1 filter paper using vacuum pump. Then, two to three times of
washing of the enzyme-loaded supports were carried out using distilled water (10 mL) to remove the
unabsorbed enzyme. The immobilized AMS8 lipases were then lyophilized in the freeze drier for 24 h.

The lipase activity of immobilized AMS8 lipases were determined using colorimetric method
(Kwon and Rhee, 1986) while the protein content was determined by Coomassie dye binding
(Bradford, 1976). The amount of bound protein was indirectly determined by comparing the difference
between the amounts of protein introduced into the support (before immobilization) and the amount
of protein both in filtrate and in the washing solutions after immobilization.

The protein immobilization was calculated using the following formula:

% Immobilization =
(Protein A − Protein B)× 100%

Protein A

whereby, Protein A is total amount of protein in supernatant before immobilization and Protein B is
total amount of protein in supernatant after immobilization.

Esterification Reaction Using the Immobilized Lipase

The enzymatic esterification reactions for immobilized AMS8 lipase was conducted using
optimum parameters at optimized reaction conditions using native AMS8 lipase. They consisted of
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substrates (3.12 mL of 25 mM of hexanoic acid and 1.46 mL of 25 mM of ethanol) were mixed in 10 mL
of toluene, 0.15 g of molecular sieves and various immobilized lipase derivatives (containing 10 mg
protein). The mixture was incubated with shaking speed of 200 rpm in water bath shaker at 20 ◦C
for two hours. The mixture without lipase acted as the control of the process. After incubation,
the mixtures were terminated using mixture of acetone and ethanol, ratio (1:1). The mixtures then
were filtered by Whatman No. 1 filter paper and followed by titration with NaOH. This reaction was
done in triplicate.

3.11. Fourier Transform Infra-Red Spectroscopy (FTIR) and Gas Chromatography—Mass Spectrometry
(GC–MS) Analysis

FTIR and GC–MS (Shimadzu, Japan) were used to identify the functional groups present in the
sample by utilizing a universal attenuated total reflectance sensor and the wavenumbers ranging from
280–4000 cm−1. At the end of the reaction of two hours, enzyme (native lipase and immobilized lipases)
and molecular sieve were filtered, while the solvent (toluene) from the reaction mixture was removed by
rotary evaporation at 40 ◦C. Product and substrate were identified using FTIR spectroscopy (Shimadzu,
Japan). A semi-solid sample was dissolved in a defined amount of methanol/acetonitrile (70:30).
Through this solution, the FTIR spectra of reaction mixtures were analyzed on a spectrophotometer
(Secomam, France).

GC–MS analysis of product from the reaction mixtures before incubation (absence of lipase) and
after incubation in the presence of lipase were performed on a Shimadzu (model GC-17 A., model MS
QP5050A; Shimadzu, Tokyo, Japan) instrument using a nonpolar column (column SGE BPXS, 30 m,
0.25 mm ID, 0.25 μm thickness). The carrier gas was helium at a flow rate of 2.0 mL/min with injection
volume of 0.5 μL. The column temperature was programmed at 50 ◦C.

4. Conclusions

The AMS8 lipase can act as a catalyst to speed up the esterification reaction between hexanoic
acid and ethanol. AMS8 lipase has an ester conversion rate of 70%, which was obtained at 20 ◦C in
the presence of toluene. Immobilization of the enzymes has proven that the enzyme is more stable
compared with the native enzyme during esterification process. Matrices enhance and decrease the
process of ester conversion. Comparison between the native AMS8 lipase and the immobilized lipases
revealed that immobilized lipases with suitable matrices (chitosan) showed a higher production of ethyl
hexanoate than native lipase. Thus, the ability of psychrophilic lipase, AMS8 lipaseto catalyze reactions
at a low temperature offers novel opportunities for industrial and biotechnological applications.
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Abstract: Proprietary results on preparation and studies of whole-cell and lysates-based heterogeneous
biocatalysts with different enzymatic activity were reviewed. A peculiar method was developed for
preparing these biocatalysts by immuring (entrapping) enzymatic active components (EAC) inside silica
(SiO2) xerogel and nanocarbons-in-silica composites. Properties of the multi-component composite
biocatalysts such as enzymatic activity and operational stability were compared. The effect of the
inclusion of nanocarbons such as nanotubes, nanofibers, and onion-like nanospheres with various
texture, nanostructure and dispersion were thoroughly studied. With invertase-active biocatalysts, the
direct correlation between an increase in the enzymatic activity of the nanocarbons-in-silica biocatalyst
and efficiency of EAC adhesion on nanocarbons was observed. The steady-state invertase activity of
the baker yeast lysates-based biocatalysts was determined to increase by a factor of 5–6 after inclusion
of the multi-walled carbon nanotubes inside SiO2-xerogel. With lipase-active biocatalysts, the effect of
the included nanocarbons on the biocatalytic properties depended significantly on the reaction type. In
interesterification of oil-fat blends, the biocatalysts without any included nanocarbons demonstrated
the maximal lipase activity. In esterification of fatty acids with aliphatic alcohols, the activity of
the biocatalysts increased by a factor of 1.5–2 after inclusion of the aggregated multi-walled carbon
nanotubes (CNTs) inside SiO2-xerogel. In the low-temperature synthesis of isopentyl esters of butyric
(C4:0), capric (C10:0), and srearic (C18:0) fatty acids, the lipase-active composite CNTs-in-silica
biocatalysts operated without loss of activity for more than thousand hours.

Keywords: heterogeneous biocatalysts; immuring enzymatic active components; nanocarbons-in-
silica composites

1. Introduction

Biocatalysis is of great practical importance and used for deliberate conversion of the one target
substrate (S) into a commercially important valuable product (P) through a single enzymatic reaction,
with the high chemo-, regio- and enantio-selectivity. Biocatalysis is an interdisciplinary field of knowledge;
and many disciplines are needed for its successful implementation: enzymology and biochemistry;
molecular biology and gene engineering; industrial microbiology; kinetics and catalysis; transport
phenomena (diffusion kinetics); engineering and design of high-capacity reactors. Areas of application
of biocatalysis are mainly the food and pharmaceutical industry, less the manufacture of fine and
basic chemicals. More than hundred industrial-scale biocatalytic processes using enzymes or whole
non-growing microorganisms, of more than 100 kg capacities were described elsewhere [1–5]. Biocatalytic
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processes penetrated the large-tonnage food industry, including the production of glucose-fructose syrups
and interesterified oil-fat blends.

Heterogeneous biocatalysts prepared by immobilizing enzymatic active substances such as
enzymes or whole microorganisms are in the heart of modern biotech processes of “green” chemistry.
The main advantage of the immobilization is a combination of the activity and unique selectivity of
enzymes, as well as enhancement of their operational stability with the heterogeneity of the biocatalysts
applied in the continuous or periodic bioprocesses.

Heterogeneous biocatalytical processes are considered more commercially attractive for large-scale
implementation than homogeneous technologies due to considerable simplification and reduction
(1.2–1.4 times) of the total production cost. In order to reduce the cost of the heterogeneous biocatalysts
and the contribution of this cost into the final product, not purified enzymes isolated from microbial
strain-producers but the whole non-growing microbial cells, as well as partially or fully disrupted
microorganisms (lysates or sonicates) can be used. Such approach allows the multi-stage enzyme
purification to be avoided; this is especially labor- and time-consuming process if the enzyme is
intracellular and not extracted during bacteria growth in the nutrient media. In most cases, whole-cell
or lysates-based biocatalyst are highly active and stable, probably, due to more friendly environment in
the vicinity of native enzyme. The drawback is the relatively low specific enzymatic activity normalized
to 1 mg of dry-weight substances; in some cases, it is 1–2 orders of magnitude lower than that per 1 mg
of immobilized purified enzyme. However, in majority cases there may take place diffusion limitations
to mass transfer of the substrate toward individual enzyme immobilized usually on mesoporous
supports, and no more than 10–20% of activity of soluble enzyme is determined after immobilization.
Meanwhile, the enzymatic activity of whole or fully disrupted microorganisms is almost completely
retained after immobilization; and the whole-cell and lysates-based biocatalysts operate in the kinetic
(not diffusion) regime. Therefore, despite significant differences in the initial enzymatic activity, the final
activities of the biocatalysts prepared by immobilization of either enzymes or whole microorganisms are of
the same order. Indeed, the commercial biocatalyst for glucose isomerization prepared using the purified
glucose isomerase are only 2–3 times more active than the biocatalysts prepared using substantially less
active (by orders of magnitude) whole Streptomyces sp. cells [3].

Inorganic silica-based supports often are used for immobilization of enzymatic active substances;
and some commercially available heterogeneous biocatalysts are prepared using silica or silicates.
For example, the glucose isomerase-active biocatalyst Optisweet® is prepared by cross-linking of
S. rubiginosus adsorbed on the commercial silica. Another example is the lipase-active biocatalyst
Lipozyme® TL IM prepared by immobilization of recombinant Thermomyces lanuginosus lipase on
aerosil. Silica-based supports may be divided into the following groups: (i) commercial granulated
mesoporous silica and glasses; (ii) natural minerals—clay, diatomite, zeolites; and (iii) modern silica
material synthesized using various silanes and sol-gel techniques. Many recent scientific publications
are devoted to encapsulation (entrapment) of enzymes into synthetic silica-based supports (iii) [6].

Obviously, the inorganic supports are selected for the heterogeneous biocatalyst preparation
due to their availability and relatively low cost as well as high mechanical strength and durability
of biocatalysts granules in the reaction media. The main role is to improve noticeably the operating
parameters both of down-stream processes using the traditional continuous packed-bed reactors and
periodic processes using the batch stirred-tank reactors [7]. Novel types of reactors—a rotor inertial
reactor and an immersed vortex reactor, were specially designed for the heterogeneous biocatalysts in
order to enhance of the process productivity [8,9].

Immobilization by adsorption/adhesion of enzymatic active substances on inorganic supports
has a high commercial potential but some enzymes and microorganisms are poorly fixed on solid
surfaces because of their natural peculiarities. For example, Arthrobacter nicotianae cells producing
glucose isomerase did not adhere on the surfaces of the majority of macroporous inorganic supports
such as foam-like ceramics, foamed carbon, vermiculite, corundum, CNFs- or coke-coated minerals;
the observed adhesion was less than 0.1 mg of dry-weight cells per 1 g of adsorbent [10]. The maximal
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adhesion of A. nicotianae, 1.6 mg/g, was observed on the Sapropel type macroporous carbon-mineral
supports [11]. Thus, the immobilization by adhesion of whole non-growing A. nicotianae cells is
not suitable for preparing GI-active biocatalysts. Thus, research and development of a universal,
simple and inexpensive method of immobilization of various enzymatic active substances, including
microorganisms of different taxonomy, was in demand. Entrapping (or immuring, or embedding) inside
silica-based matrices seemed the most appropriate and attractive method for preparing highly active and
stable heterogeneous biocatalysts. A peculiar universal method of immobilization was first developed for
the non-adhered A. nicotianae cells and described in papers published in 2009–2010 [12–14].

In this authors’ report, the results on study of multi-component heterogeneous biocatalysts
prepared by immuring enzymatic active substances inside silica xerogel and nanocarbons-in-silica
composites were summarized. Whole non-growing microorganisms, as well as fully disrupted
bacteria and yeast cells (named lysates) were used as an active component for preparing biocatalysts
with the desired enzyme activity. Advanced carbonic materials such as nanotubes, nanofibers, and
nanospheres were examined for inclusion inside SiO2-based biocatalysts. The properties of whole-cell
and lysates-based heterogeneous biocatalysts such as enzymatic activity and operational stability, were
systematically and thoroughly investigated as dependent on their compositions, in particular on texture
and nanostructure of the nanocarbons included. Multi-component composition of the biocatalysts was
optimized individually for the each enzymatic active substance and type of reaction. Biocatalysts with
the highest activity and stability were investigated in the corresponding biotransformation processes
such as hydrolysis, isomerization, interesterification and esterification.

2. Results and Discussion

2.1. Procedure for Immuring Enzymatic Active Substances Inside Silica Xerogel and
Nanocarbons-In-Silica Composites

A peculiar method of preparing whole-cell biocatalysts was first developed for the non-adhered
A. nicotianae cells in 2008–2009, as mentioned above. The main stages were following: (I) thorough
mixing of all components including EAC with silica hydrogel; (II) drying of the mixture; (III) crushing
of the dried mixture and fractionation to 0.4–4 mm sized granules of biocatalysts.

Stage I—mixing. Silica hydrogel was prepared by the sol-gel method via slow precipitation of
sodium silicate (liquid glass, Na2SiO3) with ammonium nitrate at pH 7.5 and 70 ◦C; the precipitation
rate was 300 g (SiO2)·L−1·h−1 [15]. The precipitated SiO2-hydrogel was washed to neutral pH,
pressed and squeezed, then stored as a gelatinous mass in a dense polyethylene bag for several
years. The SiO2-hydrogel humidity was 80–90%. Microbial biomass as EAC for preparing whole-cell
biocatalysts was the non-growing microorganisms such as A. nicotianae, baker yeasts Saccharomyces
cerevisiae and recombinant E. coli strains producing glucose isomerase or lipase. Biomass as EAC for
preparing lysates-based biocatalysts was fully disrupted cells of S. cerevisiae and recombinant E. coli
strain via enzymatic lysis. The biomass humidity was 75–95%. Additional functional components such
as activator of enzyme, or moister-holder, or nanocarbons, were mixed with SiO2-hydrogel in order to
improve properties of the final biocatalysts. In the case of GI-active biocatalysts, insoluble cobalt(II)
hydroxides were included in order to increase the stability of the biocatalysts. In the case of LIP-active
biocatalysts, the maltodextrin was added to prevent quick dehydration of the biocatalysts during
operation in anhydrous reaction media. Carbonic material such as nanotubes, nanofibers, onion-like
nanospheres, or nanodiamonds were added into SiO2-hydrogel for possible additional binding EAC
by adsorption/adhesion on nanocarbons to decrease their leakage into reaction media and enhance
operational stability of the biocatalysts.

Stage II—drying. After stage I, drying of the wet multi-component biocatalyst in a stationary thin
bed under ambient conditions (room temperature, air humidity 40–60%) for 1–3 days was carried out.
The humidity of dried biocatalysts was 5–15%. Variations in the drying conditions, for example in
flowing dry nitrogen at 20–40 ◦C, did not affect the properties of the biocatalysts. During drying silica
hydrogel transformed into SiO2-xerogel with specific surface area of 200–250 m2/g.

299



Catalysts 2018, 8, 177

Stage III—granulation. In the case of GI-active biocatalysts operated in aqueous buffer media,
pH 7–8, and at elevated temperature, 60–70 ◦C, the mixture dried at stage II was pre-ground into a fine
powder, then compressed at 50–150 bars and, finally, fractionated for obtaining solid granules 1–4 mm
in size suitable for filling into a packed-bed reactor. In the case of LIP-active biocatalysts operated
in anhydrous reaction media of oil-fat blends or organic solvents, the mixture dried at stage II was
carefully mechanically crushed and fractionated as granules 1–2 mm in size

Accomplishment and finish of I–III stages resulted in the preparation of the multi-component
heterogeneous biocatalysts. One can see from the above description that the developed method of
immobilization of various EAC was simple in implementation, did not require expensive equipment
and aggressive reagents (e.g., silanes). Toxic pollutants and corrosive wastewater was not formed.
This method was universal with respect to taxonomy of microorganisms and the chemical nature of
the functional components added to the silica hydrogel at stage I. The general regularities for the
biocatalysts granules with high mechanical strength were as follows: (1) the content of silica as the main
binder was no less than 20 w/w %; (2) the content of the nanocarbons was no more than 15 w/w %.

2.2. Selection of the Optimal Compositions of the Biocatalysts

Properties of the prepared multi-component biocatalysts depending on the ratio of all components
in SiO2-xerogel were thoroughly studied. The biocatalysts’ composition was optimized by the
simultaneous satisfaction of two parameters, namely, (1) the maximal enzymatic activity; and (2) high
stability of granules due to its mechanical strength and durability in the reaction media. Durability of
the biocatalysts’ granules in the aqueous media was estimated visually. For instance, after several hours
of periodic operation in hydrolysis, the not optimized whole-cell biocatalysts were converted into an
amorphous formless mass; the granules were destroyed. Such simultaneous satisfaction ensured the
high operational stability of the biocatalysts in continuous and periodic processes, and, as a result,
the high productivity. Optimal compositions of the whole-cell biocatalysts are shown in Table 1.
Referring to this Table, the optimal content of microbial biomass depended upon the taxonomy of
microorganisms. For example, the optimal contents of A. nicotianae and rE. coli/xyl biomass inside
GI-active biocatalysts were 10–15 w/w % and 35–40 w/w %, respectively (Table 1).

Table 1. Optimal compositions of the whole-cell biocatalysts prepared by immuring non-growing
microorganisms inside silica xerogel and nanocarbons-in-silica composites.

Microorganism Biocatalytical Process

Optimal Composition, w/w %

Microbial
Biomass

CoxOy Maltodextrin
Carbon

Nanotubes
SiO2

S. cerevisiae Sucrose inversion 60–80 0 0 5–10 20–30
A. nicotianae Glucose/fructose

isomerization
10–15 20–40 0 0 45–70

rE. coli/xyl 35–40 10–40 0 0–5 20–40

rE. coli/lip Tributyrin hydrolysis 35–40 0 0 5–10 50–55
Interesterification 35–40 0 10–20 0 40–55

The optimal content of included nanocarbons (carbon nanotubes) depended both on the taxonomy
of microorganisms and on the type of the enzymatic reaction (Table 1). For example, the properties of
GI-active biocatalysts depended slightly upon the presence of included nanocarbons because of weak
adhesion of A. nicotianae cells as mentioned above. The activity of LIP-active whole-cells biocatalysts
in hydrolysis of triglyceride was twice as high when the CNTs were included [16]. On the other
hand, in interesterification the activity of nanocarbons-free (without included CNTs) biocatalysts
was maximal [17]. It was of interest to elucidate the function of nanocarbons included into the
composite biocatalysts. It was first assumed that the main role of nanocarbons was to hold enzymatic
active substances inside biocatalysts due to adsorption/adhesion in order to ensure high biocatalytic
activity and stability as mentioned above. Indeed, the direct proportion between the adhesion of yeast
autolysates and steady-state invertase activity of the biocatalysts was found [18]. The further study
of LIP-active composite biocatalysts revealed that hydrophobic substrates such as triglycerides were
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adsorbed tightly onto highly hydrophobic nanocarbons and, as a result, essential water was displaced
from the vicinity of immobilized lipase; and the activity of the composite biocatalysts decreased.
Thus, different functional roles are characteristic of included nanocarbons.

3. Texture of the Biocatalysts

The texture of the whole-cell biocatalysts was studied. The specific surface area (Ssp.BET) depended
both on the taxonomy of the microorganisms and the composition of the multi-component biocatalysts
(Table 2). When the content of the microbial biomass was less than 15 w/w %, the specific surface area
of the biocatalysts was 250 m2/g that was close to Ssp.BET of the parent SiO2-xerogel (without biomass),
260 m2/g. When the content of the baker yeast biomass increased up to 80 w/w %, the surface area of
these biocatalysts decreased from 250 to 35 m2/g (Table 2).

Table 2. Textural characteristics of the whole-cell biocatalysts depending on taxonomy of immobilized
microorganisms and composition of the prepared multi-component biocatalysts.

Microorganism
Biocatalyst Composition, w/w % of Dry Substances

Ssp.BET, m2/g V, cm3/g Dpore, nm
Biomass SiO2 CoSO4 CoxOy

S. cerevisiae

15 85 250 0.6 22
20 80 220 0.9 15
60 40 100 0.6 22
80 20 35 0.4 36

A. nicotianae
15 85 0.06 230 0.9 15
10 50 40 175 0.6 13

rE. coli/xyl 40 40 20 75 0.35 19
rE. coli/lip 40 60 90 0.6 25

The porosity of the dried biocatalysts was studied mainly by Hg-intrusion method; and pore
size distribution curves were analyzed. Mesopores with diameter 2–50 nm were estimated to
occupy more than 50–80% of the total pore volume (V∑), and macropores with diameter more than
50 nm less than 20% of V∑. The absence of micropores smaller than 2–3 nm was indicated by N2

porosimetry as well. In the whole-cell biocatalysts with low biomass content (10–15 w/w %), the pore
distribution was similar to the pure mesoporous SiO2-xerogel. It was found that the higher content
of baker yeast biomass, the wider distribution of pore sizes and the larger average diameter of pores
(Table 2, Figure 1a). SEM-images in Figure 1a (right) demonstrated that macropores could be formed
by “shadow” defects of the dried cells entrapped inside SiO2-xerogel. Almost identical pore size
distribution was observed for the glucose isomerase-active biocatalysts prepared by entrapment of
A. nicotianae and rE. coli/xyl cells (Figure 1b). Thus, mesoporous texture was characteristic of the
whole-cell biocatalysts (Table 2, Figure 1).

Mesoporous textures were characteristic of the lysate-based biocatalysts as well. Comparative
consideration of Figures 1 and 2 led to conclusions about predomination of mesopores, but neither
macropores nor microporesare in the pore structure of both biocatalysts. The mesopore diameter
distribution was wider in the rE. coli/lip lysate-based than in yeast lysates-based biocatalysts (Figure 2).
The average pore diameter of the former was about two times as large as that of the latter (Table 3).

The texture of the composite nanocarbons-in-silica biocatalysts was also examined. Ssp.BET of the
composite lysate-based biocatalysts decreased by a factor of 1.1–1.8 against that of the biocatalysts
without nanocarbons (Table 3). For example, after inclusion CNT1s inside yeast autolysate-based
biocatalysts Ssp.BET decreased insignificantly, whereas pore volume and average diameter increased
as follows: V∑ from 0.3 to 0.5 cm3/g, Dpore from 11 to 19 nm. It was shown that the higher specific
surface area of included nanocarbon, the greater specific surface area of the composite biocatalyst
(Table 3). Hence, the mesoporous texture was characteristic of the lysates-based biocatalysts and their
nanocarbons-in-silica composites (Table 3, Figure 2).
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Figure 1. (Left) Pore size distributions: (a) entrapped S. cerevisiae biomass in contents of 20 w/w % (1),
60 w/w % (2) and 80 w/w % (3); (b) entrapped A. nicotianae (1) and rE. coli/xyl (2) biomass in content of
15 w/w %. (Right) SEM images of cleavages of the whole-cell biocatalysts. Arrows indicate microbial
whole cells entrapped inside SiO2-xerogel.

 

Figure 2. (Left) Pore size distribution: (a) baker yeast autolysates entrapped inside SiO2-xerogel
without nanocarbon (1, �) and with CNT1s (2, ), (b) rE. coli/lip lysates entrapped inside SiO2-xerogel
without nanocarbon. (Right) SEM images of cleavages of the lysate-based biocatalysts. Arrows indicate
the smooth area corresponding to lysates entrapped in SiO2-xerogel.
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Table 3. Textural characteristic of composite lysate-based biocatalysts depending on the type of
included nanocarbons and enzymatic activity of prepared biocatalyst.

Type of Included Nanocarbon
* (Ssp.BET of Nanocarbons)

Baker Yeast Autolysate-Based Biocatalysts rE. coli/lip Lysate-Based Biocatalysts

Ssp.BET, m2/g Dpore, nm Ssp.BET, m2/g Dpore, nm

Without nanocarbons 110 11 105 31
Carbon nanotubes CNT1

(320 m2/g) 105 19 90 25

Carbon nanofibers CNF
(160 m2/g) 60 12

Carbon nanospheres CNS1
(485 m2/g) 95 11 110 22

Nanodiamond ND (325 m2/g) 80 14

* Content of nanocarbons inside biocatalysts was 15 w/w %.

The results obtained lead to conclude about mesoporous texture of all the prepared biocatalysts.
Particular attention was paid to the macrokinetics of biocatalytic heterogeneous processes under
study. The conditions for biocatalyst operation in the kinetic (not diffusion) regime were chosen
experimentally. The mesoporous texture of the biocatalysts makes the mass transfer of substrates
toward entrapped enzymatic active component free of internal diffusion limitations [12,13,18,19].

The single-enzymatic activity and operational stability of the prepared multi-component
biocatalysts and their properties for the process of substrate conversion into valuable product are
discussed below.

4. Heterogeneous Whole-Cell and Lysates-Based Biocatalysts

4.1. Glucose Isomerase-Active Biocatalyst

The whole-cell biocatalysts were prepared by immuring native A. nicotianae and recombinant
rE. coli/xyl non-growing bacteria cells producing thermostable glucose isomerase intracellularly.
The high thermostability of microbial GI provided a linear increase in the enzymatic activity of the
biocatalysts with temperature (T) in the range of 55 to 85 ◦C with the T-coefficient equal to 1.3–1.5;
the inactivation half-life time (t 1

2
) of the biocatalysts heated at 80 ◦C in the buffer solution, pH 7.8, was

equal to 6–7 h [12].
As mentioned above, the optimization of composition of the GI-active biocatalyst has to provide

the highest enzymatic activity along with the high mechanical strength and durability of the granules
during operation in buffer, pH 7–8, at 60–75 ◦C in a flow packed-bed reactor. Referring to Table 1,
the optimal content of A. nicotianae biomass varied only in a relatively narrow range from 10 to 15 w/w
%. When the biomass content was more than 15 w/w %, the mechanical strength of the biocatalyst fell
down quickly; and the granules were destructed and transformed into an amorphous paste within
1–2 h of the operation.

It is of common knowledge that Mg(II) and Co(II) ions activate glucose isomerase and enhance
the stability of this enzyme. Various Co(II)-containing component were included into whole-cell
biocatalysts. With a soluble Co(II) component, e.g., CoSO4, the biocatalysts’ granules had relatively
low durability, and the half-life times (t 1

2
) of the biocatalysts were no longer than 20–24 h in buffer

at 75 ◦C. Therefore, insoluble Co(II) compounds were studied as a functional component of the
GI-active biocatalysts. Freshly prepared Co(II) hydroxide was precipitated by adding gradually
ammonia solution (NH4OH) to cobalt nitrate (Co(NO3)2). The intensely blue colored precipitate
identified as unstable β-Co(OH)2 was dried and transformed to grey-green Co3O4·nH2O and then
to CoO/Co3O4(CoxOy). Granules of the dried biocatalysts containing insoluble CoxOy turned color
from grey-green to pink during operation under the reaction conditions (pH 7.8, 70–75 ◦C). The pink
color indicated predomination of stable cobalt hydroxide α-Co(OH)2 species inside the biocatalysts.
Inclusion of insoluble CoxOy (not soluble CoSO4) resulted in 1.5–1.6 times increase in the glucose
isomerase activity of the biocatalysts, as well as in an increase in durability of the granules in the
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reaction medium and, therefore, in enhancement of the operational stability under studied conditions.
The optimal content of CoxOy was 20–40 w/v % (Table 2); the composition of GI-active whole-cell
biocatalysts was covered by a patent [20].

The commercial technology of glucose isomerization (but not the process using the prepared here
biocatalysts containing insoluble CoxOy ) needs addition of Co2+ ions (1 mM) to the glucose solution.
We analyzed the samples of the produced glucose-fructose syrup at the outlet of packed-bed reactor
to show that the Co and Si concentrations in the product (syrup) were practically constant during
816 h operation at 65 ± 5 ◦C and equal to 1–2 μg·mL−1 (max. 0.03 mM Co2+) and 16–36 μg·mL−1,
respectively. Thus, the usage of the prepared GI-active biocatalyst for monosaccharide isomerization
allowed us to decrease the Co2+ concentration in the final product by a factor of 30–70.

The glucose isomerase activity of the biocatalysts prepared by immuring recombinant
strain-producer rE. coli/xyl was ten times as high as that for entrapped A. nicotianae(100–500 U·g−1 vs.
10–30 U·g−1) [21]. Referring to Figure 3, the stability of the rE. coli/xyl whole-cell biocatalysts was
two-fold higher than for entrapped A. nicotianae; the half-life time was found to be more than 1200 h
under studied conditions [13,21].

 

Figure 3. Dependence of substrate conversion at the outlet of column packed-bed reactor on the
duration of continuous isomerization of fructose by the A. nicotianae (1) and rE. coli/xyl (2) whole-cell
biocatalyst. Reaction conditions: 65 ◦C, 3 M fructose, 0.02 M phosphate buffer pH 7.8 and 7.0 for
A. nicotianae and rE. coli/xyl respectively, 1 mM Mg2+. Contact time was 5.5 h.

The composite nanocarbons-in-silica whole-cell biocatalysts were prepared using rE. coli/xyl cells,
CoxOy component and various types of nanocarbons such as CNTs, CNFs, CNSs and nanodiamond.
The bulk morphology of these biocatalysts was examined with a scanning electron microscope (Figure 4).

 

Figure 4. SEM images of cleavages of the whole-cell biocatalysts prepared by immuring rE. coli/xyl
cells inside SiO2-xerogel with included CNTs (1) and CNFs (2). Arrows indicate entrapped bacteria.
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An inconsiderable effect of inclusions of nanocarbons on the activity and stability of the GI-active
biocatalysts was observed and described in [18]. The steady-state glucose isomerase activity was ~100
U·g−1 for the biocatalysts except nanocarbons-containing composite biocatalysts which were only
10–15% more active. The main reason was found to be the weak adhesion of GI-active substances on
nanocarbons and leakage of enzymatic active component from biocatalysts [18]. The dried biocatalysts
were cross-linked with glutaric dialdehyde (less than 1 v/v%); the steady-state activity increased
by a factor 1.5 in comparison with the non-crosslinked biocatalysts, and the enhanced stability was
determined. These biocatalysts retained fully their initial activity during 28 periodic reaction cycles
under the reaction conditions (pH 7.0, 70 ◦C) [18].

4.2. Invertase-Active Biocatalyst

Analysis of the literature showed that more than a quarter of studies on immobilization of
non-growing S. cerevisiae (baker yeasts) cells were devoted to only single, namely invertase activity for
hydrolysis of disaccharide (sucrose) to equimolar mixture of monosaccharides (glucose and fructose),
the so-called invert syrup. The invert syrup as a sweetener is valuable and marketable product of food
industry. A majority of INV-active heterogeneous biocatalysts were prepared by immobilization of
whole cells of baker yeasts [22–26]; the yeast autolysates and purified intracellular invertase as an EAC
were described rarely. For example, the baker yeasts were immobilized by adhesion to a composite
material, jute fabric coated by polyethyleneimine; and this biocatalyst operated in a column reactor
without loss in efficiency to hydrolyze concentrated (60–80%) sucrose syrups for 45 days at 45 ◦C [22].
The most active and stable biocatalyst described in literature [24] was prepared by mutual bonding
of native baker yeasts with polyethyleneimine and glutaraldehyde. The specific invertase activity of
this biocatalyst was 300–1500 U·g−1; the half-life of the biocatalyst was 500–1000 h (pH 4.6, 60–75 ◦C).
The total biocatalyst productivity over the period of its lifetime was 2–10 tons of hydrolyzed sucrose
per 1 kg of the biocatalyst [24].

Silica gel was first described for encapsulation (inclusion) of S. cerevisiae cells into thin SiO2-layers
deposited on glass sheets [26]. The precursors of silica gel were various silanes (not liquid glass, as
described here); the hydrolysis and polycondensation of silanes occurred after addition of aqueous
solution of enzymatic active substances. In most cases silanes and products of their hydrolysis were
toxic reagents and inhibited enzymes. For example, the specific invertase activity was 3.6 times
decreased after inclusion of S. cerevisiae cells into SiO2-gel formed during polycondensation of
tetra-ethoxysilane [26].

In this report, neutral and inert SiO2-xerogel obtained without any toxic reagents was found to be
friendlier matrix for preparing highly active biocatalysts; the invertase activity reached 500–700 U·g−1

that was comparable in magnitude with the best results described in [24]. It was found that the
invertase activity of the whole-cell biocatalysts depended linearly on the baker yeast content from
5 to 80 w/w %. Exactly, due to high content of non-growing S. cerevisiae cells inside biocatalysts their
activities were high. The process of sucrose inversion was carried out both in periodic and continuous
mode in stirred-tank and packed-bed reactors respectively. The full conversion of 50 w/v % sucrose
into invert syrup was reached for less than 7 h at 50 ◦C; the biocatalyst operated without loss of activity
during 25–30 reaction cycles. In the continuous process of sucrose inversion, the half-life time of the
whole-cell biocatalyst was more than 200 h (pH 4.6, 50 ◦C) [27].

Yeast autolysates are fully disrupted cells via lysis by own intracellular enzymes such as lysozyme,
and this EAC were used for preparing invertase-active biocatalysts. Earlier the biocatalysts were
prepared by adhesion of baker yeast autolysates on natural materials such as expanded clay, Sapropels,
and lignin [28]. It was found that macroporous Sapropels were the most efficient supports for adhesion
of yeast autolysates, but the steady-state activity of such biocatalysts was comparatively small (avg.
60 U·g−1) [11,28]. Here, the baker yeast autolysates were used as an active component of the biocatalysts
prepared by immuring inside silica xerogel and nanocarbons-in-silica composites. It was shown that
the invertase activity of these lysate-based biocatalysts was 2–3 times higher than for the whole-cells
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biocatalysts with similar compositions. The interior morphology of the composite nanocarbons-in-silica
lysate-based biocatalysts examined with a scanning electron microscope is shown in Figure 5.

 

Figure 5. SEM images of cleavages of the biocatalysts prepared by immuring baker yeast autolysates
inside nanocarbons-in-silica composites: 1—CNT1s, 2—CNFs, 3—CNSs. Smooth areas corresponded
to entrapped autolysates.

Pronounced positive effect on the properties of autolysate-based biocatalyst was observed with all
types of nanocarbon included inside SiO2-xerogel (Figure 6); the maximal steady-state invertase activity
was more than 3000 U·g−1 (vs. 60 U·g−1 for adhered autolysates). A correlation between adhesion
ability of yeast autolysates on nanocarbons and properties of composite biocatalysts was found: the more
efficient adhesion of autolysates, the higher was steady-state activity [18]. For example, an increase in
the content of included CNFs up to five-fold (from 5% to 25%) provided an increase in the steady-state
activity of the biocatalysts by a factor of 1.8. The values of tight adhesion of yeast autolysates on CNTs and
CNFs were determined as 5 and 2 mg/g respectively. As one can see in Figure 6, the steady-state activities
of composite biocatalysts such as CNTs-in-silica and CNFs-in-silica were proportional to their capability
of adhering autolysates. The values of steady-state activities of composite lysate-based biocatalysts were
2–6 times higher than that of nanocarbons-free biocatalysts based on SiO2–xerogel (Figure 6). With the
composite biocatalysts, t1/2 in continuous sucrose inversion process was 200–500 h (pH 4.6, 50 ◦C).

 

Figure 6. The invertase activity of lysate-based biocatalyst in dependence of type of nanocarbon
included and numbers of reaction cycles of sucrose inversion: 1—without nanocarbon (dotted line),
2—CNFs, 3—CNS1s, 4—CNT1s. Reaction conditions: 50 ◦C, 2 M sucrose, 0.02 M acetate buffer pH 4.6.

4.3. Lipase-Active Biocatalyst

Much attention is given now to the application of lipases in industry. Microbial lipases are a
powerful tool for catalytic hydrolytic breakdown of fats and oils followed by the formation of free fatty
acids, diglycerides, monoglycerides, and glycerol. The reverse synthetic reactions such as esterification,
acidolysis, alcoholysis, and aminolysis of fatty acids, as well as triglyceride interesterification are of
the most interest [1–5]. The development of the commercially attractive inexpensive, highly active
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and stable heterogeneous biocatalysts is still an exciting goal. A number of reviews [29–35] deal with
methods for immobilization of lipases, as well as properties of the prepared lipase-active biocatalysts,
such as enzyme activity, stability, regio- and enantio-selectivity.

Extracellular production of lipases is characteristic of a majority of native microorganisms
but recombinant E. coli strains usually synthesize lipase intracellularly. The authoring constructed
rE. coli/lip strain was found to produce recombinant T. lanuginosus lipase in the amount of ~30–40%
of the total cell protein [36]. The study of recombinant lipase localization inside rE. coli/lip cells
showed that more than 70% of the lipase activity was localized in the intracellular cytoplasm, and only
small values of activity in debris and inclusion bodies [36]. The specific lipase activity of suspended
rE. coli/lip whole cells was rather low (2.5 U per 1 mg of dry substances). Partial disruption of cells via
drying and thawing led to ~20-fold increase in the observed activity (45 U·mg−1), whereas the full
disruption of cells via enzymatic lysis and sonification increased the lipase activity by two orders of
magnitude (210 U·mg−1) [19,36].

The partially disrupted rE. coli/lip cells, and rE. coli/lip lysates, and recombinant His6×lipase
purified by affinity chromatography were studied as EAC for preparing lipase-active heterogeneous
biocatalysts based on SiO2-xerogel and nanocarbon-in-silica composites. Interior morphology of the
composite lysate-based biocatalysts was examined with electron-scanning microscope (Figure 7).

 

Figure 7. SEM images of cleavages of the biocatalysts prepared by immuring rE. coli/lip lysates
inside nanocarbons-in-silica composites: 1—CNT1s, 2—CNT2s, 3—CNSs. Smooth areas correspond
to entrapped lysates. The nanostructure of CNSs (in insert 3) was examined with high-resolution
transmission microscope.

The lysate-based biocatalysts were found to be the most active, they being 4–8 and 2–16 times
more active than the whole-cell biocatalysts and the immobilized recombinant lipase, respectively
(Table 4). Referring to this Table, the hydrolytic activity decreased to one fifth upon supersonic
dispersion of 100–150 μm nanocarbon aggregates into separate primary nanotubes distributed more
uniformly inside SiO2-xerogel. This phenomenon was described elsewhere [16]. In addition, the reasons
for decrease in activity of immobilized lipase associated with peculiarities of lipase molecular
structure and high hydrophobicity of nanocarbons were discussed. As illustrated in the scheme [16],
the active site of adsorbed lipase may be blocked by hydrophobic surface of nanotubes or nanospheres;
the apparent inactivation of the biocatalysts was observed, especially pronounced for uniformly
distributed nanotubes. The important role of mutual correspondence of the hydrophobic-hydrophilic
natures of immobilized enzyme and immobilizing support was discussed firstly in 1988 [37] and
confirmed in previous [38,39] and current studies. As a result of tuning properties of inorganic supports
including surface morphology toward immobilized enzymes (alcohol dehydrogenase, glucoamylase
and invertase), it was found that the synthesis of CNFs on the surface of the aluminosilicate honeycomb
monolith and ceramic foam allowed preparing the highly active and stable biocatalysts due to
mesoporous texture and optimal hydrophilic-hydrophobic properties of the surface carbons [39].
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Table 4. Hydrolytic activities (in U·g−1) of prepared lipase-active biocatalysts depending on the origin
of enzymatic active component and nanocarbons included inside silica xerogel.

Type of Nanocarbon Included in
Content of 10 w/v %

Enzymatic Active Component

Partially Disrupted
rE. coli/lip Cells

Lysates of
rE. coli/lip Cells

His6×Lipase Purified *

Without nanocarbons 210 870 510

Multi-walled CNT1s
(5–11 nm in diameter) aggregated 220 1050 120

Multi-walled CNT1s
(5–11 nm in diameter) dispergated 50 400 25

Multi-walled CNT2s
(20–22 nm in diameter) aggregated 250 870 260

Carbon onion-like nanospheres
(5–6 nm in diameter) aggregated 105 710

* Recombinant lipase was purified by affinity chromatography on Ni-NTA Sepharose.

Below is authors’ report of the most effective rE. coli/lip lysate-based biocatalysts prepared and
studied in the following reactions: (1) hydrolysis of tributyrin [16,19]; (2) interesterification of oil-fat
blends [16,19,36,40]; (3) interesterification of sun flower oil with ethyl acetate [40,41]; (4) esterification
of fatty acid with aliphatic alcohols [36,42]. It was found that the rates of reactions were considerably
in more than 500 times higher in aqueous buffered media (hydrolysis) than in anhydrous organic
solvents (esterification). However, low-temperature enzymatic synthesis of esters is of increasing
importance as an alternative to organic synthesis of these valuable products to be applied in perfume
and cosmetic industries as odorants, emollients, and inert surfactants.

The effect of inclusion of nanocarbons into lysate-based LIP-active biocatalysts depended
on the type of catalyzed reaction. The rates of reactions with participation/formation of water
(hydrolysis/esterification, respectively) were maximal when rE. coli/lip lysates were entrapped inside
CNTs-in-silica composites (Table 5). The rates of reactions with triglycerides (interesterification in
anhydrous media) were maximal when rE. coli/lip lysates were entrapped inside nanocarbons-free
SiO2-xerogel (Table 5).

Table 5. Relative activity * of rE. coli/lip lysate-based biocatalysts in various reactions.

Type of Aggregated
Nanocarbon
Included **

The Type of Reaction (Reaction Media)

Hydrolysis of
Emulsified
Tributyrin
(Aqueous)

Interesterification
in Oil-Fat Blends

(Anhydrous)

Interesterification of
Oil with Ethyl

Acetate (in Hexane)

Esterification of Capric
Acid with Isopentanol

(in Hexane with
Diethyl Ether)

Without nanocarbons 0.9 1.0 1.0 0.3

CNT1 1.0 0.9 0.8
CNT2 0.8 0.9 1.0 1.0
CNS1 0.7 0.5 0.4
CNS2 0.9 0.8 0.5

* The maximum activity was taken as 1.0; ** content of nanocarbons inside biocatalysts was 10 w/w %.

Operational stability of the lipase-active biocatalysts also depended on the type of catalyzed
reaction. In periodic interesterification of oil-fat blends in a stirred-tank reactor, the stability of all
lysates-based biocatalysts was low enough; the half-life time was no longer than 10–15 h at 70 ◦C [19].
In continuous/periodic interesterification of oil-fat blends in a lab-scale packed-bed reactor, the stability
of the lysates-based biocatalysts was higher at the half-life time longer than 70 h at 70–75 ◦C (Figure 8a).
In periodic interesterification of sunflower or linseed oils with methyl- or ethyl acetate in a stirred-tank
reactor, the stability of the biocatalysts was even higher at the half-life time longer than 600–700 h
at 40 ◦C (Figure 8b). Generally, the highest operational stability of the composite biocatalysts was
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observed when aggregated CNT2s (but not dispersed CNTs and CNSs) were used for the biocatalyst
preparation (Figure 8b).

 

Figure 8. Operational stability of rE. coli/lip lysate-based biocatalysts in the processes: (a) Continuous/
periodic interesterification of oil-fat blends at 70–75 ◦C; the biocatalyst composition, in w/w %: rE. coli/lip
lysate—37–38, maltodextrin—10, SiO2—till 100. (b) Periodic interesterification of sunflower oils with ethyl
acetate at 40 ◦C; the biocatalyst composition, in w/w %: rE. coli/lip lysate—25–28, maltodextrin—10,
nanocabons—10, 1—CNSs, 2—CNT1s, 3—CNT2s, 4—without nanocarbon (dotted line), SiO2—till 100.

One of the reasons for inactivation of the lipase-active biocatalysts during long-term
interesterification in anhydrous media was the dehydration of biocatalysts because of replacement
of essential water from the vicinity of immobilized lipase by highly hydrophobic substrate—oil
triglycerides. In periodic esterification of fatty acids with isopentanol, the stability of all prepared
biocatalysts was extremely high; the biocatalysts operated without the activity loss longer than several
hundred hours at 40 ◦C [36,42] due to accumulation of essential water as a product of this reaction
inside biocatalysts.

The study of selectivity of the lipase-active heterogeneous biocatalysts in esterification toward
the structure of substrates—acid and alcohol—was started by the authors; the initial results were
described in [36,43]. The rate of esterificarion was higher for fatty acids with 10 and 18 carbon atoms
in the molecule than for butyric acid with 4 carbon atoms (Figure 9), whereas cyclic and aromatic acids
reacted at the lowest rates close to zero. Inclusion of carbon nanotubes provided the two-fold increase
in activity of the biocatalysts and some changes of selectivity (Figure 9). The systematic study on
selective esterification by immobilized recombinant lipase is in progress now, and possible modulation
of the selectivity via biocatalysts engineering is of great interest.

Figure 9. Activity of rE. coli/lip lysate-based biocatalysts and the nanocarbons-in-silica composites
in reaction of esterification of fatty acids such as butyric C4:0, capric C10:0 and stearic C18:0 with
isopentanol. Reaction conditions: 20 ◦C, 0.1 M fatty acid, 0.2 M isopentanol, hexane and diethyl ether
in ratio 1:1. Reactions were performed in six replicates.
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5. Materials and Methods

5.1. Enzymatic Active Substances

5.1.1. Glucose Isomerase Active Component of the Biocatalysts

Bacteria strains producing glucose isomerase such as Arthrobacter nicotianae deposited
in the collection of non-pathogenic microorganisms and recombinant strain-producer E. coli
BL21(DE3)/pET24bxylA (designated as rE. coli/xyl) were provided by colleagues from the Institute of
Microbiology (Minsk, Belarus) and described in a number of papers [12,13,20,21]. A. nicotianae biomass
was harvested by centrifugation at 10,000 g for 15 min. The rE. coli/xyl biomass was collected at the
end of the late logarithmic phase or at the beginning of the steady-state phase by centrifugation at
5000 rpm for 15 min. The humidity of the biomass was 75–80 w/w %.

The specific activities of A. nicotianae cells in buffered suspension, pH 7.8 were avg. 150 and
550 U·per 1 g of dry cells at 60 and 75 ◦C, respectively. The glucose isomerase activity in rE. coli/xyl
cell suspension was avg. 3000 U per 1 g of dry cells at 70 ◦C.

The glucose isomerase activity were measured in the medium of 0.02 M phosphate buffer pH 7.0
(for rE. coli/xyl) and 7.8 (for A. nicotianae) at 60–75 ◦C. Fructose in concentration of 2–3 M was used as
a substrate. In order to determine the enzymatic activity in cell suspensions, ions of Mg2+ and Co2+

as 1 mM sulfate salt solutions were added to the reaction medium. No Co2+ ions were added to the
reaction medium for measuring the activity of heterogeneous biocatalysts containing insoluble CoxOy.
The concentration of glucose produced via fructose isomerization was determined using HPLC [13]
and spectrophotometric techniques with glucose oxidase (GO) as a selective reagent for glucose, for
example, using procedure described in [44] with GO, KJ and NaMoO4.

5.1.2. Invertase Active Component of the Biocatalysts

Commercial Saccharomyces cerevisiae baker yeasts was suspended in 0.02 M acetate buffer pH
4.6 and used for preparing whole-cell biocatalysts. The invertase activity in cell suspension was avg.
6000 U per 1 g of dry cells at 50 ◦C.

Yeast autolysates were obtained by autolysis of commercial baker yeast under continuous stirring
at 50 ± 1 ◦C for 18–22 h. The autolyzed biomass was collected by centrifugation at 5000 rpm for
30 min, the supernatant was withdrawn, and the sediment was then re-suspended in 0.15 M KCl and
washed. This procedure was three or four times repeated until the supernatant became transparent
and colorless. The beige-colored paste-like sediment of yeast autolysates contained 20–22 w/w % of
dry substances (the humidity was 78–80 w/w %) was used for biocatalysts preparation.

The invertase activity was measured in 0.02 M acetate buffer pH 4.6 at 50 ◦C using 0.6 M sucrose
as a substrate. The analysis of glucose as a product of sucrose inversion was done with glucose
oxidase [44]. The invertase activity in suspension was avg. 30,000 U per 1 g of dry autolysates at 50 ◦C.

5.1.3. Lipase Active Component of the Biocatalysts

The recombinant E. coli BL21(DE3) strain producing thermostable lipase (denoted as rE. coli/lip)
was constructed by cloning chemically synthesized gene of mature Thermomyces lanuginosus lipase in
the pJExpress 401 expression vector under the control of the bacteriophage T5 promoter as described
in [16,19,36]. When the cultivation of the recombinant strain-producer was completed, the rE. coli/lip
biomass was harvested by centrifugation at 3000 g for 20 min. The sediment was re-suspended
in 10 mM phosphate-buffered saline pH 8.0. The lipase activity was measured in the reaction of
hydrolysis of 0.2 M tributyrin in 0.02 M phosphate buffer pH 7.0 at 20 ◦C. Glycerol (1.2 M) and Gum
arabic (0.6 w/v %) were added to reaction medium for emulsifying tributyrin. The lipase activity of
suspended rE. coli/lip cells was avg. 50 U per 1 g of dry cells.

Lysates of rE. coli/lip cells were obtained as follows. The harvested recombinant cells were
suspended and incubated with 1–2 mg·mL−1 lysozyme in ice for 30 min, then sonicated in an ultrasonic
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disintegrator at the maximum power of 300 W for 20–30 s. Then, MgCl2, DNAase and RNAase
A solutions were added to sonicated cells at the final concentrations of 5 mM, 10 μg·mL−1 and
50 μg·mL−1, respectively. This mixture was placed in a water bath and incubated at 20 ◦C for 10 min,
then sonicated again seven times for 15–20 s in ice in the ultrasonic disintegrator at the maximum
power. The suspension of twice sonicated cells was centrifuged, and the supernatant (named rE. coli/lip
lysates) was collected and used for preparation of LIP-active biocatalysts. The hydrolytic lipase activity
of rE. coli/lip lysates in suspension was avg. 150 U per 1 g of dry lysates.

The relative experimental error of measuring enzymatic activity was no more than 15%.

5.2. Silica Hydrogel and Nanocarbon Materials

Silica hydrogel was obtained via coagel formation in continuous sol–gel procedure using sodium
silicate (liquid glass, Na2SiO3) reacting with ammonium nitrate at pH 7.5 and 70 ◦C [15]. The hydrogel
humidity was 80–90 w/w %. Drying of silica hydrogel at 105–120 ◦C resulted in the formation of
mesoporous silica xerogel (SiO2–xerogel) with the specific surface area (Ssp.BET) equal to 260 m2/g,
total pore volume (VΣ) 0.5–0.6 cm3/g and average pore diameter (Dpore) 20–22 nm.

Fine powders of nanostructured carbons were used for preparing multi-component composite
biocatalysts. Texture characteristic of the nanocarbons are listed in Table 6. Multi-walled carbon
nanotubes (CNTs) were synthesized by CVD ethylene decomposition over supported Fe,Co-catalyst
at 670 ◦C [45]. Carbon nanospheres with onion-like structure (CNSs) were synthesized by high
temperature annealing of nanodiamonds in vacuum at 1600 ◦C [46,47]. Nanodiamonds (NDs) of
4–6 nm in size were produced in Biysk, Russia and contained 85–91 w/w % of carbon. The primary
particles of CNTs, CNSs and NDs were associated to 100–200 nm aggregates; these aggregates were
dispersed using an ultrasonic disintegrator as follows. The aggregated nanocarbons, in particular CNTs,
were mixed with SiO2-hydrogel and distilled water, then treated with ultrasound at 22 kHz-frequency
and 300 W power for 30 min in a water-cooled vessel.

Table 6. Texture characteristic of nanocarbons.

Type of Nanocarbon Diameter of Primary Particle, nm Ssp.BET, m2/g

CNT1 9–11 320
CNT2 20–22 140
CNF 20–60 160
CNS1 5–6 485
CNS2 8–10 250
ND 4–6 325

Carbon nanofibers (CNFs) with the “fishbone” structure were synthesized by methane pyrolysis
over supported Ni-catalysts [48,49]. Bulk CNFs granules were grinded to fine powder in a mortar
prior to the preparation of biocatalysts.

5.3. Biocatalytic Processes of Substrate Conversion

5.3.1. Substrates and Reagents

Tributyrin and butyric acid were purchased from MP Biomedicals, LLC. Gum Arabic was
purchased from Fluka. Sucrose, fructose and vegetable oils such as sunflower and linseed oils were
purchase in a local food-shop. Hexane, diethyl ether, methyl and ethyl acetate, isopentanol, glycerol,
and organic acids including saturated fatty acids (capric C10:0 and stearic C18:0) were produced in
Russia. All the reagents and solvents used were of analytical grade.
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5.3.2. Monosaccharide (Glucose, Fructose) Isomerization

The continuous process of isomerization of monosaccharides (glucose and fructose) was carried
out in a plug flow packed-bed reactor. The reactor was filled with the prepared GI-active biocatalyst
granules of 1–4 mm in size and inert filler, such as glass balls of 2 mm in diameter, their volume ratio
being 1:1. The use of the filler reduced significantly the pressure drop of the bed. The reactor was
placed into a thermostat at 65 ± 5 ◦C, and 3 M monosaccharide solution was run through the bed
downward at the flow rate of 0.02 mL·min−1. Aliquots were taken at the reactor outlet in regular
intervals (once per day) and glucose concentrations were analyzed. The conversion (in %) of the
substrate was calculated, and half-life time (t 1

2
) was determined.

5.3.3. Sucrose Inversion

The activity of the invertase-active biocatalysts was measured using a circulation set-up consisting
of a differential gradientless column reactor with a thin bed of the prepared biocatalyst (0.1–0.5 g).
The thermostat was maintained at given temperature (50–60 ◦C) of the reaction medium and in
the biocatalyst bed. A peristaltic pump provided circulation of the substrate solution through the
biocatalyst bed at the flow rate 1–35 mL·min−1. The duration of one reaction cycle ranged from 2 to
8 h. After finishing the reaction cycle, the reaction medium was removed, and the biocatalyst was
rinsed with distilled water and buffer. The steady-state activity of the biocatalyst was determined after
conditioning biocatalysts as described elsewhere [18].

5.3.4. Interesterification of Oil-Fat Blends

The interesterification of oil-fat blend was carried out in periodic mode in a stirred-tank reactor
and in a lab-scale set-up comprising a flow packed-bed bioreactor at 60–75 ◦C [16,17]. Initial blends
and interesterified (final) products were analyzed using a pulsed NMR spectrometer. The conversion
(x, %) was calculated from the decrease in the solid fat content measured at 35 ◦C in final products in
comparison with initial oil-fat blends. The initial blends were prepared by mixing vegetable (soybean,
sunflower or oleic) oils with heated fully hydrogenated one in proportion of 2–3 parts of oil to 1 part of
hydrogenate. The interesterification in the lab-scale set-up was performed as follows. A stainless still
column reactor was filled with 0.5–2 mm granules of the rE. coli/lip lysate-based biocatalyst of mixing
uniformly with the inert filler such as 1–2 mm granules of commercial silica at the volume ratio of 3:1.
Samples for analysis were collected every 3 h. The temperature in the reservoir with substrate and in
reactor was kept at 70–75 ◦C. Initial oil-fat blends were pumped through the fixed bed at the flow rate
of 0.12 mL·min−1 for 8–10 h. Then the flow of blends was stopped and the reactor was cooled down to
20–22 ◦C. After 14–15 h storage, the next reaction cycle was started by heating the reservoir and the
reactor up to 70–75 ◦C. The biocatalyst was tested in this regime for 120 h.

5.3.5. Interesterification of Vegetable Oil with Ethyl Acetate

The interesterification of vegetable oil with methyl- or ethyl acetate was carried out in periodic
mode in a stirred-tank reactor on a shaker at 120–150 rpm and 40 ◦C. The reaction medium
had the following composition: 0.1 M oil, 2.3–2.5 M ethyl acetate, solvent—n-hexane. Depending
on the activity of the prepared biocatalyst, the duration of one reaction cycle ranged from 5 to
144 h. The products—ethyl esters of fatty acids—were analyzed using gas (GC) and thin-layer
chromatography (TLC) under the conditions described elsewhere [41].

5.3.6. Esterification of Fatty Acids with Aliphatic Alcohols

Esterification was carried out in periodic mode in a stirred-tank reactor on a shaker at 70 rpm
and 40 ◦C. Two substrates (S) used for esterification were following: substrate S1—butyric C4:0,
capric C10:0, and stearic C18:0 fatty acids, as well as benzoic and phenoxyacetic acids; substrate
S2—isoamyl alcohol (isopentanol). The reaction medium had the following composition:0.1 M acid (S1)
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and 0.2 M alcohol (S2) in solvent—mixture of hexane and diethyl ether in a 1:1 ratio. The duration of
one reaction cycle was 24 h. The esterification rate was determined from the consumption of the organic
acid involved in the synthesis of the ester. The concentration of S1 was determined titrimetrically
with water-ethanol solution of NaOH with known concentration. The conversion (x, in %) of the S1

was calculated.

6. Main Equipment

The texture parameters of the heterogeneous biocatalysts were examined by both the nitrogen
adsorption/desorption and mercury intrusion porosimetry using ASAP 2400 V3.07 and AUTO-PORE
IV 9500 V1.09 devices (Micromeritics Instrument Corporation, Norcross, GA, USA), respectively.
The specific surface areas (Ssp.BET) were measured by thermal desorption of argon using a
SORBI-M instrument (ZAO Meta, Novosibirsk, Russia). The content of nanocarbons was determined
gravimetrically and by thermal analysis using a STA-449 C Jupiter instrument (Netzsch, Selb,
Germany).The morphology of the cleavages of the biocatalysts was examined with a scanning electron
microscope (SEM) JSM 6460 LV (JEOL Ltd., Tokyo, Japan). Marks in the SEM images corresponded to
the distance in μm. A pulsed NMR spectrophotometer (ZAO Chromatek, Yoshkar-Ola, Russia) was
used for measuring the solid fat contents in oil-fat blends and interesterified products.

7. Conclusions

Multi-component heterogeneous biocatalysts were prepared using a peculiar method developed
for immobilization both of whole non-growing microorganisms and fully disrupted microbial cells
(lysates) by immuring inside silica xerogel and nanocarbons-in-silica composites. Properties of these
whole-cell and lysate-based biocatalysts such as single-enzymatic activity and operational stability
were investigated systematically. The effect of the included nanocarbons such as nanotubes, nanofibers,
onion-like nanospheres on the activity and stability of composite biocatalysts was studied.

With glucose isomerase-active whole-cell biocatalysts, only inconsiderable effect after inclusion of
nanocarbons on the properties of the composite nanocarbons-in-silica biocatalysts was established.
The glucose isomerase activity was only 1.1–1.15 times as high as that of the nanocarbons-free
SiO2-xerogel because of weak adhesion of A. nicotianae and recombinant rE. coli/xyl bacteria
on nanocarbons. The cross-linking of the dried biocatalysts by 0.1–1% glutaric dialdehyde led
to increase in one and half times biocatalytic activity; the maximal steady-state activity was
160 U·g−1 at 70 ◦C. The operational stability was enhanced as well; t1/2 > 1200 h under continuous
glucose/fructose isomerization.

With invertase-active biocatalysts, there was significant positive effect after inclusion of
nanocarbons inside silica xerogel. The maximal effect on properties of the composite lysate-based
biocatalysts was observed upon inclusion of CNTs, the invertase activity being as high as 2–6 times of
that of the nanocarbons-free biocatalysts. The highest steady-state activity, 3000 U·g−1 at 50 ◦C,
was determined for the composite CNTs-in-silica lysate-based biocatalysts; t1/2 > 200 h under
continuous sucrose inversion at 50 ◦C. Correlation between the adhesion ability of yeast lysates
on nanocarbons and the steady-state activity of the biocatalysts was found.

The lipase-active biocatalysts prepared by immuring rE. coli/lip lysates inside silica xerogel
and nanocarbons-in-silica composites, the effect of the included nanocarbons on biocatalytic activity
and stability depended significantly on the reaction type. In interesterification of oil-fat blends,
the biocatalysts prepared without nanocarbons and with inclusion of maltodextrin demonstrated
the highest activity and stability. The half-life time was ~70 h at 70–75 ◦C. In interesterification of
sunflower oil with ethyl acetate, the most active and stable biocatalysts were prepared both without
nanocarbons and with included CNT2s. The half-life time was ~720 h at 40 ◦C. In low-temperature
esterification of fatty acid with aliphatic alcohols in organic solvents, the lipase activity was 5–6 times
increased after inclusion of carbon nanotubes (CNT2s) and nanospheres (CNS2s) inside silica xerogel.
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The composite nanocarbons-in-silica biocatalysts for synthesis of isopentyl esters of capric (C10:0) and
srearic (C18:0) acids operated for more than 1000 h at 40 ◦C without loss of activity.
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Abstract: In this study, the active and stable cross-linked enzyme aggregates (CLEAs) of the
thermostable esterase estUT1 of the bacterium Ureibacillus thermosphaericus were prepared for
application in malathion removal from municipal wastewater. Co-expression of esterase with an
E. coli chaperone team (KJE, ClpB, and ELS) increased the activity of the soluble enzyme fraction up
to 200.7 ± 15.5 U mg−1. Response surface methodology (RSM) was used to optimize the preparation
of the CLEA-estUT1 biocatalyst to maximize its activity and minimize enzyme loss. CLEA-estUT1
with the highest activity of 29.4 ± 0.5 U mg−1 (90.6 ± 2.7% of the recovered activity) was prepared
with 65.1% (w/v) ammonium sulfate, 120.6 mM glutaraldehyde, and 0.2 mM bovine serum albumin
at 5.1 h of cross-linking. The biocatalyst has maximal activity at 80 ◦C and pH 8.0. Analysis of the
properties of CLEA-estUT1 and free enzyme at 50–80 ◦C and pH 5.0–10.0 showed higher stability
of the biocatalyst. CLEA-estUT1 showed marked tolerance against a number of chemicals and
high operational stability and activity in the reaction of malathion hydrolysis in wastewater (up to
99.5 ± 1.4%). After 25 cycles of malathion hydrolysis at 37 ◦C, it retained 55.2 ± 1.1% of the initial
activity. The high stability and reusability of CLEA-estUT1 make it applicable for the degradation
of insecticides.

Keywords: molecular chaperones; esterase; Ureibacillus thermosphaericus; cross-linked enzyme
aggregates; response surface methodology; malathion hydrolysis

1. Introduction

Malathion (S-(1,2-dicarbethoxyethyl)-O,O-dimethyldithiophosphate) is a broad-spectrum
insecticide which is widely used due to its efficiency for pest and insect control and low price.
However, malathion and its derivates are highly toxic for living organisms, including humans.
Malathion mainly targets the central nervous and immune systems and causes various symptoms
including dizziness, nausea, and attention disorder [1]. Therefore, it is important to prevent
the pollution of air and soil and especially water with this insecticide [2,3]. There are several
approaches to degrading malathion in wastewater, including chemical oxidation [3], ultraviolet
irradiation [4], nanofiltration [3], and biological treatment (with bacteria [5], fungi [6], and algae [7]).
Currently, biological treatment is considered as a preferred method for malathion removal from
aqueous solutions, since it is inexpensive, less time-consuming, and in most cases, provides
complete degradation of this insecticide. A wide range of bacteria, including Bacillus licheniformis [8],
Pseudomonas putida, Pseudomonas sp. [9], Rhodoccocus rhodochrous, and Sphingomonas sp. [5], have been
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successfully applied in malathion biodegradation due to their ability to produce hydrolytic enzymes
(hydrolases and carboxylesterases). Application of purified microbial hydrolytic enzymes is an
alternative way to degrade malathion as they have higher activity and specificity as compared
to the microbial strains [10,11]. Their immobilization allows their activity and stability to be
increased and promotes their separation from the reaction medium, along with repeated use [12–14].
Currently, the hydrolytic immobilized enzymes are not applied for malathion removal from municipal
wastewater, but Adhikari et al. [15] applied immobilized cells of Bacillus sp. S14 for its hydrolysis in
aqueous solutions.

The widespread application of hydrolytic enzymes (lipases and esterases) in industry and for the
biodegradation of insecticides is still limited by their high production costs. One of the problems is the
low protein expression in common host systems. This may be the result of the toxicity of the expressed
proteins [16], presence of disulfide bonds [17], or inactivation of the protein and formation of inclusion
bodies after intracellular aggregation of proteins [18,19]. Expression of molecular chaperones and
chaperonins with enzymes can decrease the formation of protein aggregates. It was shown that the
co-expression of the E. coli DnaK and GroEL chaperone team proved to be most effective for increasing
the expression of lipase from Psychrobacter sp. in a soluble form, as compared to expression with
each chaperone alone [20]. Application of this approach allows the yield of protein to be increased,
thereby reducing the cost of its production.

In addition to high protein activity, the stability in a wide range of pH and temperature, along with
superior tolerance to solvents and chemicals [21], are required for the successful application of enzymes
in various processes, including malathion removal from municipal wastewater. Immobilization
prolongs protein operation and can be performed by physical adsorption, entrapment, covalent
bonding, and cross-linking (carrier free) [22]. Among these methods, the application of cross-linked
enzyme aggregates (CLEAs) is a prospective immobilization approach that combines all steps of
preparation (purification, precipitation, and immobilization) in one, making the process simple,
time-saving, and low-cost. CLEAs biocatalysts have high activity and stability over a wide range of
pH (4.0–11.0) [23], temperature (10–90 ◦C) [24,25], and a high tolerance to chemical reagents including
phenylmethylsulfonyl fluoride (PMSF), sodium dodecyl sulfate (SDS), ethanol, and phenol [26].
Such biocatalysts were previously successfully applied for the production of biodiesel [27,28] and
chemicals [29], but not for insecticide degradation.

In this study, we report the preparation of a highly active CLEAs biocatalyst from the novel
thermostable esterase estUT1 of the bacterium Ureibacillus thermosphaericus for application in malathion
removal from real wastewater. Co-expression of the E. coli chaperone team of KJE, ClpB, and ELS with
the esterase led to an increase in the production of soluble and active enzyme. Optimization of the
biocatalyst preparation was performed with response surface methodology (RSM) using face-centered
central composite design (FCCCD) for the following parameters: cross-linking time and concentrations
of precipitating reagent, glutaraldehyde, and chemical additives. The biocatalyst was stable in a wide
range of pH and temperature and in the presence of various chemicals, and was further tested in the
reaction of malathion hydrolysis in municipal wastewater. Therefore, this approach allowed the yield
of soluble estUT1 in E. coli to be increased and enzyme loss to be reduced during the preparation of a
highly active and stable biocatalyst for application in the degradation of organophosphorus insecticide
during wastewater treatment.

2. Results and Discussion

2.1. Chaperone Co-Expression with estUT1

Recently, we have cloned and studied properties of the new thermostable esterase estUT1 from
the bacterium U. thermosphaericus [30]. EstUT1 is stable at pH 5.0–9.0, at temperature 50–70 ◦C,
and is tolerant to various chemicals and organic solvents, which makes it promising for application
as a catalyst in wastewater treatment for malathion removal. The esterase estUT1 is expressed in
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E. coli BL21(DE3) as inclusion bodies that need to be further refolded in vitro [30]. In this respect,
the co-expression of a combination of molecular chaperones and chaperonins with the recombinant
proteins is the one of the strategies to solve this problem. The DnaK system (DnaK with its
co-chaperones DnaJ and GrpE; KJE) prevents formation of the inclusion bodies by reducing aggregation
and stimulating the proteolysis of misfolded proteins [31]. The bi-chaperone system comprised by
KJE and ClpB promotes solubilization and disaggregation of proteins [32,33]. The GroEL system
(GroEL with its co-chaperonin GroES; ELS) promotes protein transit between the soluble and insoluble
protein fractions [34]. Therefore, to study the influence of chaperones on the expression of estUT1,
a combination of KJE, ClpB, and ELS chaperones was used as one of the most effective folding systems.
Previously, it was shown that a chaperone team (KJE, ClpB, and ELS) improves the yield of soluble
fraction of proteins expressed in E. coli by 2.5–3.5 times [35].

In this study, the estUT1 gene was expressed in E. coli BL21(DE3) as a His-tagged fusion protein.
The esterase estUT1 alone was produced as inclusion bodies in the insoluble fraction (Figure 1,
line 2) [30]. Its co-expression with the chaperone team (KJE, ClpB, and ELS) resulted in a higher
yield of active estUT1 in a soluble fraction of cell lysate (Figure 1, line 4). The specific activity
of purified esterase in a soluble fraction after its co-expression with chaperones increased up to
200.7 ± 15.5 U mg−1, as compared to esterase expressed without chaperones (22.6 ± 1.7 U mg−1).
These results correlate with the data on the expression of other lipolytic enzymes; for example,
co-expression of the molecular chaperone team KJE and ELS with the lipase from Psychrobacter sp.
resulted in an increase in its specific activity from 66.51 ± 3.84 to 108.77 ± 4.62 U mg−1 in E. coli [20].
These results confirm that the expression of E. coli molecular chaperones (KJE, ClpB, and ELS) has a
positive effect on the yield of the soluble esterase estUT1. The resulting highly active purified protein
from E. coli co-expressing chaperones and estUT1 was further used to prepare CLEAs biocatalyst.

Figure 1. Co-expression of the molecular chaperone team (KJE, ClpB, and ELS) and the esterase estUT1
in E. coli BL21(DE3). M: protein molecular weight marker; 1: E. coli BL21(DE3) transformed with
pET32b vector (soluble fraction); 2: E. coli BL21(DE3) transformed with pET32b-UT1 plasmid (insoluble
fraction); 3: E. coli BL21(DE3) transformed with pET32b-UT1 plasmid (soluble fraction); 4: E. coli
BL21(DE3) transformed with pET32b-UT1 co-expressed with chaperones (soluble fraction); 5: estUT1
(Ni-NTA purification); 6: estUT1 co-expressed with chaperones (Ni-NTA purification).

2.2. Preparation of CLEA-estUT1

In this study, the CLEAs approach was used for the preparation of biocatalyst from the esterase
estUT1 for application in malathion hydrolysis. The procedure involves the aggregation of free enzyme
from the aqueous solution with a precipitation agent (ammonium sulfate, ethanol, acetone), followed
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by cross-linking of aggregates by a bifunctional agent (glutaraldehyde) [36]. This approach does not
require the use of a carrier [22], therefore resulting in an improvement of biocatalyst activity.

2.2.1. Selection of Precipitant

Various chemicals including acetone, tert-butanol, isopropanol, ethanol, and ammonium sulfate
(50%, w/v) were tested using the precipitant–protein ratio of 3:1 (v/v) to select the optimal precipitant
for the preparation of CLEAs from the purified esterase estUT1. Results are shown in Table 1.

Table 1. Effect of various precipitants on the activity of CLEAs biocatalyst.

Precipitant Type Recovered Activity, %

Acetone 30.3 ± 2.8
tert-Butanol 34.5 ± 4.7
Isopropanol 8.7 ± 1.1

Ethanol 6.2 ± 0.4
Ammonium sulfate (50%, w/v) 58.4 ± 4.1

Preparation of biocatalyst: 0.5 mL of the enzyme solution (1 mg mL−1), precipitant–protein ratio 3:1 (v/v), 75 mM
glutaraldehyde, 4 h of cross-linking.

Ammonium sulfate is a widely used precipitant for preparation of CLEAs from various enzymes
including lipases [37], esterases [38], amylases [39], and proteases [40]. In this study, ammonium sulfate
was also found as the most suitable precipitant and used for further studies on biocatalyst preparation.

2.2.2. Selection of Additives

In this study, two additives were tested in order to elucidate their effect on the activity of CLEAs
(Table 2): bovine serum albumin (BSA) as a protein feeder [41] and SDS as a surfactant that facilitates
the precipitation of aggregates in a stable conformation and increases the interfacial surface of the
enzyme [42]. In this study, BSA increased the CLEAs activity up to 154.2 ± 16.5%. This may be due to
the presence of free amino groups on the surface of the protein, for example, lysine, which reacts with
glutaraldehyde, thereby preventing the denaturation of protein [43]. If SDS was used as an additive,
CLEA-estUT1 showed only a slight increase in its activity (up to 109.7 ± 8.4%), which correlates with the
data of Gupta et al. [42]. They reported an efficient cross-linking of the enzyme after precipitation with
ammonium sulfate, along with an increase in the activity of CLEAs in the presence of SDS by two-fold.
According to these data, BSA was selected as the most effective additive for CLEAs preparation.

Table 2. Effect of additives on the activity of CLEAs.

Additives Relative Activity, %

Control 1 100.0 ± 4.7
BSA 154.2 ± 16.5
SDS 109.7 ± 8.4

1 Biocatalyst activity without additives was considered as 100% of the relative activity. Preparation of biocatalyst:
0.5 mL of the enzyme solution (1 mg mL−1), 60% (w/v) ammonium sulfate, 75 mM glutaraldehyde, 4 h
of cross-linking.

2.2.3. Optimization of CLEA-estUT1 Preparation

In this study, the RSM with FCCCD was used to optimize conditions for preparation of the
CLEA-estUT1 biocatalyst (Table 3). The highest recovered CLEA-estUT1 activity was found to
be 85.4% in run 7, at 55% (w/v), 87.5 mM, and 0.2 mM of ammonium sulfate, glutaraldehyde,
and BSA, respectively, after 4.5 h of cross-linking. The coefficients of the equation of the complete
regression model and their statistical significance were determined and evaluated after processing of
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the experimental data. A second-order polynomial model was built with the regression analysis and is
represented by the following equation:

Recovered activity of CLEA-estUT1 (%) = 66.18 + 4.74A + 6.70B + 7.78C + 13.84D + 3.28AB +
2.12AC + 0.50AD + 0.45BC + 1.13BD − 0.47CD − 23.67A2 − 10.69B2 − 7.42C2 + 7.32D2 (1)

where A: cross-linking time, B: concentration of ammonium sulfate, C: concentration of glutaraldehyde,
and D: concentration of BSA.

Table 3. Experimental design for optimization of CLEA-estUT1 preparation.

Run Time, h Ammonium Sulfate, % (w/v) Glutaraldehyde, mM BSA, mM Recovered Activity, %

1 4.5 55 25 0.105 45.1
2 1 80 25 0.2 42.0
3 8 30 25 0.01 7.5
4 4.5 55 87.5 0.105 72.4
5 1 80 25 0.01 9.7
6 4.5 55 87.5 0.105 71.4
7 4.5 55 87.5 0.2 85.4
8 8 80 25 0.01 19.8
9 1 30 150 0.01 21.8
10 4.5 55 87.5 0.105 74.1
11 1 30 150 0.2 38.7
12 1 80 150 0.2 50.4
13 4.5 55 87.5 0.105 65.1
14 8 55 87.5 0.105 40.4
15 1 30 25 0.2 29.6
16 1 80 150 0.01 18.9
17 4.5 30 87.5 0.105 43.2
18 4.5 80 87.5 0.105 60.3
19 8 30 150 0.01 18.2
20 8 80 150 0.01 47.2
21 1 30 25 0.01 5.3
22 4.5 55 87.5 0.105 65.7
23 8 30 25 0.2 32.1
24 1 55 87.5 0.105 37.2
25 4.5 55 87.5 0.01 54.2
26 8 30 150 0.2 52.4
27 4.5 55 87.5 0.105 70.6
28 8 80 25 0.2 51.3
29 8 80 150 0.2 70.0
30 4.5 55 150 0.105 65.0

Table 4 shows the result of analysis of variance (ANOVA),which verifies the significance of the
model as well as the effect of individual independent variables and their interaction on the response.
The efficiency of the resulting model was indicated by the high value of R2 (0.97) and adjusted R2 (0.94),
and the model equation accounts for 97 or 94% variation. The F-value (33.36) and p-value (<0.0001) of
this model confirm that the model is significant. The p-values presented in Table 4 show that the most
significant factors in the CLEA-estUT1 preparation are the concentrations of BSA and glutaraldehyde
(p < 0.0001). The time of cross-linking (0.0021) and the concentration of ammonium sulfate (0.0001)
have a less pronounced effect on CLEA-estUT1 activity.
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Table 4. ANOVA for CLEA-estUT1 preparation.

Source Sum of Squares F-Value p-Value

Model 13,771.01 33.36 <0.0001
Time, A 403.56 13.69 0.0021

Ammonium sulfate, B 808.96 27.44 0.0001
Glutaraldehyde, C 1090.45 36.98 <0.0001

BSA, D 3449.76 117.00 <0.0001
AB 172.27 5.84 0.0288
AC 71.83 2.44 0.1394
AD 4.00 0.14 0.7178
BC 3.28 0.11 0.7435
BD 20.48 0.69 0.4177
CD 3.59 0.12 0.7319
A2 1451.57 49.23 <0.0001
B2 296.06 10.04 0.0064
C2 142.83 4.84 0.0438
D2 138.84 4.71 0.0465

Lack of fit 375.04 2.79 0.1345

The three-dimensional (3D) response surface (Figure 2) represents the regression equation used
for the analysis of the interaction between variables and determination of the optimum concentration
of each factor for maximizing biocatalyst activity. The 3D plot shows the concentration functions of
two variables at a fixed value at the central point of the remaining factors.

The time of cross-linking is an important parameter for CLEAs preparation, and for different
enzymes, may vary from 1 h [44] to 20 h [23]. In this study, this parameter was 1–8 h. Figure 2a–c
shows the effect of cross-linking time on the activity of CLEAs, depending on the concentration
of ammonium sulfate, glutaraldehyde, and BSA, respectively. The highest activity of CLEAs was
observed at 4.5–5.5 h.

Figure 2. Cont.
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Figure 2. Response surface plots representing the dependence of the CLEA-estUT1 activity on the
parameters of biocatalyst preparation: (a) concentration of ammonium sulfate and cross-linking time;
(b) concentration of glutaraldehyde and cross-linking time; (c) concentration of BSA and cross-linking
time; (d) concentration of glutaraldehyde and ammonium sulfate; (e) concentration of BSA and
ammonium sulfate; (f) concentration of BSA and glutaraldehyde.

The amount of precipitant (ammonium sulfate) plays an important role in CLEAs preparation,
thereby affecting the size of the protein aggregates. It was found that a low concentration of precipitant
results in its inability to form protein aggregates. On the contrary, a high precipitant concentration
can inhibit the enzyme activity [37]. According to the model from this study, the protein is preferably
precipitated from the solution at 60–70% saturation with ammonium sulfate (Figure 2a,d,e). This range
of concentrations is widely used for the precipitation of enzymes. For example, CLEAs of lipase M37
from Photobacterium lipolyticum [23] and α-amylase from Bacillus amyloliquefaciens [45] were prepared
with 70% saturated ammonium sulfate.

The concentration of glutaraldehyde strongly affects the activity of the enzyme. If a low
concentration of a cross-linker is used, the enzyme molecule may remain flexible and unstable,
which will lead to protein leaching in solution. Excessive use of glutaraldehyde can cause loss
of the minimum flexibility of the enzyme due to the formation of protein aggregates with a strong
diffusion resistance [41]. Therefore, the concentration of glutaraldehyde should be optimized in order
to obtain active CLEAs. As shown in Figure 2b,d,f, the highest activity of CLEAs was observed
when 115–125 mM of glutaraldehyde was used for biocatalyst preparation. Previously, 75 and 60 mM
glutaraldehyde was applied for the preparation of CLEAs of lipase from Rhizopus oryzae [44] and
esterase from Bacillus subtilis [38], respectively. However, higher concentrations of the cross-linking
agent have also been used for CLEAs preparation. For example, 140 mM glutaraldehyde has been
used to immobilize catalase from the bovine liver [24].

In this study, the effect of the BSA concentration on the activity of CLEAs was evaluated.
Figure 2c,e,f shows that its effect on the activity of CLEAs depends on the time of cross-linking
and concentrations of ammonium sulfate and glutaraldehyde, respectively. The highest recovered
activity of CLEA-estUT1 was at 0.2 mM BSA, which correlates with the study of Khanahmadi et al. [37],
where 0.17 mM BSA was used as a co-feeder for the preparation of CLEAs of lipase isolated from
cocoa pods.

The model obtained in this study was validated as shown in Table 5, and the experimental
values were compared with those predicted by the model. Thus, the model based on RSM with
FCCCD showed a high correlation with the experimental data and can be used for modeling of the
CLEA-estUT1 preparation. The optimal conditions for the preparation of CLEAs biocatalyst from the
esterase estUT1 were 65.1% ammonium sulfate, 120.6 mM glutaraldehyde, and 0.2 mM BSA at 5.1 h
of cross-linking.
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Table 5. Validation of the experimental model.

Time, h Ammonium Sulfate, % (w/v) Glutaraldehyde, mM BSA, mM
Recovered Activity, %

Experimental Predicted

5.1 65.1 120.6 0.2 90.6 ± 2.7 91.3

2.3. Study of CLEA-estUT1 Properties

Biocatalysts for industrial applications including wastewater treatment must be stable in a broad
range of conditions. Therefore, a comparative analysis of the stability of free and immobilized esterase
estUT1 is performed here in order to evaluate the biocatalyst’s effectiveness in the application of
malathion hydrolysis in municipal wastewater.

2.3.1. Effect of pH and Temperature on the Activity and Stability of Free estUT1 and CLEA-estUT1

The catalytic activity of free and immobilized estUT1 esterase was evaluated at pH 5.0–10.0.
As shown in Figure 3a, the optimum pH for both forms of enzyme was 8.0, but CLEA-estUT1 had
higher activity at pH 7.0 and 9.0, which was 92.4 ± 7.6% and 90.3 ± 4.7%, respectively. The higher pH
stability of CLEAs (Figure 3b) is due to the covalent cross-linking between enzyme aggregates that
increases the rigidity of the enzyme structure [46].

Figure 3. Effect of pH on the activity and stability of free and immobilized estUT1. (a) The activity of
estUT1 and CLEA-estUT1 in buffers with different pH values was assayed with p-nitrophenyl acetate
(pNPC2) as a substrate at 50 ◦C. (b) The pH stability of estUT1 and CLEA-estUT1 was examined in
different buffers at 50 ◦C after 1 h of incubation.
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As shown in Figure 4, enzyme immobilization does not affect the temperature optimum of estUT1
esterase (80 ◦C). However, CLEA-estUT1 has higher activity at all temperatures. Higher temperature
tolerance of the immobilized enzyme is due to the decrease of the conformational flexibility of
the protein.

Figure 4. Effect of temperature on the activity of free and immobilized estUT1. The activity of estUT1
and CLEA-estUT1 at temperature range of 30–90 ◦C was assayed in 50 mM of Tris–HCl buffer (pH 8.0)
using pNPC2 as a substrate.

Comparative study of the thermostability of free and immobilized enzyme was performed at
50–80 ◦C for 1–8 h (Figure 5). The inactivation rate constants (ki) and the half-life (t1/2) values of free
and immobilized enzyme were determined according to Equations (3) and (4), respectively (Table 6).
The ki and t1/2 values suggest that the thermostability of the esterase is considerably enhanced after
immobilization. In fact, the t1/2 of free estUT1 increased 1.9- and 1.5-fold after CLEAs preparation at
50 and 60 ◦C, respectively. The higher thermostability of the immobilized enzymes is due to additional
covalent bonding in the tertiary and secondary structure that prevents their denaturation at the high
temperatures [37,40,46].

Figure 5. Thermal inactivation of free (a) and immobilized (b) estUT1 at 50–80 ◦C. The thermostability
of estUT1 and CLEA-estUT1 was assayed by incubating the enzyme in 50 mM of Tris–HCl buffer
(pH 8.0) at 50–80 ◦C for 1–8 h.
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Table 6. Comparison of the inactivation constants (ki) and half-life (t1/2) values of free estUT1 and
CLEA-estUT1 at 50–80 ◦C.

Temperature, ◦C
ki, h−1 t1/2, h

estUT1 CLEA-estUT1 estUT1 CLEA-estUT1

50 4.3 × 10−2 2.2 × 10−2 16.1 31.3
60 4.5 × 10−2 3.1 × 10−2 15.4 22.5
70 6.0 × 10−2 4.7 × 10−2 11.5 14.8
80 22.7 × 10−2 16.5 × 10−2 3.1 4.2

2.3.2. Effect of Chemicals on the Activity of Free estUT1 and CLEA-estUT1

The effects of various chemicals on the activity of free and immobilized estUT1 were observed
after 1 h of incubation at 50 ◦C (Figure 6). The immobilized enzyme showed higher tolerance
against these reagents than the enzyme in free form, which is consistent with the data of [26,47].
The activity of immobilized esterase as compared to free enzyme after incubation with 10 mM PMSF,
dithiothreitol (DTT), β-mercaptoethanol (BME), 1% SDS, and Tween 20 was increased by 1.9, 1.2, 1.2,
1.5, and 1.6 times, respectively. Therefore, the immobilization of estUT1 by the cross-linking method
can effectively protect the enzyme from thermal inactivation and increase tolerance to chemicals
including water pollutants (surfactants, detergents [48], heavy metals, organic contaminants [49], etc.).

Figure 6. Effect of various chemicals on the activity of free and immobilized estUT1. EstUT1 and
CLEA-estUT1 were incubated with different chemicals in 50 mM of Tris–HCl buffer (pH 8.0) at 50 ◦C
for 1 h.

2.3.3. Kinetic Studies of Free and Immobilized estUT1

Kinetic parameters of the free estUT1 and CLEA-estUT1 were assayed with commonly used
substrates including pNPC2, p-nitrophenyl butyrate (pNPC4), p-nitrophenyl octanoate (pNPC8),
and malathion in order to study the effect of immobilization on the catalytic efficiency of the esterase
estUT1. The results are summarized in Table 7. Free estUT1 is more selective towards short-chain
fatty acids (C2 > C4 > C8), revealing the smallest Km value for pNPC2 among the p-nitrophenyl esters
examined. After enzyme immobilization, the Km value of CLEA-estUT1 becomes higher than that of
free esterase for all substrates, including p-nitrophenyl esters and malathion. This effect might be due
to the changes in protein structure during cross-linking that results in a reduced accessibility of the
substrate to the active site of the enzyme [41,50]. The higher Km for immobilized enzyme as compared
to free enzyme was also observed for CLEAs of protease [51], lipase [37], and esterase [38]. The catalytic
efficiency (kcat/Km) of CLEA-estUT1 was lower as compared to free enzyme, which correlates with
other studies [37,38]. The kinetic studies revealed a high catalytic efficiency of the enzyme toward
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malathion. The kcat/Km value for estUT1 (835.5 ± 58.7 s−1 mM−1) was higher than that of other known
hydrolytic enzymes. For example, the kcat/Km value for the organophosphorus hydrolase mutant from
Flavobacterium spp. was 154.91 s−1 mM−1 [10], and for a hydrolase from Aspergillus niger ZD11 was
55 s−1 mM−1 [52].

Thus, the CLEA-estUT1 biocatalyst, which is stable to various inhibitory conditions
(pH, temperature, different chemicals) and shows a high catalytic efficiency against malathion, can be
used as an effective biocatalyst in the reaction of malathion hydrolysis.

Table 7. Comparison of kinetic parameters of free estUT1 and CLEA-estUT1.

Substrate
Km, μM kcat, s−1 kcat/Km, s−1 mM−1

estUT1 CLEA-estUT1 estUT1 CLEA-estUT1 estUT1 CLEA-estUT1

pNPC2 96.0 ± 5.3 176.7 ± 8.5 27.0 ± 0.7 31.1 ± 1.2 281.3 ± 8.7 176.1 ± 2.2
pNPC4 550.0 ± 78.1 710.7 ± 64.7 39.2 ± 1.2 41.8 ± 0.4 72.1 ± 8.8 59.1 ± 5.6
pNPC8 2113.3 ± 180.4 2490.0 ± 141.8 54.1 ± 2.0 56.9 ± 1.2 25.2 ± 1.3 22.9 ± 1.1

Malathion 19.5 ± 1.1 29.6 ± 3.3 16.3 ± 0.3 15.2 ± 1.0 835.5 ± 58.7 515.4 ± 22.8

2.3.4. Malathion Hydrolysis with CLEA-estUT1

The stability of a biocatalyst during operation is an important criterion for its industrial application.
The reusability of CLEA-estUT1 biocatalyst produced in optimal conditions (Table 5) was studied in
the reaction of malathion hydrolysis at its concentration of 27.5 mg L−1 at 37 ◦C in different media
(Figure 7): buffer comprising 50 mM Tris–HCl (pH 7.0), synthetic wastewater medium according to
Organization of Economic Co-operation and Development (OECD), and autoclaved real municipal
wastewater (MWW). In all studied media, a high percentage of malathion removal was observed:
after the first cycle, the percent of malathion degradation was 99.4 ± 2.8%, 99.2 ± 2.4%, and 99.5 ± 1.4%
in 50 mM Tris–HCl (pH 7.0), OECD, and MWW, respectively. During the operation, the activity of
the biocatalyst decreased gradually during all cycles of malathion hydrolysis. However, the catalyst
showed high stability in all studied media, providing a percent of malathion degradation above 55%
after 25 cycles of reaction (350 h).

Figure 7. Operational stability of CLEA-estUT1 during cycles of malathion hydrolysis in various
media. Reactions were performed at initial malathion concentration of 27.5 mg L−1 at 37 ◦C. After each
cycle, biocatalyst was centrifuged and washed three times with 50 mM Tris–HCl (pH 7.0), and then
resuspended in a fresh reaction mixture. OECD: synthetic wastewater; MWW: autoclaved real
municipal wastewater.
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2.3.5. Comparison of Microbial Biodegradation and CLEA-estUT1 Hydrolysis of Malathion

Typically, the microbial biodegradation of malathion (up to 50–80%) takes from a few hours
up to a few days (Table 8) if the liquid culture is used. For example, B. licheniformis strain ML-1
provided about 78% malathion removal from liquid media within five days [8]. Carboxylesterase
D1CarE5 from the bacterium Alicyclobacillus tengchongensis, which was cloned in pET28a (+) and
expressed in E. coli BL21(DE3), revealed the high capability to hydrolyze malathion: the removal of
malathion was 89% within 100 min at its initial concentration of 5 mg L−1 [11]. However, such a
high activity of the carboxylesterase D1CarE5 may be due to a low initial concentration of malathion
in the solution. Bacillus sp. S14 immobilized in 3% calcium alginate is the only biocatalyst that has
been applied in malathion removal from aqueous solutions (64.4% under optimal conditions) [15].
The CLEA-estUT1 biocatalyst in this study not only exceeds the activity of the last microbial biocatalyst
(Table 8) [15], but also remains stable (malathion removal > 78.1 ± 3.1%) within 25 cycles of hydrolysis
in 50 mM Tris–HCl (pH 7.0). In this study, the real municipal wastewater (MWW) supplemented
with malathion was successfully used for the evaluation of the ability of CLEA-estUT1 to hydrolyse
insecticide. Under these conditions, the percentage of malathion removal was above 55.2 ± 1.1% for
25 cycles. Application of immobilized esterase estUT1 allowed the effective hydrolysis of malathion
and repeated use of the biocatalyst, which make it promising for application in processes of insecticide
biodegradation, including wastewater treatment.

Table 8. Comparison of malathion biodegradation with microbial biocatalysts.

Biocatalyst Experimental Condition Removal of Malathion, % Reference

CLEA-estUT1 (U. thermosphaericus)

Malathion concentration = 27.5 mg L−1

Temperature = 37 ◦C
Time = 14 h

pH = 7.0
rpm = 250

99.4 ± 2.8 This study

CLEA-estUT1 (U. thermosphaericus)

Malathion concentration = 27.5 mg L−1

Temperature = 37 ◦C
Time = 14 h

Municipal wastewater (MWW)
rpm = 250

99.5 ± 1.4 This study

Bacillus sp. S14 immobilized in
3% calcium alginate

Malathion concentration = 50 mg L−1

Temperature = 25 ◦C
Time = 8 h
pH = 7.0

rpm = 120

64.4 [15]

B. licheniformis strain ML-1

Malathion concentration = 25 mg L−1

Temperature = 32 ◦C
Time = 5 days

pH = 7.5
rpm = 250

78 [8]

Carboxylesterase D1CarE5
(A. tengchongensis)

Malathion concentration = 5 mg L−1

Temperature = 37 ◦C
Time = 100 min

pH = 7.0

89 [11]

Bacillus thuringiensis
Malathion concentration = 250 mg L−1

Temperature = 30 ◦C
Time = 3 days

50 [53]

Bacillus cereus strain PU

Malathion concentration = 72.5 mg L−1

Temperature = 30 ◦C
Time = 7 days

pH = 7.0

49.31 [54]

P. putida

Malathion concentration = 125 mg L−1

Temperature = 30 ◦C
Time = 7 days

pH = 7.0
rpm = 150

72 [5]
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3. Materials and Methods

3.1. Materials

Plasmid pET32b-UT1 containing the esterase gene estUT1 (Genbank accession number MF156209)
was constructed in our laboratory [30]; E. coli strain BL21(DE3) (Thermo Fisher Scientific, Waltham,
MA, USA) was used for the enzyme expression; plasmids pBB540 and pBB542 were a gift from Bernd
Bukau (Addgene plasmids #27393 and #27395, respectively, Cambridge, MA, USA) [35]; p-nitrophenyl
esters and SDS were purchased from Sigma-Aldrich (St. Louis, MO, USA). All other chemicals were of
analytical grade (Merck, Darmstadt, Germany).

3.2. Expression of Esterase estUT1

Overnight culture of E. coli BL21(DE3) cells transformed with plasmid pET32b-UT1 was inoculated
into 250 mL of LB and cultivated at 32 ◦C until OD600 of 0.6. Protein synthesis was induced with
0.5 mM IPTG at 16 ◦C for 20 h. Cells were harvested by centrifugation (3000× g, 4 ◦C for 10 min),
washed twice by 50 mM Tris–HCl pH 7.0, and disrupted by sonication (5 cycles, 40 s pulse, 20 s
pause) at 0 ◦C. The cell-free protein extract was prepared by centrifugation at 5500× g and 4 ◦C
for 20 min. The supernatant and the precipitate were collected as soluble and insoluble fractions,
respectively. The supernatant containing the recombinant esterase was purified by ion metal affinity
chromatography using a Ni-NTA (Ni-nitrilotriacetic acid) agarose; the enzyme was eluted using an
increasing concentration gradient of imidazole (0–300 mM) in 50 mM Tris–HCl pH 8.0, 0.5 M NaCl.

3.3. Co-Expression of Chaperones

For co-expression of esterase with chaperones, E. coli BL21(DE3) cells were first transformed
with plasmids pBB540 (GrpE, ClpB) and pBB542 (DnaK, DnaJ, GroEL, and GroES) [35]. Then,
the chaperone-overexpressing cells were transformed with plasmid pET32b-UT1. EstUT1 was
expressed as described above, and after cell lysis, the supernatant was collected as a soluble fraction.
This fraction was purified with Ni-NTA agarose as described above.

The molecular mass of proteins was examined with 12% sodium dodecyl sulfate-polyacrylamide
gel electrophoresis (SDS-PAGE) according to the standard procedures [55]. Protein concentration was
determined by the Bradford method [56] with bovine serum albumin as a standard.

3.4. Enzyme Activity Assay

Esterase activity was determined by measuring the amount of p-nitrophenol released after
hydrolysis of pNPC2 [57]. The pNPC2 was dissolved in acetonitrile at a concentration of 100 mM.
Ethanol and 50 mM Tris–HCl (pH 8.0) buffer were subsequently added to this solution, in which the
final ratio of acetonitrile to ethanol to Tris–HCl buffer was 1:4:95 (v/v/v). The reaction was initiated by
adding 20 μL of the enzyme solution (0.05 mg mL−1) to 150 μL of substrate mixture and incubated for
15 min at 50 ◦C, followed by analysis of absorbance at 405 nm. One unit (U) of esterase activity was
defined as the amount of enzyme that released 1 μmol of p-nitrophenol per minute.

Recovered activity of CLEA-estUT1 biocatalyst was calculated by the following equation [58]:

Recovered activity (%) = (total activity of CLEAs)/(total activity of free enzyme for
CLEAs preparation) × 100

(2)

Malathion hydrolysis was assayed according to the method of Liang et al. [52], with minor
modifications. 5 μL of malathion solution in ethanol (10 mM) was added to 515 μL of 50 mM
Tris–HCl pH 7.0 and 80 μL of enzyme (0.05 mg mL−1) for incubation at 37 ◦C and 250 rpm for
30 min. Residual malathion was extracted with n-hexane and analyzed by gas chromatography mass
spectrometry (GC/MS). GC/MS quantitative analysis was performed by using an Agilent 7000B
GC/MS (Agilent Technologies, Santa Clara, CA, USA) system equipped with a HP-5ms fused silica
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capillary column (30 m × 0.25 mm × 0.25 μm). Temperature was programmed from 200 ◦C (3 min) to
250 ◦C at 5 ◦C min−1. Helium was used as a carrier gas (1.2 mL min−1) and injector temperature was
250 ◦C. The mass spectrometer was operated in electron ionization (EI) mode at 70 eV; selected ion
monitoring (SIM) mode with m/z 125 (the major fragment of malathion parent ion (m/z 330) after EI);
m/z 154 (diphenyl as an internal standard). Malathion amount was calculated as malathion/diphenyl
peak ratio. Malathion solution without enzyme was used as a control.

3.5. Preparation of CLEA-estUT1

Preparation of CLEAs from the estUT1 after its co-expression with the chaperone team of KJE,
ClpB, and ELS was performed as follows: 0.5 mL of the enzyme solution (1 mg mL−1 in 50 mM Tris–HCl
pH 8.0) was mixed with the varying concentrations of precipitant, water solution of glutaraldehyde,
and additives to the final volume of 2 mL. The solution was agitated at 200 rpm and 4 ◦C for a required
period. Samples were collected and centrifuged at 4000× g and 4 ◦C for 15 min, then washed two
times with 50 mM Tris–HCl pH 8.0. The biocatalyst was stored in 50 mM Tris–HCl pH 8.0 at 4 ◦C.

3.6. Selection of Precipitant

The effect of different precipitants including acetone, tert-butanol, isopropanol, ethanol,
and ammonium sulfate 50% (w/v) was assayed in this study. The precipitant–enzyme ratio was
2:1 (v/v). Biocatalyst was prepared as described in Section 3.5. 75 mM glutaraldehyde was used as
cross-linker; time of cross-linking was 4 h.

3.7. Selection of Various Additives

BSA (10 mg) and SDS (10 mg) as additives were used in this study. Biocatalyst was prepared as
described in Section 3.5. The concentrations of ammonium sulfate and glutaraldehyde were 60% (w/v)
and 75 mM, respectively. The cross-linking time was 4 h.

3.8. Optimization of CLEA-estUT1 Preparation

The process for preparation of CLEA-estUT1 biocatalyst was optimized with RSM based on
FCCCD. Four factors were selected: cross-linking time (1, 4.5, and 8 h), concentration of ammonium
sulfate (30, 55, and 80%, w/v), glutaraldehyde (25, 87.5, and 150 mM) and BSA (0.01, 0.105, and 0.2 mM).
The design consisted of 30 runs with six replicates at the central point and provided enough information
to establish a second-order polynomial model for the response surface. Regression analysis and
regression equation (ANOVA) was performed using Design-Expert software v. 10 (Stat-Ease Inc.,
Minneapolis, MN, USA).

3.9. Properties of CLEA-estUT1 Biocatalyst

3.9.1. Effect of pH and Temperature

The effect of pH was examined by assaying enzyme activity of free and immobilized estUT1 at
pH 5.0–10.0 in different 50 mM buffers: citrate phosphate (pH 5.0–6.0), sodium phosphate (pH 6.0–8.0),
Tris–HCl (pH 8.0–9.0), and glycine–NaOH (pH 9.0–10.0). Reactions were performed using pNPC2 as a
substrate in buffer at 50 ◦C. The pH stability of estUT1 and CLEA-estUT1 was examined in different
buffers at 50 ◦C after 1 h of incubation.

The temperature optimum of free and immobilized estUT1 was determined in the range of
30–90 ◦C in 50 mM of Tris–HCl buffer (pH 8.0) with pNPC2 as a substrate. The thermostability of
estUT1 and CLEA-estUT1 was examined by incubating the enzyme in 50 mM of Tris–HCl buffer
(pH 8.0) at 50–80 ◦C for 1–8 h. The inactivation rate constant (ki) was determined from the slope of the
inactivation time using equation [59]:

ln(E/E0) = −kit (3)
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where E: the residual enzyme activity after heat treatment for time t and E0: the initial activity before
the heat treatment.

The half-life of thermal inactivation (t1/2) was determined according to equation [60]:

t1/2 = ln(2)/ki (4)

3.9.2. Effect of Chemicals

The effect of various reagents (30% ethanol and methanol, v/v; 10 mM PMSF, BME, and DTT;
1% SDS, Tween 20, and Triton X-100, w/v) on the activity of free and immobilized estUT1 was
determined by adding these chemicals to the enzyme or biocatalyst solution and assayed after
preincubation for 1 h at 50 ◦C. Esterase activity without addition of reagents was defined as 100%.

3.9.3. Kinetic Parameters

Kinetic parameters (Km, kcat) of free and immobilized estUT1 were determined by nonlinear
regression using the Michaelis–Menten equation. The kinetic assay was performed with different
concentrations (0.003–10 mM) of pNPC2, pNPC4, pNPC8, and malathion as substrates with the standard
procedure as described above (Section 3.4).

3.9.4. Operational Stability of CLEA-estUT1 during Hydrolysis of Malathion

The operational stability of CLEA-estUT1 was determined by repeated use of CLEA-estUT1 in
hydrolysis of malathion in three different media: autoclaved wastewater after the primary settler from
the Novosibirsk municipal wastewater treatment facility (MWW), autoclaved synthetic wastewater
(OECD) [61], and 50 mM Tris–HCl pH 7.0. 0.1 g CLEA-estUT1 in 495.8 μL of the medium was incubated
with 4.2 μL malathion solution in EtOH (10 mM) at 37 ◦C at 250 rpm for 14 h. Residual malathion
was determined as described in Section 3.4. Between cycles, CLEAs were recovered by centrifugation
(4000× g, 4 ◦C, 5 min) and washed three times with 50 mM Tris–HCl pH 7.0.

MWW had the following composition [62]: COD 161.0 ± 5.0 mg L−1, 27.7 ± 1.3 mg L−1 N-NH4,
0.2 ± 0.0 mg L−1 N-NO3, 1.8 ± 0.1 mg L−1 P-PO4, 10.7 ± 1.0 mg L−1 S-SO4, and 139.0 ± 5.0 mg L−1 Cl.

3.10. Statistical Analysis

Data on the experiments of the central compositional plan (RSM with FCCCD) were used to
determine the regression coefficients of the quadratic polynomial model and the F-test analysis.
Dispersion analysis (ANOVA), regression analysis, and surface plotting were used to optimize
the CLEAs preparation. The accuracy of the resulting polynomial model was estimated using
the determination coefficient R2. All experiments in this work, with the exception of the
FCCCD experiments, were performed in triplicate, and the results are presented as the arithmetic
mean ± standard deviation.

4. Conclusions

In this study, the CLEAs biocatalyst was used for the first time for the hydrolysis of malathion
in municipal wastewater. A complex approach involving the improved expression of a new
thermostable esterase estUT1 in a soluble form and optimization of CLEAs preparation was applied to
maximize biocatalyst activity. In particular, the intracellular aggregation of the esterase estUT1 from
U. thermosphaericus in E. coli BL21(DE3) was partially resolved by its co-expression with molecular
chaperones (KJE, ClpB, and ELS), and a stable CLEA-estUT1 biocatalyst was prepared after purification
of estUT1 from the soluble fraction of cell protein. Optimization of the CLEAs preparation was
performed with RSM using FCCCD. Immobilization by the cross-linking method allowed the stability
of the esterase estUT1 at high temperatures (50–80 ◦C) to be increased, in a wide range of pH (5.0–10.0).
Immobilization improved enzyme tolerance against various chemicals, especially PMSF, DTT, BME,
1% SDS, and Tween 20. CLEA-estUT1 showed high activity in the reaction of malathion hydrolysis
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in wastewater (the removal of malathion was 99.5 ± 1.4%) and reusability, maintaining 55.2 ± 1.1%
of its activity after 25 cycles of malathion hydrolysis at 37 ◦C. A novel CLEA-estUT1 biocatalyst can
be effectively applied for the removal of malathion from wastewaters from municipal wastewater
treatment facilities and in clean-out procedures of malathion storage tanks.
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Abstract: Enzyme immobilisation is a common strategy to increase enzymes resistance and reusability
in a variety of excellent ‘green’ applications. However, the interaction with the solid support often
leads to diminished specific activity, especially when non-specific covalent binding to the carrier takes
place which affects the delicate architecture of the enzyme. Here we developed a broadly applicable
strategy where the T4-lysozyme (T4L) is genetically fused at the N-terminus of different enzymes
and used as inert protein spacer which directly attaches to the carrier preventing shape distortion
of the catalyst. Halomonas elongata aminotransferase (HEWT), Bacillus subtilis engineered esterase
(BS2m), and horse liver alcohol dehydrogenase (HLADH) were used as model enzymes to elucidate
the benefits of the spacer. While HEWT and HLADH activity and expression were diminished by the
fused T4L, both enzymes retained almost quantitative activity after immobilisation. In the case of
BS2m, the protective effect of the T4L effectively was important and led to up to 10-fold improvement
in the rescued activity.

Keywords: aminotransferase; esterase; alcohol dehydrogenases; biocatalysis; enzyme immobilisation

1. Introduction

With the current expansion of biocatalysis and the consequent extensive application of enzymes
to chemistry manufacturing, solutions have been introduced to overcome the issues caused by the
low stability of these natural catalysts [1,2]. In this panorama, immobilisation offers the significant
advantage of rendering enzymes robust and reusable ‘green’ tools, which allow for the development
of efficient biotransformations [3,4]. Enzyme immobilisation is indeed a very common solution to
improve enzymatic stability and to make it less sensible to harsh environments (temperature, solvents,
different pH) typical of synthetic reaction conditions [5].

Immobilisation techniques involve the interaction between a solid support, the carrier, and the
enzyme. An essential requirement for any carrier is a large surface area which can be obtained using
small porous beads. The physical characteristics of the matrices, the material (natural or synthetic,
organic or inorganic), and the surface properties play an important role in the efficient binding of the
enzymes [6] and the catalytic features of the immobilised catalyst. Although the immobilised enzymes
show generally a satisfactory improvement in their stability, the loss of performance is significant
compared to the free protein [7,8]. This effect is almost universally observed, especially among
covalently immobilised enzymes, and it is mainly attributed to a severe protein shape distortion that
develops during the process [9]. Several strategies have been described in the literature to overcome
these limitations, however, they often shy away from covalent linking and are directed to non-covalent
immobilisation strategies and interactions [6,10].
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Despite the loss of catalytic efficiency, covalent immobilisation is still often a method of choice as it
prevents leaching of the enzyme in the reaction. Molecular spacers, such as glutaraldehyde, have been
satisfactorily applied in minimising enzyme deactivation [11]. Interestingly, in literature there are no
examples where a second protein is used as a spacer for covalent immobilisation.

Chimeric structures where a second protein is fused to a target macromolecule (i.e., enzymes,
receptors, etc.) have been successfully reported for a variety of applications such as increasing protein
solubility, purification strategies, labelling, and crystallization [12]. An excellent example was the use
of the lysozyme from the bacteriophage T4 (T4L), a small (160 amino acids), globular, highly soluble,
protein which was exploited as fused chimeric system in several remarkable experiments of X-ray
crystallography as a crystallization promoting agent, and it allowed for the first time to elucidate the
structure of G-protein coupled receptors (GPCRs) [13]. In the context of enzyme immobilisation, a
protein linker has been described for a non-covalent attachment driven by the insertion of a cationic
binding module (Zbasic2) as an additional domain. However, in this case the fused protein was mainly
exploited to promote the interaction towards an anionic carrier (CPG-sulfonate) [14,15].

In this work, we investigated the use of a protein linker in covalent enzyme immobilisation
with the scope of maximising the rescued activity. The one-pot strategy developed for covalent
immobilisation by Guisan et al. [16] exploits a polyhistidine tag, commonly used for ion metal affinity
chromatography (IMAC) purification, to selectively direct the enzyme on metal-activated supports
thus allowing for a faster reaction between the reactive matrix moieties (i.e., epoxy groups) and the
nucleophilic lysine of the protein. This technique is reliable and broadly applied, however the random
distribution of lysines on the enzymatic surface prevents rational attachment, and the rescued activity,
while commonly expected to be lower than the free enzyme, is unpredictable. The genetic insertion of
T4L, naturally rich in lysines, between the His-tag and the target enzyme would more favourably form
covalent bonding, possibly preventing any direct cross-linking between the target enzyme and the
carrier, leaving the enzyme solvent exposed.

The strategy was initially tested on the well characterised Halomonas elongata aminotransferase
(HEWT) [17] which we have used covalently immobilised for biotransfomations in continuo;
however, upon direct cross-linking to the carrier, the recovered activity reached about 30% when
compared to the free enzyme [18,19]. T4L mediated immobilisation was then extended to horse
liver alcohol dehydrogenase (HLADH) [20] and to a Bacillus subtilis esterase (BS2m) engineered
(I270F/F314Y) to enhance its amidase activity [21].

2. Results

2.1. Construction of the Chimeras

A plasmid harbouring the T4L gene was exploited as vector backbone for the sub-cloning of the
three target enzymes. The T4L was engineered by point mutation to render it catalytically inactive
(E11Q mutation) in order to prevent any possible interference with the enzymatic activity of the
selected catalysts. Kobilka and co-workers demonstrated that a relatively flexible linker may be
necessary to allow the receptor and the T4L to fold correctly [22]. Therefore, a first construct was
designed to incorporate a linker of nine amino acids between the T4L and the protein exploiting the
existing amino acid sequence already present in the pRSET-b plasmid between the His-tag and the
multi-cloning site (MCS). Furthermore, to evaluate the effect of the rigidity induced by the peptide
loop between the two proteins, a second construct was created, reducing the existing spacer from nine
to three amino acids (Figure 1).
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Figure 1. Proposed architecture of HEWT (green and yellow represent the two enzyme subunits) in
covalent bonding directly on the solid support surface (A) or mediated by a linker protein (light blue,
in dark blue the reactive lysines) (B). pRSET-b construct map outlining T4L (blue) and the protein gene
(green). The inset shows the sequences of the two aminoacidic linkers separating the lysozyme and the
target protein (C).

2.2. Halomonas elongata Aminotransferase

HEWT gene (spuC) was trialled first in both constructs (T4L-HEWT_L1 and T4L-HEWT_L2,
nine and three amino acid long spacers, respectively). The expression level of both chimeras was lower
than what obtained for HEWT, resulting in 12 and 20 mg of protein per litre of media, after IMAC
purification, for T4L-HEWT_L1 and L2, respectively (Table 1). The proteins analysed by SDS-page
electrophoresis did not show formation of any inclusion bodies caused by incorrect folding, and the
decrease expression might simply be attributed to physiological limitation of the E. coli host in
translating a longer gene. Although fusion tags have been reported to have a positive influence on
protein solubility and expression, they do not function equally well with all target proteins [12].
Furthermore, analysis of the purified fractions confirmed the integrity of the constructs showing a
molecular weight in the correct range of expected mass (Figure S1). HEWT specific activity was also
affected by the presence of the lysozyme, with values of 1.37 and 0.50 U/mg for the two T4L-HEWT
(Table 1). Such an effect could be explained with the fact that the N-term is a delicate structural domain
which forms part of the active site; an exogenous module linked to it has a direct influence on its
position and consequently on its catalytic efficiency. Indeed, with the longer linker the effect on activity
was less severe, while with only three amino acids separating the lysozyme from HEWT the activity
dropped 10 times with respect to the control. The proximity of the T4L can also hinder the substrate
accessibility to the active site further influencing the reactivity.

The immobilisation of the chimeric constructs was carried out on two supports:
Sepabeads EC-EP/S are described to have an average pore diameter of 10–20 nm, and ReliZyme
EP403/S with a larger pore size (20–40 nm) which should favour better protein distribution and prevent
‘caging’ of the enzymes into narrow pores. In fact, the additional bulk of the T4L makes the chimeric
construct significantly larger and this could potentially lead to immobilisation difficulties when the
pore size of the resin is small. Immobilisation of the constructs followed the same procedure described
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previously [18], maintaining cobalt(II) as the coordinating metal. Initially, 5 mg of enzyme per gram of
resin were used, allowing the protein to react with the epoxy groups on the carrier for 24 h (Table 1).

Table 1. Comparison of specific activities and expression levels of the original Halomonas elongata
aminotransferases (HEWT) and the two chimeric proteins in the free enzyme form. Specific activities of
the resin following immobilisation of enzymes (5 mgenzyme/gresin), and percentage of residual activity
after immobilisation (24 h, room temperature, in 50 mM phosphate buffer pH 8) with respect to the
free protein.

Free Enzyme
Immobilised Enzyme onto Sepabeads

EC-EP/S (Pore ø 10–20 nm)
Immobilised Enzyme onto ReliZyme

EP403/S (Pore ø 20–40 nm)

Specific Activity
(U/mg)

Expression
(mg/L)

Specific Activity
(U/g)

Rescued Activity
(%)

Specific Activity
(U/g)

Rescued Activity
(%)

HEWT 4.51 ± 0.05 40 5.1 ± 0.8 22.3 5.8 ± 0.6 26.1
T4L-HEWT_L1 1.37 ± 0.08 12 5.5 ± 0.5 80.4 6.0 ± 0.4 89.1
T4L-HEWT_L2 0.50 ± 0.07 20 1.5 ± 0.3 59.8 2.1 ± 0.1 84.1

On Sepabeads EC-EP/S, the control HEWT sample yielded 22% of recovered activity, while both
T4L-HEWTs showed a marked improvement in the retention of activity with 80.4% and 59.8%, for
the nine- and three-amino acid linker, respectively. These results confirm that the TL4 prevents
direct attachment of the enzyme to the resin and this effect is enhanced by a longer spacer.
On ReliZyme EP403/S the smaller wild type HEWT behaved virtually in the same manner, and likewise
T4L-HEWT_L1 for which the rescued activity was already very high and the benefits of larger pores
were not particularly significant. However, for the T4L-HEWT_L2 construct, the change observed
in recovered activity was important, with almost a 30% improvement. Larger pores in this case may
impact the number or covalent bonding with the surrounding surface leading to a reduced rigidity
and distortion of the protein as well as generally increasing the substrate diffusion rate.

A range of concentrations for HEWT and T4L-HEWTs were then screened to assess the loading
capacity of the resin, and whether the specific activity as well as the rescued activity could be
further improved. The behaviour of HEWT and T4L + HEWT_L2 did not change significantly
between 1 and 5 mg. At 10 mg of enzyme, the rescued activity decreased presumably due to surface
overloading. On the other hand, the T4L + HEWT_L1 presents a bell-shape behaviour with a peak
at 3 mgenzyme/gresin (Figure 2); it is plausible that the T4L coats the surface of the resin further
protecting the enzyme from any binding to the resin yielding to almost equal activity as recorded for
the free enzyme and a specific activity of the imm-T4L-HEWT_L1 of 1.28 U/mg versus 1.38 U/mg of
the free T4L-HEWT_L1.

Figure 2. HEWT, T4L + HEWT_L1 and T4L + HEWT_L2 immobilisation (24 h, room temperature,
in 50 mM phosphate buffer pH 8) at different enzyme loading per gram of resin Sepabeads EC-EP/S
(pore ø 10–20 nm).
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The incubation time to facilitate enzyme binding was investigated. It was postulated that the
high distribution of lysines on the T4L surface could promote a faster immobilisation, and shorter
incubation time may result in higher rescued activity. The immobilisation was thus carried out by
leaving the enzymes to react with the resin between 1 and 24 h. Wild-type HEWT rescued activity
was unaffected by the incubation time and consistent around 25–30%, while T4L + HEWT_L1 showed
an unexpected behaviour with optimal value of rescued activity only after 24 h (Figure S2). 24 h was
therefore selected as the ideal incubation time for further assays for all the HEWT variants.

Since the T4L chimeric proteins showed greater retained activities, they were further analysed
to investigate the effect of the linker protein on the stability of the enzyme. Under standard storage
conditions (4 ◦C, buffer phosphate pH 8, 0.1 mM PLP), the immobilised T4L-HEWTs showed
unchanged specific activity for over a month. When the stability was evaluated by incubating
the resin at 37 ◦C and 45 ◦C, no significant differences were observed with respect of the control
HEWT immobilisation. On the other hand, the stability under working conditions (consecutive
cycles of bioconversion), showed a slight negative trend in performance for the T4L-HEWT_L1
(Figure S3—circle), while the T4L-HEWT_L2 (Figure S3—square) was more stable with a virtually
unchanged activity after 10 cycles, similarly to the imm-HEWT behaviour [18].

A significant feature of the imm-HEWT was the improved ability to withstand the presence of
organic co-solvent in the reaction media with respect to the free enzyme. The construct harbouring
the lysozyme spaced by the longer linker showed a similar behaviour to the free enzyme (Figure S4).
This is not unexpected since the rationale of the protein linker was to prevent a direct bonding of the
enzyme to the resin allowing a greater degree of freedom to the catalyst, which in this way no longer
benefits from the imposed rigidity of the multi-point attachment to the carrier. However, when the
shorter linker construct was assessed, the catalyst performed marginally better than the imm-HEWT
(Figure S4), which is indicative of an enhanced stability induced by the close proximity of T4L to
protein, similarly to the effect that BSA may have on pure proteins [23].

2.3. Bacillus subtilis Esterase

To validate the approach of the protein linker as a beneficial addition in enzymatic immobilisation,
the strategy was extended to a second enzyme: Bacillus subtilis esterase, specifically a mutant variant
(BS2m) engineered to augment its amidase activity [21]. Immobilisation of the purified enzyme via
covalent attachment proved to be virtually impossible with almost complete loss of activity yielding
negligible nominal activity of the support (1.3 U/g) when 5 mgenzyme/gresin were applied, equal to a
rescued activity of 0.4% (Table 2). Such inability to retain activity upon covalent immobilisation
is characteristic of many esterases [24,25]. Gross and co-workers speculated that this class of
proteins tend to create a superficial layer preventing an efficient substrate diffusion [26]. As an
example, the commercial catalyst NovoZyme 435 (Candida antarctica lipase-B, CAL-B) is immobilised
at 82 mgenzyme/gresin but yields only 7.5% recovery activity, highlighting how this class of enzyme is
particularly affected by immobilisation [27]. In addition, in the case of the BS2m variant, the superficial
lysines, are concentrated in proximity to the active site which could drive the orientation of the enzyme
in such a way that the catalytic pocket faces the support limiting its accessibility.

The same strategy applied for the HEWT was thus evolved towards the BS2m creating two
chimeric constructs harbouring the 9- and 3-amino acid linkers. In this particular case, both longer
and shorter linkers (T4L-BS2m_L1 and T4L-BS2m_L2, respectively) showed a less severe reduction
in expression levels when compared to the original BS2m (Table 2, Figure S5) and an activity
of 31 and 35 U/mg, respectively (Table 2). Covalent immobilisation onto the Sepabeads EC-EP/S
epoxy-resin of the T4L-BS2m_L1 yielded an active resin with 5.5 U/g equal to 3.6% recovery activity,
a notable 10-fold improvement on the original BS2m (Table 2). T4L-BS2m_L2, as observed for HEWT,
did not perform as well as the L1 linker, with lower, yet still improved, immobilisation qualities (2.9 U/g
and a 1.7% recovery activity). The co-immobilisation of T4L and BS2m, separately expressed and
purified, was also tested to exclude a possible non-specific effect of the T4L but no enhancement of the
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recovered activity was noted in this case (data not shown). This further confirmed that the fused T4L
physically shields the enzyme from covalent attachment and does not directly affect enzyme activity.

Table 2. Comparison of specific activities and expression levels of the original Bacillus subtilis esterase
(BS2m) and the two chimeric proteins in the free enzyme form. Specific activities of the resin following
immobilisation of enzymes (5 mgenzyme/gresin), and percentage of residual activity after immobilisation
(2 h, room temperature, in 50 mM phosphate buffer pH 8) with respect to the free protein.

Free Enzyme
Immobilised Enzyme onto Sepabeads

EC-EP/S (Pore ø 10–20 nm)
Immobilised Enzyme onto ReliZyme

EP403/S (Pore ø 20–40 nm)

Specific Activity
(U/mg)

Expression
(mg/L)

Specific Activity
(U/g)

Rescued Activity
(%)

Specific Activity
(U/g)

Rescued Activity
(%)

BS2m 61 ± 4 30 1.3 ± 0.1 0.4 1.6 ± 0.3 0.5
T4L-BS2m_L1 31 ± 3 15 5.5 ± 0.8 3.6 6.2 ± 0.8 3.9
T4L-BS2m_L2 35 ± 2 13 2.9 ± 0.6 1.7 3.7 ± 0.4 2.1

Immobilisation of BS2m, T4L-BS2m_L1, and L2 was also tested on the ReliZyme (EP403/S).
Interestingly, the new support offered better performance than the Sepabeads, allowing for a more
efficient immobilisation for all variants (though still lower for the BS2m control). The recovered
specific activity of T4L-BS2m_L1 reached 6.2 U/g (3.9%) and 3.7 U/g (2.1%) for the construct with the
shorter link, confirming the benefits of a facilitated diffusion inside the solid support. This strategy
therefore allowed to prepare an immobilised esterase with an activity considerably higher than the
commercial NovoZyme 435 (4.5 U/g, tested under the same condition) using 16-fold less enzyme.
Furthermore, the immobilised enzyme exhibited a great stability retaining 87% of its initial activity
after five reaction cycles, comparable to the commercial CAL-B (83%) [27].

2.4. Horse Liver Alcohol Dehydrogenase

Finally, horse liver alcohol dehydrogenase (HLADH) was selected as an additional test enzyme,
since its immobilisation had already been carried out on the same epoxy resin, providing a good
reference for the experiment [28]. This enzyme presents additional challenges to general immobilisation
strategies since its cofactor is not tightly bound and the cofactor binding domain needs to be accessible
during the catalytic cycle [29]. For these reasons, structural alterations may have a major impact on the
reactivity, unlike in the case of the aminotransferase where the PLP cofactor is permanently buried
inside the active site.

The adh gene was subcloned into both vectors similarly to the other two genes. However, for both
constructs, expression level and specific activity dropped dramatically with an activity 10 times lower,
and yielding less than 1 mg of protein per litre of culture media after IMAC purification (Figure S6).
Nevertheless, immobilisation of both chimeras and wild type HLADH was performed. The specific
activity of the resin following immobilisation of the T4L-HLADHs (1 mgenzyme/gresin) was very low
overall compared to the native imm-HLADH (Table 3). However, similarly to what observed for the
HEWT, the T4L-shielded enzymes showed an improvement in the recovered activity although the
overall nominal activity remained rather low. Immobilisation of the enzymes on Relizyme EP403/S in
this case did not offer any appreciable improvement.
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Table 3. Comparison of specific activities and expression levels of the original horse liver alcohol
dehydrogenases (HLADH) and the two chimeric proteins in the free enzyme form. Specific activities of
the resin following immobilisation of enzymes (1 mgenzyme/gresin) and percentage of residual activity
after immobilisation (24 h, room temperature, in 50 mM phosphate buffer pH 8) with respect to the
free protein.

Free Enzyme
Immobilised Enzyme onto Sepabeads

EC-EP/S (Pore ø 10–20 nm)
Immobilised Enzyme onto ReliZyme

EP403/S (Pore ø 20–40 nm)

Specific Activity
(U/mg)

Expression
(mg/L)

Specific Activity
(U/g)

Rescued Activity
(%)

Specific Activity
(U/g)

Rescued Activity
(%)

HLADH 2.6 ± 0.3 20 0.80 ± 0.08 30.8 1.11 ± 0.05 32.4
T4L-HLADH_L1 0.18 ± 0.01 >1 0.08 ± 0.01 48.1 0.07 ± 0.02 38.9
T4L-HLADH_L2 0.15 ± 0.01 >1 0.07 ± 0.02 45.7 0.06 ± 0.01 39.9

The original HLADH lost about two-thirds of the activity, while the two chimeric enzymes
responded better to the immobilisation, reaching around 50% of recovered activity. The stability of the
immobilised enzymes was excellent for all the constructs under storage condition (4 ◦C in Tris-HCl
buffer pH 8), with almost unchanged activity for over a month.

3. Discussion

This novel strategy of immobilisation, developed by introducing an inert protein linker, resulted in
significantly enhanced recovered activity of the anchored enzymes. All the cases studied—HEWT,
BS2m, and HLADH—when immobilised via T4L linking, showed an improvement in their retained
activity, with a maximum of 90% displayed by the HEWT with the longer peptide linker. The most
impressive result was achieved with the most challenging enzyme, BS2m esterase, which reached the
performance of a competitive solid catalyst, with a maximum activity of 6.2 U/g when immobilised
on Relizyme EP403/S. These results are superior to any other covalent method reported in the
literature to date and might give an indication of the protective action that the protein spacer exercises
by preventing direct bonding to the carrier. However, the expression levels and activity of the
chimeras are not easily predictable and the immobilised enzymes may become more sensible to
the reaction environment, partially diminishing the benefits of the immobilisation. Again, this was not
observed for the chimeric BS2m which showed operational stability comparable to the commercial
NovoZyme 435 and a recovered activity 8-to-10-fold higher than achievable with the BS2m control
enzyme. While additional research will still have to be carried out to develop a universal method
for successful immobilisation, this work shows that protein linkers should be considered in covalent
strategies to maximise the activity of the solid catalyst. Further investigation of the composition and
length of the peptide linker may also lead to more active constructs and, likewise, positioning of the
T4L and His-tag at the C-terminus may be beneficial for enzymes where the active site is structurally
affected by the N-terminus region.

4. Materials and Methods

4.1. T4L- HEWT, T4L-BS2m, and T4L-HLADH Constructs Generation

The pVL1392 vectors harbouring the T4-Lysozyme (T4L) was first used as templates for
PCR amplification. The genes were amplified by PCR using Q5 High-Fidelity DNA Polymerase
(New England Biolab). The primers FWD-T4L (5′-AAAAGGATCCGAACATCTTCGAGATGCTGCGCAT
CGACGAAG-3′) and RVS-T4L (5′-AAAACTCGAGGTAAGCGTCCCAAGTTCCAGTACGGAAG
GTAGTG-3′) were designed to incorporate BamHI and XhoI restriction sites, respectively (underlined).
The gel-purified PCR products were digested with BamHI and XhoI and the genes were cloned
into a BamHI/XhoI digested pRSETb vector and ligated overnight with T4 ligase at 16 ◦C.
The resulting clone, named pRSETb-T4L, was propagated in electrocompetent E. coli XL10-Gold cells
and the construct was confirmed by sequencing analysis. The pRSETb-T4L D11N mutation was
performed using the QuikChange Lightning Multi single point mutation kit (Agilent Technologies®,
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Santa Clara, CA, USA) (primer: 5′-GCTGCGCATCGACCAGGGCCTGCGTCTCA-3′). The results were
confirmed by DNA sequencing.

The pHESPUC plasmid was used as template for the HEWT cloning. The genes were amplified
by PCR using Q5 High-Fidelity DNA Polymerase (New England Biolab, Ipswich, MA, USA).
The oligonucleotide primers FWD-HEWT (5′-AAAACCATGGGATGCAAACCCAAGACTATCAGG
CCCTGGACCGC-3′) and RVS-HEWT (5′-AAAAAAGCTTTCATGCGGTTGGCTCCTCTTGCGTGT
GC-3′) were designed to incorporate NcoI and HindIII restriction sites, respectively (underlined).
The gel-purified PCR products were digested with NcoI and HindIII and the genes were cloned into a
NcoI/HindIII digested pRSETb-T4L vector and ligated overnight with T4 ligase at 16 ◦C. The resulting
clone, named pRSETb-T4L-HEWT_L1 (link one), was propagated in electrocompetent E. coli XL10-Gold
cells and the construct was confirmed by sequencing analysis.

In order to change the linker length, the XhoI restriction site after the T4L gene
was mutated and substituted with a second NcoI site by directed mutagenesis with
QuikChange Lightning Multi single point mutation kit (Agilent Technologies®) exploiting
an oligonucleotide (5′-AACTTGGGACGCTT ACCTCCATGGCTGCAGCTGGTACCATGGG-3′)
synthesised from Eurofins Genomics®. The construct pRSETb-T4L-HEWT_L1 was digested with
NcoI, purified from agarose gel, and self-ligated overnight with T4 ligase at 16 ◦C. The resulting clone,
named pRSETb-T4L-HEWT_L2 (link two), was propagated in electrocompetent E. coli XL10-Gold cells
and the construct was confirmed by sequencing analysis.

The pET28b_BS2m and pEqADH plasmid were used as template for the BS2m and HLADH
cloning. The genes were amplified by PCR using Q5 High-Fidelity DNA Polymerase (New England
Biolab). The oligonucleotide primers FWD-BS2m (5′-GAAAACCATGGATGACTCATCAAATA
GTAACGACTCA-3′), RVS-BS2m (5′-GAAAAAAGCTTTCAGGATCCTTCTCCTTTTGAAGGG
AATAGCT-3′), FWD-HLADH (5′-GAAAACCATGGGATGAGCACAGCAGGAAAAGTAATA
AAATG-3′), and RVS-HLADH (5′-GAAAAAAGCTTTTCAAAACGTCAGGATGGTACGGATAC-3′)
were designed to incorporate NcoI and HindIII restriction sites, respectively (underlined).
The gel-purified PCR products were digested with NcoI and HindIII and the genes were cloned into a
NcoI/HindIII digested and gel-purified pRSETb-T4L-HEWT_L1 or pRSETb-T4L-HEWT_L2 vectors
and ligated overnight with T4 ligase at 16 ◦C. The resulting clones, named pRSETb-T4L-BS2m_L1
and pRSETb-T4L-HLADH_L1 (link one), and pRSETb-T4L-BS2m_L2 and pRSETb-T4L-HLADH_L2
(link two), were propagated in electrocompetent E. coli XL10-Gold cells and the construct was
confirmed by sequencing analysis.

4.2. Expression, Purification, and Characterization of the HEWT, BS2m, HLADH, and T4L Proteins in E. coli

Protein expression, purification, characterization of the original HEWT, BS2m, and HLADH,
and their T4L constructs was performed following previously reported protocols [17,20,21]. The assay
for the BS2m esterase (and NovoZyme 435) was adapted using the para-nitrophenyl acetate (PNPA) as
standard substrate.

Protein quantification was determined by UV reading (280 nm) considering for each enzyme the
calculated molar extinction coefficient (Table S1).

4.3. Immobilisation of HEWT, BS2m, and HLADH

The immobilisation of HEWT and HLADH were performed following the published
procedures [18,28] originally developed by Guisan and co-workers [16]. For the BS2m immobilisation,
1 g of resin (Sepabeads® EC-EP/S or ReliZyme EP403/S from Resindion S.r.l., Milan, Italy)
immobilisation support was treated with 2 mL of modification buffer (0.1 M of sodium borate and
2 M of iminodiacetic acid in phosphate buffer 50 mM pH 8.5) under gentle shaking for two hours
at room temperature. The sample was then filtered and washed with distilled water and incubated
with a metal containing solution (1 M of sodium chloride and 5 mg/mL of metal cation in phosphate
buffer 50 mM pH 6) for two hours. 2 mL of enzyme solution, suitably prepared to provide a ratio
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of 5 mg of enzyme per 1 g of beads, were added to the resin and kept under gentle agitation (2–24 h,
200 rpm orbital shaking, at room temperature). The beads were filtered and washed thoroughly with
desorption buffer (0.05 M of EDTA and 0.5 M of sodium chloride in phosphate buffer pH 7.4 20 mM)
and distilled water, 4 mL of blocking buffer (3 M of glycine in phosphate buffer pH 8.5 50 mM) were
added and the suspension left under agitation for 20 h. Finally, the beads were washed, collected,
and conserved in 2 mL of storage buffer (50 mM phosphate pH 8.0). The imm-BS2m was routinely
stored at 4 ◦C. The activity of immobilised BS2m was determined by weighing an appropriate amount
of resin (5–50 mg) into a 25 mL reaction tube with cap, followed by the addition of 10 mL reaction
mixture (50 mM phosphate pH 8.0, containing 0.5 mM PNPA). The immobilised enzyme reaction
mixture was shaken at 25 ◦C, 250 rpm and the absorbance at 410 nm was recorded every minute as
single readings using Brand UV-cuvettes. The imm-BS2m specific activity (U/g) is defined as μmol of
para-nitrophenol formed (ε = 15 mM−1 cm−1) per minute per gram of immobilised enzyme.

Unless differently stated, chemicals were purchased from Sigma Aldrich Merck (St. Louis, MO, USA).

Supplementary Materials: The following are available online at www.mdpi.com/2073-4344/8/1/40/s1,
Figure S1: SDS-gel (12%) electrophoresis of T4L-HEWTs, Figure S2: HEWTs immobilisation at different incubation
times, Figure S3: Reusability profile of the immobilised T4L-HEWT_L1 (circle) and T4L-HEWT_L2 (square) after
10 reaction cycles, Figure S4: Stability of HEWTs in different organic co-solvent, Table S1: computed molecular
weight (MW) and molar extinction coefficients (ε), Figure S5: SDS-gel (12%) electrophoresis of T4L-BS2ms,
Figure S6: SDS-gel (12%) electrophoresis of T4L-HLADHs.
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Abstract: As more is learned about glycoproteins’ roles in human health and disease, the biological
functionalities of N-linked glycans are becoming more relevant. Protein deglycosylation allows for the
selective release of N-glycans and facilitates glycoproteomic investigation into their roles as prebiotics
or anti-pathogenic factors. To increase throughput and enzyme reusability, this work evaluated
several immobilization methods for an endo-β-N-acetylglucosaminidase recently discovered from
the commensal Bifidobacterium infantis. Ribonuclease B was used as a model glycoprotein to compare
N-glycans released by the free and immobilized enzyme. Amino-based covalent method showed
the highest enzyme immobilization. Relative abundance of N-glycans and enzyme activity were
determined using matrix-assisted laser desorption/ionization time-of-flight mass spectrometry.
Kinetic evaluation demonstrated that upon immobilization, both Vmax and the Km decreased. Optimal
pH values of 5 and 7 were identified for the free and immobilized enzyme, respectively. Although a
higher temperature (65 vs. 45 ◦C) favored rapid glycan release, the immobilized enzyme retained over
50% of its original activity after seven use cycles at 45 ◦C. In view of future applications in the dairy
industry, we investigated the ability of this enzyme to deglycosylate whey proteins. The immobilized
enzyme released a higher abundance of neutral glycans from whey proteins, while the free enzyme
released more sialylated glycans, determined by nano-LC Chip Q-ToF MS.

Keywords: N-glycans; mass spectrometry; immobilization; prebiotic; glycosidase; recombinant; kinetic;
nano-LC Chip Q-ToF MS

1. Introduction

Glycoproteins are a biologically important class of components with modulatory roles in signaling
and cell adhesion. N-linked glycans are covalently bound to an asparagine residue with the consensus
sequence on the primary structure of asparagine-X-serine/threonine (with X representing any amino
acid besides proline) [1]. The attachment is mediated by the reducing end N-acetylglucosamine moiety
of the glycan onto the asparagine residue [2]. All N-glycans share a common trimannosyl, chitobiose
(two β-1,4 linked N-acetylglucosamine residues) core and are classified based on how the core is
elongated with various monosaccharides. N-glycans can be decorated with N-acetylneuraminic acid or
N-glycolylneuraminic acid (sialylated) and/or fucose (fucosylated) in various antennary combinations
to give rise to a heterogeneity of combinations, even on a single glycosylation site. Glycans can
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be classified based on their antennary decorations, with neutral, fucosylated, sialylated, and both
fucosylated and sialylated being the primary non-plant glycans.

As a model for understanding the interplay of indigestible carbohydrates and beneficial gut
bacteria, human milk oligosaccharides (HMOs) have been widely studied and found to exhibit uniquely
effective prebiotic functionalities [3]. While HMOs are quite abundant in human milk (up to 15 g/L in
colostrum), their commercial-scale isolation from human milk is not feasible [4]. The activities and
roles of intact and released N-linked glycans upon human consumption are not well understood due,
in part, to the lack of adequate deglycosylation and analytic methods to release, identify, and quantity
the released glycans [5]. N-glycans can be released from the protein moiety using harsh chemical
treatments or enzymatic methods, the latter allowing for the recovery of intact protein and glycans.
Deglycosylating enzymes include peptide-N-glycosidases and endo-β-N-acetylglucosaminidases,
which differ in cleavage points of the core of N-glycans [6].

Due to striking similarities in structures and functions, released N-linked glycans from bovine milk
glycoproteins have been studied for their ability to promote the growth of commensal bacteria in vitro [7,8].
A recently discovered endo-β-N-acetylglucosaminidase (Endo-BI-1), isolated from B. infantis, was shown
to deglycosylate human milk glycoproteins more effectively than other endo-β-N-acetylglucosaminidase
isolated from several commensal Bifidobacterium species [9]. More importantly, released N-glycans by
this novel enzyme from bovine milk proteins displayed a remarkable selective prebiotic activity on
Bifidobacterium longum subsp. infantis in vitro, and may promote the growth of other beneficial bacteria
while inhibiting pathogens [7,8,10]. However, to establish N-glycans as an alternative source of prebiotic
carbohydrates to human milk, further research into the selectivity of bovine N-glycans and their functional
similarity with HMOs with respect to commensal, beneficial, and pathogenic gut organisms is necessary.

Whey, the co-product of cheese manufacture, is a potential commercially available source of
underutilized glycoproteins. The concentration of proteins in bovine cheese whey ranges from 1 to
2%, wherein approximately 4–9% of those proteins are N-glycosylated immunoglobulins, lactoferrin,
and transferrin [11,12]. Lactoferrin, while found in substantial quantities in human milk and bovine
colostrum, is present in bovine milk and cheese whey at the trace level.

Yet, the nearly 200 million tonnes of whey produced each year globally [13] conservatively
translates to 2 million tonnes of whey proteins, corresponding to approximately 100,000 tonnes of
bovine milk glycoproteins available for subsequent processing. With such a large availability of
glycoproteins, the development of large-scale processing strategies to release and isolate N-glycans
for further characterization and elucidation of their biological functionalities becomes a key step for
further commercialization of these compounds.

Indeed, enzyme immobilization may facilitate reaction scale-up considering the possibility for broad
reactor systems and catalyst reusability. Enzyme immobilization is the process wherein a soluble enzyme
is attached or adsorbed onto a solid support, entrapped within a matrix, or otherwise aggregated
enabling enzyme reuse during production [14]. However, widespread industrial use of immobilized
enzyme remains limited due to a perceived loss of enzyme activity, lack of universal immobilization
techniques, and cost implications [15,16]. In general, enzyme immobilization facilitates the separation
of products and catalyst where removal from the final product to terminate the reaction and to reuse
the catalyst is important in producing pure bioactive molecules. Covalent, adsorption, entrapment,
and aggregation methods of immobilization have their inherent advantages and disadvantages in a
reactor system. These factors are based on substrate size and ability to access the enzyme active site,
physicochemical stability, and applicability in industrial processes [15]. Although the use of immobilized
enzymes has been validated by the food industry to a limited extent [17], the use of glycosidases has been
restricted to lab-scale [6].

The overall goal of this study was to evaluate several types of immobilization methods and resins
for a novel endo-β-N-acetylglucosaminidase (Endo-BI-1) isolated from B. infantis. In addition to the
development of an immobilization method based on protein immobilization yield and enzyme activity,
the effects of the immobilization method on pH and temperature sensitivity of the immobilized enzyme
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were evaluated. Enzyme reusability was also evaluated. Significant efforts were directed towards
the development of sensitive and high-throughput analytical methods: in particular, MALDI-ToF
MS was used to study the rate and specificity of the deglycosylation reaction kinetics on RNase B,
and nano-LC-Chip Q-ToF MS was used to characterize the diverse pool of N-glycans released from
bovine colostrum whey proteins using free and immobilized enzyme.

2. Results and Discussion

2.1. Protein Immobilization Yield

Enzyme immobilization yield of amino-, epoxy- and adsorption-immobilized Endo BI-1 was
evaluated by quantifying the unbound protein remaining in the supernatant and resin washing
buffer post-immobilization. The fluorescence method employed herein (Qubit Protein Assay Kit)
demonstrated the high immobilization yield (>98%) of the amino-based resin, whereas divinylbenzene
(DVB)-based hydrophobic interaction adsorption immobilized 70% of the enzyme (Figure 1).
Epoxy-based covalent binding yielded the lowest immobilization yield at 12%. These results were
corroborated by SDS-PAGE, where denser Endo BI-1 bands in the supernatants were present in
epoxy and adsorption methods, while amino-based immobilization had no visible band (Figure S1).
Differences between immobilization yields for covalent and adsorption immobilization methods
have been observed previously and can possibly be attributed to the strength of interaction between
hydrophobic interactions and covalent bonds [18]. However, low binding using epoxide-activated
resin may be due to non-optimal methods to identify the ideal pH, time, and temperature for increased
binding [19]. Further investigation into those conditions may improve protein immobilization yield
for the epoxide-activated resin.

Figure 1. Protein immobilization yield for amino, adsorption, and epoxy immobilization methods,
measured fluorometrically by Qubit Protein Assay Kit. Error bars represent one standard deviation
and means followed by different letters (a, b, and c) are statistically different at p < 0.05.

2.2. Relative Quantification of N-glycans by MALDI-ToF MS

An additional goal of this research was to identify a sensitive, specific, and rapid method to determine
relative quantities of N-glycans to facilitate assessment of enzyme activity. Spectrophotometric methods
involving phenol-sulfuric acid have been used, but lack selectivity for certain saccharide types and
tend to be affected by other compounds present in the sample, not only the N-glycan products of this
reaction [20–22]. Additionally, the diverse array of monosaccharides present in N-glycans adds a layer
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of complexity leading to inconsistent responses in these assays [21]. As an alternative, matrix-assisted
laser desorption/ionization time-of-flight mass spectrometry MALDI-ToF MS has been used for relative
quantification of various carbohydrates [23,24]. It is known that MALDI-ToF, albeit rapid and effective in
providing results, may suffer from low reproducibility due to inconsistent crystallization of the samples
on the target plate, leading to shot-to-shot variation. These disadvantages can be overcome by using an
internal standard [25]. Additionally, MALDI has been used to study enzymatic reactions including both
large and small substrates/products [26–28].

Linearity of the 3-FL (3’-fucosyllactose)-spiked released N-glycan system was evaluated. An example
of a typical annotated mass spectrum of N-glycans can be seen in Figure 2. The theoretical m/z for sodiated
3-FL, Man 5, Man 6, Man 7, and Man 8 are 511.16, 1054.34, 1216.40, 1378.45, and 1540.50 respectively,
accounting for one fewer N-acetylglucosamine residue according to cleavage by Endo BI-1. The most
abundant glycan released from RNase B was Man5 (m/z 1054), with larger glycans being less abundant,
which was consistent with previous literature [29]. Bovine RNase B was chosen as a model glycoprotein
due to its single N-glycosylation site and straightforward glycan composition.

 

Figure 2. MALDI-ToF mass spectrum for 3-FL (m/z 511)-spiked N-glycans released from RNase B using
Endo BI-1.

Over the examined order of magnitude range, the normalized response plotted against N-glycan/I.S.
(internal standard) ratio was linear (R2 = 0.995, Figure S2). A high R2 value indicates that analysis of released
N-glycans in presence of I.S. analyzed by MALDI-ToF MS is a suitable tool for rapid relative quantification
of N-glycans needed for evaluating kinetic parameters over a substantial range of concentrations and
amounts of reactant.

2.3. Comparing Immobilized Enzyme Activities

The activity of the enzyme immobilized by each method (amino, epoxy, and adsorption) was
evaluated on RNase B, and reacted for 90 min at 45 ◦C and pH 5.0. The normalized relative abundance
of released N-glycans was determined by MALDI-ToF MS, with activity based on the amount of
glycans released by the free enzyme (Figure 3). Free enzyme had the highest activity, with amino, epoxy,
and adsorption methods retaining 73, 51, and 57% activity, respectively. Diminished activity upon
immobilization is common, and has been reported previously with glutaraldehyde-mediated binding
and hydrophobic adsorption [30]. A combination of diffusional/steric hindrances and possible binding
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and occlusion of enzyme active sites may explain the reduction in enzyme activity [16]. Additionally,
heterogeneous catalysis impacts enzyme activity. The amino-based immobilization was selected for
all subsequent experiments due to its higher activity compared with epoxy and adsorption methods,
as well as its improved catalyst density on the resin.

Figure 3. Relative activity of free or immobilized Endo BI-1 (on amino, epoxy, and adsorption resins)
on the glycoprotein RNase B. Error bars represent one standard deviation. Means followed by different
letters (a, b, and c) are statistically different at p < 0.05.

2.4. Temperature and pH Sensitivity of Immobilized Enzyme Using RNase B

Enzyme properties can change with respect to pH and temperature sensitivity when
immobilized [31,32]. Temperature sensitivity was evaluated at pH 5 with 20 mM Na2HPO4 buffer at
temperatures from 45 to 85 ◦C (Figure 4a). The optimal temperature for both free and immobilized
Endo BI-1 was 65 ◦C. These results differ from what was previously reported by Karav et al. [33],
in which a lower optimum temperature of 52 ◦C was identified for the free enzyme. This discrepancy
could be attributed to different reaction conditions used in both studies. While RNase B and a short
reaction time (20 min) were used in the present work, bovine colostrum whey protein and longer
reaction times (15–475 min) were evaluated in the previous study. At the optimum temperature
identified (65 ◦C), the immobilized enzyme retained 63% of the activity compared with the free
enzyme. In each experimental condition of both temperature and pH, the activity of immobilized
Endo BI-1 was lower than that of the free enzyme, at all conditions. For both free and immobilized
enzymes, activities decreased at temperatures above 65 ◦C.

To evaluate pH sensitivity, 20 mM Na2HPO4 buffer was adjusted to pH 3, 5, 7, and 9. Reactions
with free and immobilized Endo BI-1 and RNase B were carried out at 45 ◦C for 20 min, and the
normalized activity can be seen in Figure 4b. The optimal pH for free Endo BI-1 was 5, in agreement
with previous reports [9], while for the immobilized enzyme a shift to a neutral pH (7.0) was observed.
At the optimal pH for the free (pH 5) and immobilized enzyme (pH 7), the immobilized enzyme
retained approximately 62% of the activity of the free enzyme at 20 min of reaction. However,
the immobilized enzyme was more resilient in the range of pH 7 to 9, where reduced differences
in the activities of the free and immobilized enzyme were observed. Indeed, at pH 9, the activities of
free and immobilized Endo BI-1 were not statistically different (Figure 4a). Our results are in agreement
with several reports in the literature where a shift on the working pH of the immobilized enzyme to a
neutral or more alkaline pH was observed, with the same being attributed to changes in the amine
group during the covalent binding [31,34]. In the context of scaling up N-glycan release using bovine
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milk proteins, the optimum pH of the immobilized enzyme (pH 7), presents a clear advantage over the
free enzyme, considering that milk and dairy streams naturally have a pH close to neutral and would
not necessitate the use of buffers for pH adjustment, which can become problematic and costly at large
scale. Literature suggests that immobilization alters temperature and pH sensitivity by stabilizing the
enzyme conformation and creating stable microenvironments around the enzyme or close to its active
site [35]. The data here presented provides valuable information for future scale-up of the process and
testing other substrates for glycan release.

Figure 4. Mean relative activity of free and immobilized enzyme at different (a) temperature and
(b) pH values using RNase B. Error bars represent one standard deviation and means, within the same
chart, followed by different letters (a, b, c, d, e, and f) are statistically different at p < 0.05.

2.5. Enzyme Kinetics Using RNase B

To gain more quantitative insight into the mechanistic changes of the enzymatic deglycosylation upon
immobilization, the kinetic parameters (Vmax, Km) were estimated using linearized plotting techniques
(Lineweaver-Burk and Hanes Woolf) to reduce the error of non-linear estimation (Figure 5). Vmax,
the maximum forward velocity of the reaction, decreased from 0.551 glycan/min to 0.076 glycan/min
(Lineweaver Burk estimation) upon immobilization of Endo BI-1 as calculated on RNase B (Figure 6).
The Michaelis constant (Km, a measure of substrate affinity) also decreased upon immobilization from
2.27 mg/mL for the free enzyme to 0.299 mg/mL once Endo BI-1 was immobilized on the amino-activated
methacrylate resin. The goodness-of-fit for the Lineweaver Burk linear model (R2) for free and immobilized
enzyme was 0.89 and 0.96 respectively. Hanes Woolf linear estimation revealed similar trends (0.333 and
0.081 Vmax values, 1.17 and 0.345 Km values for free and immobilized enzymes, respectively) to Lineweaver
Burk. Decreased Vmax is typical of enzyme immobilization [32,36], wherein lower maximum velocity is
likely due to limited access of the large, macromolecular substrate to the active site of the immobilized
enzyme. The immobilized enzyme is on a molecular tether, and steric hindrances limit access to more
occluded glycan sites on the substrate with respect to the three-dimensional structure. As a point of
comparison, β-1,4-galactosidase, with a molecular weight of approximately 465 kDa in its tetrameric form,
with lactose as substrate at 360 Da has an overall substrate/enzyme size ratio of 0.0008:1, whereas for
RNase B and Endo BI-1, the substrate/enzyme size ratio is approximately 0.32:1. This suggests a more
limited diffusion and increased steric challenge with respect to active site availability.
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Increased apparent affinity accompanied by decreased Vmax is consistent with uncompetitive
inhibition. Possible explanations of this phenomenon are the formation of a more stable enzyme-substrate
complex between Endo BI-1 and RNase B upon immobilization, or simply deglycosylated RNase B
may have difficulty diffusing away from immobilized Endo BI-1 upon interaction with the active site.
Both stable enzyme-substrate complexes and diffusional challenges would increase apparent affinity and
inhibit forward reaction progress and are documented phenomena [36,37].

Enzymes with diverse, macromolecular substrates may exhibit substrate-dependent kinetic
behavior. For example, when Endo BI-1 was tested on different glycoproteins, Vmax and Km also
varied. The Michaelis constants for RNase B, lactoferrin, and concentrated whey proteins were 0.25,
0.43, and 0.90 mg/mL respectively, potentially due to different sizes, purities, and physicochemical
properties of the glycoproteins [20]. The overall increase in Km for Endo BI-1 in this study (0.33 vs.
025 mg/mL) is likely related to differences in reaction conditions and analytical methods used in both
studies. While this study utilized MALDI-ToF MS to measure the hydrolytic efficiency of Endo BI-1,
previous studies utilized a spectrophotometric phenol-sulfuric assay, wherein the diverse array of
monosaccharides present in N-glycans from lactoferrin and other whey proteins could have yielded
different responses.

(a) (b) 

Figure 5. Lineweaver Burk (1/[S] (mL/mg) vs. 1/v (mL × min/mg)) (a) and Hanes–Woolf ([S]
(mg/mL) vs. s/v (min)) (b) linearized plotting techniques for the estimation of kinetic parameters of
free and immobilized EndoBI-1 on RNase B.

2.6. Immobilized Enzyme Reusability with RNase B

A substantial advantage of enzyme immobilization is the potential reusability of the catalyst.
Amino-mediated immobilized Endo BI-1 was subjected to ten 20-min reuse cycles at 45 and 65 ◦C to
determine the effects of different temperatures on the activity and reusability of the immobilized enzyme
(Figure 6). Enzyme activity was higher at 65 ◦C compared with 45 ◦C. At 45 ◦C, the immobilized enzyme
activity corresponded to approximately 65% of the enzyme activity at 65 ◦C. Despite higher enzyme
activity at 65 ◦C, a higher decrease in the enzyme activity was observed after each reuse cycle. At 65 ◦C,
enzyme activity was reduced to 63% of its original value after one cycle of reuse, and by the sixth use
cycle, it had been reduced to and stabilized at 10 to 15% of its original activity. Conversely, at 45 ◦C,
the enzyme activity remained consistent up to three reuse cycles. Despite the initial higher enzyme activity
at 65 ◦C, from the third cycle onward reactions at 45 ◦C had greater residual enzyme activity than reactions
performed at 65 ◦C. These results indicate that although 65 ◦C is optimal for initial glycan release, it does
not favor repeated enzyme use for longer reaction times. It is possible to reuse the immobilized enzyme up
to seven cycles at 45 ◦C with significant retention of its activity (50% from the initial activity). Our results
are in agreement with several reports in the literature, where the use of lower temperatures (e.g., 37 ◦C)
has favored high reusability, even though higher temperatures may favor more rapid catalysis [38,39].
Regarding an industrially-relevant enzyme with macromolecular substrates, Chauhan reported a loss
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of over 85% of polygalacturonase activity after 6 cycles using adsorption onto celite [40]. Additionally,
reaction time and temperature affect the selective release of N-glycans from more complex and diverse
glycoproteins, which may determine the choice of the reaction temperature thus affecting reusability
of the immobilized enzyme [41]. Importantly, fouling with a protein-based substrate may also impact
reusability [42].

Figure 6. Mean relative activity of immobilized Endo BI-1 on RNase B following several reuse cycles.
Error bars represent one standard deviation.

2.7. Release of N-glycans from Bovine whey Proteins

Cheese whey, a co-product of the dairy industry, is a source of N-linked glycoproteins including
lactoferrin, lactoperoxidase, transferrin, and various immunoglobulins [12]. Free and immobilized
Endo BI-1 was incubated with whey proteins purified from bovine colostrum at pH 7 at 45 ◦C for 1 h.
The glycans were purified and characterized by nano LC-Chip Q-ToF mass spectrometry and each
compound’s relative abundance was determined and further classified based on the class of glycan to
which each compound belongs (Figure 7).

Overall, twenty-six unique N-glycan structures were identified and confirmed by tandem mass
spectra. The N-glycans were characterized based on their monosaccharide composition, which
included neutral (containing only hexose and N-acetylhexosamine residues), sialylated, fucosylated,
and fucosylated and sialylated. For neutral glycans the immobilized enzyme released eight times
higher relative amounts than free Endo BI-1. For the class fucosylated and sialylated, the free enzyme
released significantly higher amount of glycans (approximately double) compared with the free
enzyme. Free enzyme released 50% more of each fucosylated and sialylated glycan class. For glycans
with both sialylation and fucosylation, the free enzyme released nearly double the relative amount of
glycans compared with immobilization. It is worth mentioning that fucosylated and sialylated glycans
were present in lowest amounts. Both sialylated and neutral glycans represented the most abundant
glycan types released from colostrum whey proteins. Importantly, unique glycan compositions should
only be compared between samples, and not among the various N-glycan structures themselves.
In fact, differences in ionization efficiency due to diverse monosaccharide composition hinder direct
comparisons in the absence of identical pure standards.

The N-glycan structures released by Endo BI-1 were tabulated according to the glycan
composition notation Hex_HexNAc_Fuc_NeuAc_NeuGc, which correspond with the number of
hexose, N-acetylhexosamine, fucose, N-acetylneuraminic acid, and N-glycolylneuraminic acid residues
respectively (Table S1). The most abundant glycans released from colostrum whey proteins by free
Endo BI-1 were 4_3_0_1_0 and 3_3_0_1_0 while the most abundant glycan structures released by
immobilized Endo BI-1 were 3_3_0_0_0 and 5_1_0_0_0 (Man5). The relative abundance for released
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3_3_0_0_0 and 5_1_0_0_0 for immobilized enzyme compared with free enzyme were 27 and 14 times
higher, respectively. These large differences are the main drivers of the substantial differences in
relative abundance of neutral glycans. Both 3_3_0_0_0 and 4_3_0_1_0 were identified as the most
abundant glycans released from a similar protein source using Endo BI-1 [41]. Although high mannose
compounds like 5_1_0_0_0 and 6_1_0_0_0 were previously found in the bovine and human milk
N-glycome, likely deriving from bovine lactoferrin, they were not previously described as being
released from bovine colostrum whey proteins with free Endo BI-1 [41,43].

Despite the many technological breakthroughs, deglycosylation is still not a well-characterized
process. Recently, the kinetics of the commercial enzyme peptide-N-glycosidase F (PNGase F) were
investigated to understand the impact of sialylation on the release of N-glycans [44]. Presence of sialic
acid slowed glycan release, while fucosylation also affected the deglycosylation rate. Because RNase B
contains a single glycosylation site and high mannose type glycans, these differences would not be
observed. However, when using a different enzyme (Endo BI-1) and complex substrates like bovine
colostrum whey proteins under different conditions, kinetics and deglycosylation behavior would
likely be substantially different. Additionally, the presence of methacrylate resin with pore diameters
within the range of 300 to 600 Å may facilitate binding of small, neutral glycans such as 3_3_0_0_0
and 5_1_0_0_0 or the protein regions containing them, favoring their release compared with free Endo
BI-1. Antennary moieties such as fucose or sialic acid could also change physicochemical interactions
between the glycan and the methacrylate supports as well as the glycan with the immobilized enzyme
itself. The ability to modulate glycan release based on reaction conditions has been previously described
by Le Parc et al. [41]. Additional changes on the glycan release resulting from the immobilization
method used suggests a high degree of complexity concerning enzymatic deglycosylation.

Figure 7. Mean relative quantities of various classes of released N-glycans from bovine colostrum
whey proteins determined by nano-LC Chip Q-ToF MS/MS by free and immobilized Endo BI-1. Error
bars represent one standard deviation. * Represents significant differences within the same class of
N-glycans at p < 0.05.
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3. Materials and Methods

3.1. Enzyme Production

Recombinant endo-β-(1,4)-N-acetylglucosaminidase (Endo BI-1) from Bifidobacterium longum
subsp. infantis ATCC 15697 from the University of California Davis Viticulture and Enology Culture
Collection (Davis, CA, USA) was cloned into E. coli using a pEcoTM-T7-cHis cloning kit (GeneTarget
Inc, San Diego, CA, USA). Endo BI-1 was expressed and isolated in a stock containing 65 mg/mL
enzymebased upon previous literature [33].

3.2. Enzyme Immobilization

Endo BI-1 was immobilized onto methacrylate resin according to manufacturer’s directions
(Purolite, Llantrisant, Wales, UK). Epoxide-activated (Lifetech ECR8204F), amino-activated (Lifetech
ECR8309F), and divinylbenzene (DVB, Lifetech ECR1030M) adsorption resins were used in this study.
Covalent (epoxide- and amino-activated resins) and adsorption (divinylbenzene resin) immobilization
techniques were selected in this study due to limited macromolecular substrate diffusion through
entrapment matrices [45].

To activate the amino resin, 2% glutaraldehyde in 1X PBS as a crosslinking agent was added
to the resin prior to enzyme addition and incubated for 1 h, after which it was washed with 0.1X
phosphate-buffered saline (PBS) to remove excess glutaraldehyde. Endo BI-1 enzyme stock was added
to each activated resin (50 mg enzyme per gram activated resin, wet basis) in buffer mass equal to
four times the mass of the resin. For epoxide-activated immobilization, resin was incubated with
enzyme in 10X PBS buffer for 42 h. For adsorption-based immobilization, DVB resin was incubated
with enzyme for 18 h in 0.1X PBS buffer. Amino-based immobilization was incubated with enzyme in
0.1X PBS for 24 h, based on the manufacturers’ recommendations. Enzyme incubation took place at
25 ◦C and 100 rpm and each immobilization method was performed in triplicate. Following incubation,
resins were washed with four volumes of 0.1X PBS buffer. The wash buffer was collected and further
analyzed to determine the protein immobilization yield.

3.3. Evaluating Protein Immobilization Yield

Wash buffers from enzyme immobilization were treated with four volumes of −20 ◦C ethanol and
held at −30 ◦C for 60 min to precipitate proteins, after which the samples were centrifuged at 4000× g
for 30 min at 4 ◦C. The supernatant was discarded, and the pellet was resuspended in nanopure water.
The total protein was loaded to the immobilization resin and the protein remaining in the wash buffer
was measured. The protein immobilization yield was determined by the following equation:

Protein immobilization yield (%) =
PL − Pw

PL
× 100%

where PL is the mass of protein loaded and Pw is the mass of protein in the resin washing buffer
after immobilization [46]. Total protein was measured fluorometrically in triplicate using the Qubit
Protein Assay Kit (Life Technologies, Grand Island, NY, USA). Purified protein samples were also
analyzed by sodium dodecyl sulfate polyacrylamide gel electrophoresis (SDS-PAGE) on 4–15% precast
polyacrylamide gels to visualize amount of protein not bound to immobilization resin [9].

3.4. N-glycan Analysis by MALDI-ToF Mass Spectrometry

A microflex MALDI-ToF mass spectrometer (Bruker Daltonics GmbH, Bremen, Germany) was
used. Ten μL of purified N-glycan samples were spiked with five μL 100 mg/L of the human milk
oligosaccharide 3’-fucosyllactose (3-FL, Dextra Laboratories Inc., Reading, UK) as an internal standard.
A one μL aliquot of spiked sample was combined with an equal volume of 2,5-dihydroxybenzoic acid
matrix (20 mg/mL in 30% acetonitrile, 0.1% trifluoroacetic acid) and 0.4 μL 1 mM NaCl was added
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to achieve ionization in positive mode. 0.5 μL spiked sample with matrix and NaCl was spotted in
duplicate onto a ground steel target plate and dried under vacuum. Mass calibration was conducted
using a polysaccharide ladder extracted from beer [47].

Ionization was carried out using a 337.1 nm laser, and detected in reflectron positive mode with
a reflector voltage of 20.02 kV in the mass range of 300 to 2500 m/z. The final spectra were the sum
of 2000 laser shots. MS intensities of four glycans (namely Man 5, Man 6, Man 7, Man 8) released
from bovine ribonuclease B (RNase B, Sigma Aldrich, St. Louis, MO, USA) were normalized to the
MS intensity of 3-FL internal standard, summed, and considered the normalized relative abundance
of glycan.

Linearity of the MALDI-ToF method was determined by preparing a stock of glycans released
from RNase B using free Endo BI-1. Following purification as described above, varying amounts
of released N-glycan was added to a constant amount of 3-FL internal standard and analyzed by
MALDI-ToF MS as described above. The summed, normalized intensity was plotted against the
volume of N-glycans added and a linear regression was fit to the data.

3.5. Preliminary Comparison of Immobilization Methods Efficiency Using Ribonuclease (RNase) B

Accounting for varying immobilization yields of the enzyme onto the beads, resin containing
40 μg immobilized Endo BI-1 or 40 μg free enzyme was reacted with 600 μg in 20 mM Na2HPO4 buffer
for 90 min at 45 ◦C at pH 5. The reaction was terminated with ethanol at −30 ◦C and glycans were
purified and characterized as described in the MALDI-ToF MS analysis section. Summed, normalized
MS intensities for the four most abundant glycans were normalized to 100% activity for the free
enzyme. One-way analysis of variance (ANOVA) was used along with Tukey’s multiple comparisons
test with GraphPad Prism 7 (Graphpad, La Jolla, CA, USA) to determine the statistical significance of
the data at p < 0.05.

3.6. Effect of Immobilization on Enzyme Resilience to pH and Thermal Changes

To identify the optimum temperature for the immobilized enzyme, RNase B was incubated in
pH 5 buffer as described previously and free or immobilized enzyme was added [9]. The reaction
mixture (enzyme + substrate) was incubated for 20 min at temperatures ranging from 45 to 85 ◦C.
Their respective deglycosylating activities were normalized and compared.

The pH of 20 mM Na2HPO4 buffer was adjusted to 3, 5, 7, and 9 using 1 N HCl or NaOH. Free and
immobilized Endo BI-1 was reacted with RNase B at 45 ◦C at each pH for 20 min and the relative
activity, measured as the enzyme ability to deglycosylate RNase B, was measured by MALDI-ToF
MS. Experiments were conducted in triplicate and a two-way ANOVA was used along with Tukey’s
multiple comparisons in GraphPad Prism 7 to determine statistical significance of the data at p < 0.05.

3.7. Determination of Kinetic Parameters of Enzyme Using RNase B

Relevant kinetic parameters relating to maximum reaction velocity (Vmax) and the Michaelis-
Menten constant (km) were determined by measuring the normalized glycan intensity at varying
substrate concentrations (0.1 to 1.1 g/L) in 20 mM Na2HPO4 buffer under optimal pH and temperature
conditions for the free and immobilized enzyme. Aliquots were taken in four-minute intervals up to
20 min. Linearized plotting (Lineweaver Burk and Hanes Woolf) were utilized to calculate Km and
Vmax [48,49].

3.8. Evaluating Reusability of Immobilized Endo BI-1 Using RNase B

Reusability of immobilized Endo BI-1 was evaluated for ten cycles of 20 min at both 65 ◦C and
45 ◦C in presence of RNase B. Between each cycle, the supernatant from the reaction was removed
and subsequently treated with cold ethanol for protein precipitation and glycan isolation. After each
reaction cycle, the remaining resin containing the immobilized enzyme was washed with a 20 mM
Na2HPO4 buffer at a 4:1 ratio (buffer/reaction volume) and fresh substrate-containing buffer was
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added for the next reaction cycle. Enzyme activity after the first reaction was considered as 100%.
Experiments were conducted in triplicate.

3.9. Release of N-glycans from Bovine Colostrum whey Proteins by Free and Immobilized Endo BI-1

Bovine colostrum whey proteins were isolated from bovine colostrum whey kindly provided
by La Belle (Bellingham, WA, USA). Bovine colostrum whey proteins were isolated and purified
using a 10 kDa molecular weight cut-off ultrafiltration as described previosly by Karav et al. [33] and
were deglycosylated by free and immobilized Endo BI-1 in triplicate. Bovine colostrum whey protein
concentration was determined by Qubit fluorometric kit according to manufacturer’s instructions as
described previously. Briefly, Endo BI-1 (free or immobilized) was added to purified colostrum whey
proteins at a ratio of 1:75 in 20 mM Na2HPO4 buffer at pH 7 and reacted for 1 h at 45 ◦C based on
previous reports [33]. The reaction was terminated, and proteins were precipitated using cold ethanol.
The supernatant was dried by vacuum centrifuge and subsequently resuspended, whereupon glycans
were purified from contaminants using C18 cartridges (Glygen, Columbia, MD, USA) and desalted by
porous graphitized carbon (PGC, Glygen) solid phase extraction as described previously [7,50]. Eluate
from PGC was dried, resuspended in nanopure water for subsequent nano-LC-Chip Q ToF analysis.

3.10. N-glycan Analysis by Mass Spectrometry Nano-LC-Chip Q ToF

Samples were transferred to polypropylene vials and 6 μL were injected into an Agilent
6520 nano-LC-Chip quadrupole time-of-flight mass spectrometer (Q-ToF MS, Agilent Technologies,
Santa Clara, CA, USA). Glycans were further purified on a 9 mm × 75 μm PGC enrichment column and
then separated on a 43 mm × 75 μm PGC analytical column with binary solvents, gradient, and data
collection based on Karav et al. [7]. The following minor modifications were applied: scan range for
MS was 450 to 2500 m/z, and for MS/MS was 100 to 3200 m/z. Spectra in both MS and MS/MS modes
were collected at a rate of 0.63 spectra/s. The collision energy in the collision cell corresponded to a
slope of 1.8/100 Da.

Chromatograms from the nano-LC-Chip Q ToF were curated and compounds identified in
Masshunter Qualitative Analysis software (version B.07.00 Agilent Technologies) using a previously
described bovine milk N-glycan bioinformatic library adjusted for one fewer N-acetylglucosamine in
the chitobiose core. The library assumed compositions including hexose (Hex), N-acetylhexosamine
(HexNAc), fucose (Fuc), N-acetylneuraminic acid (NeuAc), and N-glycolylneuraminic acid
(NeuGc) [43]. Additionally, structures included a tetrasaccharide core containing three hexose (e.g.,
mannose) moieties and one HexNAc (N-acetylglucosamine) moiety. Structures were confirmed using
MS/MS fragmentation patterns and isotopic distribution. A library of glycan structures specific to the
sample set was assembled based on retention time, molecular formula and confirmed m/z. Relative
abundances of N-glycans were obtained using Masshunter Profinder software (version B.06.00, Agilent
Technologies). The batch targeted feature extraction algorithm with the following parameters was
applied using the generated database: minimum abundance of 750 counts, charge state up to +3,
retention time window of 2 min, and a glycan isotope model. Peak areas were verified for accurate
integration and isotopic distribution.

4. Conclusions

These findings highlight the advantages and limitations of different enzyme immobilization strategies,
in particular when considering an enzyme targeting the release of glycans from macromolecular substrates
such as glycoproteins. The immobilization process shifted the optimum pH of the enzyme to a neutral
pH, which is of relevance when considering the immobilization of this enzyme for industrial applications,
such as in dairy products or other food products having a pH close to neutral. The use of moderate
temperatures favored the reuse of the immobilized enzyme. Immobilized enzyme reusability may
compensate for its initial reduced activity. When using a complex and diverse source of glycoproteins as
bovine colostrum, the immobilized enzyme released a higher abundance of neutral N-glycans than the free

358



Catalysts 2018, 8, 278

enzyme, which yielded a different overall composition of glycans by class. This difference suggests that
specific glycan release can be achieved by potentially tailoring immobilized enzyme reactions conditions in
future studies.

Further investigation of the different rates of glycan release, possibly due to limited enzyme
accessibility to specific glycan sites on glycoproteins, may enhance our understanding of the role of
certain glycosylation sites and structures on their function, in particular for therapeutic glycoproteins
such as monoclonal antibodies. Investigation on alternative glycoprotein substrates of plant origin is
warranted to understand substrate specificity. This study presents a scalable technique for enzymatic
deglycosylation of industrially relevant glycoproteins. Optimized reactor configurations, including
flow-through column reactors and fluidized beds, could favor glycan release and subsequent isolation
from deglycosylated proteins in downstream isolation, enabling future processing scale-up and
commercialization of bioactive glycans and novel therapeutics.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4344/8/7/278/s1,
Figure S1: Sodium dodecyl sulfate polyacrylamide gel electrophoresis of immobilization washings from amino,
adsorption, and epoxy methods on a 4–15% acrylamide gel. Endo BI-1 weighs approximately 53 kDa, Figure S2:
Normalized MALDI-ToF MS intensity vs. N glycan: I.S. ratio for glycans released from RNase B, Table S1: Mean
relative quantities (±S.D.) of N-glycans released by free and immobilized Endo BI-1 from bovine colostrum whey
proteins as determined by nano-LC Chip Q-ToF MS/MS Compound formula is signified by the number of residues of
each monosaccharide in the following order: Hex_HexNAc_Fuc_NeuAc_NeuGc.
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Abstract: The β-fructofuranosidase (Xd-INV) from the basidiomycota yeast Xanthophyllomyces
dendrorhous (formerly Phaffia rhodozyma) is unique in its ability to synthesize neo- fructooligosaccharides
(neo-FOS). In order to facilitate its industrial application, the recombinant enzyme expressed in
Pichia pastoris (pXd-INV) was immobilized by entrapment in polyvinyl alcohol (PVA) hydrogels.
The encapsulation efficiency exceeded 80%. The PVA lenticular particles of immobilized pXd-INV
were stable up to approximately 40 ◦C. Using 600 g/L sucrose, the immobilized biocatalyst synthesized
18.9% (w/w) FOS (59.1 g/L of neokestose, 30.2 g/L of 1-kestose, 11.6 g/L of neonystose and 12.6 g/L
of blastose). The operational stability of PVA-immobilized biocatalyst was assayed in a batch reactor
at 30 ◦C. The enzyme preserved its initial activity during at least 7 cycles of 26 h.

Keywords: glycosidases; fructooligosaccharides; prebiotics; enzyme entrapment; immobilization;
bioreactors; hydrogels; neokestose

1. Introduction

Fructooligosaccharides (FOS) are fructose oligomers linked to a sucrose skeleton by different
β(2→1) or β(2→6) glycosidic bonds [1]. In addition to their prebiotic properties—which promote
the development of bifidobacteria and lactobacillus in the gastrointestinal tract [2]—and their low
glycemic index, FOS may exert other benefits in human health, including a better gut absorption of
Ca2+ and Mg2+, a reduction of blood lipid levels and a reduced risk of suffering colon cancer [3,4].
FOS can be synthesized from sucrose by a transfructosylation reaction [5]. Commercial FOS possess an
inulin-type structure containing β(2→1) linked fructose units [6]. However, it has been reported that
neo-FOS, in which one fructosyl moiety is β(2→6) linked to the glucose unit of sucrose, could display
improved prebiotic and physicochemical properties with regard to inulin-type FOS [7,8].

The β-fructofuranosidase Xd-INV from the yeast Xanthophyllomyces dendrorhous
(formerly Phaffia rhodozyma) is a dimeric glycoprotein with a molecular mass of 320–380 kDa,
which belongs to the glycoside hydrolase (GH) family 32 [9,10]. Like other β-fructofuranosidases, Xd-INV
catalyzes both the hydrolysis of sucrose and the synthesis of FOS [11,12]. However, Xd-INV is unique
in its ability to catalyze the transfer a fructosyl moiety to the 6-OH hydroxyl of glucose unit in sucrose.
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In fact, this is the most efficient enzyme reported for the production of neo-FOS (basically neokestose and
neonystose) [11,13]. Xd-INV is an attractive enzyme not only for the production of neo-FOS, but also for
the preparation of novel fructosylated derivatives [13]. Recently we successfully expressed this enzyme in
Pichia pastoris (pXd-INV) yielding a significant volumetric activity [12].

Despite the enormous potential of biocatalytic processes [14], the industrial application of enzymes
is often hampered by a lack of long-term operational stability and the difficulties to recover and reuse
the biocatalysts [15]. Enzyme immobilization can help to overcome these drawbacks, since it allows the
easy separation of the biocatalyst facilitating product recovery, which is commonly accompanied by the
stabilization effect towards denaturation by high temperatures, extreme pHs or organic cosolvents [16,17].

Immobilization methodologies for industrial biotransformations should be relatively simple,
inexpensive and provide active biocatalysts with substantial stability [15]. The strategies for enzyme
immobilization are commonly classified into three groups [18]: support binding (by adsorption or
covalent linkages), entrapment and cross-linking. For reactions involving the transformation of
carbohydrates, covalent binding is preferred over adsorption to avoid enzyme leakage [19], but most
of the commercial activated carriers are expensive [20–22]. Cross-linking gives rise to biocatalysts with
highly concentrated enzyme activity, significant stability and low production costs due to the absence
of carrier, although the recovery of activity is commonly low [14,15]. Entrapment is an efficient and
inexpensive technique, which is very useful when substrates and products have low molecular sizes
and high diffusion rates, as occurs with simple sugars [14,23,24]. The entrapment in hydrogels can be
combined with cross-linking in order to provide more resistant biocatalysts [25,26].

In this work, we have investigated the immobilization of recombinant pXd-INV to facilitate
its industrial application in the production of neo-FOS and other fructosylated derivatives.
Considering that the size of Xd-INV is significantly large (it is a dimeric enzyme with an average
molecular mass of 360 kDa and dimensions 135 × 75 × 45 Å [10]), we believed that entrapment
methodologies could be appropriate for this enzyme as the leakage through pores should be restricted
Our focus was to evaluate polyvinyl alcohol (PVA) entrapment as an immobilization strategy. PVA is
cheap, mechanically robust and nontoxic to organisms [27]. The efficiency of this methodology was
assessed in terms of the recovered activity and operational stability. The resulting biocatalysts were
applied to the production of neo-FOS.

2. Results and Discussion

2.1. Immobilization of pXd-INV in PVA Hydrogels

The recombinant β-fructofuranosidase pXd-INV from X. dendrorhous was immobilized by
entrapment in lenses of polyvinyl alcohol (PVA), as represented in Figure 1. The enzyme was mixed
with a solution of PVA, and the gelification was accomplished by dripping the mixture onto a surface
(96-well microplate) followed by partial drying at 50 ◦C [28]. The gelification can be also promoted
by freezing and thawing [29,30] or by UV radiation [31]. The entrapment in highly elastic and stable
hydrogels formed by PVA has given excellent results with glycosidic enzymes [26,30,32]. The gelation
takes place by the formation of hydrogen bonds between the hydroxyl groups of the PVA, resulting in
a noncovalent spatial network [33]. These hydrogels are also very useful in controlled drug release,
artificial tissues, bioseparations or biosensors [34,35]. PVA-based biocatalysts have proven remarkable
operational and mechanical stability in different types of bioreactors, including shaken microtiter
plates, batch stirred tanks and packed-bed reactors [32].
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Table 1 summarizes the main immobilization parameters using 10% (w/v) PVA in 100 mM
sodium acetate (pH 5.0), the optimum buffer for this enzyme. Two different enzyme loadings were
assayed. Lens volume ranged 52–56 μL. An increment of the initial enzyme activity did not result in a
significant increase of the volumetric activity of the biocatalyst. In contrast, the recovered activity was
substantially diminished compared with lower enzyme loadings. We checked by successive washings
that pXd-INV was not released from the PVA hydrogels. Considering that this enzyme is quite stable
under the immobilization conditions, we believe that a high enzyme concentration inside the PVA
lenses may cause some diffusional limitations, thus explaining the results obtained when increasing
the enzyme loading. Starting from 35.5 enzyme units (measured in the DNS assay) and 5 mL PVA
solution, the encapsulation efficiency was satisfactory (>80%).

Figure 1. Immobilization of pXd-INV by entrapment in polyvinyl alcohol (PVA).

Table 1. Effect of pXd-INV enzyme loading on the activity and recovery upon immobilization by
entrapment in PVA hydrogels.

Total Initial
Activity (U) a

Volume of
Biocatalyst (mL)

Lens Volume (μL) b Activity of the
Biocatalyst (U/lens) a

Activity of the
Biocatalyst (U/ml) a Recovered Activity (%) c

35.5 4.8 56.3 0.34 5.96 80.6
84.5 4.7 52.6 0.33 6.20 34.5

a Measured by the DNS assay; b Lens volume = (volume dispensed/number of drops dispensed) × number of
drops in each lens; c (Activity of the biocatalyst × Volume of biocatalyst obtained × 100)/Total activity introduced.

The operational stability of the biocatalyst obtained with the lowest enzyme loading (35.5 U) was
assayed following a micro-scale procedure previously described by our group [36]. We performed
10 reaction cycles of 20 min with 100 mg/mL sucrose as substrate at 50 ◦C, measuring the amount
of reducing sugars by the DNS method (Figure 2). Between cycles, the biocatalyst was thoroughly
washed with 100 mM sodium acetate buffer (pH 5.0). As shown, the operational stability of PVA-lens
shaped particles was very satisfactory during at least 10 short cycles.
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Figure 2. Operational stability of entrapped pXd-INV in PVA. Conditions for each cycle: 100 mg/mL
sucrose, 50 ◦C, 20 min reaction.

2.2. Production of FOS by Entrapped pXd-INV

Using 600 g/L substrate, we analyzed the production of fructooligosaccharides catalyzed by
immobilized pXd-INV. A high concentration of sucrose favours transglycosylation reaction in detriment
of hydrolysis of the disaccharide [37]. The profile of the reaction products was characterized by High
Performance Anion-Exchange Chromatography with Pulsed Amperometric Detection (HPAEC-PAD)
(Figure 3). The products pattern correlated well with that obtained using the soluble enzyme expressed
in P. pastoris [12]. Using neo-FOS standards purified and characterized as described in previous
works [11,38], we were able to identify neokestose (the major product), 1-kestose and neonystose.
Peak 5 was blastose [Fru-β-(2→6)-Glc], a sucrose isomer member of the neo-FOS series, which is
produced by the hydrolysis of neokestose. We demonstrated in previous publications that Xd-INV was
unable to transfer the fructosyl moiety to free glucose [11,12]. The structure of the FOS synthesized by
immobilized pXd-INV is depicted in Figure 4.

Figure 3. HPAEC-PAD chromatogram of the reaction of 600 g/L sucrose at 50 ◦C with pXd-INV
entrapped in PVA. (1) Glucose; (2) Fructose; (3) Sucrose; (4) 1-Kestose; (5) Blastose; (6) Neokestose;
(7) Neonystose.
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Figure 4. Structure of the FOS synthesized by immobilized pXd-INV. The sucrose skeleton is
represented in blue.

2.3. Thermal Stability of PVA Lens-Shaped Particles

The operational stability represented in Figure 2 corresponded to short reaction cycles
(20 min) at 50 ◦C. The optimum temperature for both native and recombinant Xd-INV is in the
range 50–60 ◦C [11,12]. However, in order to assess the potential of the immobilized pXd-INV
biocatalysts for the synthesis of neo-FOS, we should consider the thermostability of the PVA
lens-shaped particles in long-term operation. Thus, the immobilized biocatalyst was incubated at
different temperatures (4–60 ◦C) for 24 h at pH 5.0, and the residual activity was measured by the
DNS assay (Figure 5). As shown, the activity of the PVA-lens shaped particles was maintained up
to approximately 40 ◦C. At higher temperatures, more than half of the activity was lost in one cycle.
However, the soluble enzyme is very stable up to 60 ◦C during at least 24 h (data not shown). In this
context, it is well reported that PVA hydrogels become unstable at temperatures above 50 ◦C [39,40].
The loss of 3D structure of the lenses may facilitate enzyme leakage thus resulting in a decrease of the
activity. Based on the above data, we selected 30 ◦C to assess the operational stability of the biocatalyst
for neo-FOS synthesis, as a compromise between enzyme activity and stability.

Figure 5. Thermostability of immobilized pXd-INV in PVA. Incubation conditions: 100 mM sodium
acetate buffer (pH 5.0), 24 h.

366



Catalysts 2018, 8, 201

2.4. Kinetics of Neo-FOS Formation by Entrapped pXd-INV

The kinetics of FOS formation with the PVA-entrapped enzyme was analyzed using 600 g/L
sucrose as substrate at 30 ◦C. Figure 6 represents the formation of the different products as a function of
sucrose consumption. Maximum FOS production was reached when approximately 86% of the initial
sucrose had disappeared, as occurred with the soluble enzyme [12]. At this point, the immobilized
pXd-INV yielded 18.9% (w/w) FOS (113.5 g/L), of which 59.1 g/L corresponded to neokestose,
30.2 g/L to 1-kestose, 11.6 g/L to neonystose, and 12.6 g/L to blastose.

We confirmed that blastose was formed by hydrolysis of neokestose, as the concentration of this
disaccharide increased up to 30.5 g/L concomitant with the sharp decrease of neokestose at the end
of the reaction. This value represents a notable concentration of blastose considering that by now
the largest production reported of this disaccharide was 34 g/L using the Cladosporium cladosporioides
mycelium-bound transfructosylation activity [38]. The sharp decrease of FOS concentration observed
after 85–90% consumption of sucrose was also observed with the soluble native enzyme [12] and is
typical in the preparation of FOS with other β-fructofuranosidases [41].

It is worth noting that the maximum FOS concentration (18.9%) was significantly lower than
the obtained with the soluble enzyme (29%) [42]. This fact might be related with the hydrophilic
microenvironment of the PVA lenses, which could favour the hydrolysis in detriment of the
transfructosylation. The effect of the microenvironment of the carrier on the transferase to hydrolysis
ratio has been also reported in previous works [30,43–46]. In this context, the amount of blastose
synthesized by the immobilized pXd-INV was higher than the reported with the recombinant soluble
enzyme (30 g/L vs. 8 g/L), which is in accordance as it is obtained in a hydrolytic process.

Figure 6. Kinetics of FOS formation with entrapped pXd-INV in PVA. Reaction conditions:
600 g/L sucrose, 100 mM sodium acetate buffer (pH 5.0), 30 ◦C.

2.5. Operational Stability of Immobilized pXd-INV for Neo-FOS Production

We performed seven cycles of 26 h at 30 ◦C using 600 g/L as substrate in a batch reactor.
Between cycles, the lenses were thoroughly washed with the reaction buffer to remove any remaining
sugars. The production of the different FOS is represented in Figure 7. Under the assayed conditions,
the conversion of sucrose was approximately 23%, which implies that it was a bit far from the
optimum FOS yield (Figure 6). However, the present study was very valuable to determine if these
PVA biocatalysts could be reused for the industrial production of neo-FOS a. As shown in Figure 7,
the concentration of the main reaction products was maintained nearly constant during the seven
reaction cycles.

367



Catalysts 2018, 8, 201

The excellent operational stability of the lens-shaped PVA biocatalysts seems to be related with
the fact that the lenses apparently maintained their original shape during the study. The operational
stability of immobilized enzymes for FOS synthesis has been studied by different groups [47].
Satisfactory results have been obtained, among other methods, by entrapment in alginate followed by
a drying process [48], cross-linking in presence of chitosan [49], glutaraldehyde-activated chitosan [50]
or adsorption onto niobium ore [51].

Figure 7. Operational stability of immobilized biocatalyst. Reaction conditions per cycle:
600 g/L sucrose in 100 mM sodium acetate buffer (pH 5.0), 26 h, 30 ◦C.

3. Materials and Methods

3.1. Materials

Sucrose was from Scharlau. Polyvinyl alcohol (PVA) (99% hydrolyzed, average MW 130,000)
was purchased from Sigma Aldrich (Madrid, Spain). Fructose was from Merck and 1-kestose was
from TCI. Neokestose, 6-kestose, neonystose and blastose were synthesized according to previous
works [9,38,52]. All other reagents and solvents were of the highest purity available.

3.2. β-Fructofuranosidase Activity Source

The β-fructofuranosidase from Xanthophyllomyces dendrorhous ATCC MYA-131 (Xd-INV) was
expressed in Pichia pastoris as previously reported [12]. Basically, the gene Xd-INV (GenBank accession
no. FJ539193.2) fused to the Saccharomyces cerevisiae MFα secretion signal sequence was cloned in
plasmid pIB4 (construction QDNS-pIB4) and included in P. pastoris. Transformants were grown in 50
mL of Buffered Minimal Glycerol (BMG), yeast nitrogen base w/o amino acids 1.34%, biotin 4 × 10−5%,
glycerol 1%, 50 mM potassium phosphate buffer, pH 6.0) during 24 h and then in 400 mL of
Buffered Minimal Methanol (BMM) the same as BMG but containing 0.5% methanol instead of
glycerol) for 35 h, giving approximately 21 U/mL of β-fructofuranosidase activity per mL of culture.
The extracellular β-fructofuranosidase activity (pXd-INV) was purified by tangential concentration
followed by DEAE-Sephacel chromatography. Active fractions were concentrated using Microcon
YM-10 (Amicon) filters (0.7 mL; 4220 U/mL; 5.8 mg/mL) and stored at −70 ◦C.

3.3. Entrapment of β-Fructofuranosidase in PVA Lenses

The PVA solution (10% w/v) was prepared in 100 mM sodium acetate buffer (pH 5.0) at 90 ◦C
under magnetic stirring for 45 min [53]. Enzyme entrapment was carried out at room temperature
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by directly adding the enzyme to the PVA solution under magnetic stirring. Two different enzyme
loadings were assayed (7.1 and 16.9 enzyme units per mL of PVA solution). The amount of enzyme was
adjusted by diluting the enzyme stock solution (in 20 mM Tris-HCl pH 7.0) with 100 mM sodium acetate
buffer (pH 5.0) and measuring the activity by the 3,5-dinitrosalicylic acid (DNS) assay. Lenses were
produced by pumping the mixture through a syringe pump volume dispenser (NewERA model
NE-300) into a 96-well microplate. Lenses were made by dripping 4 drops of the PVA solution in each
well and then dried overnight at 50 ◦C. After that, lenses were hydrated in 100 mM sodium acetate
buffer (pH 5.0) until constant weight. The average volume of each lens was calculated according to the
total number of drops dispensed, the drops used for the production of each lens and the total volume
of solution dispensed. Lens volume was determined using the following equation:

Lens volume (μL) = (volume dispensed/number of drops dispensed) × number of drops in each lens

3.4. Enzyme Activity Assay

β-Fructofuranosidase activity was determined by detection of reducing sugars with a modified
3,5-dinitrosalicylic acid (DNS) method adapted to a 96-well microplate scale [37]. The reaction mixture
contained 45 μL of a 100 mg/mL sucrose solution in 100 mM sodium acetate buffer (pH 5.0) and 5 μL
of a conveniently diluted enzyme solution. The reaction was incubated at 50 ◦C for 20 min, and then
stopped by adding 50 μL of 3,5-dinitrosalicylic acid (DNS). The quantification of reducing sugars was
carried out with a calibration curve of D-glucose, and one unit of activity (U) corresponded to the release
of one μmol of reducing sugars per minute. The apparent activity of the immobilized biocatalysts was
determined using a methodology developed in our group [36]. Basically, the lens-shaped PVA particles
was incubated with 500 μL of 100 g/L sucrose solution in a micro-centrifuge filter tube (Spin-X®,
0.45 μm, Costar, Corning Inc., Corning, NY, USA) at the desired temperature for 60 min under vigorous
agitation (900 rpm). The reaction mixture was separated from the biocatalyst by centrifugation at
2000× g. Inactivation of the possible lixiviated enzyme was carried out by adding 500 μL of 0.4 M
sodium carbonate. Finally, reducing sugars were measured by the DNS assay as described above.

3.5. Microscale Assay for the Operational Stability of Immobilized pXd-INV

The operational stability of the immobilized biocatalysts was assayed following a previously
described microscale assay [36]. One PVA lens was placed in a filtered micro-centrifuge tube (Spin-X®,
0.45 μm, Costar, Corning Inc., Corning, NY, USA) with 500 μL of a 100 mg/mL sucrose solution.
Reactions were carried out at 50 ◦C and pH 5.0 for 20 min. Centrifugation was carried out at 2000× g
to separate the lens from the reaction medium. The amount of reducing sugars was measured by the
DNS method, as described before. The biocatalysts were washed three times with 100 mM sodium
acetate buffer (pH 5.0) between cycles. Experiments were performed in triplicate to calculate the
standard deviations.

3.6. Thermostability of the Immobilized PVA Particles

The thermostability of the lens-shaped PVA particles was analyzed by incubating the immobilized
biocatalyst at different temperatures (4–60 ◦C) for 24 h in 100 mM sodium acetate buffer (pH 5.0).
Residual activity was measured using the DNS assay under standard conditions (50 ◦C, pH 5.0).
Experiments were performed in triplicate to calculate the standard deviations.

3.7. Analysis of Fructooligosacharides by HPAEC-PAD

The identification and quantification of FOS was carried out by High Performance
Anion-Exchange Chromatography with Pulsed Amperometric Detection (HPAEC-PAD,
Dionex ICS3000 system, Sunnyvale, CA, USA) and a CarboPack PA-1 column (4 × 250 mm)
connected to a PA-1 guard column. The method was adapted from Campbell et al. [54]. Initial mobile
phase was 100 mM NaOH at 1 mL/min and it was maintained for 8 min. Then, a gradient from 100
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to 88% 100 mM NaOH and from 0 to 12% 100 mM NaOH/600 mM sodium acetate was performed
in 22 min. These conditions were kept for 6 min and then the eluents concentration was changed
to 50% 100 mM NaOH and 50% 100 mM NaOH/600 mM sodium acetate. Eluents were degassed by
flushing with helium and peaks were analyzed using Chromeleon software.

3.8. Production of Fructooligosacharides by Immobilized pXd-INV

Lenses of immobilized pXd-INV were added to a 600 mg/mL sucrose solution in 100 mM sodium
acetate buffer, pH 5.0, until reaching a final activity of 1 U/mL. The reaction mixture was incubated
at 30 ◦C in an orbital stirrer, and aliquots (100 μL) were taken out at different times and inactivated
with 0.4 M Na2CO3. The formation of the different FOS was analyzed by HPAEC-PAD.

3.9. Operational Stability of Immobilized pXd-INV for Neo-FOS Production

The operational stability of the immobilized biocatalysts was assayed following neo-FOS
production. One lens-shaped PVA particle (0.3 U) was placed in a filtered micro-centrifuge tube
(Spin-X®, 0.45 μm, Costar, Corning Inc, Corning, NY, USA) with 340 μL of a 600 mg/mL sucrose
solution in 100 mM sodium acetate buffer (pH 5.0). The mixture was incubated at 30 ◦C for 26 h
in a Thermoshaker (model TS-100, bioSan, Nebikon, Switzerland) at 900 rpm. The tube was then
centrifuged at 2000× g for 2 min to separate the supernatant. To inactivate any possible lixiviated
enzyme, the supernatant was diluted with 340 μL of 0.4 M sodium carbonate solution. Samples
were diluted 1:500 before analyzing the FOS composition by HPAEC-PAD as described before.
Experiments were performed in triplicate to calculate the standard deviations. Between cycles, the
lens-shaped biocatalysts were washed three times with 100 mM sodium acetate buffer (pH 5.0) followed
by centrifugation at 2000× g for 2 min.

4. Conclusions

The PVA-entrapped biocatalysts of pXd-INV displayed a notable recovery of activity and
excellent operational stability at 30 ◦C during at least 180 h. These immobilized biocatalystscould
be employed for the high-scale production of neo-FOS as well as for the fructosylation of different
bioactive compounds.
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Abstract: Ficin extract has been immobilized on different 4% aminated-agarose beads. Using just ion
exchange, immobilization yield was poor and expressed activity did not surpass 10% of the offered
enzyme, with no significant effects on enzyme stability. The treatment with glutaraldehyde of this
ionically exchanged enzyme produced an almost full enzyme inactivation. Using aminated supports
activated with glutaraldehyde, immobilization was optimal at pH 7 (at pH 5 immobilization yield
was 80%, while at pH 9, the immobilized enzyme became inactivated). At pH 7, full immobilization
was accomplished maintaining 40% activity versus a small synthetic substrate and 30% versus casein.
Ficin stabilization upon immobilization could be observed but it depended on the inactivation pH
and the substrate employed, suggesting the complexity of the mechanism of inactivation of the
immobilized enzyme. The maximum enzyme loading on the support was determined to be around
70 mg/g. The loading has no significant effect on the enzyme stability or enzyme activity using the
synthetic substrate but it had a significant effect on the activity using casein; the biocatalysts activity
greatly decreased using more than 30 mg/g, suggesting that the near presence of other immobilized
enzyme molecules may generate some steric hindrances for the casein hydrolysis.

Keywords: immobilization using glutaraldehyde; versatility of glutaraldehyde; steric problems in
enzyme activity; effect of loading on enzyme activity

1. Introduction

Proteases are among the first enzymes used by humans in biotechnological food processing [1,2].
Nowadays, proteases are used in many different areas, for example in the production of active peptides
from inexpensive proteins, to improve the organoleptic or functional properties of foods [3], although
perhaps its main use is as detergent components [4–7]. In some instances, a chemical alternative
exists [8] but proteases have clear advantages, as the process will be more specific, avoiding the
production of by-products or destruction of some amino acids [9]. Among the most used proteases of
vegetal origin, the latex of the fig tree (based in ficin) should be mentioned. It has been employed in
the brewing [9], pharmaceutical [10] and in cheese making [11,12] industries. It has also been used
for bioactive peptides production [13,14] and meat tenderization [15,16]. Ficin is considered to give
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a more reproducible hydrolysis map and it has been employed in the generation of antibodies via
specific hydrolysis of some peptide bonds, [17–19]. Four isoforms of ficin have been described (A, B, C
and D) and crystallized, resolving their structure [20,21]. Ficin isoforms are glycoproteins and present
a high sequence similarity with bromelaine [22].

The immobilization of an enzyme may facilitate enzyme reuse and that way, the economic
feasibility of the process [23–26]. Moreover, immobilization may be used to improve other enzyme
limitations, like stability, activity, resistance to chemicals or inhibitors, even purity [27–29]. In the case
of proteases to be used in protein hydrolysis, there are specific problems that must be considered:
the enzyme must have the active centre properly oriented; otherwise the enzyme will be inactive [1].
Only when the active centre is fully oriented to the medium, the protease will be active under any
loading; if the active centre is not “perfectly” oriented, the fully loaded biocatalyst may become fully
inactive versus proteins larger than the immobilized protease molecule [30]. This steric problem will
be coupled to the standard diffusional limitations, even if the active centre is fully intact [31] or a
non-porous nanoparticle is utilized [32]. However, due to the multiple uses of proteases, this should
not discard the biocatalysts for other uses, for example synthesis of peptide bonds [33–35]. Ficin has
been immobilized in just some few examples [36–40].

In this sense, immobilization of ficin using the glutaraldehyde chemistry may benefit from the
versatility of the system [41]. In most cases, glutaraldehyde is used to activate supports containing
primary amino groups. This way, the glutaraldehyde activated support becomes a heterofunctional
one, with the range of opportunities that this may open. Thus, the enzyme may be directly immobilized
at high ionic strength via a covalent reaction using glutaraldehyde pre-activated supports, or may be
first ionically exchanged [42–44]. That way, using a support with the amino groups modified with
glutaraldehyde, the enzymes may be ionically exchanged at low ionic strength and later a covalent
reaction between the immobilized enzyme molecules and the nearby glutaraldehyde groups may
take place, or using high ionic strength, the ionic adsorption will be prevented, forcing the covalent
attachment as first event of the immobilization. Using just the aminated support, the ionic exchange
will permit to immobilize the enzyme, later the treatment with glutaraldehyde may permit to establish
support-enzyme bonds. In this case, together with enzyme-support reactions, modification of the
overall enzyme surface occurs (one point modification, inter or intramolecular crosslinking) and this
may have positive, negative or neutral effects on enzyme performance [41]. The possibilities of altering
the enzyme orientation regarding the support surface and that way, of increasing the possibility of
yielding immobilized enzyme preparations with different properties, may be enlarged considering
that the conditions where the ion exchange is performed, for example the pH value, may also alter the
orientation of the enzyme regarding the support surface [45–47].

Previously, our research group has immobilized ficin extract in glyoxyl activated support, focused
only on the stability of lowly loaded enzyme immobilized preparations [40]. In this new research
effort, ficin extract has been immobilized on amino and amino glutaraldehyde agarose beads, trying to
explore the versatility of glutaraldehyde to get a biocatalyst with high activity and stability. In this
new paper, the effect of the protein loading on enzyme activity versus small synthetic substrate
(benzoyl-arginine-p-nitroanilide (BANA)) and large casein was analysed [1,30,31], as well as the likely
effects on enzyme stability, as the loading may affect the distance between different immobilized
enzyme molecules and that, in turn, enzyme stability [48,49].

2. Results and Discussion

2.1. Immobilization of Ficin Extract in MANAE-Agarose

Figure 1 shows the immobilization courses at pH 5, 7 and 9 of ficin on aminated supports.
Immobilization was very slow at all studied pH values, with a significant decrease in enzyme activity,
although the free enzyme maintained full activity. Yields were higher at pH 9 than at pH 5 or 7, although
expressed activity (the observed activity of the immobilized enzyme compared to the expected one
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from the immobilization yields data) was always very low (just near to 10%). To check of the yield was
determined by the full loading of the support, the supernatant was used in a new immobilization cycle
(at pH 7) and a similar immobilization yield was observed (results not shown). This suggest that the
yield was not caused by the overloading of the support or by the presence of some enzyme isoforms
that cannot be immobilized on the support, suggesting that was due to some kind of adsorption
equilibrium. The activity was determined with casein and the small synthetic substrate (BANA),
with scarce differences. These facts suggested two contradictory ideas: the ion exchange was so mild
that it was unable to fully adsorb the enzyme but the immobilization produces very negative effects
on enzyme structure that yielded a decrease versus small and large substrates. Figures 2–5 show
the distribution of anionic and main cationic residues on the 4 isoforms of ficin component. In most
cases, there is not an area clearly richer in anionic residues than in cationic ones; this may explain why
immobilization via ionic exchange is so slow and ineffective. However, in all sides of the proteins
there are some Lys groups that could give at least one covalent attachment after ion exchange if treated
with glutaraldehyde.

Figure 1. Immobilization of ficin extract on MANAE-agarose beads at pH 5 (a), 7 (b) or 9 (c).
Immobilization was performed as described in methods. Activity was followed using BANA as
substrate. Circles: reference; Triangles: suspension, Squares: supernatant.

Figure 2. 3D surface structure model of Ficin A obtained from the Protein Data Bank (PDB) and
displayed using PyMol versus 0.99. Arg, Lys, Glu+Asp, -NH2 terminal and -COOH terminal residues
are indicated.
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Figure 3. 3D surface structure model of Ficin B obtained from the PDB and displayed using PyMol
versus 0.99. Arg, Lys, Glu+Asp, -NH2 terminal and -COOH terminal residues are indicated.

Figure 4. 3D surface structure model of Ficin C obtained from the PDB and displayed using PyMol
versus 0.99. Arg, Lys, Glu+Asp, -NH2 terminal and -COOH terminal residues are indicated.

Figure 5. 3D surface structure model of Ficin D2 obtained from the PDB and displayed using PyMol
versus 0.99. Arg, Lys, Glu+Asp, -NH2 terminal and -COOH terminal residues are indicated.

Figure 6 shows the inactivation of the ionically exchanged proteins at pH 7 when inactivated at
pH 5, pH 7 and pH 9. A slight stabilization may be found at pH 5 and 9, while a slight destabilization
may be found at pH 7. These differences may be based in the way the free enzyme is inactivated.
The free enzyme may suffer enzyme autolysis, that way reducing the enzyme stability/activity.
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Moreover, the free enzyme may experience protein aggregation (mainly near to the isoelectric point).
These two inactivations are not possible using an immobilized enzyme form [30]. In fact, under
conditions where aggregation is quite unlikely, stability of the enzyme decreased after immobilization.
This may be caused by undesired enzyme-support interactions where inactivation that can stabilize
incorrect enzyme structures [29,50,51].

These results were not very positive and anion exchange was discarded as a likely one to
immobilize ficin.

Figure 6. Inactivation courses of the ionically exchanged ficin extract on MANAE-agarose beads at
pH 7. The inactivation studies were performed as indicated in Methods section at pH 5, (a), 7 (b) or 9 (c)
at 55 ◦C, using BANA as substrate. Circles: Free enzyme. Triangles: immobilized enzyme.

2.2. Modification of the Ionically Exchanged Enzyme with Glutaraldehyde

In a trial to improve the stability of the ionically exchanged enzyme, the immobilized enzyme
was treated with glutaraldehyde, even although the expressed activity of this preparation was already
quite low. When the ionically exchanged enzyme was modified with glutaraldehyde, most of the
remaining activity was lost, making unsuitable this strategy to improve the enzyme stability.

To check if the problem was a consequence of a too intense support-enzyme reaction or the
chemical modification of the enzymes with glutaraldehyde, the enzyme immobilized on glyoxyl
agarose was modified with glutaraldehyde under the conditions used to modify the adsorbed enzyme.
Figure 7 shows how the modification of the glyoxyl-ficin biocatalyst with glutaraldehyde produces
some enzyme inactivation, suggesting that the direct modification of the enzyme with this chemical
reagent could be partially responsible of the enzyme inactivation. As this preparation was more stable
than the free enzyme [40], it may be expected that the enzyme may be also more stable versus chemical
modification [52]. However, using the aminated support the residual activity was under 10% after 1 h
(Figure 7), suggesting that an inactivation caused by the activated support and enzyme reaction cannot
be discarded.
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Figure 7. Modification of glyoxyl (triangles) or MANAE agarose (circles) immobilized ficin extract
when incubated in 1% glutaraldehyde at pH 7. Experiments were performed as described in Methods
using BANA as substrate.

2.3. Immobilization of the Enzyme in Glutaraldehyde Pre-Activated MANAE Agarose Beads

Figure 8 shows the immobilization course at pH 5, 7 and 9 of ficin extract on glutaraldehyde
pre-activated agarose beads. At pH 5 immobilization yield was 80% after 24 h and only 20% of
the initial activity was present in the immobilized biocatalyst. Thus, this preparation was discarded.
At pH 9 the enzyme was almost fully immobilized after 6 h but the enzyme was almost fully inactivated
(16% after 24 h). That way, this preparation was also discarded. However, when the enzyme was
immobilized at pH 7, full immobilization was obtained after 4 h and the expressed activity was
around 40% versus BANA. When the activity was followed versus casein, initially both lines were
almost identical, suggesting that immobilized ficin molecules had no reduced accessibility to the
casein substrate (that is, the active centre is not oriented towards the support surface). When 24 h of
enzyme-support interaction were permitted, the activity versus casein was a 25% lower than versus
BANA (about 40% versus about 30%), suggesting that the changes of the enzyme structure during
support-enzyme interactions may affect more to the activity versus casein that versus BANA.

Figure 8. Immobilization of ficin extract on MANAE-agarose beads activated with glutaraldehyde.
Experiments were performed as described in the Section 3 using 25 mM of buffer, at pH 5 (a), 7 (b)
or 9 (c). Open circles, solid lines: reference; Using BANA as substrate (solid lines, solid symbols):
Triangles: suspension, Squares: supernatant. Using casein as substrate (only at pH 7): dotted line,
empty triangles.
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Many reports stated that covalent glutaraldehyde immobilization is so slow that, if ion exchange
was permitted, immobilization proceeded via a first ion exchange, followed by the covalent reaction.
Figure 9 shows the immobilization of ficin extract at pH 7 and 200 mM sodium phosphate, where ion
exchange was prevented. The immobilization course is pretty similar to the use of 25 mM, suggesting
that in both cases the immobilization mainly proceeded via a first covalent attachment. After 4 h,
the enzyme could not be desorbed from the support by incubating the biocatalysts in 500 mM NaCl.
We analysed the results obtained when immobilizing at pH from 6.5 to 8.5 and the results in terms
of activity and stability were optimal at pH 7–8, with a slight advantage at pH 7 (results not shown).
Thus, pH 7 was selected as optimal pH for the enzyme immobilization on this support.

Figure 9. Immobilization of ficin extract on MANAE-agarose beads activated with glutaraldehyde at pH 7
and 200 mM sodium phosphate using BANA as substrate. Experiments were performed as described
in Methods, using BANA as substrate. Circles: reference; Triangles: suspension, Squares: supernatant.

2.4. Stability of the Enzyme Immobilized at pH 7 on Glutaraldehyde Pre-Activated MANAE Agarose Beads

The enzyme immobilized at pH 7 at low and high ionic strength presented a very similar
behaviour, thus we have just shown the results obtained with the enzyme immobilized at 25 mM
sodium phosphate. Figure 10 shows the inactivation courses at pH 5, 7 and 9, of the free and
immobilized enzymes, followed with BANA and casein hydrolyses. Results suggested that a certain
stabilization has been achieved using this support but stabilization was clearer at pH 7 than at pH 5
or 9. These differences in stabilization may be due to different interactions of the enzyme and the
support—as the support remained as an ion exchanger—or to the fact the enzyme may follow different
pathways in the inactivations, that way the immobilization by a specific area may affect enzyme
stability in different ways [53]. Using BANA, the immobilized enzyme always seemed to be slightly
more stable than when using casein, suggesting that the activity versus the casein is lost before the
activity versus BANA. This was more evident at pH 7 than at the other pH values. The situation was
not so evident using the free enzyme, where inactivations were very similar with both substrates at
pH 5, while at pH 7 and 9 higher stability using casein as substrate was observed. In fact, stabilization
at pH 5 and 7 caused by the enzyme immobilization was smaller using casein as substrate than using
BANA. This finding may be related to different changes on the enzyme structure that may affect more
significantly to the hydrolysis of one substrate or other one.
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Figure 10. Inactivation of ficin immobilized at pH 7 using 25 mM sodium phosphate. Experiments
were performed as described in Section 3, at pH 5 (a), 7 (b) or 9 (c) and 55 ◦C. Solid lines and solid
circles: inactivation was followed using BANA, Dotted line and empty symbols: inactivation was
followed with casein. Circles: free enzyme; Triangles: immobilized enzyme.

2.5. Determination of Loading Capacity

Figure 11 shows the immobilization yields when the amount of enzyme was increased using
BANA and casein. From these experiments, maximum loading was established in the range
68–72 mg ficin/g of support. Expressed activity per mg of enzyme versus the small synthetic substrate
was slightly lower when using higher enzyme loadings, although the values were pretty similar.
The small differences may be attributed to an increment of the diffusion limitations.

Figure 11. Immobilization yield and expressed activity when growing the amount of offered ficin
extract per g of MANAE activate with glutaraldehyde support. Experiments were carried out as
described in Methods section. Triangles: immobilization yield; Circles: expressed activity versus
BANA, Squares: expressed activity versus casein.

One critical point using proteases to hydrolyse proteins, as stated in the introduction, is that
the loading of the support with the enzyme may generate some steric hindrances that prevent
the accessibility of the large substrate to the enzyme if the orientation is not perfect towards the
reaction medium [1]. Figure 11 shows that using casein the specific activity of the immobilized ficin
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extract rapidly decreased with increasing loading, going from slightly more than 30% of the activity
immobilized at 10 mg/g to around 15% using 30 mg/g and only 7–8% using maximum loading or
overloading. In fact, the observed activity per gram of biocatalyst was maximal using 30 mg/g, using
higher enzyme loading the biocatalyst mass activity decreased by 30–35%. This suggested that the
enzyme active centre was not perfectly looking toward the opposite side of the support surface and that
way the nearby enzyme molecules may cause steric hindrances to the entry of the large substrate casein
when the support was fully loaded. However, this limitation only affected the use of the biocatalyst in
the hydrolysis of proteins, not in the other applications that the enzyme may have and that involve
small substrates (see Section 1).

Another point that may have interest was to determine if the loading may somehow affect the
immobilized ficin enzyme molecule stability. If the immobilization rate is high enough, it is likely that
some molecules may be packed together and near enough to interact with each other, altering the
final stability properties in a positive or a negative way, depending on the enzyme and inactivation
conditions [48,49]. However, when we analysed this effect, we did not find any significant difference
among the different preparations, just a very slight higher stability of the more loaded preparations;
differences are scarce and may be attributed to diffusional limitations (e.g., after 6 h, the biocatalyst
having 1 mg/g retained a 55 ± 2% of the initial activity, while the one prepared using 12 mg retained
60 ± 2%).

Using the preparation with 1 mg/g in hydrolysis of casein, we have reused the biocatalyst in
6 consecutive cycles of casein hydrolysis at 50 ◦C and pH 7 for 2 h without detecting any significant
change in the biocatalyst performance (not shown results).

3. Materials and Methods

3.1. Materials

Glycidol, 25% (v/v) glutaraldehyde solution, sodium borohydride, sodium periodate,
ethylenediamine, benzoyl-arginine-p-nitroanilide (BANA), cysteine, bovine serum albumin (BSA)
and casein were purchased from Sigma-Aldrich (St. Louis, MO, USA). Agarose beads 4 BCL support
was purchased from Agarose Bead Technologies (ABT), Madrid, Spain. All other reagents were of
analytical grade. All experiments were performed by triplicate and the reported values the mean
of the results of this set of experiments with their standard deviation. Glyoxyl agarose beads were
prepared as previously described [54,55]. MANAE- supports was prepared from glyoxyl supports
with a modification of the protocol previously described [56,57], ethylenediamine/glyoxyl agarose
beads reaction time was 24 h before reduction. Glyoxyl-ficin was prepared using 1 mg ficin/g of
support as previously described [40].

3.2. Preparation of Glutaraldehyde Agarose Beads

50 grams of MANAE agarose beads was suspended in 100 mL of 15% (v/v) glutaraldehyde in
200 mM phosphate buffer pH 7.0. The suspension was gently stirred 14–16 h at 4 ◦C. After that,
the activated support was washed with distilled water. The activated support was used immediately
after preparation. This protocol guarantees that each primary amino in the support has been modified
with two glutaraldehyde molecules [44,58,59].

3.3. Preparation of Ficin Extract

Fresh fig latex was obtained breaking fresh immature green fruits and leaves of Ficus carica L.
The samples were picked in Kabylia, north of Algeria (Adekar, Bejaia). The fluid was collected in a
clean flask at 4 ◦C. The latex was centrifuged at 3200× g for 15 min at 4 ◦C [60] to eliminate debris
(e.g., gums). The supernatant was used as “crude extract of ficin” (with a concentration of 98.5 mg
protein/mL). The extract contains the four protease isoforms and it is similar to the usually utilized in
ficin applications. A SDS-PAGE may be observed in support ting information. It was stored at −20 ◦C
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until use. The protein concentration was quantified by Bradford’s method [61]. BSA was used as the
standard protein. The activity of the free enzyme versus casein (see below) was 5 ± 0.7 units/mg
of protein.

3.4. Enzymatic Assays

Activity of immobilized and free ficin extract was determined using casein and benzoyl-D,
L-arginine p-nitroanilide hydrochloride (BANA) as enzyme substrates.

The enzyme activity determination using BANA was performed as previously described [29],
BANA solution was prepared by dissolving 43.5 mg of BANA in 1.0 mL of dimethyl sulfoxide and
diluting to 100 mL in 0.1 M sodium phosphate pH 7, containing 5 mM EDTA. The enzyme activity
was assessed by measuring the p-nitroaniline released at 405 nm (under these conditions, the ε for
p-nitroaniline was 8800). Activity of ficin was expressed as μmols of p-nitroaniline released per mg of
extract and min.

The enzyme activity using casein was determined as described by Kunitz, with some
modifications [62]. A solution of 1% (w/v) casein was prepared in 100 mM sodium phosphate at
pH 7.0 containing 5 mM cysteine hydrochloride and 5 mM EDTA at 55 ◦C. To 1 mL of this substrate
solution, 100 μL of ficin (enzyme extract solution or immobilized ficin suspension) was added and the
reaction mixture was incubated at the desired temperature for 20 min. The reaction was stopped by
the addition of 1 mL of 10% trichloroacetic acid (TCA), incubated for 10 min at room temperature and
centrifuged at 10,000 rpm. This treatment produces the precipitation of the remaining protein but the
peptides remained in solution. The absorbance of soluble peptides in the supernatant was measured at
280 nm. In the case of the reference, substrate was added after the enzyme was first inactivated by
incubation in TCA. One unit of activity is defined as increment in absorbance of 0.001 per mg of ficin
and min under the given assay conditions.

3.5. Immobilization of Ficin Extract

Ten grams (10 g) of the corresponding support (MANAE-agarose or glutaraldehyde-agarose)
were added to 100 mL of ficin extract (containing 1 mg protein/mL) in 25 mM sodium acetate at
pH 5, 25 mM sodium phosphate at pH 6.5–8.5 or 25 mM sodium carbonate at pH 9, in all cases the
temperature was 25 ◦C. In some instances, the enzyme concentration was increased to increase the
amount of offered enzyme (a maximum of 12 mg/mL was employed). Samples from suspensions and
supernatants were periodically withdrawn and their catalytic activity determined using BANA and
casein. After 24 h, the biocatalysts were vacuum filtered and washed thoroughly with distilled water.

3.6. Enzyme Inactivation Studies

1 g of immobilized enzyme was suspended in 10 mL of 50 mM in the corresponding buffer at
55 ◦C (sodium acetate at pH 5, sodium phosphate at pH 7 or 50 mM sodium carbonate at pH 9). For the
free enzyme extract, 1 mg/mL of ficin solution was prepared in the same buffer and temperature.
Samples were periodically withdrawn and the activity determined using the BANA and casein assay
described above.

3.7. Reuse of the Immobilized Ficin in the Hydrolysis of Casein

Six cycles of casein hydrolysis (2 h each) were performed at 50 ◦C and pH 7. After 2 h of casein
proteolysis, the peptide production was checked as described above and the immobilized enzyme was
washed 5 times with 10 volumes of distilled water and employed in a new reaction cycle.

4. Conclusions

Ficin extract may be immobilized on glutaraldehyde activated supports, best results in terms of
immobilization yield and expressed activity are achieved when the enzyme is immobilized at pH 7.
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Immobilization at 25 or 200 mM sodium phosphate is relatively similar, while the aminated support is
unable to immobilize more than 30–40% of the enzyme. This suggested that the first immobilization
step is in both cases the covalent attachment of the enzyme. Immobilization at pH 5 failed in permitting
full enzyme immobilization, while at pH 9 the enzyme become inactivated. Stabilization depended
on the pH and the substrate used to determine the residual activity, being larger when using BANA
and shorter using casein. Results suggest a complex net of interactions between enzyme and support
that differently affect the activity versus the different substrates. For the hydrolysis of casein, enzyme
specific activity drops rapidly using high loadings, while it is almost identical using BANA. Enzyme
loading has not a significant effect on immobilized enzyme stability.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4344/8/4/149/s1,
Figure S1: SDS PAGE of ficin extract (1 mg/ml). Lane 1 Molecular weight markers, Lane 2, 3, 4 different ficin
extracts used in this paper.
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Abstract: Enzymes are biocatalysts. They are useful in environmentally friendly production
processes and have high potential for industrial applications. However, because of problems with
operational stability, cost, and catalytic efficiency, many enzymatic processes have limited applications.
The use of cross-linked enzyme aggregates (CLEAs) has been introduced as an effective carrier-free
immobilization method. This immobilization method is attractive because it is simple and robust,
and unpurified enzymes can be used. Coimmobilization of different enzymes can be achieved. CLEAs
generally show high catalytic activities, good storage and operational stabilities, and good reusability.
In this review, we summarize techniques for the preparation of CLEAs for use as biocatalysts. Some
important applications of these techniques in chemical synthesis and environmental applications
are also included. CLEAs provide feasible and efficient techniques for improving the properties of
immobilized enzymes for use in industrial applications.

Keywords: enzyme; immobilization; cross-linked enzyme aggregates

1. Introduction

Enzymes have high catalytic activities and substrate specificities. One single substrate is usually
converted to one product. Enzymes are active at modest reaction temperatures, mainly in the
range 20–80 ◦C. These features can reduce the cost per unit of manufactured products. In addition,
enzymatic conversions generate less waste than conventional chemical synthetic processes. Synthesis
by enzymatic conversion is therefore more energy efficient than chemical synthetic processes. In the last
two decades, the use of enzymes in various industries has been continuously increasing. The catalytic
and biophysical properties of enzymes, such as catalytic efficiency, substrate specificity, and stability,
need to be improved for industrial applications [1,2]. A variety of approaches such as the screening of
enzymes from natural sources or random mutations have been used for these purposes [3].

Despite their advantages, several limitations prevent the use of enzymes in industrial applications.
Enzymes are proteins with unique three-dimensional structures that are essential for their catalytic
activity. Because they often have low operational stability, exposure to high temperatures or organic
solvents can denature enzymes, leading to loss of catalytic activity. Modern protein engineering
techniques can improve the catalytic and biophysical properties of some, but not all, enzymes with
potential industrial uses. Immobilized enzymes provide one solution to these difficulties. They have
several advantages [2,4–6]. An enzyme can be immobilized at high concentrations on the carrier
material, resulting in a high concentration of catalyst in the reaction system. Consequently, catalytic
reactions can be performed rapidly. The operational stability and reusability of immobilized enzymes
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are reported to be higher than those of free enzymes. Furthermore, because enzymes immobilized on
carrier materials are insoluble catalysts, they can be easily separated and removed from reaction vessels.

Recently, various enzymes immobilized on carrier materials such as modified glass or polymethyl
methacrylate have been developed for industrial use [7,8]. Enzyme immobilization is usually
achieved by chemical covalent linking, affinity labeling, physical adsorption, or entrapment.
These immobilization methods have been described in recent reviews [5–8]. Adsorption is a simple
and low-cost method. Enzyme immobilization by this method can provide high retention of enzymatic
activity. However, adsorbed enzymes are likely to leak gradually from the carrier materials, therefore
the operational stability is lower than that provided by covalent linking. For covalent or noncovalent
linking methods, surface modification of the carrier materials is generally necessary to improve the
operational stability. Noncovalent binding is often achieved by affinity interactions such as that
between a histidine-tagged enzyme and metal-ion-chelated beads [9,10]. Although the interaction is
specific, it requires the use of recombinant tagged enzymes. This method is therefore unsuitable for
routine immobilization of all other enzymes. In contrast, covalent linking methods involve chemical
reactions between the side-chains in enzymes and surface-modified carrier materials. These methods
do not require any modification of the target enzymes. However, it requires expensive surface-modified
carrier materials. Furthermore, multiple reaction points often alter the three-dimensional structure
of the enzyme, leading to loss of activity and operational stability [11,12]. In addition, the reported
procedures for preparing immobilized enzymes are usually multistep procedures. Facile techniques
for routine immobilization of enzymes are therefore needed.

Enzyme cross-linking, in which enzymes are covalently connected to each other by cross-linkers,
can be partly categorized as covalent linking. This method enables the formation of miniature
structures that consist of polymerized enzymes. Cross-linked enzyme aggregates (CLEAs) have
recently been prepared for use in carrier-free enzyme-immobilization methods [2,4]. They are easily
prepared, and carrier costs are circumvented. The prepared CLEAs showed good retention of catalytic
activity, high operational stability, and reusability [4]. Improvement of the biophysical properties can
significantly reduce the cost of enzymes and this makes industrial applications economically feasible.
In this review, we specifically introduce recent advances in CLEA techniques for industrial applications.
Typical and modified methods for CLEA preparation are summarized. The coimmobilization of two
or more enzymes is also covered. Finally, the use of CLEA reactors for chemical synthesis and
environmental applications is introduced.

2. Cross-Linking Enzyme Immobilization

Cross-linked enzymes were first reported in the 1960s [13], but were never popular because they
were generally difficult to handle. In addition, they showed low catalytic activities and low operational
stabilities. In the 1990s, cross-linked enzyme crystals were prepared for use as biocatalysts [14,
15]. Although the method was applicable to a wide variety of enzymes and cross-linked enzyme
crystals showed excellent operational stabilities, highly purified enzymes were needed for protein
crystallization. In contrast, CLEA preparation involves simple precipitation (physical aggregation)
of the enzymes from an aqueous buffer with a precipitant (a salt, an ionic/nonionic polymer, or an
organic solvent) instead of crystallization. Aggregation (precipitation) of enzymes induced by addition
of a precipitant to an aqueous solution of enzymes is commonly used in traditional protein purification.
Physical aggregation of enzyme molecules into microstructures can be induced without denaturation
of the enzyme’s three-dimensional structure by addition of a precipitant. Chemical cross-linking of the
aggregated enzymes produces CLEAs. This improved enzyme immobilization method is simple and
does not require highly purified enzymes.

2.1. General Preparation of CLEAs

A typical procedure for the preparation of CLEAs is shown in Figure 1a. CLEAs are generally
prepared by aggregating an enzyme by addition of a precipitant such as (NH4)2SO4 or t-butanol,
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and then cross-linking with a cross-linker such as glutaraldehyde [16]. Cross-linking occurs between
lysine (Lys) residues on the surfaces of neighboring enzyme molecules and glutaraldehyde via a
Schiff’s base reaction. This procedure is simple and can be widely applied. Every enzyme has a unique
primary structure (amino acid sequence) and surface structure (the number of accessible Lys residues),
therefore the preparation of CLEAs can be optimized, as described below.

soluble enzyme aggregated enzyme CLEAs

precipitant cross-linker

soluble enzyme 
and BSA

co-aggregated enzyme BSA-supported 
CLEAs

precipitant cross-linker

soluble enzyme 
with polymer

co-aggregated enzyme polymer-supported 
CLEAs

precipitant cross-linker

a

b

c

Figure 1. Preparation of CLEAs. (a) General cross-linking method [4]; (b) bovine serum albumin
(BSA)-supported CLEA cross-linking method. Combined (combi)-CLEAs are prepared by similar
processes (see Section 3); (c) ionic-polymer-supported CLEA cross-linking method.

2.2. Optimization by Additives

2.2.1. Bovine Serum Albumin (BSA)

Shah et al. reported that addition of BSA facilitates CLEA preparation when the enzyme
concentration is low and/or the enzymatic activity is affected by the high concentration of
glutaraldehyde that is required to obtain aggregation [17]. The preparation of CLEAs with BSA
is shown in Figure 1b. In this study, lipase-CLEAs and penicillin acylase-CLEAs were prepared.
The lipase-CLEAs that were prepared with BSA showed 100% activity, whereas CLEAs without
BSA did not retain their activity because little insoluble aggregate was obtained at low enzyme
concentrations. Similar results were observed in the case of penicillin acylase-CLEAs. Scanning
electron microscopy showed that the CLEAs that were prepared with BSA were less amorphous
and had a similar morphology to those of other reported CLEAs [18]. Recently, it was reported that
lipase-CLEAs prepared optimally with BSA resisted lipase deactivation by acetaldehyde, which occurs
by transacetylation between benzyl alcohols and vinyl acetate [19]. The CLEA structure consists of
networks of cross-linked lipase and BSA, and this prevents access of acetaldehyde to the important
amino acid residues of lipase.

2.2.2. Ionic Polymer

As described above, cross-linking typically requires activation of a Lys residue on the enzyme
surface with the aldehyde groups of a cross-linker that can react readily with other Lys residues of
the enzyme. The cross-linking efficiency depends on the number of surface Lys residues. An acidic or
neutral enzyme with a low content of Lys residues therefore cannot be cross-linked efficiently merely
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by using a cross-linker. Although a high concentration of cross-linker can increase the cross-linking
efficiency, this often causes a conformational change, leading to loss of enzymatic activity [20].

To overcome this problem, coaggregation of enzymes and ionic polymers (Figure 1c) was
investigated [21–23]. López-Gallego et al. reported that glutaryl acylase, with a low content of Lys
residues, was efficiently cross-linked by coaggregation with the aminated polymer polyethylenimine
(PEI) [21]. Glutaryl acylase-CLEAs retained more than 60% of their initial activity, and the thermal
stability of the immobilized enzyme was improved. The same research group also prepared penicillin
acylase-CLEAs by coaggregation with PEI. The stability of these CLEAs in organic media was
high [22]. Enzymatic reactions in organic media are important in industry. Zhang et al. prepared
trehalose synthase-CLEAs by coaggregation with PEI [23]. They showed that coimmobilization
with PEI enhanced the cross-linking efficiency even at low concentrations of the enzyme. Recently,
metal-ion-chelated PEI was used for immobilization of a multimeric oxidoreductase (glycerol
dehydrogenase). The CLEAs formed were stabilized by hydrogen bonding, electrostatic forces,
and coordination bonding [24]. Although a cross-linker was not used to immobilize the enzyme in this
study, nanoparticles of diameter 250–650 nm were obtained. The operational stability and catalytic
activity were enhanced. This strategy of cross-linking enzymes with modified PEI has potential
applications in the immobilization of multimeric enzymes.

Our group developed a facile and inexpensive method for preparing an enzyme-immobilized
reactor via an enzyme cross-linking reaction. Enzyme immobilization was achieved by the formation
of a polymeric membrane of enzyme molecules on the inner wall of a polytetrafluoroethylene tube
through cross-linking aggregation under laminar flow [25] (Figure 2a). The aggregated enzyme
membrane was based on CLEAs prepared with glutaraldehyde as a cross-linker. This method for the
preparation of a CLEA-based enzyme microreactor (CEM) is unsuitable for electronegative enzymes
because the relative paucity of amino groups results in inefficient CLEA formation. To extend the
generality of CEM preparation, we developed an improved method with poly-Lys as an aggregation
booster to achieve effective aggregation of acidic enzymes [26] (Figure 2b). CEM preparation can
be used for immobilization of a broad range of functional enzymes. These methods have been used
to develop several enzymatic microfluidic systems [27–30]. In addition, the operational stability
of enzymes in CLEAs formed by coaggregation with poly-Lys was examined [31]. Two proteases
(chymotrypsin and subtilisin), an oxidase (laccase), and a multimeric enzyme (citrate synthase), which
have diverse three-dimensional structures and catalytic activities, were used as model enzymes.
Compared with the free enzymes, these four CLEAs were more stable at high temperatures, in the
presence of a chemical denaturant, or in an organic solvent. They were recycled without appreciable
loss of activity. As in the case of coaggregation with PEI, poly-Lys-supported immobilization is also
applicable to multimeric enzymes [31].

Figure 2. Preparation of CLEAs on inner wall of polytetrafluoroethylene (PTFE) tube by cross-linking
aggregation under laminar flow: (a) general cross-linking method [25] and (b) poly-Lys-supported
cross-linking method [26]. CEM: CLEA-based enzyme microreactor.
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2.2.3. Surfactants

The activation of enzymes with additives such as surfactants or amines is well known [32]. On the
basis of this property of enzymes, a surfactant (SDS, Triton X-100, or Tween 80) was added during the
preparation of lipase-CLEAs [33–35]. The CLEAs showed a two-fold or greater increase in catalytic
activity when SDS was present during CLEA preparation [33]. Such enhanced activity of lipase-CLEAs
by other surfactants has been reported [34]. These surfactants were added at the aggregation step
and initiated binding to the hydrophobic active sites of the enzyme. It has been proposed that the
enzyme forms open active sites by interactions with the surfactant. The open active sites can produce
hyperactive CLEAs. It is assumed that the surfactants can be washed out of the active sites after the
cross-linking reaction [35].

2.2.4. Cations

Amylase is a metal-ion-dependent enzyme. Calcium and sodium ions are reported to increase the
activity of α-amylase [36]. Thermostable α-amylase-CLEA preparation by a cation-assisted strategy
was recently reported [37]. The aggregation and cross-linking of α-amylase were performed in a
cation-enriched nonaqueous environment. The addition of calcium and sodium ions at the optimum
ratio gave α-amylase-CLEAs with increased activity and operational stability [37].

2.3. Optimization by Precipitant Selection

Because aggregation and precipitation of enzymes are induced by addition of a precipitant,
precipitant selection is important for optimization [18]. The type of precipitant used to prepare
CLEAs varied and the operational stabilities of the CLEAs differed, but the same enzyme was used
in the studies described. Khorshidi et al. reported that cellulase-CLEAs produced using saturated
(NH4)2SO4 lost 70% of their activity after one cycle [38]. Several cellulase-CLEAs produced using
organic solvents showed better activities and reusability [39,40]. Recently, a systematic study of the
effects of different precipitants and various cross-linking parameters was reported [41]. The effects
of different precipitants, namely (NH4)2SO4, poly(ethylene glycol) (PEG), and t-butanol, on the
resolubilized enzyme activity and final CLEA activity were examined. Cellulase-CLEAs prepared with
PEG retained high activity. The activity of cellulase-CLEAs prepared with (NH4)2SO4 was lower than
that of cellulase-CLEAs produced with PEG. The CLEAs prepared with t-butanol were inactive [41].
Similar results were reported in the case of lipase-CLEAs. Lipase-CLEAs were prepared with four
types of precipitant, namely acetone, PEG 200 and 600, and (NH4)2SO4. The CLEAs precipitated
with PEG and saturated (NH4)2SO4 had superior catalytic activities [42]. Enzymes precipitated with
water-miscible and water-immiscible solvents showed decreased activities [18]. The yield of CLEAs
greatly depends on the type of precipitant and microbial source. It is hypothesized that lipases from
different sources have different glycosylated surfaces, and this may result in different biophysical
properties. The aggregation and packing of the enzyme molecules may be affected by the precipitant.

2.4. Optimization by Cross-Linker

The cross-linker forms covalent bonds between Lys residues on the enzyme surface, and the
CLEAs formed are permanently insoluble. Glutaraldehyde is commonly used as a cross-linker. Excess
glutaraldehyde can bind to amino acid residues during cross-link formation. If the catalytically
essential residues react with glutaraldehyde, the catalytic activity of the CLEAs will be reduced.
The use of mild cross-linkers instead of glutaraldehyde is therefore essential to overcome the drawbacks
associated with traditional cross-linking reactions.

Based on this idea, ethylene glycol bis(succinimidylsuccinate) (EG-NHS) was proposed as
an alternative cross-linker for the preparation of lipase-CLEAs (EGS-CLEAs). The operational
stability and reusability of EGS-CLEAs were compared with those of lipase-CLEAs formed using
glutaraldehyde [43]. The hydrolytic and esterification activities of the EGS-CLEAs were better than

392



Catalysts 2018, 8, 174

those of the glutaraldehyde aggregates. Both CLEAs showed similar thermal and operational stabilities.
These results indicate that EG-NHS could be used as a mild cross-linker in the preparation of CLEAs
instead of glutaraldehyde. This strategy can be extended to the preparation of CLEAs of other enzymes.

2.5. Novel Method for Preparation of CLEAs

2.5.1. CLEA Particle Size

Because most CLEAs are prepared in solution, the particle size and cross-linking efficiency may
not be uniform. Large particles may result in diffusion constraints and low catalytic efficiency, and tiny
clusters have poor recoverability [18]. CLEAs that consist of small particles cannot be filtered off or
recycled. Control of the CLEA particle size and a uniform size distribution are therefore essential
to overcome these drawbacks. To address these problems, a new method for preparing trehalose
synthase-CLEAs in a water-in-oil emulsion instead of in solution was developed [44]. This method
involves precipitation of an enzyme in solution, and then mixing the aqueous phase with an oil
phase to form a water-in-oil emulsion. Cross-linking was performed within the emulsion droplets.
CLEAs prepared by this emulsion-based method rather than the conventional method were spherical.
The CLEAs had a ball-like structure and were of diameter 20–60 μm. These CLEAs were easily
separated from the reaction mixture. As expected, the operational stability of the spherical CLEAs was
higher than that of the free enzyme.

Nguyen et al. reported the preparation of uniform cellulase-CLEAs by using a millifluidic reactor.
The reactor had two inlets and a Y-junction that can control the mixing pattern of the enzyme and
precipitant solutions [40]. The particle size of the cellulase-CLEAs can be strictly controlled between
200 and 400 nm by controlling the concentrations of the precipitant and cross-linker and the flow rates.
The activity of the cellulase-CLEAs was more stable than that of the free enzyme at high temperatures.

2.5.2. Molecular-Imprinted CLEAs

Molecular imprinting enhances the catalytic activity by increasing electrostatic interactions and
hydrogen bonding between the surface residues on enzymes [45,46]. It has been suggested that
the lid that covers the active site of an enzyme can be opened at the interface in the presence of
imprinting molecules [45]. This mechanism resembles the concept of the approach that uses additives
to improve the CLEA properties, as described in Section 2.2.3. Recently, the advantages of molecular
imprinting of CLEAs were investigated. Hydroxynitrile lyase-CLEAs prepared with 2-butanone as a
molecular-imprinting additive showed improved activity [47]. Winter et al. used α-glucosylglycerol
to prepare sucrose phosphorylase-CLEAs and reported that the enzymatic performance was better
than those of nonimprinted CLEAs and the free enzyme in solution [48]. Similarly, lipase-CLEAs
immobilized by molecular imprinting showed improved thermal stability, hydrolytic efficiency,
and reusability [49].

2.6. Carrier-Bound CLEAs

The particle sizes of the majority of reported CLEAs are less than 10 μm [50]. As described
in Section 2.5.1, CLEAs of small particle size are difficult to separate and recover from the reaction
system. This can result in problems in the continuous use of CLEAs. To overcome this problem,
some researchers recently investigated carrier-bound CLEAs to develop biocatalysts with good
mechanical stabilities.

2.6.1. CLEAs in Silica Material

α-Chymotrypsin-CLEAs and lipase-CLEAs formed by cross-linking into hierarchically ordered
mesoporous silica have been reported [51]. α-Chymotrypsin-CLEAs showed high enzyme
immobilization efficiency and significantly increased enzyme stability. However, the mesoporous
silica pore size was small, which limited the maximum immobilization of CLEAs. To improve the
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immobilization yield, a simple strategy for preparation of CLEAs by one-step cross-linking into the
pores of macroporous silica gel was developed [52]. Macroporous silica gel is usually used as a carrier
material because it has controlled porosity and a high surface area. Papain-CLEAs in macroporous
silica gel showed good storage and thermal stabilities. Moreover, papain-CLEAs showed good
reusability because the CLEAs were of appropriate size. Cui et al. reported that the formation of
phenylalanine ammonia lyase-CLEAs in the pores of mesoporous materials also gave a high loading
yield of the enzyme, and good operational stability and activity retention [53]. Recently, lipase-CLEAs
in three-dimensionally ordered macroporous silica materials (3DOM SiO2) were developed [54]. Lipase
was precipitated in the pores of 3DOM SiO2 before cross-linking with glutaraldehyde. Compared with
free lipase, lipase-CLEAs in 3DOM SiO2 showed excellent thermal and mechanical stability. Improved
activity and reusability were also achieved.

2.6.2. Magnetic CLEAs

Use of a magnetic field is a simple method for the separation and recovery of magnetic materials.
Magnetic α-amylase-CLEAs were prepared by addition of magnetite nanoparticles (MNPs) with
NH2-functionalized surfaces to an enzyme solution [55]. In the case of magnetic CLEAs, 100% of the
α-amylase activity was recovered, whereas only 45% recovery was achieved in the case of nonmagnetic
CLEAs because of the low content of Lys residues of amylase. The optimum operating temperature of
the magnetic CLEAs was better than those of the free enzyme and nonmagnetic CLEAs. The magnetic
CLEAs also had enhanced thermal and storage stabilities. Furthermore, because of the magnetic
properties of the nanoparticles, magnetic α-amylase-CLEAs can be easily separated from the reaction
mixture without centrifugation or filtration [55]. Sekhon et al. prepared magnetic cutinase-CLEAs for
degradation of polycaprolactone (PCL) [56]. The CLEAs retained 55% activity after 50 cycles; therefore,
enzymatic degradation of PCL with CLEAs is a good strategy.

In most cases, modification of the MPN surfaces is required, both for stabilization of the magnetic
fluid and for introduction of functional groups. Cellulase-CLEAs on NH2-functionalized Fe3O4@silica
core–shell MNPs have been reported [38]. Separation of the magnetic cellulase-CLEAs from the
reaction system was simple, and their thermal and operational stabilities were better than those of
the free enzyme. Liu et al. prepared magnetic lipase-CLEAs by immobilization of lipase-CLEAs
on magnetic particles. To improve immobilization, a large number of amino terminal groups were
introduced by using p-benzoquinone as the cross-linker [57]. p-Benzoquinone reacts with the amino
or hydroxyl groups of the enzyme and NH2-groups on the MNPs, to form stable magnetic CLEAs
by formation of C–O and C–N bonds. It is suggested that this improved immobilization method
could prevent gradual release of the enzyme from CLEAs and/or MNPs. As expected, the magnetic
lipase-CLEAs showed improved immobilization efficiency, activity, and reusability, compared with
nonmagnetic CLEAs. The magnetic CLEAs efficiently resolved (R,S)-2-octanol and retained 100%
activity with 100% enantioselectivity [57].

2.6.3. Entrapment CLEAs in Alginate Beads

Enzyme entrapment in alginate beads is a popular immobilization method. However, the enzyme
often leaks from the alginate beads during enzymatic reactions because enzymes are usually smaller
than the pore size of alginate beads (~200 nm). Because the CLEA size is generally 1–10 μm, entrapment
of CLEAs in alginate beads can solve leakage problems [4,16]. In addition, the alginate beads can
be easily separated by simple filtration. Xu and Yang reported the entrapment of tyrosinase-CLEAs.
The CLEAs in alginate beads retained 100% activity after six cycles [58]. Nguyen et al. reported
that cellulase-CLEAs in alginate beads had good operational stability and leakage of cellulase was
prevented [59].

394



Catalysts 2018, 8, 174

3. Coimmobilization of Two or More Enzymes in CLEAs

A new concept, that is, CLEAs with various catalytic activities within a single CLEA particle,
has been developed. In this section, combined CLEAs (combi-CLEAs) and multipurpose CLEAs
(multi-CLEAs) are introduced.

3.1. Combi-CLEAs

Multistep chemical syntheses usually require several procedures such as the separation of
intermediates. Combined CLEAs (combi-CLEAs) were introduced for one-pot chemical synthesis [2,4].
Combi-CLEAs with (S)-hydroxynitrile lyase, nitrilase, and penicillin G amidase were prepared and
used to catalyze one-pot synthesis of (S)-mandelic acid from benzaldehyde. A good yield (90%) and
enantiomeric excess (99%) were achieved, with complete benzaldehyde conversion [60]. Combi-CLEAs
consisting of α-amylase, glucoamylase, and pullulanase were prepared and used to catalyze one-pot
starch hydrolysis [61]. Combi-CLEAs, a separate CLEA mixture, and a free enzyme mixture gave 100%,
60%, and 40% conversions, respectively, in one-pot starch hydrolysis. The enzymes in combi-CLEAs
were reported to be thermally stable. In addition, the combi-CLEAs retained 100% catalytic activity
after five cycles.

Combi-CLEAs have also been used in bioethanol production from lignocellulosic biomass.
Periyasamy et al. prepared combi-CLEAs of xylanase, cellulase, and β-1,3-glucanase for this
purpose [62]. The thermal and storage stabilities of the CLEAs were better than those of the free
enzymes. The recovered combi-CLEAs retained 90% activity for six cycles. Combi-CLEAs hydrolyzed
about 84% of ammonia-cooked sugarcane bagasse (SCB) in 48 h, whereas the free enzymes gave a
maximum hydrolysis of 73%,

Combi-CLEAs of ketoreductase and D-glucose dehydrogenase were used for the regeneration
of dihydropyridine nucleotide cofactors in the synthesis of valuable chiral alcohols [63]. The CLEAs
showed high activity, long-term operational stability, and reusability. A prochiral keto ester was used
in the synthesis of a key atorvastatin intermediate. Combi-CLEAs catalyzed the enantioselective
reduction of the prochiral keto ester with high activity and selectivity. More recently, magnetic
combi-CLEAs containing ketoreductase and D-glucose dehydrogenase were developed [64]. Magnetic
combi-CLEAs showed an optimum temperature, thermal stability, and optimum pH similar to those
of combi-CLEAs. Magnetic combi-CLEAs also showed more efficient activity and better operational
stability in both aqueous and biphasic systems than did nonmagnetic combi-CLEAs. Furthermore,
the magnetic CLEAs can be recovered with a magnetic field during multiple use.

Cascade reactions that involve unstable intermediates are often found in biological systems.
Nguyen et al. prepared combi-CLEAs of glucose oxidase and horseradish peroxidase (HRP) and
used them to catalyze a cascade reaction in which hydrogen peroxide is formed as an unstable
intermediate [65]. The CLEAs were effective even in the presence of catalase, which rapidly catalyzes
the decomposition of hydrogen peroxide. Because of the short diffusion distance between glucose
oxidase and peroxidase in the combi-CLEAs, the intermediate hydrogen peroxide was not efficiently
decomposed by catalase [65].

Recent studies have investigated pharmaceutical applications of combi-CLEAs. Trehalose has
many applications in the food, pharmaceutical, and cosmetic industries. Park et al. reported the
production of trehalose from sucrose in a one-pot synthesis using combi-CLEAs of sucrase, trehalose
synthase, and trehalose hydrolase [66]. Scism and Bachmann reported five-enzyme combi-CLEAs
of ribokinase, phosphoribosyl pyrophosphate synthetase, engineered hypoxanthine phosphoribosyl
transferase, adenylate kinase, and pyruvate kinase for use in the cascade synthesis of nucleotide
analogs [67].
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3.2. Multi-CLEAs

Dalal et al. developed a single multipurpose biocatalyst that was based on multi-CLEAs
containing pectinase, xylanase, and cellulase [39]. These CLEAs were designed to catalyze three
different and independent reactions. The obtained multi-CLEAs were more thermostable than the
free enzymes. All three enzymes in the multi-CLEA were reusable and showed no loss of activity
after three cycles. Mahmod et al. prepared multi-CLEAs containing lipase and protease from fish
viscera [68]. The multi-CLEAs were used to catalyze two reactions. The stain-removing ability of
commercial detergents during washing was improved by 68% by addition of multi-CLEAs. Protease
in multi-CLEAs was used to catalyze biodiesel production from vegetable oil. These results indicate
that the use of multi-CLEAs is a promising technique for biotechnological applications. Neutrase
and papain were coimmobilized in CLEAs and their properties were investigated [69]. The thermal
and pH stabilities of the multi-CLEAs were clearly better than those of the free enzymes. In addition,
the multi-CLEAs retained relatively high activities in nonpolar and hydrophilic solvents, and no loss
of activity occurred during storage at 4 ◦C for more than six months. The activities of multi-CLEAs in
bean protein and zein hydrolysis were better than those of the free enzymes. These results show that
multi-CLEAs have a wide range of industrial uses as a multifunctional catalyst.

4. Application for Processing by CLEAs

As described above, enzyme immobilization by CLEA formation is a simple and useful technique.
The three-dimensional structure of the enzyme in CLEAs is conserved, therefore its catalytic activity
is retained. Moreover, CLEAs have several advantages such as insolubility and superior operational
stability. The use of CLEAs as biocatalysts in various industries is therefore continuously increasing.
In this section, we introduce recent applications of CLEA techniques, especially in chemical synthesis
and environmental applications.

4.1. Chemical Synthesis

4.1.1. Pharmaceutical Chemicals

(−)-γ-Lactam is an essential building block in the synthesis of carbocyclic nucleosides, which
have potent antiviral activities because of their inhibitory activity against viral reverse transcriptase.
(+)-γ-Lactamase can catalyze the conversion of only (+)-γ-lactam in a racemic mixture, suggesting that
(−)-γ-lactam can be recovered from the reaction mixture by a simple reaction. Modified CEMs packed
with γ-lactamase-CLEAs combined with pore-glass particles have been reported [70]. The thermophilic
γ-lactamase-CLEAs retained 100% of their initial activity and retained 52% activity after 10 h.

α-Cyanohydrins are key building blocks in the pharmaceutical and agrochemical industries.
Hydroxynitrile lyase from Davallia tyermannii (DtHNL) catalyzes the enantioselective synthesis of
α-cyanohydrins. DtHNL-CLEAs were prepared [71] and showed enhanced stability under acidic
conditions. The DtHNL-CLEAs were used for (R)-mandelonitrile synthesis (99% conversion, 98% ee)
in a biphasic system, and evaluated for use in the synthesis of (R)-hydroxypivaldehyde cyanohydrin.

We developed a microreaction system for the optical resolution of racemic amino acids [27].
This system was based on a continuous microfluidic system consisting of acylase-CEM
(see Section 2.2.2) and a microextractor. Acylase-CEM showed high enantioselectivity for racemic
amino acids or amino acid derivatives. The microextractor supplied a laminar flow of two immiscible
solutions and selectively extracted (separated) the products. This microfluidic system could be used
for efficient continuous production of optically pure chemical compounds.

L-3,4-Dihydroxyphenylalanine (L-DOPA) is used to treat Parkinson’s disease. Tyrosinase-CLEAs
catalyzed the conversion of tyrosine to L-DOPA [72]. A conversion yield of 53% was obtained in
2 h, with a productivity of 209 mg L−1 h−1. This result is much better than those reported for
batch processes that used tyrosinase immobilized on carrier materials. The operational stability of
the CLEAs was improved by entrapment in alginate beads. A continuous stirred-tank reactor with
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entrapped CLEAs in alginate beads achieved good mechanical stability (a long lifetime of >104 h) and
a productivity of 57 mg L−1 h−1.

Peptide synthesis with enzymes is a potentially cost-efficient technique. However, there are
some limitations to the synthesis of peptides with sterically hindered structures or noncoded amino
acids. Lipase-CLEA- and alcalase-CLEA-mediated peptide syntheses have been reported [73].
To enable specific recognition by the enzymes, special ester moieties, that is, guanidinophenyl,
carboxamidomethyl (Cam), and trifluoroethyl (Tfe) esters have been used. The Cam and Tfe esters
enable alcalase-CLEA-catalyzed synthesis of peptides with sterically hindered structures and noncoded
acyl donors. Although chemical synthesis of these special esters is usually difficult, they can be
efficiently synthesized by using lipase-CLEAs or alcalase-CLEAs. These results suggest that ester
synthesis by lipase-CLEAs and subsequent peptide synthesis by alcalase-CLEAs can be performed
simultaneously in a one-pot approach.

4.1.2. Polymers

Synthetic polyamides have high mechanical strength and good thermal resistance and are widely
used in industrial applications. The industrial synthesis of these polymers usually involves a melting
process. Because of the high melting temperatures and relatively low decomposition temperatures of
polyamides with aliphatic–aromatic structures, the synthesis of polyamides by melting processes is
usually difficult. Cutinase-CLEA-catalyzed synthesis of oligoamides with aliphatic–aromatic structures
overcomes this difficulty [74]. Although a commercially available immobilized lipase gave a higher
conversion efficiency than cutinase-CLEAs, the CLEAs achieved the highest degree of polymerization
in the one-step or two-step synthesis of oligo(p-xylylene sebacamide).

4.1.3. Nanoparticles

Silver nanoparticles are the focus of much research because of their catalytic, antimicrobial,
and optical properties. The synthesis of silver nanoparticles by conventional methods is energy- and
capital-intensive and is environmentally unfriendly because of the use of toxic solvents or additives
that are difficult to dispose of and degrade on industrial scales. Moreover, silver nanoparticles
synthesized by these conventional methods cannot be used for in vivo biomedical applications because
the toxic chemicals from the synthetic process are incompatible with biological systems. To overcome
these problems, nicotinamide adenine dinucleotide (NADH)-dependent nitrate reductase-CLEAs
were developed for the synthesis of silver nanoparticles from silver nitrate [75]. The CLEAs catalyzed
reduction of silver ions to silver nanoparticles at neutral pH. NADH and 8-hydroxyquinoline were used
as an electron source and an electron shuttle, respectively. The size of the obtained silver nanoparticles
was strictly controlled between 5 and 7 nm. In addition, these CLEAs showed 80% catalytic recovery
after five cycles, indicating that they have good operational stability.

4.2. Environmental Purposes

4.2.1. Decolorization and Detoxification of Dyes

For environmental protection, the textile, dyeing, printing, and related industries should dispose
of or treat synthetic dye-contaminating wastewater. The use of enzymes potentially enables the
efficient and low-cost degradation of pollutants and has therefore been investigated for the treatment
of wastewater. One of the examined enzymes, laccase, is widely used for catalytic degradation in the
treatment of industrial wastewater [76]. Kumar et al. reported the degradation and detoxification of
synthetic dyes by magnetic laccase-CLEAs [77]. The magnetic laccase-CLEAs showed good thermal
and operational stabilities. Laccase-CLEAs (0.2 U mL−1) rapidly degraded 61–96% of synthetic dyes
(initial concentration of 50 mg L−1) such as Remazol brilliant blue R, malachite green, and Reactive
Black 5 at 20 ◦C and pH 7.0.

397



Catalysts 2018, 8, 174

HRP-CLEAs were prepared and their biocatalytic efficacy in biodegradation was investigated [78].
The immobilization efficiency was improved by cross-linking HRP with EG-NHS (see Section 2.4).
Dye degradations were performed in a CLEA-packed reactor. Methyl orange degradation of 94% was
observed within the shortest treatment time. The CLEA reactor system was also used to treat other
dyes (92% of Basic red 9, 84% of indigo, 82% of rhodamine B, and 74% of rhodamine 6G). The toxicities
of these CLEA-treated dye samples were significantly reduced. The HRP-CLEAs retained 60% of
catalytic activity after seven cycles of methyl orange degradation.

Hollow CLEAs of laccase (h-CLEA laccase) were developed by using a millifluidic reactor [79].
Control of the solution flow rates in laminar flow enabled h-CLEA laccase particles of size 220 ± 10 nm
to be obtained. The activity of h-CLEA laccase was comparable to that of the free enzyme at neutral pH,
indicating that the laccase in the hollow structures had the same three-dimensional structure as free
laccase. Uniformly sized h-CLEA laccase was trapped inside a disposable polyether sulfone membrane
and continuously used for degradation of trypan blue for up to 96 h without loss of catalytic activity.

These studies indicate that improved CLEA techniques have great potential for
industrial applications.

4.2.2. Elimination of Endocrine-Disrupting Chemicals

Endocrine-disrupting chemicals (EDCs) are defined as “exogenous chemical substances or
mixtures that alter the structure or function(s) of the endocrine system and cause adverse effects
at the level of the organism, its progeny, populations, or subpopulations of organisms, based on
scientific principles, data, weight-of-evidence, and the precautionary principle” [80]. EDCs are often
detected in industrial wastewaters. Oxidases such as laccase and peroxidase have been widely used
for EDC degradation.

We developed a novel continuous-flow laccase-CEM for the degradation of EDCs [30]. Estrogens
(E1, E2, and EE2) and anti-inflammatories (naproxen and diclofenac) were used as model EDCs for
degradation studies. The degradation efficiency of our microreaction system was better than those of
conventional bioreactors. Furthermore, it enabled two-step degradation in laccase-mediated reactions,
thereby avoiding inactivation of laccase-CLEAs. Taboada-Puig et al. used combi-CLEAs containing
peroxidase and glucose oxidase for degradation reactions [81]. The degradation of bisphenol A,
nonylphenol, triclosan, EE2, and E2 by combi-CLEAs and their residual estrogenic activities were
studied. Within 10 min, the combi-CLEAs degraded almost all the EDCs except triclosan. The residual
estrogenic activity was lower than 45% for all compounds, except triclosan. In addition, a continuous
membrane reactor with combi-CLEAs almost completely removed bisphenol A (10 mg L−1) in 43 h.
These reports indicate that a CLEA-based continuous degradation system provides a simple catalytic
system that can eliminate EDCs effectively.

4.2.3. Bioconversion of Agroindustrial Waste

The immobilized enzymatic bioconversion of lignocellulosic biomass such as SCB to biofuels is
an important technology in the production of clean energy. Xylanase-CLEAs were prepared and used
for SCB bioconversion [82]. The CLEAs produced xylo-oligosaccharides from SCB, whereas the free
enzyme produced xylose as the main product from the same SCB. This indicates that immobilization
modified the catalytic properties. Bhattacharya and Pletschke prepared magnetic xylanase-CLEAs for
bioconversion of SCB to sugar [83]. They reported that the activity and stability of the magnetite-CLEAs
and reusability of the CLEAs were enhanced; a higher hydrolysis yield was obtained from SCB.

5. Conclusions

Immobilized enzymes retain their catalytic activity and are more robust to environmental changes
compared with free enzymes. The operational stability depends on the immobilization method. CLEAs
were developed for carrier-free immobilization as an alternative to conventional immobilization on
solid carriers and cross-linked enzyme crystals. CLEAs have several advantages over conventional

398



Catalysts 2018, 8, 174

methods, for example, simple preparation, high catalytic activity, high operational stability, and low
production costs. Applications of CLEAs have therefore been widely investigated in various industries.
There are still obstacles to the development of immobilized enzymes as biocatalysts for practical
applications. As noted in this review, improved CLEA techniques will enable the development of
novel enzymatic reaction systems. The development of new techniques will enable expansion of the
industrial use of enzyme immobilization.
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Abstract: A rapid immobilization method for cellulase was developed. Functional graphene oxide
was synthesized and grafted with hydrophobic spacer P-β-sulfuric acid ester ethyl sulfone aniline
(SESA) though etherification and diazotization. The functionalized graphene oxide was characterized
by Fourier-transform infrared spectroscopy and was used as the carrier for the immobilization
of cellulase via covalent binding. The immobilization of cellulase was finished in a very short
time (10 min) and very high immobilization yield and efficiency of above 90% were achieved after
optimization. When compared with the free cellulase, thermal and operational stabilities of the
immobilized cellulase were improved significantly. At 50 ◦C, the half-life of the immobilized cellulase
(533 min) was six-fold higher than that of the free cellulase (89 min). Additionally, the affinity between
immobilized cellulase (Km = 2.19 g·L−1) and substrate was more favorable than that of free cellulase
(Km = 3.84 g·L−1), suggesting the immobilized cellulase has higher catalytic efficiency. The possible
immobilization mechanism was proposed. The results strongly indicate that the immobilization is
highly efficient and has great potential for the immobilization of other enzymes.

Keywords: Graphene hybrid; Surface modification; Cellulase; Immobilization; Stability

1. Introduction

Cellulase (E.C 3.2.14) is widely used in the detergent, food, textile, and animal husbandry
industries. It can catalyze hydrolyzing β-1,4-glycosidic bonds of the cellulosic materials to produce
glucose that could be further bioconverted into bioethanol [1]. Because cellulosic materials are the
most abundant materials and renewable resource in the world, the enzymatic conversion process for
biofuels has enormous potential and it been received increasing attentions. However, free cellulase is
inevitable to have some drawbacks such as instability, difficult separation from the reaction solution,
and low reuse possibility [2]. In order to overcome these shortcomings, immobilization was introduced
to improve the performance of cellulase in the biocatalysis, finally to lower the cost to meet the
industrial requirements.

In the past few years, cellulase has been immobilized with various methods. Mabarak et al. [3]
immobilized cellulase onto multiwall carbon nanotubes with adsorption, and the immobilized
enzyme retained 52% initial activity after six cycles. When compared with the adsorption, covalent
binding is more attractive because of the stable covalent bonds formed during the immobilization.
Cellulase was covalently immobilized onto magnetic chitosan nanoparticles [4] and polyaniline coated
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polymer microspheres [5], Au-nanoparticles [6], pH-sensitive copolymer [7], and the high stability and
reusability of the immobilized enzyme were achieved in these research works.

Immobilization of an enzyme involves the interactions between the enzyme and the carrier [8–12].
The properties of the carrier play an important role and normally the carrier should have large surface
area [13–15]. Graphene with a lamellar structure has many industrial applications due to its unique
physical and electronic properties [16]. Graphene oxide (GO), as an oxygenated of graphene, has
gained increasing attention for its application in biotechnology because it contains oxygen-containing
functional groups such as epoxide, hydroxyl, and carboxylic acids [17]. In addition, GO has some
significant advantages, including easy processing, simple production from graphite, and available
sites for functionalization [18]. Particularly, GO is afforded an ideal carrier for enzyme immobilization
after functionalization, and it has been used as the carrier for immobilization of enzymes [2,19–22].

Appropriate spacer between the enzyme and carrier has been proved to improve the activity
of the immobilized enzyme [23]. In the immobilization of trypsin, PEG-diamine, aldehyde dextran,
amino dextran, and bovine serum albumin (BSA) spacers were investigated. It is indicated that longer
spacers are required for the efficient immobilization of enzymes onto solid carriers because they will
minimize steric hindrance and environmental effects that are imposed by the surface properties of
the matrices [24]. However, when poly glycine linker was used as the spacer for immobilization
of α-chymotrypsin onto controlled pore glass and polyethylene glycol copolymer cross-linked with
polyacrylamide, it was found that 2 glycines were the optimal linker length [25]. Introducing of
appropriate spacer will change the unfavorable surface polarity of the carrier, causing the enzymatic
denaturation and preventing the steric hindrance [26].

In the present work, we prepared graphene oxide as carrier for immobilization of cellulase with
covalent binding (shown in Scheme 1). The prepared graphene oxide was activated by etherification
with p-β-sulfuric acid ester ethyl sulfone aniline (SESA) as a hydrophobic spacer. The obtained
SESA-GO was modified by diazotization, and then cellulase was rapidly covalently immobilized
onto the activated functional GO. Characterization of the prepared carrier and the final immobilized
cellulase were also performed.

 

Scheme 1. Schematic description of preparation of functionalized graphene oxide (GO) and
immobilization of cellulase.
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2. Results

2.1. Characterization of Activated Graphene Oxide

The Fourier transform infrared (FTIR) spectra of GO and SESA-GO were presented in Figure 1.
As shown in Figure 1a, the characteristic band of carbonyl groups at ~1710 cm−1 corresponding to v
(C=O) of –COOH on the GO, and the C–O vibration of epoxy groups appeared at ~1052 cm−1 before
activation. The peak at ~3383 cm−1 and ~1618 cm−1 corresponded to the O–H and C=C vibration,
respectively. The peak at ~1710 cm−1 in Figure 1b disappeared which indicated that –COOH was
modified obviously.

The morphologies of GO and immobilized cellulase were observed by TEM. Figure 2a shows
that irregular sheets of GO with some wrinkles which presented a larger surface area. Cellulase
molecular were not observed clearly in Figure 2b. There is not much difference between Figure 2a,b,
indicating that immobilization of cellulase onto the surface of GO did not change the morphology of
GO significantly.

Figure 1. Fourier transform infrared (FTIR) spectra of (a) graphene oxide (GO); and, (b) SESA-GO.

 

Figure 2. TEM images of (a) GO; (b) immobilized cellulase.

2.2. Optimization of the Immobilization Conditions

As shown in Figure 3, the activity of the immobilized enzyme was increased with the increasing
pH in the reactions. The maximum enzyme activity could be obtained when couple pH was 5.0,
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which is the isoelectronic point of cellulase. If the pH was further increased, the activity of immobilized
cellulase would be decreased. The immobilization process time course was checked from 1 min to
60 min. As shown in Figure 4, immobilization yield and efficiency were increased rapidly when
immobilization time was prolonged from 1 to 10 min. After 10 min, the yield and efficiency reached
a plateau, and as time was continued to increase to 60 min, the immobilization yield and the activity
recovery changed only a little. Obviously, this reaction was finished within 10 min and the optimal
immobilization time was determined as 10 min. The immobilization yield and activity recovery for
carrier incubated with cellulase solution of different concentrations were shown in Figure 5. With rising
enzyme/support ratio until it reached 4.9 mg·g−1, the yield and efficiency were increased gradually.
The maximum yield along with the highest efficiency were achieved at 4.9 mg·g−1 and the values were
94% and 91%, respectively. However, further increasing in ratio decreased the immobilization yield
and activity recovery linearly, with a similar tendency.

Figure 3. Effect of immobilization pH value on the immobilization of cellulase.

Figure 4. Time course of the immobilization of cellulase onto the functionalized graphene
oxide composites.
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Figure 5. Effect of enzyme/support ratio on the immobilization of cellulase.

2.3. Characterization of the Immobilized Cellulase

The relative activity of free and immobilized cellulase were evaluated in the pH range from 3.0
to 8.0 and 30 to 80 ◦C (Figure 6). The maximal activities of the free and immobilized cellulase were
observed at pH 5.0, as shown in Figure 6a. The immobilized cellulase showed a significant higher
relative activity than that of free cellulase at pH from 3.0 to 6.0. It is noted that the relative activity of
immobilized cellulase was approximately two-fold higher than those of free cellulase at pH 3.0~4.0.
Figure 6b shows the effect of temperature on the activity of immobilized and free cellulase. The optimal
temperature (50 ◦C) of the immobilized enzyme was the same as the free cellulase. The immobilized
cellulase displayed relative higher activities at the temperature range from 30 to 80 ◦C when compared
with the free cellulase. The kinetic parameters Km of the immobilized and free cellulase were calculated
with nonlinear regression as shown in Figure 7, and they were 2.19 g·L−1 and 3.84 g·L−1, while Vmax

were 0.27 g·L−1 min−1 and 0.23 g·L−1 min−1, respectively. The thermal stability and reusability as
important parameters for immobilized cellulase were investigated at 50 ◦C within 3 h, and the results
were shown in Figures 8 and 9. As shown in Figure 8, the relative activity of free and immobilized
decreased with the increase of incubation time, the activity of free cellulase decreased sharply than that
of the immobilized cellulase. When the incubation time was raised to 3 h, the immobilized cellulase
remained above 85% of its original activity, while the free cellulase was only 67% of its original activity.
The thermal deactivation constant (kd) of the immobilized cellulase (0.013) was six-fold lower than
that of the free enzyme (0.078). The values of half-lives for the free and immobilized cellulase were
533 min and 89 min, respectively. There is a five-fold improvement than that of the free cellulase.
The reusability of the immobilized enzyme was checked, as shown in Figure 9. It still had 90% and
80% residual activities after four and nine reaction cycles, respectively.
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Figure 6. Effects of pH value (A) and temperature (B) on the activity of free (square) and immobilized
cellulase (circle).

Figure 7. Effect of reaction rate on the substrate concentration of free cellulase (square) and immobilized
cellulase (circle).

Figure 8. The thermal stability of free cellulase (square) and immobilized (circle) at 50 ◦C.
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Figure 9. The reusability of the immobilized cellulase.

3. Discussion

Immobilization of enzymes has received wide attention because of the high cost of enzymes. It is
well known that GO contained epoxy, carbonyl, and hydroxyl groups [27] and the modification is
easier than other nanoparticles [28–33]. In our previous work, GO derivatives were used as the carrier
for immobilization of cellulose [2] and NADH oxidase [22], and the immobilized enzyme retain higher
stability and good reusability. In the present work, functionalized GO was prepared by etherification
and diazotization (Scheme 1). The changes of FTIR peaks indicated that GO was successful prepared
and activated. Subsequently, cellulase was covalently coupled onto the functionalized GO, and the
factors, including pH, initial concentration of protein and immobilization time were optimized. A high
immobilization yield and activity recovery of above 90% were achieved. When compared with the free
enzyme, the immobilized cellulase displayed high relative activity in a wide range of pH, especially
pH 3–5. It might be induced by covalent immobilization that fixed the configuration of enzyme on
the surface of supports, resulting in the tolerability of cellulase to pH in surroundings increased [34].
In addition, owing to the unique properties of functionalized GO, such as high surface area and more
binding-sites, the microenvironment of the immobilization process could have been buffered [35].
When compared with free enzyme, the lower Km and the higher Vmax demonstrated the high binding
affinity to substrates. The higher relative enzyme activity for immobilized cellulase would be due to the
hydrophobic spacer SESA. The proper length and hydrophobic property of the spacer would restrict
the immobilized enzyme mobile range and improve the mobile frequency, and thus the immobilized
showed higher substrate binding affinity. Another reason for this phenomenon probably is that the
activated GO has many hydrophilic groups on the surface that could enrich substrates nearby, and this
will present more chances for substrate to bind enzymes.

The immobilized cellulase showed higher relative activity at higher temperatures. It is possible
because the functional GO has high special surface area, thermal tolerance, and mechanical hardness.
These properties would increase the stabilization of cellulase and could keep its active structure even
at a higher temperature [36]. The very good reusability of immobilized cellulase makes the process
catalyzed by cellulase much economic. A higher residual activity after reusing was because of the
strong covalent bonds between the enzyme molecules and the prepared carrier. The decrease in
immobilized enzyme activity was possibly caused by several reasons including unavoidable enzyme
deactivation during repeated operation and batch separation.

As an important factor affected the productivity and the economic benefit in the industrial
production, the immobilization time was investigated. It is interesting that the immobilization yield
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reached 90% within 10 min. Comparison with the previous reports [7,37–39] (as shown in Table 1),
the immobilization of cellulase is in this work is quite quick and efficient. The reason might be the
contribution of hydrophilic groups of GO and the hydrophobic spacer.

Table 1. Comparison of different carrier for covalent immobilization of cellulase.

Carrier Spacer Km (g·L−1) Stability 1 Immobilization Time Reference

Clay composite materials - - 1.4 8 h [39]
polyacrylate amphiphilic copolymer carbodiimide 120.89 1.2 4 h [7]

polyamidoamine dendrimer-grafted silica glutaraldehyde 0.33 2.2 2 h [37]
PVA membrane - - - 1 h [38]
Graphene oxide SESA 2.17 2.1 10 min This work

1 Folds compared to the free counterpart.

In summary, graphene oxide was prepared and modified with SESA for immobilization for
cellulase. The immobilization of cellulase was very fast and finished in 10 min. The preparation process
is simple and a high activity recovery (above 90%) was obtained. In comparison with the free cellulase,
the immobilized enzyme showed higher affinity to substrate. Furthermore, the good reusability and
high thermal stability of immobilized cellulase make them rather charming for industrial applications.

4. Materials and Methods

4.1. Materials

Cellulase was obtained from Runyang Co. Ltd. (Wuxi, China). P-β-sulfuric acid ester ethyl sulfone
aniline (SESA) was purchased from Sigma-aldrich (St. Louis, MO, USA). Bovine serum albumin from
Bio-Rad (Hercules, CA, USA) was used as the standard protein. Carboxyl methyl cellulose (CMC) salt
(medium viscosity), graphite powder, sodium nitrite, and the other chemicals were biotechnological or
analytical reagents from Sinopharm (Shanghai, China).

4.2. Preparation of Functional Graphene Oxide

The synthesis of graphene oxide (GO) via a slight modified method developed by Hummers and
Offerman [40]. Briefly, suspended 1 g of graphite powder in 25 mL sulfuric acid (98%) under ice bath,
and then added NaNO3 (1 g) and KMnO4 (3 g), respectively. The resultant suspension was vigorous
stirred and cooled, so as to maintain the temperature of the mixture under 20 ◦C. Then, the mixture
was heated to 35 ◦C and was stirred 30 min. The reaction temperature was increased to 90 ◦C and
followed by slowly adding 50 mL of distilled water and stirred 1 h. To stop the oxidation reaction,
40 mL of distilled water and 3 mL of 30% hydrogen peroxide solution were added sequentially. Then,
the mixture was filtered, and washed with double-distilled water. The product was then resuspended
in double-distilled water, and ultrasonicated 5 min. The resultant nanoparticles were collected by
centrifugation and drying 24 h at 40 ◦C under vacuum.

To successfully obtain the immobilized enzyme via covalent immobilization, the carrier was
activated primarily via etherification and diazotization. In brief, dissolve 0.5 g SESA in 6 mL deionized
water. The pH was adjusted to 7.0 at 40 ◦C using 1.0 M Na2CO3. Added 0.5 g of GO into the above
solution with stirring, and adjusted the pH to 13.0 with 0.5 M NaOH solution. In order to obtain the
SESA-GO, the mixture was subjected to heat 30 min at 100 ◦C and then washed twice with 0.05 M
NaOH solution and deionized water, respectively. Subsequently, SESA-GO was suspended in 5 mL
distilled water, and then 2.5 mL HCl (1 M) and 2.5 mL NaNO2 (5%) were added simultaneously.
The reaction was sustained 30 min under ice bath for finishing the diazotization. The resultant was
washed three times with 0.05 M HCl and dried 12 h with vacuum drier.

Characterization of the prepared particles with Fourier transform infrared (FTIR) spectra was
performed with a spectrometer (FT-IR, Thermo NicoletAVATAR-370, Waltham, MA, USA) using
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the KBr pellet technique. The morphology of materials was observed with Transmission electron
microscopy (TEM, Philips Tecnai 12, Holland).

4.3. Immobilization of Cellulase

Dispersed 50 mg modified carrier in 0.7 mL citrate buffer (0.1 M, pH 5.0), and added 0.3 mL
buffers containing cellulase to start the immobilization. After 1 h reaction at room temperature,
the immobilized cellulase was collected by centrifugation and washed three times with citrate buffer
(0.1 M pH 5.0). The protein concentration of the supernatant was measured by the Bradford method [41]
and the activity of immobilized cellulase was determined. The immobilization yield and activity
recovery were calculated, as the follows:

Immobilization yield = 100 × [(�i−�w−�s)/�i]; Activity recovery = 100 × (αi/αf) (1)

where �i is the total protein of the crude enzyme preparation; �w and �s are the protein content of wash
solution and supernatant after immobilization, respectively; αi is the total activity of the immobilized
cellulase; and, αf is the total activity of the free cellulase. All of the assays were performed in triplicate.

4.4. Enzyme Assay

The activity of cellulase was detected based on the amount of released glucose from CMC solution
under the catalysis of cellulase. For free enzyme, 0.25 mL enzyme was pre-incubated 10 min at 50 ◦C.
Then, the mixture of 0.25 mL enzyme that was dissolved in acetate buffer (pH 5.0) and 0.5 mL substrate
(w/v = 2%) were incubated at 50 ◦C for 10 min. Then, added 3 mL DNS to the mixture and terminated
the reaction by heating the mixture 5 min in boiled water. The produced reducing sugar was measured
with a UV detector (UV-1800, Mapada instrument, Shanghai, China) at 540 nm. For immobilized
enzyme, 50 mg of immobilized enzyme was pre-incubated 10 min at 50 ◦C. Then, 0.5 mL of substrate
was added into to react 10 min. The reaction was terminated by adding 3 mL DNS and put into boiled
water bath for 5 min. After separation, the supernatant was subjected to determine the concentration
of glucose to calculate the activity. One unit (U) of cellulase is defined as the amount of enzyme that
hydrolyzes CMC in order to produce 1 mg equivalent of glucose per minute under the assay conditions.

4.5. Optimization of Immobilization Conditions

The effect of pH on the immobilization was assessed over the range of pH (3.0–8.0). Similarly,
the mixture of varying enzyme/support ratios from 1.9 to 8.7 mg/g in the pH range of 3.0 to 8.0
was reacted in the various time periods ranging from 1 min to 60 min. After certain time intervals,
the mixture was separated by centrifugation of 5 min at 12,000 rpm. Subsequently, the amount
of the protein in the supernatant was determined. Each experiment was performed in triplicate.
The optimization data are presented as the averages of statistically relevant measurements with their
associated standard deviation.

4.6. Characterization of the Immobilized Cellulase

The effect of temperature on the activities of free and immobilized cellulase was evaluated by
assaying the enzyme samples over the range of 30–80 ◦C for 10 min. To check the effect of pH,
activities of immobilized and free cellulase were determined using the standard assay conditions with
two buffer systems, citrate buffer (0.1 M, pH 3.0, 4.0, 5.0) and phosphate buffer (0.1 M, pH 6.0, 7.0, 8.0).
To determine maximum reaction rates (Vmax) and kinetic parameters (Km) of free and immobilized
cellulase, the activity assays were performed in different CMC concentrations. Vmax and Km of
cellulase was obtained by nonlinear regression.

The thermal stability of cellulase was investigated by incubating the free and immobilized enzyme
from 30 to 180 min at optimal pH and at 50 ◦C. At certain time intervals, samples were withdrawn,
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and residual activity was measured under standard assay conditions. The half-life (t1/2) of cellulase at
50 ◦C was determined using the following equation:

t1/2 = 0.693/kd; kd*t = ln(E0/E) (2)

where E0 is the initial cellulase activity, E is the residual cellulase activity after t min, and kd is the
attenuation constant.

The reusability of immobilized cellulase was investigated at the optimal pH and temperature.
Each sample was performed in triplicate. The characterization data are presented as the averages of
statistically relevant measurements with their associated standard deviation.
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Abstract: Cellulase from Aspergillus niger was immobilized on a synthesized TiO2–lignin hybrid
support. The enzyme was effectively deposited on the inorganic–organic hybrid matrix, mainly via
physical interactions. The optimal initial immobilization parameters, selected for the highest relative
activity, were pH 5.0, 6 h process duration, and an enzyme solution concentration of 5 mg/mL.
Moreover, the effects of pH, temperature, and number of consecutive catalytic cycles and the
storage stability of free and immobilized cellulase were evaluated and compared. Thermal and
chemical stability were significantly improved, while after 3 h at a temperature of 50 ◦C and pH 6.0,
the immobilized cellulase retained over 80% of its initial activity. In addition, the half-life of the
immobilized cellulase (307 min) was five times that of the free enzyme (63 min). After ten repeated
catalytic cycles, the immobilized biocatalyst retained over 90% of its initial catalytic properties.
This study presents a protocol for the production of highly stable and reusable biocatalytic systems
for practical application in the hydrolysis of cellulose.

Keywords: enzyme immobilization; cellulases; titania-lignin hybrid; immobilized cellulase stability;
cellulose hydrolysis

1. Introduction

Cellulases are classified as hydrolytic enzymes [1] and include at least three types of biocatalysts:
endo-(1,4)-β-D-glucanase (EC 3.2.1.4), exo-(1,4)-β-D-glucanase (EC 3.2.1.91), and β-glucosidases
(EC 3.2.1.21) [2–4]. They are produced by bacteria and microbes; however, the main enzyme acquisition
process is based on fungi, which provide the highest production index [1,5,6]. The most frequently
used for the production of cellulases are strains of cellulolytic fungi such as Aspergillus, Humicola,
Penicillium, and Trichoderma [7,8]. Cellulases are responsible for the process of depolymerization
of cellulose by delamination of the cell walls, which is a consequence of cellulose hydrolysis [1,6].
These biocatalysts have numerous practical applications in many fields of industry and agriculture.
Commercial cellulases have been available for several decades, and have found applications in several
important branches of industry, particularly in the wood and cellulose-paper industries, as well as
in other branches including the conservation of thermoplastic polymers and plastics, bioconversion
of cellulosic materials to organic solvents, fermentation processes, detergents, textiles, laundry, and
the food and feed industries [9]. In view of the broad application of these enzymes, it is necessary
to develop novel and more stable materials to enable the aforementioned processes to be carried out
more efficiently.

Immobilization is a technique of confining cells or enzymes on organic, inorganic, or hybrid
carriers [10]. Depending on the method of immobilization, the binding of the biocatalyst may occur
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more or less permanently. This technique is intended to increase the efficiency of catalytic processes,
reduce the associated costs, and improve the properties of enzymes [10], mainly its stability at harsh
reaction conditions, as variable reaction parameters might affect enzymes’ properties. Among others,
the most important properties are pH and temperature, as protein denaturation is caused mainly
by abovementioned parameters [11]. Immobilization of enzymes enables the retention of catalytic
activity, which results in the possibility of reusing the biocatalytic system. Moreover, easier and
faster separation of immobilized enzymes from the reaction mixture makes them more attractive for
industrial applications [11,12]. The immobilization of biocatalysts also prevents protein from entering
the process in a mobile phase reactor containing the reagents, resulting in cleaner products [13].

As has already been noted, immobilization processes are of great importance and are used in
many branches of industry, mainly in the pharmaceutical, food, chemical, and biological industries,
but also in research and implementation of new technological solutions. The use of immobilized
enzymes might result in greater process efficiency compared with the use of free biocatalysts, by
better utilizing the potential of raw materials [11–14]. Various enzyme immobilization methods
have enabled the development of industrial technology on a larger scale, reducing the costs of
production. At present, there are several well-known techniques that rely on physical or chemical
interactions [11,14]. Immobilized enzymes are a subject of great interest, which will certainly grow, as
the properties of many of the biocatalysts are not yet fully known. Furthermore, the possibility of their
immobilization may contribute to a steady progress in their development and use in bioprocesses and
in the field of biosensing [15,16].

The continuous development of technology helps obtain more effective and stable materials with
targeted industrial applications. Nowadays, novel hybrid or composite material with immobilized
enzymes, achieved by creating an innovative biocatalytic system, are increasingly used in many fields
of industry, like pharmaceutical, chemical, and food industries. A combination of inorganic and
organic components can provide advanced features such as better thermal and chemical resistance or
electrokinetic and biological stability. For instance, Tao et al., used magnetic Fe3O4–SiO2 nanoparticles
for the selective immobilization of cellulase [17]. The novel hybrid material, due to the influence of the
metallic oxides, exhibited enhanced adsorption parameters as well as biocompatibility and bioactivity.
Similar findings are reported by Velmurugan et al., who confirmed that a newly developed MgO–Fe3O4

material was suitable for cellulose immobilization [18]. Furthermore, Hong et al., obtained a polyhedral
oligomeric silsesquioxane-silica-titania (POSS–SiO2–TiO2) hybrid material for cellulase immobilization
for biocatalytic applications [19]. In other studies laccase was successfully immobilized on TiO2

nanoparticles and TiO2 nanoparticle functionalized polyethersulfone (PES) membranes. The results
revealed that both the immobilization procedures and the properties of the immobilization supports
have significant impacts on the biocatalyst performance [20]. In addition, Hou et al. showed in [21]
great potential for the application of the TiO2 based biocatalytic nanoparticles and membranes for CO2

conversion in a gas–liquid membrane contactor. These examples show that it is extremely important to
continue research into the development of novel support materials for enzyme immobilization, which
will lead to the creation of more effective and stable biocatalytic systems.

The main research goal of the present study was to evaluate a functional hybrid titanium
dioxide–lignin hybrid material in terms of its suitability for the immobilization of cellulase, and
to use the resulting biocatalytic system in the hydrolysis process of cellulose. The synthesized hybrid
support was concisely characterized, immobilization of the enzyme was confirmed, and the effect of
various operational conditions on the enzyme’s stability and activity, as well as its reusability and
storage stability, were examined.
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2. Results

2.1. Synthesis of Titania–Lignin Hybrid Material and Cellulase Immobilization

The thermal stability of the TiO2 modified by poly-L-lisine (PLL), lignin activated by
sodium (meta)periodate and the synthesized TiO2–lignin hybrid material was determined using
thermogravimetric analysis (TGA) (Figure 1). Commercial titanium dioxide after surface modification
exhibited extremely high thermal stability, losing only about 2% of its mass in the analyzed temperature
range, which might be explained by the evaporation of physically bound water. The thermogravimetric
curve of the activated lignin showed a significant decrease in mass of the activated biopolymer
consisted in three mass loss stages, at temperatures up to 200 ◦C (marked in yellow) and in the
temperature ranges 200–600 ◦C (marked in blue) and 650–1000 ◦C (marked in red), linked respectively
to the removal of physically bound water, decomposition of the lignin structure, and elimination of
carbon and hydrogen atoms [22]. The synthesized TiO2–lignin hybrid showed relatively good thermal
stability: up to a temperature of 1000 ◦C it lost about 10% of its mass. The high thermal stability
(characteristic for TiO2) and the shape of the TGA curve for the obtained material, similar to that
recorded for lignin, also proved the effective connection of TiO2 and lignin.

Figure 1. Results of thermogravimetric analysis of modified TiO2, activated lignin and TiO2–lignin hybrid.

The Fourier-transform infrared (FTIR) spectrum of the TiO2–lignin hybrid (Figure 2) contained
many signals characteristic for functional groups of both modified precursors, which indirectly
confirmed the effective synthesis of the hybrid support. Among these signals, the most important
are those at wavenumbers 3450 cm−1, 2940 cm−1, 1680 cm−1, and around 1100 cm−1, attributed
respectively to stretching vibrations of –OH groups, C–H bonds, C=O groups, and C–O and C–O–C
bonds in the lignin structure [23]. Signals were also observed in the wavenumber range 1600–1450 cm−1

and at 720 cm−1, representing, respectively, stretching vibrations of CAr–CAr bonds in the structure of
the biopolymer, and Ti–O–Ti bonds.

In the FTIR spectrum of free cellulase from Aspergillus niger, the most important signal is that at
3430 cm−1, characteristic for amine groups, which are mainly responsible for attachment of the enzyme
to the solid support, as well as peaks around 1665 cm−1 and 1530 cm−1, generated by stretching
vibrations of amide I and amide II bands. The FTIR spectrum of the produced biocatalytic system
contains signals characteristic for cellulase as well as for the hybrid matrix. This suggested that the
biocatalyst was successfully deposited on the surface of the support material. This is proven by the
presence of a peak at 1090 cm−1 (C–N stretching vibrations) and changes in the intensity of signals
generated by amine groups (3430 cm−1), C–H bonds (2930 cm−1), and amide bands, in comparison
with the FTIR spectrum of the TiO2–lignin hybrid before enzyme binding.
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Figure 2. Results of Fourier-transform infrared (FTIR) analysis of cellulase from Aspergillus niger,
TiO2–lignin hybrid and the product after enzyme immobilization (immobilization conditions: pH = 7.0,
T = 4 ◦C, t = 6 h, Cenz = 5 mg/mL).

Based also on the results of the analysis of the porous structure parameters of the TiO2–lignin
support material before and after immobilization, some additional conclusions can be drawn.
The synthesized TiO2–lignin hybrid before enzyme attachment had a relatively low surface area
of around 10 m2/g, while for the matrix after cellulase immobilization, this parameter decreased to
about 8 m2/g. This might suggest that effective enzyme attachment was achieved. Moreover, a decrease
was recorded in the pores diameter and pores volume in the samples after immobilization. The hybrid
biocomposite had pores with a mean diameter of 3.3 nm and a volume of 0.005 cm3/g, while after
cellulase immobilization these parameters fell to 1.7 nm and 0.003 cm3/g.

2.2. Cellulase Immobilization

Besides confirmation of effective cellulase binding, the effect of initial immobilization parameters
(process time and concentration of enzyme solution) on the quantity of immobilized enzyme and its
relative activity was also evaluated (Figure 3).

 

 

 

 

 

 

Figure 3. Effect of immobilization time on the relative activity of the immobilized cellulase. Inset: effect
of immobilization time on the amount of the enzyme immobilized on the TiO2–lignin hybrid.
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As Figure 3 shows, the products after immobilization exhibited lower catalytic activity than
free cellulase (relative activity up to 85%). When solution concentrations of 1 and 3 mg/mL were
used, the highest relative activities, of around 30% and 80% respectively, were recorded after 12 h
of the process. The amount of immobilized cellulase increased with process duration, irrespective
of the concentration of the initial enzyme solution (Figure 3 inset). After 12 h of immobilization, 19,
55, and 76 mg of the biocatalyst per 1 g of the support material was deposited from solutions of 1,
3, and 5 mg/mL respectively. The results indicated that with increasing process time, the relative
activity of the immobilized enzyme increased along with the amount of bounded cellulase, except in
the case of the 5 mg/mL solution. When cellulase solution at this concentration was employed, the
highest relative activity, about 85%, was obtained after 6 h of immobilization. Further increase in the
immobilization time caused the relative activity of the bound cellulase to decrease.

As has already been mentioned, the immobilization technique used led to the attachment of
cellulase molecules mainly via physical and ionic interactions, but the formation of covalent bonds
cannot be excluded. Electrokinetic measurements showed that the zeta potential of the titania–lignin
hybrid matrix took negative values over the whole of the analyzed pH range, which indicates
that the surface of the support material was negatively charged during immobilization. Under the
immobilization conditions (acetate buffer at pH 4.8), the enzyme molecules were positively charged
(the IEP of cellulase is around 5). These facts imply that effective biocatalyst immobilization occurred
mainly via electrostatic and ionic interactions. To verify this statement, solutions of sodium chloride
at various ionic strengths were applied in cellulase desorption tests, because this salt might elute the
enzyme by way of ionic exchange (Figure 4) [24].

Figure 4. Effect of Triton X-100 and NaCl solution on the relative activity of free and immobilized onto
TiO2–lignin hybrid cellulase from Aspergillus niger.

Figure 4 shows that the relative activity of the immobilized cellulase treated with 1% Triton X-100
and NaCl solutions at various molar concentrations declined gradually during the first 6 h of treatment,
which suggests elution of the enzyme from the matrix. The further decrease in relative activity is
insignificant (less than 10% in all cases), which indicates that desorption occurred in the initial stages of
the test and is limited in its later stages. After treatment with 1% Triton X-100 for 12 h, the immobilized
cellulase retained over 40% of its relative activity. When the immobilized biocatalyst was incubated in
sodium chloride solutions at molarities of 0.1; 0.3, and 0.5 M, a more significant drop in the relative
activity was observed. The produced systems finally exhibited 25%, 18%, and 0% of its relative activity,
respectively. Additionally, to verify if the immobilized enzyme was eluted from the support material
following the treatments or was deactivated by such treatments, amount of the immobilized enzyme
retained on the matrix, after 6 and 12 h of desorption process was evaluated (Table 1).
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Table 1. Amount of the immobilized cellulase remained after desorption process, at different conditions.

Type of Eluent

Amount of Immobilized Enzyme (mg/g)

Desorption Time

6 h 12 h

1% Triton X-100 25.8 ± 1.3 22.4 ± 1.6
0.1 M NaCl 20.3 ± 1.5 12.6 ± 1.2
0.3 M NaCl 16.8 ± 0.6 6.9 ± 0.9
0.5 M NaCl 9.7 ± 1.0 5.1 ± 1.1

It can be seen from Table 2, that amount of the immobilized enzyme that remained on the surface
of the hybrid material after desorption, irrespectively of the type and ionic strength of the eluent,
is about 10–20% higher than amount of the immobilized cellulase, which corresponds to the evaluated
relative activity of the biocatalytic system after desorption. The biggest differences were noticed for
0.5 M NaCl solution. After 6 and 12 h of the process, the surface of the titania–lignin hybrid retained
9.7 and 5.1 mg of the enzyme per 1 g of the support. These values corresponded to the relative activity
of 18.3% and 9.7%, meanwhile, the noticed values of relative activity were 11.2% and 0%.

2.3. Stability Study of Immobilized Cellulase

Various process parameters such as pH and temperature might affect the ability of the immobilized
cellulase to degrade cellulosic material. Thus, in this study, the effect of the aforementioned parameters,
as well as the chemical and thermal stability of the free and immobilized enzyme, were examined and
compared. Moreover, the reusability and storage stability of the free and immobilized enzyme under
different conditions were tested. Kinetic parameters for both forms of the enzyme were evaluated
to verify how immobilization affected the affinity of the enzyme to the substrate molecules and its
catalytic efficiency.

2.3.1. Effect of pH

The effect of pH on the relative activity of free and immobilized cellulase was studied over a
broad range of pH values, from 3.0 to 9.0 (Figure 5a).

The maximum relative activity was recorded at pH 5.5 for the free enzyme, and at pH 6.0 for
the immobilized enzyme, as expected, since acidic cellulase was used in this study. Although the
graph showed similar trends for the free and immobilized biocatalyst over the whole of the analyzed
pH range, the immobilized biomolecules have higher relative activity than the free ones in the same
pH conditions. The immobilized cellulase exhibited over 80% of its relative activity at pH values
from 4.5 to 6.0, as the free catalyst did so only at pH values from 5.0 to 6.0. The bound enzyme also
exhibited about 20% higher relative activity (76%) than the free enzyme (54%) at pH 3.0. The results
also indicated a significant decrease in cellulase activity when the pH is above or below its optimum
value. This was especially visible in alkaline conditions: at pH 9.0, both biocatalysts retained less
than 40% of their activity. To test the chemical stability of the free and immobilized cellulase, both
enzymes were incubated for 3 h under their optimal reaction conditions (Figure 5b). After 3 h, the free
cellulase retained about 20% of its initial activity, as the immobilized enzymes incubated at pH 5.0 and
6.0 retained over 75% of their activity, which proved that cellulase attached to a TiO2–lignin hybrid
support has higher thermal stability than the free enzyme.
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Figure 5. (a) Effect of pH on the relative activity of free and immobilized cellulose; (b) Chemical stability
of free and immobilized enzyme after incubation for 3 h under optimal pH and temperature conditions.

2.3.2. Effect of Temperature

The effect of temperature on the relative activity of free and immobilized cellulase from
Aspergillus niger was studied between 30 and 80 ◦C, under optimal pH conditions for free and
immobilized cellulase (Figure 6a).

The free enzyme exhibited its maximum activity at 50 ◦C and retained 80% of its activity in a
temperature range from 45 to 60 ◦C. At temperatures below 50 and above 60 ◦C the catalytic activity
of the free biocatalyst significantly decreased, suggesting that the free enzyme is unstable in these
conditions due to denaturation of the peptide structure [25]. By comparison, the immobilized cellulase
exhibited its highest activity at temperatures of 55 and 60 ◦C, and retained over 80% of its maximum
activity over a wide temperature range from 40 to 70 ◦C. In addition, the drop in relative activity above
70 ◦C is less significant that in the case of the free enzyme, while at 80 ◦C the bound cellulase exhibited
over 60% of its relative activity. To determine the thermal stability of the immobilized cellulase, the
free enzyme was incubated for 3 h at 50 ◦C and the immobilized cellulase at 50 and 60 ◦C (Figure 6b).
After 3 h, the relative activity of the immobilized cellulase remained at a high level (over 75% and 80%,
at temperatures of 50 and 60 ◦C, respectively). Meanwhile, there was more significant decline in the
catalytic properties of the free enzyme, which after 3 h of incubation had lost almost 80% of its activity.
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Figure 6. (a) Effect of temperature on the relative activity of free and immobilized cellulose; (b) Thermal
stability of free and immobilized enzyme after incubation for 3 h under optimal temperature and
pH conditions.

2.3.3. Storage Stability and Reusability

The storage stability of free and immobilized cellulase at 4 and 25 ◦C was evaluated by measuring
the enzyme’s relative activity every 5 days for 30 days (Figure 7a).

It can be seen that, irrespective of the storage temperature, the immobilized enzyme was
characterized by higher activity than the free cellulase: after 30 days of storage at 4 and 25 ◦C,
it retained over 95% and 85% of its initial activity, compared with less than 75% and less than 40% in
the case of the free enzyme. These results indicated that the immobilization strategy used in this study
improved the storage stability of the cellulase.

Figure 7. Cont.
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Figure 7. (a) Relative activity of free and immobilized cellulase stored for 30 days at 4 ◦C and 25 ◦C;
(b) Reusability of the immobilized cellulase.

In this study, reusability of the bounded enzyme was evaluated over ten consecutive cycles of
cellulose hydrolysis (Figure 7b). As can be seen, the relative activity of the immobilized cellulase
remained almost unaltered during repeated catalytic cycles, and after ten cycles it retained 93% of its
initial activity.

2.4. Kinetic Parameters of Free and Immobilized Cellulase

It is clear that, with changes in the three-dimensional structure of the enzyme, and its pH and
temperature profiles as a result of immobilization, its kinetic parameters might also be affected.
Kinetic parameters, including Km, Vmax, and turnover number (kcat), were determined for both free
and immobilized cellulase by measuring the initial reaction rates during the hydrolysis of cellulose
with various initial concentrations of substrate, under optimal process conditions (Table 2).

Table 2. Kinetic parameters of cellulase from Aspergillus niger, free and immobilized on TiO2–lignin hybrid.

Kinetic Parameters Free Cellulase Immobilized Cellulase

Km (mM) 2.06 ± 0.85 2.63 ± 0.96
Vmax (U/mg) 159 ± 11 125 ± 19

kcat (s−1) 145 ± 19 114 ± 15
kcat/Km (s−1·mM−1) 70.5 ± 3.5 43.6 ± 3.2

t1/2 (min) 63 ± 13 307 ± 21

It can be seen that for the immobilized cellulase the value of Km reached 2.63 mM, which is higher
in comparison with free enzyme (2.06 mM), while the Vmax value recorded for the immobilized enzyme
(159 U/mg) was lower than for free cellulase. Nevertheless, higher values of the Michaelis–Menten
constant and lower values of Vmax after immobilization are typical for immobilized biocatalysts.
A similar pattern was observed for turnover number (kcat), which after immobilization took a value of
114 s−1, and is lower than noticed for the free enzyme (145 s−1). In consequence, the value of catalytic
efficiency (kcat/Km) recorded for the immobilized cellulase (43.6 s−1·mM−1) is also significantly lower
than that of the free biocatalyst (70.5 s−1·mM−1). This can be explained by the decrease in the affinity
of the immobilized biomolecules to the substrate molecules. Nevertheless, it should be emphasized
that the half-life (t1/2) calculated for the immobilized cellulase (307 min) is almost five times as long as
that of the free enzyme (63 min).
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3. Discussion

3.1. Synthesis of Titania-Lignin Hybrid Material and Cellulase Immobilization

The synthesized TiO2–lignin hybrid support was found to have relatively high thermal stability,
significantly higher than that of activated kraft lignin. The improvement in thermal stability was a
direct result of the incorporation of titanium dioxide particles, known to be highly thermo-resistant,
into the hybrid material. The presence of various chemical moieties, such as –OH, C=O, and C–O,
in the structure of the synthesized material facilitated the attachment of the cellulase molecules and
the formation of relatively stable interactions. From the FTIR spectrum of the free enzyme, it can be
concluded that the biocatalyst was attached mainly through the amine groups (–NH2) present in its
structure. However, particular attention should be paid to the shifts in the signals attributed to amide I
bands from 1665 cm−1 (free enzyme) to 1645 cm−1 (immobilized cellulase), which suggests a mixed
mechanism of interaction based mainly on the formation of physical and ionic interactions as well as
covalent bonds between the enzyme and support [26]. By contrast, Tao et al. used a magnetite–silica
hybrid support modified by arginine for the immobilization of cellulase. They observed that at pH
above 5.0, the enzyme is negatively charged while arginine is positively charged, and in consequence,
the formation of electrostatic interactions was strongly favored [17]. Moreover, after immobilization,
the values of BET (Brunauer–Emmett–Teller) surface area, mean pores size, and pores volume were
reduced, which suggests that the enzyme particles may be immobilized in the pores of the support as
well as on its surface [27].

3.2. Cellulase Immobilization

During the study, it was also investigated how the catalytic activity of the immobilized enzyme
depends on the initial immobilization parameters, namely the concentration of enzyme solution and
immobilization time. The best catalytic properties were recorded for the system obtained after 6 h
of immobilization from a cellulase solution with a concentration of 5 mg/mL, even though a greater
amount of the enzyme was immobilized after a longer process time. This fact might be explained by
the overloading of enzyme particles on the surface of the hybrid support, causing steric hindrances
and diffusional limitations in transport of the reaction mixture components to the active sites of the
enzyme [28]. In consequence, the relative activity of the immobilized enzyme decreased. Thus, the
above parameter values were determined as the optimal immobilization conditions.

To confirm the type of interactions formed between the cellulase and hybrid support, solutions
of Triton X-100 and sodium chloride at various concentrations were used to determine their effect
on the activity of the immobilized enzyme. A significant decrease in relative activity might suggest
that the cellulase is linked to the hybrid support mainly via hydrogen bonds and ionic interactions.
The formation of these types of interactions is related to the presence of negative and positive charges
on the surface of the matrix and in the structure of the enzyme, respectively in the conditions of
the immobilization process. However, such interactions are unstable under the conditions of the
desorption tests. In fact, the immobilized enzyme retained its catalytic properties, which indicates that
covalent bonds are also present between the biomolecules and support material [29]. This is confirmed
by the findings of Hirsh et al., who used polystyrene film after surface activation by plasma immersion
ion implantation. They reported that, when cellulase was immobilized via covalent bonds, desorption
was strongly reduced and the enzyme retained its catalytic properties [30]. Moreover, changes in the
relative activity of immobilized cellulase after treatment with NaCl solutions at various concentrations
indicated that the ionic strength of the solutions affected the catalytic activity of the immobilized
cellulase. It also should be added that this statement is confirmed by the results of the immobilized
enzyme retained on the surface of the support after desorption, which is higher than the amount of
the enzyme corresponding to the measured relative activity. This could suggest that the enzyme is
not only desorbed by the eluent, but partially might be also deactivated by the treatment, which is
particularly noticeable in the presence of 0.5 M NaCl.
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3.3. Stability Study of Immobilized Cellulase

During the immobilization process, the structure of biocatalysts may be altered, causing changes
in their activity and stability. It has been shown that immobilized cellulase exhibited higher stability
than the free enzyme over the analyzed pH range; however, the catalytic properties are significantly
better in acidic than in alkaline conditions. This might be explained by the fact that in a basic
environment, ionic groups present in the cellulase molecules form an electrostatic repulsion which
influences the three-dimensional structure of the enzyme, leading to disruption and destruction of
the active sites of the cellulase, and thus impairing its catalytic properties [31]. Similar observations
were reported by Khorshidi et al., who cross-linked cellulase aggregates on amine-functionalized
Fe3O4–silica core–shell magnetic nanoparticles. They recorded a large decrease in the enzyme’s
catalytic properties at pH values above 5.0 [32]. By comparison, in this study, the relative activity
of immobilized cellulase measured at pH 7.0 was around 80%, proving that application of the
titania–lignin hybrid as a support significantly improved the pH resistance of the cellulase. This may
be explained by the protective effect of the hybrid support against conformational changes caused by
harsh pH conditions [33] and by the fact that after immobilization, interactions between the biocatalyst
and carrier are formed which stabilize the entire structure of the enzyme [34]. Results relate to the
thermal stability clearly show that the stability of the cellulase was improved after immobilization on
the TiO2–lignin hybrid. This was probably because the immobilization process provided an additional
external backbone and stabilization for the molecules of cellulase, as a result of the formation of
interactions between the enzyme and support [35]. Moreover, as an effect of immobilization, thermal
vibrations of cellulase biomolecules were reduced, which limited conformational changes caused
by heat and helped to maintain the proper globular structure of the entire biomolecule [36,37].
Similar findings to those presented in this study were reported by Sanchez-Ramirez et al., who
used another inorganic–organic hybrid support (chitosan-coated magnetic nanoparticles) for covalent
immobilization of Trichoderma reesei cellulase, and found that the resulting biocatalytic system exhibited
its maximum activity at 60 ◦C. In addition, after 3 h of incubation at that temperature, it retained
about 60% of its initial activity; however, an increase in the temperature by 10 ◦C caused the relative
activity to drop significantly, to below 40% [38]. By contrast, cellulase immobilized on the titania–lignin
support retained over 80% of its activity after 3 h of incubation at 70 ◦C.

The storage stability of cellulase from Aspergillus niger was found to be significantly improved
following immobilization. This can probably be attributed to a reduction in the dissociation of peptide
subunits and in the enzyme denaturation rate [39]. A significant increase in the storage stability of
immobilized cellulase was also reported when graphene oxide supplemented by magnesium oxide
nanoparticles was used as a support. In that study, after 30 days of storage the free enzyme retained less
than 20% of its initial catalytic activity, compared with over 80% for the immobilized biocatalyst [40].
It was also found that the immobilized cellulase can be used in as many as ten reaction cycles without
significant loss of activity. The observed slight decrease in catalytic properties is probably related to
the relatively weak strength of the interactions (mainly ionic interactions and van der Waals forces)
between the enzyme and support, which causes partial leakage of the catalyst from the support.
Moreover, the immobilized cellulase may undergo partial inactivation as a result of its repeated
use [41]. Nevertheless, the results clearly show that immobilization is an effective tool to ensure the
reusability of cellulase in the hydrolysis of cellulose. Earlier studies of cellulase immobilization have
reported the retention of about 40% and 70% of initial activity after eight biocatalytic cycles, when
the enzyme was attached to, respectively, magnetic nanoparticles consisting of hematite and ferrite
activated by glutaraldehyde, and magnetic nanoparticles encapsulated in polymer nanospheres [34,42].
Such improvement in the operational stability and reusability of cellulase makes it more suitable for
large-scale processes and greatly increases its economic viability.
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3.4. Kinetic Parameters of Free and Immobilized Cellulase

The observed increase in the value of Km and simultaneous decrease in Vmax reflect a lower affinity
to the substrate, and consequently a lower maximum reaction rate, in the case of the immobilized
enzyme. These changes are probably related to the creation of diffusional limitations and changes in
the structure of the enzyme caused by its attachment to the solid support, which blocks active sites
of the enzyme and restricts transport of the substrates [43]. In addition, the decrease in the turnover
number after immobilization suggests that the binding process has a negative effect on substrate
conversion by the immobilized cellulase. However, a significant (fivefold) increase in the enzyme’s
half-life was recorded, indicating that cellulase attached to the TiO2–lignin hybrid support retains
its catalytic properties for a longer time than the free enzyme. These findings are in agreement
with the data on thermal and chemical stability, which show a significant improvement in the
stability of the cellulase after immobilization. The foregoing observations are in agreement with data
published by Senyay-Oncel and Yesil-Celiktas, which showed that after the immobilization of cellulase
on commercially available NaY zeolite, its substrate affinity and reaction rate also decreased [44].
Nonetheless, their study found much more significant changes in Km (a 100% rise), Vmax (a 30% drop),
and kcat (a 50% drop) than in the present study.

4. Materials and Methods

4.1. Materials

Cellulase from Aspergillus niger (EC 3.2.1.4, product number 22178), poly-L-lisine (PLL), kraft
lignin, sodium (meta)periodate, cellulose, glucose, Whatman® qualitative filter paper (Grade 1 circles,
diam. 15 mm), 3,5-dinitrosalicylic acid (3,5-DNS), sodium chloride, Triton X-100, phosphate buffer
(PBS) at pH 7, acetate buffer at pH 4.8, Coomassie Brilliant Blue G-250 (CBB G-250), and bovine
serum albumin (BSA) were delivered by Sigma-Aldrich (St. Louis, MO, USA). Commercially available
titanium dioxide (product name Tytanpol® R-001) was supplied by Grupa Azoty SA (Tarnów, Poland).
Sodium hydroxide, hydrochloric acid, dioxane, 96% ethyl alcohol, and 85% phosphoric acid were
delivered by Chempur (Katowice, Poland).

4.2. Synthesis of TiO2–Lignin Hybrid Support Material

The synthesis of a titania–lignin hybrid support was carried out in three steps, using the method
described in our previous work [45,46] with some modifications. In this study, the titanium dioxide
was modified with poly-L-lysine (PLL), in view of its peptide nature and to increase the amount of
reactive chemical groups for the effective binding of lignin. For surface functionalization of TiO2,
it was suspended in PBS at pH 7, then a 10% (w/w) solution of PLL was added. The mixture
was shaken for 12 h (KS260 Basic, IKA Werke GmbH, Staufen im Breisgau, Germany) at 4 ◦C and
centrifuged (Eppendorf Centrifuge 5810 R, Hamburg, Germany), and washed with deionized water to
remove unbound PLL and PBS. In the next step, kraft lignin was activated by sodium (meta)periodate.
Finally, the activated lignin and modified titanium dioxide were linked at a mass ratio of 1:1.

4.3. Immobilization of Cellulase from Aspergillus niger

Immobilization was carried out using 0.25 g of the previously obtained TiO2–lignin hybrid
support, to which 10 mL of a solution of cellulase from Aspergillus niger, at concentrations of 1.0,
3.0, and 5.0 mg/mL in acetate buffer at pH 4.8, was added. The mixture was shaken for a specified
period of time (1, 2, 3, 6, 9, or 12 h) in a KS 4000i Control incubator (IKA Werke GmbH, Staufen
im Breisgau, Germany) at a temperature of 4 ◦C. Finally, the products were centrifuged (Eppendorf
Centrifuge 5810 R, Hamburg, Germany) and washed several times with the acetate buffer to remove
unbound enzyme.
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4.4. Characterization of the Hybrid Support and Product after Immobilization

Thermogravimetric curves for the modified TiO2, activated lignin, and synthesized TiO2–lignin
hybrid material (sample weight approximately 10 mg) were obtained using a Jupiter STA449F3
apparatus (Netzsch, Selb, Germany). Measurements were made at a heating rate of 10 ◦C/min over
the temperature range 25–1000 ◦C under nitrogen flow (10 mL/min).

Porous structure parameters (BET surface area, pores diameter and pores volume) were
determined using an ASAP 2020 instrument (Micromeritics Instrument Co., Norcross, GA, USA).
The surface area was evaluated based on the multipoint BET (Brunauer–Emmett–Teller) method
using data for nitrogen adsorption under relative pressure (p/p0). The BJH (Barrett–Joyner–Halenda)
algorithm was applied to examine the mean size and total volume of pores.

Zeta potential measurements were made on a Zetasizer Nano ZS instrument (Malvern Instruments Ltd.,
Malvern, UK) equipped with an autotitrator. The measurements were performed in a 0.001 M NaCl solution
over the pH range 2.0–11.0. The zeta potential was computed using Henry’s equation.

Fourier transform infrared (FTIR) spectra were obtained using a Vertex 70 spectrophotometer
(Bruker, Billerica, MA, USA), analyzing samples in the form of KBr pellets at a resolution of 0.1 cm−1

over a wavenumber range of 4000–400 cm−1. Pellets were made by mixing 200 mg of anhydrous
potassium bromide and 2 mg of the sample.

The amount of cellulase immobilized on the hybrid support was evaluated based on the Bradford
method [47]. Briefly, amount of the cellulase was measured before and after immobilization at
wavelength 595 nm, using a calibration curve based on BSA solutions at known concentrations to
calculate the quantity of immobilized enzyme present, in mg of cellulase per gram of support.

4.5. Activity and Stability of Free and Immobilized Cellulase

The catalytic activity of free and immobilized cellulase was evaluated by measuring the quantity of
reducing sugars (glucose) during hydrolysis of the cellulose substrate. The concentration of glucose was
quantified using the previously described DNS method [48]. The activity measurements were carried
out as follows: 50 mg of cellulosic substrate (Whatman® paper) was placed in acetate buffer at pH 4.8,
and 10 mg of free or immobilized cellulase was added to the reactor. The mixture was incubated for
60 min at 50 ◦C. The reaction was terminated by the addition of 2 mL of 3,5-DNS. The resulting solution
was then incubated at 100 ◦C for 5 min in an oil bath, and after that time was immediately cooled in
ice. Samples were then diluted with distilled water and centrifuged (Eppendorf Centrifuge 5810 R,
Hamburg, Germany) to remove solid particles, and were subjected to spectrophotometric measurements
at 540 nm using a Jasco V-750 UV–Vis spectrophotometer (Jasco, Tokyo, Japan). The calibration curve of
glucose was used to determine the relation between absorbance and the quantity of reducing sugars.
All measurements were made in triplicate. One enzyme activity unit (U) of free and immobilized
cellulase was defined as the amount of enzyme that produced 1 μmol of glucose per minute.

The relative activity (AR) (Equation (1)) was defined as the percentage ratio of the activity of
cellulase at a specific value (Ai) to the enzyme’s maximum activity (Amax). Amax is the highest activity
among all values of enzymatic activity recorded in this study.

AR =
Ai

Amax
× 100% (1)

Also based on the above-mentioned reaction, the effect of pH and temperature on the activity of
immobilized cellulase, as well as its thermal and chemical stability, storage stability, and reusability,
were evaluated. The effect of pH was studied by incubating the reaction mixture with free or
immobilized cellulase at pH values ranging from 3 to 9 (pH was adjusted by the addition of 0.1 M HCl
or NaOH). The effect of temperature was evaluated over the temperature range 30–80 ◦C by incubating
the reaction mixture under the desired temperature conditions. pH and thermal inactivation curves
for free cellulase were examined after incubation of the free enzyme at pH 5.5 and a temperature
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of 50 ◦C for 3 h. Thermal inactivation curves of immobilized cellulase were evaluated after 3 h of
incubation at pH 6 at temperatures of 50 and 60 ◦C, while pH inactivation curves were examined after
3 h of incubation at 60 ◦C, at pH 5 and 6. The reusability of the immobilized cellulase was examined
by measuring enzymatic activity in ten consecutive reaction cycles. After each hydrolysis cycle, the
immobilized cellulase was separated from the reaction mixture by centrifugation and washed with
buffer solution before the next cycle. The enzymatic activity in the first cycle was defined as 100%,
and relative activity was calculated for the following cycles. Storage stability was evaluated every
5 days under optimum reaction conditions for free and immobilized cellulase stored at 4 and 25 ◦C,
in phosphate buffer at pH 7. The initial activity was defined as 100%.

The effect of 1% Triton X-100 and sodium chloride solutions at various concentrations (0.1–0.5 M)
on the relative activity of immobilized cellulase from Aspergillus niger was evaluated over a time of 12 h.
For this purpose, the immobilized enzyme was dispersed in sodium chloride or Triton X-100 solution.
After the specified period of time, the relative activity of the immobilized enzyme was evaluated based
on the hydrolysis reaction of the cellulosic substrate.

4.6. Kinetic Parameters of Free and Immobilized Enzyme

The Lineweaver–Burk plots were used to evaluate the kinetic parameters: the Michaelis–Menten
constant (Km), maximum reaction rate (Vmax), specificity constant (kcat/Km), and turnover number
(kcat) of free and immobilized cellulase. These parameters were evaluated based on the hydrolysis
reaction of cellulose substrate at different concentrations. Initial reaction rates were evaluated under
optimum reaction conditions.

5. Conclusions

The results presented in this study clearly demonstrate that cellulase, an industrially relevant
enzyme, was successfully immobilized on a hybrid TiO2–lignin support material. The immobilized
cellulase exhibited significant improvement in thermal and chemical stability (with relative activity
above 80% after 3 h of incubation). Furthermore, after 10 consecutive hydrolysis cycles the immobilized
cellulase retained over 90% of its initial activity, which confirms its operational stability, a relevant
feature for industrial applications. The approach described here provides an efficient and simple
method for the synthesis of a hybrid titanium dioxide–lignin material and its application as a support
material for the immobilization of cellulase. The produced biocatalytic system may be employed in
industrial applications without significant loss of its properties over several cycles. Moreover, the
synthesized hybrid material and the applied immobilization methodology might easily be used for the
immobilization of other biocatalysts.
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antarctica immobilized on a silica-lignin matrix as a stable and reusable biocatalytic system. Catalysts 2017,
7, 14. [CrossRef]

24. Hanefeld, U.; Gardossi, L.; Magner, E. Understanding enzyme immobilization. Chem. Soc. Rev. 2009,
38, 453–468. [CrossRef] [PubMed]

25. Magri, M.L.; Miranda, M.V.; Cascone, O. Immobilization of soybean seed coat peroxidase on polyaniline:
Synthesis optimization and catalytic properties. Biocatal. Biotransform. 2005, 22, 339–346. [CrossRef]

430



Catalysts 2017, 7, 374

26. Eslamipour, F.; Hejazi, P. Evaluating effective factors on activity and loading of immobilized α-amylase
onto magnetic nanoparticles using response surface desirability approach. RSC Adv. 2016, 6, 20187–20197.
[CrossRef]

27. Hou, J.; Dong, G.; Ye, Y.; Chen, V. Enzymatic degradation of bisphenol-A with immobilized laccase on TiO2

sol–gel coated PVDF membrane. J. Membr. Sci. 2014, 469, 19–30. [CrossRef]
28. Zhang, D.H.; Zhang, Y.F.; Zhi, G.Y.; Xie, Y.L. Effect of hydrophobic/hydrophilic characteristics of magnetic

microspheres on the immobilization of BSA. Colloids Surf. B 2011, 82, 302–306. [CrossRef] [PubMed]
29. Straksys, A.; Kochane, T.; Budriene, S. Catalytic properties of maltogenic α-amylase from Bacillus

stearothermophilus immobilized onto poly(urethane urea) microparticles. Food Chem. 2016, 211, 294–299.
[CrossRef] [PubMed]

30. Hirsh, S.L.; Bilek, M.M.M.; Nosworthy, N.J.; Kondyurin, A.; dos Remedios, C.G.; McKenzie, D.R.
A comparison of covalent immobilization and physical adsorption of a cellulase enzyme mixture. Langmuir
2010, 26, 14380–14388. [CrossRef] [PubMed]

31. Mubarak, N.N.; Wong, J.R.; Tan, K.W.; Sahu, J.N.; Abdullah, E.C.; Jayakumar, N.S.; Ganesan, P.
Immobilization of cellulase enzyme on functionalized multiwall carbon nanotubes. J. Mol. Catal. B Enzym.
2014, 107, 124–131. [CrossRef]

32. Khorshidi, K.J.; Lenjannezhadian, H.; Jamalan, M.; Zeinali, M. Preparation and characterization of
nanomagnetic cross-linked cellulase aggregates for cellulose bioconversion. J. Chem. Technol. Biotechnol. 2016,
91, 539–546. [CrossRef]

33. Bohara, R.A.; Thorat, N.D.; Pawar, S.H. Immobilization of cellulase on functionalized cobalt ferrite
nanoparticles. Korean J. Chem. Eng. 2016, 33, 216–222. [CrossRef]

34. Abraham, R.E.; Verma, M.L.; Barrow, C.J.; Puri, M. Suitability of magnetic nanoparticle immobilised cellulases
in enhancing enzymatic saccharification of pretreated hemp biomass. Biotechnol. Biofuels 2014, 7, 1–12.
[CrossRef] [PubMed]

35. Zhang, W.; Qiu, J.; Feng, H.; Zang, L.; Sakai, E. Increase in stability of cellulase immobilized on functionalized
magnetic nanospheres. J. Magn. Magn. Mater. 2015, 375, 117–123. [CrossRef]

36. Sharma, S.; Kaur, P.; Jain, A.; Rajeswari, M.R.; Gupta, M.N. A smart bioconjugate of chymotrypsin.
Biomacromolecules 2003, 4, 330–336. [CrossRef] [PubMed]

37. Li, Y.; Wang, X.Y.; Zhang, R.Z.; Zhang, X.Y.; Liu, W.; Xu, X.M.; Zhang, Y.W. Molecular imprinting and
immobilization of cellulase onto magnetic Fe3O4@SiO2 nanoparticles. J. Nanosci. Nanotechnol. 2014,
14, 2931–2936. [CrossRef] [PubMed]

38. Sanchez-Ramirez, J.; Martinez-Hernandez, J.L.; Segura-Ceniceros, P.; Lopez, G.; Saade, H.;
Medina-Morales, M.A.; Ramos-Gonzalez, R.; Aguilar, C.N.; Ilyina, A. Cellulases immobilization on
chitosan-coated magnetic nanoparticles: Application for Agave atrovirens lignocellulosic biomass hydrolysis.
Bioprocess. Biosyst. Eng. 2017, 40, 9–22. [CrossRef] [PubMed]

39. Zhang, D.; Hegab, H.E.; Lvov, Y.; Snow, L.D.; Palmer, J. Immobilization of cellulase on a silica gel substrate
modified using a 3-APTES self-assembled monolayer. SpringerPlus 2016, 5, 1–20. [CrossRef] [PubMed]

40. Dutta, N.; Biswas, S.; Saha, M.K. Biophysical characterization and activity analysis of nano-magnesium
supplemented cellulase obtained from a psychrobacterium following graphene oxide immobilization.
Enzym. Microb. Technol. 2016, 95, 248–258. [CrossRef] [PubMed]

41. Swarnalatha, V.; Esther, R.A.; Dhamodharan, R. Immobilization of α-amylase on gum acacia stabilized
magnetite nanoparticles, an easily recoverable and reusable support. J. Mol. Catal. B Enzym. 2013, 96, 6–13.
[CrossRef]

42. Lima, J.S.; Araujo, P.H.H.; Sayer, C.; Viegas, A.C.; de Oliveira, D. Cellulase immobilization on magnetic
nanoparticles encapsulated in polymer nanospheres. Bioprocess. Biosyst. Eng. 2017, 40, 511–518. [CrossRef]
[PubMed]

43. Bayramoglu, S.G.; Kiralp, S.; Yilmaz, M.; Toppare, L.; Arica, M.Y. Covalent immobilization of
chloroperoxidase onto magnetic beads: Catalytic properties and stability. Biochem. Eng. J. 2008, 38, 180–188.
[CrossRef]

44. Senyay-Oncel, D.; Yesil-Celiktas, O. Characterization, immobilization, and activity enhancement of cellulase
treated with supercritical CO2. Cellulose 2015, 22, 3619–3631. [CrossRef]

431



Catalysts 2017, 7, 374
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Abstract: A new biocatalyst in the form of Komagataeibacter xylinum B-12429 cells immobilized
in poly(vinyl alcohol) cryogel for production of bacterial cellulose was demonstrated. Normally,
the increased bacteria concentration causes an enlarged bacterial cellulose synthesis while cells push
the polysaccharide out to pack themselves into this polymer and go into a stasis. Immobilization of
cells into the poly(vinyl alcohol) cryogel allowed “deceiving” them: bacteria producing cellulose
pushed it out, which further passed through the pores of cryogel matrix and was accumulated in
the medium while not covering the cells; hence, the latter were deprived of a possible transition
to inactivity and worked on the synthesis of bacterial cellulose even more actively. The repeated
use of immobilized cells retaining 100% of their metabolic activity for at least 10 working cycles
(60 days) was performed. The immobilized cells produce bacterial cellulose with crystallinity and
porosity similar to polysaccharide of free cells, but having improved stiffness and tensile strength.
Various media containing sugars and glycerol, based on hydrolysates of renewable biomass sources
(aspen, Jerusalem artichoke, rice straw, microalgae) were successfully applied for bacterial cellulose
production by immobilized cells, and the level of polysaccharide accumulation was 1.3–1.8-times
greater than suspended cells could produce.

Keywords: bacterial cellulose; poly(vinyl alcohol); cell immobilization; hydrolysates of
renewable biomass

1. Introduction

Currently, the interest in bacterial cellulose (BC) is increasing because of its possible use in such
areas as medicine, food and textile industries, the production of new nanocomposite materials based
on it and the solution of environmental problems [1–4]. First of all, this is due to the fact that BC is
nontoxic and biocompatible material with an increased water-holding capacity, high tensile strength,
as well as elasticity and porosity [5,6]. Unlike plant cellulose, BC does not require isolation and
purification of lignin and hemicellulose, so the processes of producing BC are much less costly and
energy-consuming [7].

Broadening of the scope and applications of BC is directly dependent on the availability of
productive processes that provide high yields of this valuable biotechnological product [8]. Acetic acid
bacteria in a static culture are mainly used to produce BC [9,10]. Analysis of known results enables
determination of several main problems of BC production in general. It is a rather long process (up to
336 h), and the final product yield is influenced by many factors (type and concentration of the carbon
source in the medium, composition and pH of the nutrient medium) [11]. Various carbon sources were
examined for the purpose of BC synthesis, while glucose appeared to be the high-usage carbon source
for the synthesis of BC [12]. However, when bacterial cells are grown, gluconic acid accumulates
in a glucose-containing medium, which lowers the pH of the medium and reduces the level of BC

Catalysts 2018, 8, 33; doi:10.3390/catal8010033 www.mdpi.com/journal/catalysts433



Catalysts 2018, 8, 33

synthesis [10]. The adjustment of pH with CaCO3 results in inhibition of several main enzymes
participating in the BC production since they contain bivalent metal ions in their active sites. In order
to avoid this, researchers attempt to replace glucose as a major carbon source completely or partially
with other substrates as the productivity of cells producing BC is often higher when using these
substrates than in a medium with glucose [13–15], The possible use of non-food substrates (renewable
biomass sources, in particular) in the form of hydrolysates of various wastes is extremely attractive for
scalable BC biosynthesis [16–19]. However, such raw materials and wastes often require preliminary
physicochemical pretreatment for sugar releasing, and the obtained media may contain substances
inhibiting the metabolic activity of cells [20]. Moreover, variations in chemical composition are inherent
to natural biomass sources, requiring an increased cell capability to adapt to changing cultivation
conditions and to keep the process productivity at a desired level. In this regard, the efficient approach
to BC production enabling cells to improve their resistance to varying conditions of BC accumulation
when the media discussed are employed should be offered.

Another problem associated with obtaining BC is the accumulation of polysaccharide in
the process of cell growth and an increase in their concentration in the medium, that is cells
partly spend the consumed substrate on the accumulation of their biomass, rather than on the
synthesis of the target polymer [21]. The problem can be solved by the use of highly concentrated
slowly-growing/non-growing cell populations, which are maintained in a membrane reactor to
produce BC [22]. The problem is that cells synthesizing BC happen to be “included” in the polymer
matrix that forms and accumulates around them. Since BC usually has a structure with nanoscale
pores [12], the mass transfer of substances through them turns out to be rather hindered; the cells
simply cease to function, and BC synthesis stops [23]. As a result, the obtained polymer has to be
further processed and treated with alkaline agents in order to hydrolyze a significant biomass of cells
that are “self-immured” in the BC so that a pure polymer could be obtained [10,24]. Thus, BC synthesis
proves self-regulating.

Many researchers are trying to increase the level of BC synthesis by using traditional
biotechnological approaches, namely by introducing into the nutrient medium some regulators of
bacterial metabolism. For example, ethanol or organic acids (succinic, lactic, etc.) being cellular
metabolites are applied to inhibit the basic metabolic processes in order to enhance the synthesis of
by-products or substances necessary for the cell stabilization, in particular BC [25,26]. However,
these measures appear not very successful, because the BC biosynthesis is “outside the main”
metabolic processes in cells (Figure 1), with bacterial cellulose synthase (BC-synthase) (guanosine
diphosphate-forming (GDP-glucose-beta-D-glucan glucosyltransferase, EC 2.4.1.29)), which is typically
activated in the presence of cyclic diguanidine monophosphate (c-di-GMP) playing a major role in
the BC biosynthesis [27]. The key idea of this activation is that the entry into the active center of
BC-synthase is usually closed by an amino acid sequence loop held by the arginine R580 residue [28].
The c-di-GMP molecule appearing next to the active site of BC synthetase is coordinated with the R580
residue and enables it to weaken and lose its links to the functional residues of the loop, shielding the
entrance to the active site. As a result, the entire loop that blocks the entrance to the catalytic center
of the enzyme shifts to the side, making BC synthetase available for the substrate. Consequently, BC
synthesis is predetermined by the molecule c-di-GMP appearing in the medium. As a rule, an artificial
introduction of this substance into the medium leads to the activation of phosphodiesterases in the cells
catalyzing decomposition of the substance. Therefore, the impact of the substance depends on whether
it was synthesized by the cells themselves [28]. Therefore, in order to increase the synthesis of BC, it is
necessary to foster the cell production of the substance. However, as is known, c-di-GMP is a “quorum
factor,” that is a substance that is synthesized by cells and is indispensable for their transition to a
quorum state (when highly concentrated populations are formed, whose functioning is stabilized by
the expression of “silent genes” and the synthesis of exopolysaccharides with a simultaneous decrease
in the rate of active cell growth). Therefore, cells that produce BC should be stimulated to come into a
quorum state, that is into a programmed genetic response of cells to their increased concentration per
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unit volume. The rectitude of these arguments is confirmed by recently published results, according to
which BC synthesis is activated when cell concentration notably increases [29].

Figure 1. General scheme of sugars’ conversion and bacterial cellulose synthesis by Komagataeibacter
xylinum bacterial cells. TCA (tricarboxylic acid cycle).

Theoretically, in the case of BC producers, the immobilization of cells could allow one to obtain
highly concentrated populations of cells where BC biosynthesis is regulated by such phenomena as
quorum sensing [30]. Therefore, application of cell immobilization looks like a way to improve cell
stabilization and increase process productivity. Despite the mentioned advantages of immobilization,
currently examples of using immobilized producer cells of BC are rare. For example, to increase
the synthesis of BC, a bioreactor was used with Acetobacter xylinum ATCC 700178 cells immobilized
on a plastic composite support (PCS) produced on the basis of polypropylene. The synthesis of BC
has been shown to increase 2.5-times as compared with free cells. The obtained BC samples had a
higher degree of crystallinity (93%) with a crystal size of 5.2 nm. Such cellulose samples had improved
tensile properties [22]. However, the researchers emphasized that the support used and the method
of immobilization applied (cell adsorption on the surface of the carrier) did not enable long-term
application of the immobilized cells in BC production.

The possibility and effectiveness of the application of immobilization methods differed from cell
adsorption for BC producers, namely inclusion of bacterial cells into the gel matrices, under question,
since according to the basic ideas with regard to the immobilization of microorganism cells, it is
considered expedient to include cells in gel carriers only if the substrate and product for these cells are
low molecular substances [31,32]. The highly molecular weight polysaccharide like BC is synthesized
by cells being inside of the carrier, while BC should accumulate in the medium.

This situation seems nonsensical. However, having extensive and successful experience in
applying poly(vinyl alcohol) (PVA) cryogels, which ensure favorable conditions for mass transfer
processes for immobilized cells of various microorganisms [33,34], it was decided to try this medium
to immobilize BC producers. The idea of such an investigation initially seemed ineffective, but the
prospect of looking at the final result was encouraging (namely, at the BC cell synthesis and the
polymer yield out of the carrier). Since PVA cryogel has a macroporous structure with a variable pore
size, it is a stable in chemically different media and has high mechanical and thermal resistance while
being inexpensive and generally recognized as safe [35], so its use seemed very attractive.

435



Catalysts 2018, 8, 33

Thus, the purpose of this study was to investigate the possibility and effectiveness of employing
Komagataeibacter xylinum bacterial cells in an immobilized form with the use of a highly porous support
(PVA cryogel) for cell inclusion in the process of BC biosynthesis while different culture media prepared
using hydrolysates of various renewable sources of biomass (aspen, Jerusalem artichokes, wheat and
rice straw) were applied. The comparison analysis of BC production by the same free and immobilized
cells as biocatalysts was also very interesting.

2. Results

2.1. Conditions Influencing BC Production by Immobilized Cells

Initially, the samples of immobilized biocatalysts based on Komagataeibacter xylinum B-12429 cells
were produced by using PVA cryogel in the form of granules and sheets (Figure 2).

Figure 2. Bacterial cellulose (BC) production by immobilized Komagataeibacter xylinum cells. Images of
immobilized biocatalysts based on poly(vinyl alcohol) (PVA) cryogel in the form of granules (a–c) or
sheets (d–f); beginning of BC appearance from the granules with immobilized cells (b); PVA cryogel
sheet with immobilized cells after biocatalyst obtaining and its placing into the nutritional medium
(e,f); flask with granules containing immobilized cells and accumulated layer of BC (c); boxes with
biocatalyst sheets for BC obtaining (f); BC formed in the flask (g) and box with cells immobilized
in cryogel sheet (h); PVA cryogel sheet with immobilized cells after its use in the first cycle of BC
production (i).
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Firstly, the immobilized biocatalyst shaped like granules was used for BC accumulation in the
Hestrin–Schramm (HS) medium (pH 5.6) with 20 g/L glucose. To better visualize the appearance of
BC from granules with immobilized cells, the sample of the biocatalyst was placed into a Petri dish
(Figure 2b). It became clear that immobilized cells weaved and push out the pieces of BC from the
volume of polymeric granules (Figure 2b) that further combine into the joint BC slice. Further, a portion
of granules was inoculated into HS-medium for accumulation of BC in flask (Figure 2c) to evaluate the
efficacy of producing BC by using immobilized cells (Figure 3). A process using immobilized and free
cells concurrently conducted during 190 h at a temperature of 28 ◦C. The initial concentrations of cells
in the medium were the same and equaled 0.03 g cell dry weight (CDW)/L.

Figure 3. The kinetics of glucose consumption (black symbols) and BC production (white symbols)
(a); pH changes (black symbols) and accumulation of free cell biomass (white symbols) (b) in the
Hestrin–Schramm (HS)-medium with Komagataeibacter xylinum B-12429 cells taken in free (triangles)
and immobilized (circles) forms. CDW (cell dry weight).

It was shown that almost all the glucose amount initially introduced into the medium was
consumed by the cells by 120 h (Figure 3a). Accumulation of BC was 1.6-times higher with immobilized
cells employed in comparison with free producers. The accumulation of free cells in the medium was
negligible in the case of immobilized biocatalyst and maximally amounted to 0.05 g CDW/L, which
was six-times less in comparison with suspended cells used as BC producers (Figure 3b). Obviously,
this process was followed by the decrease in pH of culture medium owing to accumulation of acidic
metabolites, and in the case of immobilized cells it was notably less intensive especially for the first
70 h of cultivation.

The effect of varying the shape of immobilized biocatalyst (granules or sheets), as well as the
concentration of cells initially introduced into the PVA cryogel on the process of BC producing
by immobilized biocatalyst was investigated (Table 1). It was demonstrated that the rate of BC
accumulation in the medium slightly increases as the concentration of immobilized cells rises from
20–60 g CDW/kg in granules, whereas the general amount of PVA cryogel with entrapped cells was
the same in all samples. There was no difference between concentrations of BC accumulated by cells
immobilized in polymer matrix shaped like granules or sheets.

The use of increased concentration of immobilized cells in the PVA cryogel allows one to enlarge
the cell concentration in the medium without changing the total amounts of biocatalysts implemented
in the process. The introduction of cell biomass in the range 3.2–9.5 g CDW/L into immobilized
biocatalyst did not result in the significant improvement of the process productivity, which was
probably due to the limitation of immobilized cells along the substrate in the polymer support.
Nevertheless, the presence of macroporous matrix such as PVA cryogel spatially dividing the cells
between each other and concurrently allowing retaining a high volumetric concentration of cells
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appeared to change by a little bit the mentioned conception related to cell inoculum concentrations
useful for BC production.

Table 1. The result of the application of immobilized biocatalyst of different shapes containing different
concentrations of bacterial cell biomass in the synthesis of BC in an Hestrin–Schramm -medium with
20 g/L of glucose. CDW, cell dry weight. BC, bacterial cellulose.

Shape of
Immobilized
Biocatalyst

Dry Cell Biomass Concentration
in Immobilized Biocatalyst (g/kg)

BC (g/L)
Biomass of Free Cells Accumulated

in the Medium (g CDW/L)

Granules
20 2.9 ± 0.1 0.50 ± 0.03
40 3.4 ± 0.2 0.53 ± 0.04
60 3.6 ± 0.2 0.57 ± 0.05

Sheets
20 2.8 ± 0.1 0.75 ± 0.05
40 3.2 ± 0.2 0.88 ± 0.04
60 3.4 ± 0.2 0.98 ± 0.07

2.2. Different Sugars and Glycerol as Sources for BC Synthesis

Then, it was further investigated what the impact of the glucose concentration introduced into
the medium on the yield of BC produced by immobilized biocatalyst in the same concentration of
9.5 g CDW/L was. For this purpose, the glucose concentration ranging from 30–100 g/L was further
applied (Figure 4). It was demonstrated that when the original concentration of glucose in the medium
was 30 g/L, there was an increase in BC accumulation, and the BC productivity of the process was
1.25-time higher.

Figure 4. The kinetics of glucose consumption and BC production by immobilized Komagataeibacter
xylinum B-12429 cells in the HS-medium with different glucose concentrations (g/L): � −30, � −50,
� −75, −100 (a). The BC output depending on the concentration of glucose consumed (�), the BC
output depending on the initial glucose concentration ( ) and the rate of BC accumulation (�) by
immobilized cells depending on the initial glucose concentration in the medium (b).

The optimal initial concentration of glucose in the medium appeared to be 30 g/L (Figure 4),
and when it was over this level, both parameters such as process productivity and the target product
yield decreased with the consumed substrate taken into account. When the initial concentration of
glucose in the medium was more than 50 g/L, immobilized cells produced BC 1.3-times less than
during the same time period compared to the concentration of glucose at 30 g/L, while the glucose
consumption rate decreased. Accumulation of free cells in the culture liquid was more pronounced
at higher concentrations of glucose in the medium. Therefore, a part of the consumed substrate was
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obviously used by immobilized cells for free biomass accumulation instead of BC synthesis, since then,
the use of glucose concentration over 30 g/L appeared to be unreasonable.

The study was focused on the potential of using not only glucose, but other sugars as sources
of carbon for BC obtaining (Table 2). To this end, various mono- and di-saccharides (as well as their
mixtures at a concentration of 20 g/L) were introduced into the HS-medium instead of glucose; a
parallel assessment of the level of BC was performed that was produced in these media by free and
immobilized cells used in the same concentrations. The process was conducted over seven days at
28 ◦C. Once again, immobilized cells provided the best indicators for the process, but both them
and free cells showed a low BC yield in media with maltose and galactose taken as the main carbon
source; xylose and arabinose happened to be almost non-convertible into BC by the bacterial strain
used. In general, the experiment confirmed that the cells investigated can synthesize BC in media
with mixtures of different sugars, and this created the grounds for further study of possibilities for
producing BC in media with hydrolysates of various renewable raw materials, in which such mixtures
of sugars are present.

Table 2. Concentration of BC produced by free and immobilized cells of Komagataeibacter xylinum
B-12429 in the media with different sugars.

Sugar Concentration (g/L)
BC (g/L)

Free Cells Immobilized Cells

Arabinose 20 0.03 ± 0.01 0.07 ± 0.01
Galactose 20 0.08 ± 0.01 0.12 ± 0.02
Glucose 20 1.8 ± 0.10 3.6 ± 0.20
Xylose 20 0.19 ± 0.02 0.24 ± 0.03

Maltose 20 0.04 ± 0.01 0.08 ± 0.01
Sucrose 20 1.9 ± 0.20 2.8 ± 0.20
Fructose 20 2.1 ± 0.20 3.1 ± 0.20

Glucose/Fructose 10/10 1.9 ± 0.10 3.2 ± 0.20
Glucose/Sucrose 10/10 1.8 ± 0.20 2.4 ± 0.20
Glucose/Xylose 10/10 0.8 ± 0.10 1.3 ± 0.10

Glucose/Fructose 15/5 1.8 ± 0.10 2.8 ± 0.20
Glucose/Fructose 5/15 2.1 ± 0.10 3.5 ± 0.20

According to the literature data [14], glycerol may be a promising substrate for BC synthesis,
which is a large-tonnage waste product of biodiesel production. In this connection, there has been
a study of BC synthesis by immobilized cells in a medium with glycerol in various concentrations
(Figure 5). It was found that an increase in the initial concentration of glycerol in the medium to 20 g/L
triggered an increase in the concentration of the BC accumulating. However, a subsequent increase in
the concentration of glycerol did not lead to increased levels in BC synthesis. Thus, it was first shown
that glycerol can be successfully applied as the main source of carbon for the BC production with
immobilized cells, with the level of BC synthesis using 20 g/L of glycerol comparable to the level of
BC synthesis in media with 20 g/L of glucose (Table 2).

2.3. Various Hydrolysates of Renewable Raw Materials as Media for BC Obtaining

To assess the range of the substrates spectrum employed to obtain BC produced by immobilized
cells, a process was conducted during six days under static conditions using enzymatic hydrolysates of
plant materials (aspen, rice straw, wheat straw and Jerusalem artichoke) (Table 3). The concentration of
immobilized and free cells was identical (9.5 g CDW/L). The initial concentration of reducing sugars
(RS) in hydrolysates was analyzed (Table 3). It should be noted that the main sugar in the aspen, rice
and wheat straw hydrolysates was glucose, and in the artichoke hydrolysate, there were two main
sugars: fructose (36 g/L) and glucose (17 g/L). It was found that the concentration of BC produced
by immobilized cells in the artichoke enzymatic hydrolysate was 1.25-time higher than it was in the
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enzymatic hydrolysates of aspen, wheat and rice straw. The advantages of immobilized cells were also
obvious in this process.

Figure 5. Influence of glycerol concentration in medium as a single carbon source on the synthesis of
BC by immobilized Komagataeibacter xylinum cells (a) and the kinetics of glycerol consumption (�) and
BC production (�) in a medium with 20 g/L glycerol (b).

Table 3. The production of BC by free and immobilized cells in media with hydrolysates of renewable
raw materials. RS, reducing sugars.

Parameters Cells
Hydrolysate

Aspen
Jerusalem
artichoke Rice Straw

Wheat
Straw

The residual
concentration of RS (g/L)

Free 11.0 ± 0.5 17.0 ± 0.4 7.8 ± 0.2 4.6 ± 0.3
Immobilized 12.8 ± 0.5 22.7 ± 0.4 9.8 ± 0.4 7.8 ± 0.3

BC (g/L) Free 2.2 ± 0.2 2.5 ± 0.2 2.4 ± 0.2 2.4 ± 0.3
Immobilized 2.9 ± 0.1 4.5 ± 0.2 3.5 ± 0.3 3.6 ± 0.2

BC (g/g RS) Free 0.07 ± 0.01 0.07 ± 0.01 0.08 ± 0.01 0.07 ± 0.01
Immobilized 0.1 ± 0.01 0.15 ± 0.02 0.12 ± 0.01 0.12 ± 0.01

BC productivity (g/L/day) Free 0.37 ± 0.2 0.42 ± 0.3 0.40 ± 0.3 0.40 ± 0.3
Immobilized 0.48 ± 0.2 0.75 ± 0.3 0.60 ± 0.3 0.60 ± 0.3

The process of the transformation of sugars present in biomass hydrolysates of micro- and
macro-algae in BC was carried out (Table 4). The conditions of the process were identical to the previous
experiment. The best indicators for BC synthesis were achieved in a medium with hydrolysates
of Chlorella vulgaris biomass. However, for hydrolysates of macroalgae in general compared to
hydrolysates of other renewable raw materials (Table 3), BC synthesis was lower, which may be
explained by the high viscosity of the medium itself, which was caused by strongly swelling substrates,
which prevented a highly effective mass transfer in the cells.

Table 4. Characteristics of the BC production by immobilized Komagataeibacter xylinum B-12429 cells in
the media based on hydrolysates of biomass of micro- and macro-algae. RS, reducing sugars.

Hydrolysates
Initial RS

(g/L)
Initial Glucose

(g/L)
Accumulated BC

(g/L)
BC Productivity

(g/L/day)

Chlorella vulgaris C1 45.1 ± 1.6 29.0 ± 0.8 2.62 ± 0.12 0.440 ± 0.020
Laminaria saccharina (brown) 36.6 ± 1.1 5.1 ± 0.1 0.07 ± 0.01 0.012 ± 0.001
Acanthophora muscoides (red) 56.0 ± 1.4 13.2 ± 0.3 0.42 ± 0.01 0.070 ± 0.010

Ulva lactuca (green) 24.1 ± 0.7 7.3 ± 0.2 0.08 ± 0.02 0.013 ± 0.002
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In this regard, cells immobilized in PVA cryogel were reused multiple times under static conditions
of BC production. For this purpose, the culture broth was replaced with a fresh medium (artichoke
hydrolysate) after each working cycle in the reactor with immobilized cells (Figure 6). It was shown
that immobilized cells maintain 100% metabolic activity after 10 cycles under static conditions
(60 days). The BC yield in this case amounted to 4.5 ± 0.1 g/L, and the process productivity was
0.75 ± 0.2 g/L/day.

Figure 6. The sugars consumption (�) and BC accumulation ( ) during the repeated use of
Komagataeibacter xylinum B-12429 immobilized cells (9.5 CDW g/L) under static conditions. The broken
lines and the arrows indicate the time when the culture broth was substituted with a fresh medium:
containing glucose (a) or hydrolysate of Jerusalem artichoke (b).

One of the known advantages of immobilized cells is in the fact that they can be re-used many
times in biotechnological procedures, and in this work, immobilized cells demonstrated a high
metabolic activity after 10 working cycles under batch static conditions when the artichoke enzymatic
hydrolysate was used as a carbon source (Figure 6).

At the next stage, the obtained BC samples’ characteristics were investigated (Table 5). As it
turned out, BC produced with immobilized cells under the same conditions with free cells had higher
tear resistance, a 30% greater thickness and a higher degree of polymerization. An even thicker and
more durable BC film was formed by culturing immobilized cells on the hydrolysate of Jerusalem
artichoke. As for the other properties, the resulting films were virtually identical.

Table 5. Properties of the BC produced by Komagataeibacter xylinum B-12429 cells in free and
immobilized forms under identical conditions.

Parameters

BC Free Cells BC Immobilized Cells

Glucose Glucose Glycerol

Hydrolysates of

Jerusalem
artichoke Rice Straw

Biomass of
Chlorella.
vulgaris

Humidity (%) 97.5 ± 0.3 97.2 ± 0.2 97.1 ± 0.2 97.0 ± 0.2 97.3 ± 0.2 98.2 ± 0.2
Thickness (microns) 35 ± 5 45 ± 5 65 ± 3 70 ± 5 40 ± 2 40 ± 3

Tensile strength (MPa) 50 ± 10 70 ± 10 75 ± 15 80 ± 15 65 ± 10 55 ± 10
Young’s modulus (GPa) 1.2 ± 0.2 1.6 ± 0.2 1.5 ± 0.2 1.8 ± 0.2 1.4 ± 0.2 1.3 ± 0.2

Crystallinity (%) 81 ± 1 82 ± 1 78 ± 1 79 ± 1 79 ± 1 77 ± 1
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3. Discussion

The formation of BC three-dimensional interconnected reticular pellicle was previously reported
for free cells cultivated under static conditions [10]. According to the results of Borzani and
Desouza [36], the process of cellulose formation under static conditions is regulated by the
concentration of free cells in the medium, and BC synthesis usually reaches its limit when the
pellicle growth is downward, since BC entraps all bacteria, and bacterial cells become inactive due to
insufficient oxygen supply through the BC-cover with nanosized pores. The process of BC formation
under static condition is regulated by air supply from the medium surface [37]. All these facts were
generated in the following existing paradigm: when the bacterial cells are entrapped by adsorption
into BC matrix, they are metabolically inactive, so the immobilization of BC producers is not a good
means for successful production of the polysaccharide.

This work demonstrated the opposite results to this paradigm since the immobilization of
BC-producing cells into PVA cryogel appeared to be efficient. Obviously, the effect was obtained
owing to the difference between the porous characteristics of the specially-used PVA cryogel and
naturally-forming BC that have micro- and nano-porous structures, correspondently.

An advantage of applying immobilized cells is the possibility of their repeated use, which can be
quite beneficial in BC production, since it is known that during BC formation, free bacterial cells are
adsorbed on its surface [10], making it necessary to constantly re-grow a fresh biomass of cells for BC
producing, and the process of accumulation of BC producer biomass takes about 24 h [38,39]. This
means that with immobilized cells, it is possible to overcome this problem (loss of time for biomass
accumulation de novo) in BC production.

The use of HS-medium for genus Komagataeibacter cells usually provides low enough levels of
accumulated BC. For example, it was shown for K. hansenii cells that application of HS-medium results
in production of BC in concentration of 0.422 ± 0.007 g dry weight (DW)/L for 14 days under static
conditions [40]. In another publication, one can see that it possible to reach the BC accumulation by
free cells in a concentration of 1.15 ± 0.03 g DW/L by using HS-medium for seven days [41]. In this
work, the BC was obtained under the same conditions (HS-medium, seven days and static cultivation)
in concentrations of 1.74 ± 0.03 g DW/L and 2.9 ± 0.1 g DW/L when the free and immobilized
Komagataeibacter xylinum cells were used, correspondently. Therefore, it appeared that production
of BC depends not only on the medium used, but is influenced by both species of bacterial genus
Komagataeibacter and the state of cells (suspended or immobilized) used in the process.

Medium pH was found to be critical for high BC productivity in many studies [10,11]. Obviously,
gluconic acid reduces the pH of the medium down to 3.0, which can result in inhibition of BC
accumulation. It is worth noting that in the medium with immobilized cells, there was also a notable
decrease in pH of the medium (Figure 3) already after the first day of cultivation, but it was less than
in samples with free cells, probably due to less formation of metabolites (of gluconic acid lowering the
pH, in particular) and more accumulation of BC.

The main purpose of this work was to develop and use a biocatalyst in the form of PVA
cryogel-immobilized Komagataeibacter xylinum cells that can more efficiently produce BC in the batch
static mode of cultivation as compared to free cells and to demonstrate that immobilization of bacteria
is not a barrier for BC production.

The increased BC accumulation by immobilized Acetobacter xylinum ATCC 700178 cells as
compared to their suspended form was previously published by Cheng et al. [22]. These experimental
data were obtained with cells adsorbed on PCS, so the conditions of the immobilizing procedure were
very friendly for cell survival. The results of the present investigation also demonstrated that the
BC-producing cells were rather successful at surviving within the immobilization procedure consisting
of freezing a cell suspension in a PVA solution with simultaneous formation of a cryogel matrix around
the cells.

The concentration of BC-producing cells initially introduced into the process plays an important
role in cellulose production. For instance, it was revealed that the increase in cell inoculum
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concentration over 5% (v/v) lowers the BC yield [42]. A similar conclusion done by other researches
experimentally revealed how the amount of cell inoculum influences the BC production [43].
It appeared that when the inoculum concentration was decreased from 6–4% (v/v), the BC
accumulation was increased, and further increasing or decreasing the inoculum from 4%, a decline in
BC production was observed. Hornung et al. reported that for maximum BC production, the total cell
count is not important, and the really significant quantity is the number of cells in the aerobic zone
that are producing BC [23]. In this work, it was clearly shown that the initial concentration of cells in
the medium can affect the BC production efficiency (Table 1), and an increase in cell concentration can
be positive if the cells are in immobilized form, allowing one to separate them from each other in the
frame of the porous matrix.

It is known then that a higher concentration of glucose is initially used for BC production,
then lower BC yield can be observed, since the accumulation of cell-inhibiting concentrations of
gluconic acid is occurring [10,44]. However, it was shown that BC production can be enhanced with
increased glucose concentration up to 4% (w/v), but decreased above 4% along with the decline of
pH-medium to below 2.58 [25].

In is known from previous publications that replacement of glucose-containing HS-medium for
suspended cells by glucose-containing hydrolysates obtained on the basis of different wastes usually
resulted in increased BC yield. For instance, the use of wheat straw hydrolysates provided 15.4 g/L BC,
and the level of BC accumulation was 50% higher as compared to the same parameter obtained using
routine carbon sources [45]. BC from cotton cloth hydrolysate was obtained at a yield of 10.8 g/L, which
was 83% higher than that from the culture grown on glucose-based medium [16]. A low-cost medium
based on soya bean whey (SBW) was used for the production by Komagataeibacter sp. PAP1 [41].
The use of SBW medium increased BC production 3.6-fold compared to standard HS-medium.
The use of corncob acid hydrolysate as a substrate for BC production by Gluconacetobacter xylinus cells
provided a BC yield of 4 g/L after 14 days of static cultivation. [44]. This investigation of the possible
use of agricultural waste hydrolysates for BC production by immobilized cells demonstrated both
productivity and BC yield at a high level in the medium containing artichoke enzymatic hydrolysate
(Table 3). Most likely, this was due to the fact that the artichoke hydrolysate included a mixture of
sugars (glucose and fructose). Zeng et al. noted that BC production with maple syrup was almost
as high as when using pure fructose and much higher than when using glucose [46], and this fact
is consistent with the viewpoint that the composition of sugars does not affect BC production if
fructose exists in the medium, possibly because fructose activates a phosphoenolpyruvate-dependent
phosphotransferase system in A. xylinum [47]. In addition, it is worth noting that all the glucose was
fully utilized by cells, and the residual concentration of fructose was 22.7 g/L. In other hydrolysates,
there was only glucose present.

The results obtained during multiple use of immobilized cells for BC production were very good
and show promise to be used in practice, since Cheng et al. previously used PCS as a support for cell
immobilization by adsorption of bacteria on the surface of the carrier and reported that this matrix and
method did not contribute to a long period of employing the immobilized cells to produce BC [22].

The characteristics of BC samples produced by Komagataeibacter xylinum in both free and
immobilized form under identical conditions demonstrated higher tear resistance and greater thickness,
as well as a higher degree of polymerization of BC produced by immobilized cells. These results
correlate with the data of other researches. For example, Suwanposri et al. noted that mechanical
properties of BC accumulated in the medium based on the use of SBW had a 108% increase in
tensile strength and an 841% rise in Young’s modulus over those of the HS medium [41]. However,
the elongation at break of SBW film (3.28%) was 3.4-time less than that of HS film (11.17%). Huang et al.
showed that BC produced from corncob acid hydrolysate had relatively high crystallinity and a high
crystallinity index value (95.2% and 93.8%, respectively) [44]. The mechanical strength analysis done
by Cheng et al. demonstrated that BC produced by being immobilized on PCS cells, similar to the
pellicle form, improved its tensile strength to a point comparable to that observed in pellicle form [22].
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4. Materials and Methods

4.1. Microbial Strains and Culture Media

A strain of Komagataeibacter xylinum B-12429 bacteria that derived from the Russian National
Collection of Industrial Microorganisms (Moscow, Russia) was used in the study. The cell culture was
carried out under aerobic conditions using the thermostatically-controlled shaker Adolf Kuhner AG
(Basel, Switzerland) and BioSan ES-20 (Riga, Lithuania), which enabled continuous agitation of the
culture liquid (150 rpm). To accumulate bacterial biomass at a temperature of 29 ± 1 ◦C, a culture
medium, Hestrin–Schramm (HS), was used that had the following composition (g/L): glucose: 20;
yeast extract: 5; peptone: 5; K2HPO4·3H2O: 2.7; MgSO4·7H2O: 0.5; citric acid: 1.15, pH: 5.6 ± 0.2.

4.2. Cells’ Immobilization

Immobilized cells were produced using a patented procedure [48] by adding to a poly(vinyl alcohol)
(PVA) aqueous solution (12%) the biomass of bacteria cells previously separated from the culture
medium by centrifugation with a Avanti J 25 (Beckman Coulter, Brea, CA, USA) at 8000 rpm during
15 min. The final concentration of cell biomass in the obtained suspension was 20–60 g cell dry weight
(CDW)/kg (Table 1). The mixture of polymer solution and cells was stirred to obtain a homogeneous
mass, which was afterwards used to form granules by dispensing the cell suspension into the PVA
aqueous solution per 0.5 mL into each well of 96-well plates or the suspension was poured in an even
layer (0.5 cm) into a flat bottom tank (30 × 30 cm) to form a single layer of PVA cryogel with cells
included in it. All plates were further frozen at −20 ◦C, then kept in the frozen state for 24 h and later
thawed at 8 ◦C during 8–12 h to obtain immobilized biocatalysts in the form of granules or sheets
(Figure 2a–f).

4.3. Analytical Methods

The growth of the biomass of free cells was monitored by spectrophotometry. The degree of optical
absorption of samples of the culture liquid at 540 nm was monitored using the spectrophotometer
Agilent UV-853 (Agilent Technologies, Waldbronn, Germany), and the exact concentration of the
cells was determined by calibration curves that establish the dependence of the optical absorption
on the precisely known concentration of cells in a sample to be analyzed. Glucose concentration was
determined by the enzymatic technique using a standard Impact reagent kit (“OOO Impact”, Moscow,
Russia). The Shomody–Nelson method was applied to determine the concentration of reducing sugars
(RS) [49]. The concentration of fructose was determined by liquid chromatography under high pressure
using a 1100 Agilent chromatograph with an amperometric detector (Agilent Technologies, Waldbronn,
Germany) and a Dionex Carbopak PA-20 anion exchange column (Thermo Fisher Scientific, Waltham,
MA, USA). A solution of 7.5 mM NaOH was used as the eluent.

Potentiometric measurements were conducted to control pH values of the media prepared and
of samples selected in the experiments (a Corning Pinnacle 530 pH-meter (Corning Incorporated,
New York, NY, USA) was used).

To determine cell dry weight (CDW), we used a sample of the biomass separated from the culture
liquid by centrifugation (8000 rpm, 10 min, Avanti J 25 centrifuge (Beckman Coulter, Brea, CA, USA))
that was brought to constant weight by drying at +80 ◦C. A granule of the immobilized biocatalyst
was also dried to constant weight. Knowing the initial concentrations of cells and the weight of the
polymer when forming the granules, we calculated the concentrations of cells in the immobilized
biocatalyst using the dry weight parameters.

4.4. BC Production

The following variant of HS-medium (g/L) was used to produce BC (Figure 2g,h): peptone: 5;
yeast extract, 5; K2HPO4, 2.7; MgSO4, 0.5; citric acid, 1.15; but its pH value was adjusted to 7.0 ± 0.1
with 2 M KOH. The concentration of glucose was varied (20–100 g/L) in the medium. The process
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was conducted at 28 ◦C during 6–7 days under static conditions in a 500-mL Erlenmeyer flask (Purex,
Corning Incorporated, New York, NY, USA) with 100 mL of medium.

Free cells and biocatalysts shaped like granules or sheets (Figure 2c,i) with immobilized cells
were used multiple times under the same conditions to produce BC. In some experiments, the glucose
was replaced in HS-medium by glycerol. In experiments with hydrolysates of renewable sources,
the HS-medium was completely replaced by them.

We purified the BC film by placing it into a 0.5% NaOH solution for 24 h at a temperature of
25–27 ◦C and stirring it periodically. After the BC-film was washed in distilled water, its properties
were investigated.

4.5. Pretreatment and Fermentative Hydrolysis of Biomass

Samples of aspen, rice and wheat straw were pre-dried to a residual humidity of 7–10% and milled
to a particle size of 100–300 microns using an impeller mill Mikrosilema IM-450 (Techpribor, Schekino,
Russia). Physicochemical pretreatment of the renewable biomass was carried out in the presence of
1.5% H2SO4 at 150 ◦C during 1 h. A mixture of commercial preparations of cellulases such as Spezyme
CP (Dupont, Ney York, NY, USA) and Novozyme-188 (Novozymes Corp., Copenhagen, Denmark)
was used for the enzymatic hydrolysis of renewable raw materials (the ratio between preparations
in the mixture was 3:1). Enzyme preparations were introduced into the reaction medium (10 mg of
protein per 1 g of the substrate dry matter). Hydrolysis was carried out in the medium based on 0.05 M
citrate buffer (pH 5.0) at 50 ◦C and with constant stirring at 250 rpm during 24 h.

Jerusalem artichoke tubers (humidity: 0%) were hydrolyzed by introducing into the crushed
mass of enzyme preparations of inulinases from Aspergillus niger (Novozymes Corp., Copenhagen,
Denmark), cellulases (2 mg of total protein/g of the dry substrate) and β-glucosidase (40 units of
cellobiase activity/g of the dry substrate). The hydrolysis was carried out without addition of water
at 50 ◦C, pH 6.5 and constant stirring at 250 rpm for 6 h. At the end of the process, the hydrolysate
was separated from the non-hydrolyzed biomass by centrifuge (Beckman Coulter, Brea, CA, USA) at
6000 rpm during 10 min.

In all samples of obtained hydrolysates, the pH value was adjusted with 2 M KOH up to 7.0 ± 0.1
before their application in BC production.

4.6. Characterization of BC Samples

The tensile strength and Young’s modulus of the BC pellicles were analyzed through tensile
tests, using a testing machine BP DLC 1 (Tochpribor, Moscow, Russia). The specimens were cut in a
rectangular shape using a paper cutting machine, producing samples with dimensions of 1 cm × 7 cm
individual sample thickness. Three samples were cut per pellicle and used in each experimental
session. The BC samples were stretched at a constant speed of 5 mm/min until the failure of the
sample occurred. A Mitutoyo digital thickness indicator was used to measure the thickness of each
specimen (Mitutoyo Corp., Kanagawa, Japan).

The crystallinity index of BC was measured using X-ray diffractometric analysis as described
by Mohammadkazemi et al. [50]. A multi-purpose diffractometer Philips PW3040/60 (Philips,
Amsterdam, The Netherlands) was used in this work. Analysis of polymerization degree and purity
of BC was done as described by Lu et al. [5]. Dried BC samples were soaked in deionized water
during 12 h at room temperature, and the weight in water was measured by harnessing the sample
in a device, which suspended the sample in water. The porosity was calculated using the following
formula: porosity (%) = (wet weight − dry weight)/(wet weight − weight in water) × 100.

All experiments were carried out in triplicate. The microbiological purity of cultures used in this
work was monitored by microscopy using an Axio Imager Z2m microscope (Carl Zeiss MicroImaging
GmbH, Jena, Germany).
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5. Conclusions

In summary, these studies revealed the high efficacy of a new biocatalytic system in the form of
bacterial cells immobilized in PVA cryogel for BC production. By using the porous support as the
matrix for the cell immobilization, it becomes possible to deceive cells, and we did not allow them to
cover themselves with the BC layer, which normally stops the cell functioning. Immobilized cells in a
state of highly concentrated populations have substantially higher rates of metabolic processes and
a higher yield of the target product when compared with free cells, resulting in increased efficiency
of the overall process of BC production. Furthermore, these studies demonstrated the possibility of
repeated use of immobilized cells retaining 100% of their metabolic activity for at least 10 working
cycles (60 days). The approach based on the application of immobilized cells enables obtaining BC
possessing the same crystallinity and porosity as in the process with free cells, but having improved
stiffness and tensile strength. Various media containing sugars and glycerol, based on hydrolysates of
agricultural materials and biomass of microalgae, were successfully applied as effective sources for BC
production by immobilized cells.
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Abstract: Climate change is directly linked to the rapid depletion of our non-renewable fossil
resources and has posed concerns on sustainability. Thus, imploring the need for us to shift from
our fossil based economy to a sustainable bioeconomy centered on biomass utilization. The efficient
bioconversion of lignocellulosic biomass (an ideal feedstock) to a platform chemical, such as
bioethanol, can be achieved via the consolidated bioprocessing technology, termed yeast surface
engineering, to produce yeasts that are capable of this feat. This approach has various strategies
that involve the display of enzymes on the surface of yeast to degrade the lignocellulosic biomass,
then metabolically convert the degraded sugars directly into ethanol, thus elevating the status of
yeast from an immobilization material to a whole-cell biocatalyst. The performance of the engineered
strains developed from these strategies are presented, visualized, and compared in this article
to highlight the role of this technology in moving forward to our quest against climate change.
Furthermore, the qualitative assessment synthesized in this work can serve as a reference material
on addressing the areas of improvement of the field and on assessing the capability and potential
of the different yeast surface display strategies on the efficient degradation, utilization, and ethanol
production from lignocellulosic biomass.

Keywords: consolidated bioprocessing; yeast surface display; bioethanol; lignocellulosic biomass;
fermentation; immobilized biocatalyst; whole-cell biocatalyst; DYSD; JANNASEY

1. Introduction

1.1. Climate Change and the Bio-Based Economy

One of the most pressing problems that the world is facing is climate change. Driven by our
escalated demand of fossil-based products due to a growing population, vast amounts of greenhouse
gases are released into the atmosphere; thus, inducing the greenhouse effect, which leads to global
warming. The adverse effects of global warming include: long droughts, severe flooding, and even
the melting of our polar ice caps. These severe changes lead to the loss of our biodiversity due to the
pressure they impose on our ecosystems [1–3].

From the given scenario above, there is a need for us to shift our dependence on the current
fossil-based (non-renewable) economy into a more sustainable one. This is where the bio-based
economy comes in; where a lot of the energy, fuels, and products that are conventionally derived
from fossil resources are produced from renewable and sustainable alternatives. The bio-based
economy or bioeconomy is defined by the European Commission as “the sustainable production
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of renewable resources from land, fisheries and aquaculture environments and their conversion
into food, feed, fiber bio-based products and bio-energy as well as the related public goods [2,4]”.
Thus, from a range of sustainable alternatives (e.g., wind, solar, geothermal, biomass, etc.) that are
available, only biomass can provide us for the source of carbon that is essential for the production
of tangible goods. Thus, biomass, as a sustainable resource, is the feedstock from which platform
chemicals (i.e., ethanol, glycerol, butanol, propanediol, etc.) are derived and serve as a pre-cursors
for the production of bio-based products (non-food products derived from biomass, such as plants,
algae, crops, trees, marine organisms, and biological waste from households, animals, and food
production) [3,5]. In addition, of the platform chemicals mentioned, bioethanol is easily obtained at
high yields from pre-treated biomass via fermentation by certain yeasts.

1.2. Lignocellulosic Biomass and Consolidated Bio-Processing

The most abundant biomass (which are usually plants) found in nature, which can be used
in bioethanol production via fermentation is lignocellulose, and because of its abundance, this raw
material can be obtained in fact at a very low cost; it may be the best substrate with the highest potential
in bioprocessing. Lignocellulose comprises 50–90% of all plant matter and it is composed of three major
components, which are: cellulose, hemicellulose (which is composed mainly of xylan), and lignin.
These major components of lignocellulose are in their polysaccharide forms and hydrolysis of these
polysaccharides yield fermentable sugars, except for lignin (which produces phenolic compounds that
actively inhibit fermentation). The major fermentable sugars produced from lignocellulose are glucose
(abundant in cellulose), and xylose (abundant in hemicellulose) [6,7]. The relative concentrations of
each major component is different when the plant type varies and their average concentrations are
shown in Table 1.

Table 1. Components of plant lignocellulosic biomass and their typical compositions.

Lignocellulose Component Composition (%) Fermentable Sugars

Cellulose ~35–50 Glucose
Hemicellulose ~20–35 Xylose, Arabinose, Mannose, Galactose

Lignin ~15–30 -

Direct fermentation of lignocellulosic biomass for bioethanol production is not feasible since
the biomass itself is not readily fermentable by ethanol-producing microorganisms thus, expensive
pre-treatment processes such as milling or steam explosion, and acid or alkaline hydrolysis are
required. In the past few decades, several different strategies have been developed to produce ethanol
from this kind of biomass. These strategies consists of four biologically mediated process steps,
namely: (i) cellulase production, (ii) cellulose hydrolysis, (iii) hexose fermentation, and (iv) pentose
fermentation. These strategies, however, require the biomass to undergo a mild pre-treatment step
to disrupt its crystalline structure for the hydrolysis to proceed efficiently. In this pre-treatment step,
most of the components of hemicellulose in the biomass are hydrolyzed into fermentable sugars,
leaving behind cellulose in its slightly crystalline form (amorphous). Throughout the years, different
processing strategies have been developed and these strategies can be categorized based on the degree
to which the biologically mediated processes are consolidated. As depicted in where each process is
represented as a bioreactor along with the time period when each processing strategy was developed,
separate hydrolysis and fermentation (SHF) involves all the four mentioned processes discretely.
Simultaneous saccharification and fermentation (SSF) consolidates cellulose hydrolysis and hexose
fermentation into one step, which results in a three-step strategy. Simultaneous saccharification and
co-fermentation consolidates cellulase hydrolysis and hexose-pentose fermentation which results in a
two-step strategy. Finally, consolidated bioprocessing (CBP), which consolidates all process steps into
a one-step bioreactor conversion strategy and schematically illustrated in Figure 1 along with the time
periods where each strategy was developed [6,8–10].
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Figure 1. Schematic representation of the consolidated bioprocessing strategy.

The aim of the consolidated bioprocessing strategy is to engineer a microbial strain that is
capable of producing the desired product yield by utilizing directly the pre-treated lignocellulosic
biomass as a substrate via metabolic engineering (native strategy) and recombinant DNA
engineering. The CBP-strategy has the potential to lower the cost of biomass processing, while
producing a high-value product; this makes this strategy highly attractive and economical.
The CBP-compatible microorganism of interest that has been studied extensively is the ethanologenic
yeast Saccharomyces cerevisiae (which will referred as “yeast” in the following sections). However,
the said yeast does not have the ability to directly use lignocellulosic biomass, although it has can
produce ethanol in high yields from simple hexose sugars [6,8–10].

So, there is a need to increase the substrate utilization range of yeast for it to be able to degrade and
utilize lignocellulosic biomass. This is achieved by expressing cellulose and hemicellulose degrading
enzymes (cellulases, and hemicellulases, respectively) from lignocellulose degrading microorganisms
in yeast and along with other metabolic pathway enzymes for the utilization of other fermentable
sugars aside from glucose. The heterologous expression of the cellulases and hemicellulases in yeast
will enable it to degrade these polysaccharides into fermentable sugars; then, these fermentable sugars
are further converted to ethanol via the native and heterologous (for sugars other than hexoses)
metabolic pathway enzymes. The following sections describe the heterologous expression of these
cellulases and hemicellulases on the surface of yeast on how they improve ethanol production on
lignocellulosic substrates.

2. The Development of Yeast Cell Surface Display

2.1. Development of the Surface Display Technology

Surface display systems were developed as a means to exploit the translocation of proteins on the
cell surface along with their anchoring regions and apply it to heterologous proteins. In other words,
this provides the idea that the cell surface is an avenue for protein immobilization, which makes it a
“whole-cell biocatalyst”. This system was initially demonstrated by fusing peptides to docking proteins
of filamentous phage and then assembled on to the phage particle which led to the development of
the “phage display system”; where it was mainly applied in high throughput screening systems using
phage libraries for isolation of ligands, antibodies, etc. [11,12]. However, the limitation of the phage
display system lies in the display of larger sized peptides and proteins, due to the fact the size of the
fusion protein induces steric effects to the assembly of the phage particle. This limitation was then
addressed by expressing the heterologous proteins fused to the surface-exposed regions of membrane
proteins on the bacterial surface [13–15]. Since then, various proteins were heterologously expressed
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and localized on the bacterial surface for a wide range of applications (e.g., biosensing, bioremediation,
high throughput screening, protein engineering, etc.) [16–22].

However, some heterologously expressed proteins on the bacterial surface have some limitations
in expressing proteins that require post-translational modification of eukaryotic pathways, especially
high molecular weight proteins from eukaryotes. Thus, the field of cell surface display was extended
in yeasts (especially S. cerevisiae), which is then termed as “yeast surface display” or “yeast surface
engineering”. In the following sections, the term “yeast surface display” is adapted for convenience.

2.2. Yeast Surface Display

The potential of yeast surface display was first highlighted in the idea of an “arming technology”
and its developed strains have been termed “arming yeasts” [23,24]. Furthermore, this field has
elevated the status of S. cerevisiae as a novel and attractive microorganism to be a platform for enzyme
immobilization, which enables it to target non-conventional substrates and at the same time, renewable
self-immobilized biocatalysts (also known as “whole-cell biocatalysts”) [24]. Its history, development,
and mechanisms have been extensively discussed in the reviews of Ueda, and colleagues [25–31]. Thus,
this section intends to provide a brief description on how heterologous proteins are expressed on the
yeast surface in relation to CBP.

The successful expression of the heterologous proteins onto the yeast surface requires fusion
to a good yeast anchor protein. An ideal anchor protein contains two essential genetic elements
are required for the successful surface display of the protein of interest (POI) and these are:
(i) a secretion signal sequence that mediates the transport of the POI to the cell surface where it
strongly immobilizes the fused POI without interfering the activity and stability of the POI, and (ii) the
glycosylphosphatidylinositol (GPI) anchor attachment signal sequence for the transient anchoring
in the plasma membrane. Furthermore, a wide variety of anchor proteins are present in yeast and
it is extensively described by Tanaka et al. [27,30]. Therefore, the choice of the anchor protein is
thus dependent upon the characteristics of POI (e.g., location of active site, application, complex
formation, etc.). In consideration of the inherent properties of the POI, the anchor protein can either
be fused to either the N or C termini of the POI and Figure 2 shows on how the POI-anchor fusion
is localized on the yeast surface based on the commonly utilized anchor protein systems and Table 2
shows the characteristics of the yeast anchor protein systems presented in the following sections.

Figure 2. Common anchor protein systems used in yeast surface display: (a) N-terminal fused anchor
proteins (SAG1, SED1, or CWP2); (b) the a-agglutinin display system; and, (c) the Flo1p-based display
system. Anchor proteins: N-Terminal depicted in blue, and C-terminal depicted in red.

Hence, from the descriptions reported in Table 2, the anchor proteins that are mostly used for
N-terminal fusions (where the POI is fused at the N-terminal of the anchor protein as depicted in
Figure 2a) are the SAG1, SED1, and CWP2 while the a-agglutinin system is mostly used for C-terminal
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fusions (where the POI is fused at the C-terminal of the secreted AGA2 subunit as depicted in
Figure 2b). In addition, several proteins have also been fused to the N-terminal (as depicted in
Figure 2b) of the AGA2 subunit, which makes this system flexible in terms of the N or C terminal
fusion [33]. Furthermore, the protein FLO1 (as depicted in Figure 2c) is also a flexible anchoring system
where the POI can either be fused to its N or C terminal. The various truncated forms of FLO1 where
its domains contain high level of N-and O-glycosylations provides the platform of options onto which
terminal can the POI be fused [34,35]. The details of the anchor proteins utilized by the presented
studies in the next sections are detailed in Table A1.

Table 2. Typical yeast anchor proteins used for surface display.

Yeast Anchor Protein Standard Name Description

α-agglutinin SAG1

Alpha-agglutinin of alpha-cells; binds to Aga1p during
agglutination, N-terminal half is homologous to the
immunoglobulin superfamily and contains binding site for
a-agglutinin, C-terminal half is highly glycosylated and
contains GPI anchor

SED SED1
Major stress-induced structural GPI-cell wall glycoprotein;
associates with translating ribosomes, possible role in
mitochondrial genome maintenance

Cwp2 CWP2
Covalently linked cell wall mannoprotein; major constituent
of the cell wall; plays a role in stabilizing the cell wall;
involved in low pH resistance; precursor is GPI-anchored

Flo428p FLO1

Lectin-like protein involved in flocculation; cell wall protein
that binds mannose chains on the surface of other cells,
confers floc-forming ability that is chymotrypsin sensitive
and heat resistant; important for co-flocculation with other
yeasts, mediating interaction with specific species

a-agglutinin system

AGA1

Anchorage subunit of a-agglutinin of a-cells; highly
O-glycosylated protein with N-terminal secretion signal and
C-terminal signal for addition of GPI anchor to cell wall,
linked to adhesion subunit Aga2p via two disulfide bonds

AGA2

Adhesion subunit of a-agglutinin of a-cells; C-terminal
sequence acts as a ligand for alpha-agglutinin (Sag1p)
during agglutination, modified with O-linked
oligomannosyl chains, linked to anchorage subunit Aga1p
via two disulfide bonds

Data obtained from SGD Project. http://www.yeastgenome.org [32].

2.3. Strategies for the Yeast Surface Display of CBP-Related Enzymes

The different strategies for the immobilization of cellulases and hemicellulases utilized in the
studies presented in the next section are shown in Figure 3.

Due to the complex structure of lignocellulose in lignocellulosic biomass, it is a given that different
types of enzymes are required to break down the polysaccharides into the fermentable monosaccharide
sugars that the yeast can transport and utilize. Thus, these different types of enzymes are to be
displayed on the yeast surface to provide a synergistic effect when it comes to the degradation of
lignocellulose. The advantage of expressing multiple-enzymes on the surface of yeast is that the yeast
cells are capable of direct degradation and utilization of lignocellulosic substrates in situ. In other
words, it combines the enzyme production, immobilization, and metabolic degradation steps in a
one-pot setting; a fitting platform for CBP. The description and classification of the strategies shown in
Figure 3 are as follows:
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1. Direct Yeast Surface Display (DYSD)—this strategy directly involves the fusion of the enzyme
of interest/s to the yeast anchor protein for it to be expressed and localize on its surface and is
further classified into the following:

a. Single enzyme display consortium (SEDC)—a mixed culture (a.k.a synthetic consortium)
strategy of different strains with each displaying one type of enzyme. The utilization of the
mixed culture technique is adapted as a means to control the multi-enzyme composition or
ratios via the culture inoculation ratios.

b. Co-display (CD)—the direct display of more than one enzymes on yeast that is achieved by
directly cloning the enzyme/s fused with anchor protein into one yeast strain. The control
of the displayed enzyme ratios

2. Juxtaposed Assembly of Non-Native Adaptors and Secreted Enzymes on Yeast
(JANNASEY)—this strategy is developed based on the biomimicry of the “cellulosome”
machinery of several anaerobic cellulose-consuming microorganisms (e.g., clostridia, ruminal
bacteria) [36,37]. In addition, exploiting the cellulosome’s nature as a reconfigurable platform for
immobilization of multiple enzymes including an enzyme cascade configuration, along with the
advancement of molecular biology and conjugation techniques, led to the creation of “designer
cellulosomes”. These designer cellulosomes typically consists of the cell wall anchoring subunit
(or sometimes directly fused to the adaptor subunit) for cell wall attachment, the adaptor subunit
(a.k.a. scaffoldin or miniscaffoldin), which consists of the configurable multi-cohesin along
with the cellulose binding domains that either bind to the anchoring subunit or onto another
adaptor subunit, and finally the secreted enzyme subunit which consists of enzyme/s each fused
to a specific dockerin domain that corresponds to the cohesin/s in the adaptor subunit [38].
The term “minicellulosomes” is often used to distinguish the designer cellulosomes that contain
engineered adaptor subunits (a.k.a. miniscaffoldin to be consistent with the minicellulosome)
with non-native cohesin and cellulose-binding domains. Other researchers’ even use the term
“truncated cellulosome” that is synonymous to the minicellulosome to even give it a clearer
distinction with the cellulosome [37,39]. In order to prevent the inappropriate use of the terms
related to cellulosomes in this article, this yeast display strategy is generally classified as the
juxtaposed assembly of non-native adaptors and secretion enzymes on yeast in reference to its
structured and precise self-assembly on yeast. Furthermore, the various assembly techniques of
the cellulosome components are classified as follows:

a. Single multi-functional adaptor assembly (SMFAA)—this strategy typically involves the
consortium of two sets of strains wherein one strain displays the chimeric adaptor
subunit on its surface, and another set of strains that secrete the dockerin fused
enzymes that assemble in situ onto the displayed adaptor subunit of another strain.
The multi-functionality this system is derived from the fact that the adaptor subunit
it contains varying cohesin domains from different microorganisms for specificity.

b. Complex adaptor assembly (CAA)—this is a direct biomimicry of the native bacterial
cellulosome assembly where one or more adaptor subunits are assembled on the bacterial
surface. When applied to yeast surface display, it involves a consortium of at least three sets
of strains where one strain displays the anchoring subunit, another set of strains that secrete
one or more adaptor subunits (one of which binds to the anchoring subunit and another
type of binds to the cell-surface-anchored adaptor), and finally the strains that secrete the
dockerin fused enzymes, which assemble onto the adaptors. The complex assembly is
regulated by the valence (monovalent if it contains a single cohesin and polyvalent if it
contains more than one) of the adaptor subunit. Adaptor polyvalence can also be achieved
by specifically engineering the adaptor to contain multiple cohesin types from different
microorganisms for regulating the enzyme loading via cohesin-dockerin specificity.
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Figure 3. Cellulase and Hemicellulase Surface display strategies for Consolidated BioProcessing.
(1a) DYSD-SEDC, (1b) DYSD-CD, (2a) JANNASEY-SMFAA, (2b) JANNASEY-CAA.

3. Yeast Surface Display Studies for Bioethanol Production from Lignocellulosic Biomass

The selected studies presented in this section are those that have applied the yeast surface display
system in ethanol fermentation from lignocellulosic substrates. These studies are classified into the
ethanol fermentation of: pure cellulose, pure hemicellulose, and pre-treated lignocellulosic biomass
substrates. The purpose of this is to differentiate between the systems that utilize pure polysaccharide
substrates from actual pre-treated plant substrates. Furthermore, these studies are compared with
each other based on the following fermentation parameters: (i) Ethanol titer, (ii) Substrate type,
and (iii) Ethanol substrate conversion yield. The ethanol substrate conversion yield (ESCY, %) is
defined as the amount of ethanol titer obtained with respect to theoretical ethanol produced from the
total fermentable sugars in the substrate and is operationally defined in Equation (1).

ESCY (%) =
Ctiter

EtOH

Csubstrate×XTFS×Ytheo
PS

× 100 (1)

where: ESCY—Ethanol Substrate Conversion Yield; Ctiter
EtOH—ethanol titer; Csubstrate—substrate

concentration; XTFS—composition of total fermentable sugars in the substrate; Ytheo
PS —theoretical

ethanol yield from monosaccharides (typically ~0.51 g ethanol per g sugar).
Prior to looking into the ethanol performance of yeast surface display in the following sections,

it should be noted that the advantage of employing the yeast surface display system lies in the fact that
it either retains or increases the overall enzymatic activity upon the immobilization of the enzyme/s
of interest on its surface when compared to its free enzyme (enzyme in solution) counterpart. This is
discussed in the following paragraph.

In most of the cases, yeast surface display performance can be assessed by comparing the
normalized enzymatic activities (expressed in terms of activity units with respect to the amount
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of cells secreting/displaying the said enzymes) for both the secreted and displayed configuration of
the enzyme of interest. Specifically in the context of this review, the enzymatic activity refers to the
rate release of sugars (e.g., total reducing sugars (TRS), or a specific sugar being assayed). Additionally,
for the cases when multiple enzymes are employed, the parameter utilized for the assessment of the
multi-enzymatic performance would be the “degree of synergy”. The degree of synergy is defined as
“the ratio of the rate or yield of product released by enzymes when used together to the sum of the
rate or yield of these products when the enzymes are used separately in the same amounts as they
were employed in the mixture [40,41]”. In other words, this refers to the ratio of the mixture activity to
its theoretical mixture activity (sum of individual mixture activities). In the context of lignocellulosic
bioethanol production, this refers to the amount of fermentable sugars hydrolyzed by an enzyme
mixture with respect to its theoretical mixture hydrolysis activity.

It has been demonstrated that the application of yeast surface display to the enzymes (i.e.,
cellulases, hemicellulases) relevant to lignocellulosic bioethanol production has exhibited improved
hydrolytic activities with respect to their free enzyme counterparts. In addition, enhancement in the
degree of synergy was observed when mixtures of the said surface displayed enzymes (i.e., cellulases,
hemicellulases) were utilized for substrate hydrolysis [42–46].

Thus, in terms of industrial relevance, yeast surface display provides a platform where enzyme/s
are both produced and self-immobilized on its surface (creating a whole-cell biocatalyst platform)
in a manner where the activities of the enzyme/s are retained as long as there is continuous growth
of yeast in the fermentation process. Another feature of this system lies in the ease of separation of
the whole-cell biocatalyst from the fermentation media, which enables the reusability of yeast cells.
The reusability of the yeast cells as whole cell biocatalysts takes advantage of the fact that the enzymes
displayed on its surface are active upon reuse; this translate to cost reduction for yeast propagation or
enzyme addition [24,47].

3.1. Pure Cellulose Substrates

The predominant component of lignocellulosic biomass is cellulose and it serves as its main
structural component. It consists of glucose chains linked via β-1,4 linkages and this chains are
linked together by strong hydrogen bonding that forms the cellulose chains into microfibrils making
it crystalline in nature, and thus recalcitrant to degradation; although some parts of the cellulose
structure are easier to degrade due to its amorphous configuration. These structural variabilities
(crystalline and variable regions) in the cellulose structure make it at least partially hydrated by
water when immersed in aqueous media and along with some micropores and capillaries, it provides
enough space for some enzymes, such as cellulases to penetrate. Cellulose is produced mainly by
delignification of wood or other plant biomass materials. The pure celluloses utilized for hydrolysis
studies vary considerably in fine structural features and the choice of substrate can affect the hydrolysis
itself. Microcrystalline celluloses are nearly pure cellulose and a dilute-acid treatment step is typically
utilized in their preparation, which results in the removal of hemicelluloses and amorphous regions
of the cellulose fibers. Furthermore, commercial microcrystalline cellulose differ primarily on size
distribution has significant implications for the rate of hydrolysis and utilization, as discussed in
the studies presented in this subsection. In addition, the varying structural complexity (in terms
of crystallinity) of pure cellulose and the difficulty of its insolubility has led to the wide use of a
highly soluble cellulose ether, carboxymethylcellulose (CMC), which is chemically synthesized by the
alkali-catalyzed reaction of cellulose with chloroacetic acid [6,8,48–50].

In general, the degradation of cellulose into glucose requires at least three types of enzymes
(cellulases). These are typically: endocellulases (randomly cleave internal bonds at amorphous sites
that create new chain ends), exocellulases (which includes cellobiohydrolases (CBH) and cleave
two to four units from the ends of the exposed chains produced by endocellulase, resulting in
tetrasaccharides or disaccharides, such as cellobiose), and cellobioases (a.k.a β-glucosidases, hydrolyse
the exocellulase product into individual monosaccharides; specifically cellobiose) [6,7]. The action
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of these cellulases on cellulose are schematically illustrated in Figure 4. Basically, the cellulose
chains are efficiently degraded into soluble cellooligosaccharides and cellobiose by the endo and
exocellulases, and then further hydrolyzed into glucose by the β-glucosidase. The studies presented in
this subsection have exploited the different yeast surface display strategies for cellulases, which created
recombinant yeasts that produce cellulosic ethanol. Furthermore, synergistic interactions between
cellulases have been reported to occur between: different exocellulases (with specificity for reducing
and non-reducing ends), endo, and exocellulases, between different endocellulases, and between
endocellulases and β-glucosidases [51–56]. Additionally, high cellulase synergy has been observed
on the hydrolysis of highly crystalline cellulose substrates when compared to the more amorphous
cellulose [53,57].

In conjunction with the different cellulases utilized along with the yeast surface display
system, the commonly exploited synergistic interactions for cellulosic bioethanol production are
the interactions between endo and exocellulases, and endocellulases and β-glucosidases; as these two
synergistic interactions are significant to the efficient glucose release from the cellulose structure.
This configuration can produce whole-cell biocatalysts that can directly degrade cellulose and
potentially produce high ethanol yields from the glucose released from the cellulose structure.

Figure 4. Basic structural component of cellulose and the cellulases responsible for its degradation.

3.1.1. DYSD Strategy for Cellulosic Bioethanol Fermentation

The first reported attempt to convert the cellulosic barley β-glucan into ethanol was described
by Fujita, et al. [58]; where the Trichoderma reesei endoglucanase II (EGII) and Aspergillus aculeatus
β-glucosidase (BGL1) were co-displayed on the yeast surface. The resulting strain has performed
efficient simultaneous saccharification and fermentation of cellulose to ethanol by producing ~17 g/L
ethanol in 48 h from 45 g/L β-glucan with an ethanol substrate conversion yield (ESCY) of ~74%. Then,
this yeast strain was further modified by adding the T. reesei cellobiohydrolase II (an exoglucanase,
CBHII) and tested on phosphoric acid cellulose (PASC). This modified strain has produced 3 g/L of
ethanol in 40 h with an ESCY of ~61% from 10 g/L PASC [59]. Furthermore, Kotaka, et al. [60] have
co-displayed both an endoglucanase (CelB) and a β-glucosidase (BGL-B7) from Aspergillus oryzae on
the cell surface of an industrial sake yeast and successfully produced ethanol ~8 g/L ethanol in 24 h
with an ESCY of ~70% from 20 g/L β-glucan. Interestingly, Liu, et al. [61] has demonstrated different
combined approaches of yeast surface-display and secretion strategies. With the main premise that
the β-glucosidase is displayed on the yeast surface to facilitate in the efficient transport of glucose
upon the degradation of cellobiose. Their findings suggest that placing endoglucanase (EG) and
cellobiohydrolase (CBHI) in the same space (on the cell surface or in the medium) was favorable
for amorphous cellulose-based (PASC) ethanol fermentation; while the cellulolytic yeast strain
that produced enzymes by the cell-surface display strategy performed better in cell-recycle batch
fermentation compared to strains producing enzymes via the secretion strategy. Based on the highest
obtained parameters, the system has produced ~3 g/L ethanol in 96 h with an ESCY of ~60% from
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10 g/L PASC [61]. In another study by the same research group [62], two exoglucanases from
Talaromyces emersonii and Chrysosporium lucknowense, a T. reesei endoglucanase (EG2), and an A. aculeatus
β-glucosidase (BGL1) were co-displayed on the yeast surface to create a novel cellulose adherent yeast
strain. When assessed on the non-treated (Avicel) and acid-treated (PASC) cellulose, the strain exhibited
clear cell to cellulose adhesion and a tearing (almost ubiquitous pattern when compared to the layer by
layer action by free cellulases) cellulose degradation pattern; adhesion ability correlated with enhance
surface area and roughness of cellulose fibers resulting in higher hydrolysis efficiency. The obtained
parameters from both substrates are: ~2 g/L ethanol in 96 h with an ESCY of ~30%, and ~7 g/L ethanol
in 96 h with an ESCY of ~68%, from 10 g/L Avicel and 20 g/L PASC, respectively [63].

In the degradation of lignocellulosic substrates, the biochemical composition of the substrate
dictates the cocktail of enzymes that is required for its efficient hydrolysis. Because of this, one of
the major limitations of the direct surface display strategies is the control of the ratio or the
composition of the different enzymes being displayed on the yeast surface However, this limitation was
overcome through controlling the expression levels of the different enzymes using the novel cocktail
delta-integration approach introduced by Yamada, et al. [64,65]. The expression levels of the different
enzymes was directly controlled by the gene copy numbers of the different enzymes when integrated
into the multiple delta-sites (a long-term terminal repeat, LTR, component of the retrotransposable
Ty elements) that are present in the yeast genome. Then this enzyme expression control strategy
was applied by Yamada, et al. [66], in the co-display of the T.reesei endoglucanase II (EGII) and
cellobiohydrolase II (CBHII), along with the A. aculeatus β-glucosidase (BGL1) on the yeast cell surface
and have successfully obtained ~3 g/L ethanol in 72 h with and ESCY of ~31% from 20 g/L PASC.
When the same co-display system was introduced into a diploid yeast strain, the parameters obtained
were improved (almost thrice as much) when compared to the co-display system of the haploid yeast
strain; specifically ~8 g/L ethanol in 72 h with an ESCY of ~77%. This was a first demonstration
that the utilization of a recombinant diploid strain is an improvement to the ethanol fermentation
capacity from cellulosic biomass when compared to its haploid counterpart [66]. A similar control
strategy was adapted by Apiwatanapiwat, et al. [67] in the co-display of five (5) different (two amylases,
two cellulases, and one β-glucosidase) enzymes on the yeast surface. The resulting strain was designed
for the ethanol fermentation from cassava pulp (which mainly contains starch and cellulosic fibre).
When tested with the cellulosic substrates PASC (~9 g/L, total sugar), and β-glucan (~10 g/L, total
sugar), the obtained fermentation parameters ethanol titer, fermentation time, and ESCY were 1.1 g/L,
within 24 h, ~25%, and 5.3 g/L, 36 h, 97%, respectively [67]. In an attempt to improve the efficient
utilization of cellulose hydrolysis products, Yamada, et al. [68] adapted the same control strategy and
cellulase co-display system, while in this case, the β-glucosidase was expressed intracellularly along
with the Neurospora crassa cellodextrin transporter (cdt1) The expression of the cellodextrin transporter
along with the intracellular β-glucosidase will enable the resulting yeast strain to efficiently transport
the cellobiose produced during cellulose hydrolysis into the cell and intracellularly degrade it into
glucose then convert it to ethanol. When the resulting strain was assessed by ethanol fermentation
from 20 g/L PASC, it has successfully obtained 4.3 g/L ethanol in 72 h with an ESCY of ~44% where
the titer was about 1.7 times higher when compared to the strain not expressing the cellodextrin
utilization pathway [68]. Another case where two exoglucanases from T. emersonii and C. lucknowense,
a T. reesei endoglucanase (EG2), and an A. aculeatus β-glucosidase (BGL1) were co-displayed using
the cocktail delta-integration strategy on the yeast surface by Liu, et al. [69] in the attempt to obtain a
highly cellulolytic strain. The transformants were then subjected to a high-throughput screening (HTS)
methodology for the selection of the strain that exhibits high cellulolytic activity. The resulting
strain that exhibits the highest cellulolytic activity was subjected to ethanol fermentation from Avicel
(non-treated crystalline cellulose) and it obtained ~3 g/L of ethanol within 96 h with an ESCY of ~60%
(highest reported ethanol yield for from avicel) [69].

An alternative technique of controlling the ratio or the composition of surface displayed enzymes
in a mixture for cellulose degradation and utilization was to utilize a consortium of strains where
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different types of strains display one type of cellulase per strain was introduced by Baek, et al. [45].
Control was achieved by adjusting the inoculation ratios of each strain displaying the T. reesei
cellobiohydrolase II (CBHII), Thermoascus aurantiacus endoglucanase I (EGI), and the A. aculeatus
β-glucosidase (BGLI). Different inoculation ratios were investigated and the resulting formulation that
exhibits the highest cellulolytic activities were assessed for ethanol fermentation from 10 g/L PASC
and obtained ~2.1 g/L ethanol in 85 h with an ESCY of ~43% [45].

3.1.2. JANNASEY Strategy for Cellulosic Bioethanol Fermentation

The successful assembly of multi-functional cellulosomes on the yeast surface were described
by Ito, et al. [70] and Lilly, et al. [71]. Tsai, et al. [46] then assessed the ethanol fermentation
from 10 g/L PASC of a yeast strain with a pre-assembled minicellulosome (the dockerin-fused
enzyme subunits were expressed and purified in E. coli before its assembly on the yeast strain
displaying the configurable adaptor/miniscaffoldin subunit) that displays Clostridium cellulolyticum
exoglucanase (CelE), both Clostridium thermocellum endoglucanase (CelA) and β-glucosidase (BglA).
The pre-assembled minicellulosome-displaying strain has produced ~4 g/L ethanol in 50 h, with an
ESCY of ~71% from PASC [46]. In the endeavor to assemble the minicellulosome in situ, the same
research group of Tsai, et al. [72] adapted a yeast consortium strategy, which consists of two sets
of yeast strains where minicellulosome assembly is achieved via intracellular complementation
(i.e., one set of strains displaying adaptor subunit, while another set of strains secretes the three
cellulases, CelE, CelA, and BglA onto the adaptor-displaying strains). Different inoculation ratios
of the two sets of strains were investigated and the resulting consortium were screened based on
their overall cellulolytic activities and ethanol production from PASC. The optimized consortium
produced ~2 g/L ethanol in 70 h with an ESCY of ~40% [72]. Another case of utilizing a multi-functional
cellulosome system was demonstrated by Wen, et al. [73], where the native adaptor/scaffoldin subunits
derived from C. thermocellum (CipA1, for the co-display of three uni-functional minicellulosomes
and CipA3, for the co-display of a tri-functional minicellulosome) were exploited to produce two
minicellulosome display schemes. The cellulases displayed on these minicellulosome schemes were
both the T. reesei endoglucanase II (EGII), and cellobiohydrolase II (CBHII), along with the A. aculeatus
β-glucosidase (BGLI). The resulting display scheme that exhibited the highest parameters among them
was the one displaying the tri-functional minicellulosome. The obtained parameters were 1.8 g/L
ethanol in 70 h with an ESCY of ~37% from 10 g/L PASC [73]. In another endeavor to achieve efficient
cellulose hydrolysis using by exploiting the native adaptor subunit of C. thermocellum (mini-CipA),
Kim, et al. [74] designed a yeast consortium strategy that consists of three sets of strains where two
of which is involved in the intracellular complementation minicellulosome assembly (one strain
set displays the mini-CipA adaptor subunit while another set secretes the dockerin-fused enzyme
subunits), and the third set directly displays the A. aculeatus β-glucosidase (BGLI). The resulting
consortium is a combination of the minicellulosome assembled C. thermocellum endoglucanase (CelA),
and the T. reesei cellobiohydrolase II (CBHII), along with the strain displaying the BGL1. The inoculation
ratios of the four different yeast populations were optimized based on the rational design and screening
methods adapted from Baek, et al. [45]; where ethanol production optimization was directly based
on changing the population inoculation ratios of the different strain sets. The resulting optimized
inoculation ratio did produce ~2 g/L ethanol in 94 h with an ESCY of ~38% from 10 g/L PASC where
the titer was 1.2 times higher when compared to an 1:1 (equal) ratio of the three strain sets [74].

One of the limitations of the single multi-functional adaptor cellulosome assembly is on limited
number of enzymes (enzyme loading) displayed on the single adaptor platform. This limitation can be
overcome by using multiple adaptors that mimic the native bacterial (e.g., Ruminococcus flavefaciens)
complex cellulosome machinery where it involves the utilization of polyvalent adaptors (either with
multiple cohesin domains from one strain, or from multiple strains) [38]. Fan, et al. [75] demonstrated
this complex assembly using two different adaptor subunits. Specifically, these adaptor subunits are:
(i) the tri-functional chimeric (which contains three cohesin domains from different species and a
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dockerin domain for binding on to the adaptor subunit II) trivalent adaptor subunit I that displays the
C. cellulolyticum endoglucanase(CelCCA), cellobiohydrolase (CelCCE), and β-glucosidase (Ccel_2454)
fused to different dockerin domains, (ii) the polyvalent adaptor subunit II that contains more than one
cohesin domains that bind to the corresponding dockerin domain on the adaptor subunit I and at the
same time displayed on the yeast surface. This complex assembly permits the display of more than one
adaptor subunit I with the displayed cellulases on the adaptor subunit II thus increases the amount
of cellulases displayed (enhanced enzyme loading) on the yeast surface. In addition, the adaptor
subunit I and the cellulases were expressed and purified in Escherichia coli, and then assembled on
the yeast displaying the adaptor subunit II. The resulting complex cellulosome assembly was then
tested for ethanol production from non-treated (Avicel) and acid-treated (PASC) cellulose. Obtained
fermentation parameters are ~1.4 g/L ethanol in 96 h with an ESCY of ~29%, and ~1.1 g/L ethanol
in 96 h with and ESCY of ~22%, from 10 g/L of Avicel and PASC respectively. The difference in
fermentation performance between Avicel and PASC substrate systems was attributed to the enhanced
accessibility that is offered by the Avicel structure to the complex cellulosome assembly. In other
words, the complex cellulosome prefers being bound to the non-treated substrate [75]. A similar
approach in the complex cellulosome assembly was also demonstrated by Tsai, et al. [76]. In this case
however, the adaptor subunits are specifically designed to contain chimeric cohesins which leads to a
tetravalent designer cellulosome assembly. The adaptor subunits designed are as follows: (i) a bivalent
bifunctional adaptor subunit I which contains two chimeric scaffoldins and at the same time displayed
on the yeast surface, (ii) two variants of the bivalent bifunctional adaptor subunit II (due to the two
different dockerin domains fused to each of the adaptor subunits that bind to the corresponding
cohesins on the adaptor subunit I) which displays the C. cellulolyticum endoglucanase (CelG), and the
C. thermocellum β-glucosidase (BGL1), fused with two different chimeric dockerin domains that
bind on the respective chimeric cohesins. Similarly, the two variants of the adaptor subunit II
along with the cellulases were expressed and purified in E. coli and then assembled on the yeast
displaying the adaptor subunit I and the resulting assembly was tested for ethanol fermentation
from PASC. The system has produced ~2 g/L ethanol in 72 h with an ESCY of ~40%. This tetravalent
assembly exhibited a ~2-fold higher ethanol production when compared to the bivalent assembly
system. This result indicates a direct relationship between enzyme loading and ethanol production
capacity [76]. In an endeavor to enhance cellulose hydrolysis and utilization, Fan, et al. [77] has
integrated their complex cellulosome assembly strategy [75], along with the cellodextrin utilization
pathway. In this case, the adaptor subunit I in this case was bi-functional and at the same time
displays the T. reesei cellobiohydrolase II (CBHII), and the C. cellulolyticum endoglucanase (EGII) The
tetravalent adaptor subunit II, which contains four cohesin domains, was displayed on the surface
of yeast. The N. crassa cellodextrin transporter (cdt1) along a β-glucosidase (gh1-1) were expressed
intracellularly. Furthermore, the cellodextrin utilization pathway and the adaptor subunits were
co-expressed in yeast, thus enabling the resulting strain for the co-fermentation of cellulose and
galactose (the purpose of galactose is for the co-induction and expression of the adaptor subunits);
and the complex cellulosome assembles in situ. The strain was then tested for its ability to produce
ethanol acid treated cellulose (PASC) and the soluble carboxymethylcellulose (CMC). The obtained
fermentation parameters are ~1.1 g/L ethanol in 60 h with an ESCY of ~22%, and ~3.3 g/L ethanol
in 60 h with an ESCY of ~66%, for 10 g/L PASC and 10 g/L CMC, respectively (both are mixed
with 20 g/L galactose). Moreover, the advantage of this co-expression system is that the resulting
fermentation setup only requires a small inoculation of the non-induced yeast cells to efficiently convert
both cellulose and galactose to ethanol in a single-step co-fermentation process [77].

3.2. Pure Hemicellulose Substrates

As the second most abundant polysaccharide in lignocellulosic biomass, efficient enzymatic
degradation of hemicellulose is quite challenging due to its complex biochemical structure.
In general, hemicellulose is a hetero-polysaccharide that is composed of different sugar units
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(the commercially important sugar units are: xylose, mannose, galactose, arabinose, and rhamnose).
As a hetero-polysaccharide, it has various polysaccharide forms depending on the biomass feedstock
(i.e., wood, plants and plant gum, and agricultural waste), the major hemicelluloses being xylans,
mannans, arabinans, and galactans [78]. The most common hemicellulose that is found in lignocellulosic
biomass from agricultural waste (e.g., sugar cane bagasse, sugar beet pulp, rice and wheat straw,
cornstalk, and cobs) is xylan [79]. The xylan structure relevant enzymes for its degradation are illustrated
in Figure 5 [80]. In other words, the xylan side-chains are removed via the action of the accessory
enzymes to produce linear xylose chains then cleaved into soluble xylooligosaccharides and xylobiose
via the action of the endoxylanase and finally releasing xylose via the action of β-xylosidase. These
hemicellulases can be then exploited along with yeast surface display to produce whole-cell biocatalysts
for xylan degradation. Also, it was generally reported that accessory enzymes, such as xylan esterases,
arabinofuranosidases, glucuronidases, and mannases synergistically enhances the main-chain cleaving
enzymes (i.e., xylanases, xylosidases) in the release of xylose from pure hemicellulose substrates,
such as wheat arabinoxylan, oat-spelt, beechwood, and birchwood xylans [81–85]. Though it should
be noted that not all hemicellulase combinations would lead to a positive synergism between them.
Some exhibit negative synergism (also referred as anti-synergism) in cases when one of the enzymes in
the mixture inhibits the action of its other constituents [86]. Furthermore, some cases show that some
accessory enzymes exhibit no synergy with respect to the main-chain cleaving enzymes; in other words,
the addition of the accessory enzyme did not even improve the xylose, arabinose, mannose, or ferulic
acid release, either due to the nature of the enzyme (e.g., substrate specificity, reaction conditions, etc.)
or the complexity of the substrate [82,87–89].

Figure 5. Basic structural component of xylan and the hemicellulases required for the efficient release
of xylose from its structure.

On the other hand, another of the most challenging conundrums to use S. cerevisiae in CBP is the
inability of S. cerevisiae to completely break down hemicellulose due to its structural complexity and to
utilize the pentose sugars (e.g., xylose) released upon hemicellulose degradation. This drawback is
especially relevant for ethanol fermentation from hemicellulosic feedstock. The efforts in metabolic
engineering of S. cerevisiae has enabled this yeast to utilize xylose and convert to ethanol via two
heterologous metabolic pathways. The first developed xylose utilization pathway in yeast (termed
XR-XDH pathway) involves the conversion of xylose to xylitol by a xylose reductase (XR), xylitol is
then converted into xylulose by a xylose dehydrogenase (XDH), then xylulose is further processed
via the pentose-phosphate (PP), and the glycolysis (Embden-Meyerhoff-Parnas, EMP) pathways to
produce ethanol [90]. The second developed xylose utilization pathway (termed as the XI or XI-XK
pathway) in yeast completely bypasses the xylitol formation by directly converting xylose into xylulose
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by a xylose isomerase (XI) enzyme, then further converted to ethanol; a novel pathway derived from
anaerobic ruminant bacteria [91–94].

Therefore, the combination of the hemicellulase expression, xylose utilization pathways,
has generated recombinant yeast strains that directly produce ethanol from xylan substrates. So far,
only a few studies regarding hemicellulosic ethanol production via yeast surface display technologies
have been performed. Nonetheless, the studies in this subsection have extended the yeast surface
display technologies motivated by the developments in cellulosic ethanol production.

3.2.1. DYSD Strategy for Hemicellulosic Bioethanol Fermentation

Katahira, et al. [95] first demonstrated the construction of a recombinant yeast strain that is
capable of producing ethanol from xylan. The heterologous XR-XDH pathway derived from P. stipitis
was expressed in their previously developed yeast strain that co-displays the T. reesei xylanase II
(XYNII) and the A. oryzae a β-xylosidase (XylA) [96]. The resulting strain was then assessed for its
ability to produce ethanol from 100 g/L of birchwood xylan and has obtained ~7 g/L ethanol in 62 h
with an ESCY of ~16%.

The endeavor to utilize five T. reesei hemicellulases, namely xylanase II (Xyn2), β-xylosidase (Bxl1),
arabinofuranosidase (Abf1), α-D-glucurunidase (Glr1), and acetylxylan esterase (Axe1); that efficiently
release xylose from the basic xylan structure described in Figure 5 and convert it to ethanol was
explored by Tabañag and Tsai [42] upon investigating the synergistic interactions between the five
hemicellulases during xylan hydrolysis. These five hemicellulases were then individually displayed on
the yeast surface co-expressed along with the XI-XK pathway xylose utilization enzymes derived from
Prevotella ruminicola where each resulting strain can utilize xylose and display one hemicellulase
on its surface. The optimum hemicellulase formulations were obtained from the hemicellulase
synergy experiments for xylan hydrolysis using the mixture experimental design methodology.
The xylan fermentation setup involves a synthetic consortium of these five stains and hemicellulase
formulation was controlled by setting up the inoculation ratios/compositions of each strain adapted
from Baek, et al. [45,74]. This synthetic consortium system was assessed for its ethanol production
from two xylan substrates and the obtained fermentation parameters are, ~1 g/L ethanol in 168 h with
an ESCY of ~23%, and ~0.8 g/L ethanol in 168 h with an ESCY of ~30%, from 10 g/L of beechwood
xylan, and wheat arabinoxylan, respectively [42]. This was a demonstration that the xylose released
by the synthetic consortium–surface display system was utilized and converted to ethanol via the
application of a minimal metabolic engineering approach for xylose utilization.

In another case of hemicellulose degradation, Ishii, et al. [43] focused on the degradation and
utilization of mannan using the surface display technology. Mannan, a type of hemicellulose where
at its basic structure consists of mannose linked together in a linear fashion (similar to cellulose in
both polysaccharide structure and insolubility in water). Furthermore, the mannanases responsible
for mannan degradation have similar functions with their cellulase counterparts. Specifically,
β-mannanases are the pivotal enzymes that initiate mannan degradation by randomly cleaving the
mannan backbone to liberate short manno-oligomers and produce new chain ends, the β-mannosidases
which are exo-acting enzymes responsible for the hydrolysis of non-reducing terminal ends and
mano-oligomers thus liberating mannose [97]. Unlike xylose, which requires a heterologous metabolic
pathway utilization, mannose is inherently utilized by yeast and directly converted to ethanol,
thus requiring no further metabolic engineering for mannose utilization. Thus, by co-displaying
the A. aculeatus β-mannanase (Man5A) and β-mannosidase (Mnd2A), the resulting yeast strain was
able to directly convert mannan to ethanol. The obtained fermentation parameters are ~10 g/L of
ethanol in 312 h with an ESCY of ~23% from 100 g/L of β-D-mannan.

3.2.2. JANNASEY Strategy for Hemicellulosic Bioethanol Fermentation

Though the application of the surface display adaptor assembly for hemicellulosic ethanol is
limited, it is quite relevant that this type of surface display strategy was explored for this type of
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substrate. Srikrishnan, et al. [44] demonstrated the assembly of a minixylanosome (a counterpart of
the minicellulosome) on yeast. This assembly consists of a trivalent tri-functional adaptor subunit
that is attached on the surface of yeast where three hemicellulases fused with different dockerin
domains: the Thermomyces lanuginosus endoxylanases (XynA), Aspergillus niger β-xylosidase (XylA),
and the Aspergillus awamori acetylxylan esterase (AXE) assemble and display onto. The resulting
minixylanosome assembly performed ~3.3 times better (with respect to the degree of synergy) in
the hydrolysis of birchwood xylan when compared to their free hemicellulase mixture counterpart.
Moreover, their results highlighted the significance of hemicellulase positioning in the minixylanosome
assembly in relation to the substrate channeling phenomenon (defined as the coupling of two or more
enzymatic reactions, in which the common intermediate is transferred in between the enzymes without
escaping to the bulk phase that avoids side reactions or protects the unstable intermediate [98]) [44].

In terms of direct xylan utilization in yeast, Sun, et al. [99] demonstrated the assembly of a
single bifunctional minixylanosome in combination with the heterologous XR-XDH xylose utilization
pathway derived from P. stipitis. The assembly consists of a bivalent adaptor subunit (CipA3) from
C. thermocellum attached to the yeast surface that displays the T. reesei endoxylanase II (Xyn2) and
A. niger β-xylosidase (XylA) fused with the corresponding dockerin domains. Both the adaptor subunit
and the secreted subunits were co-expressed along with the XR-XDH pathway enzymes in one yeast
strain and the minixylanosome assembly occurred in situ. The resulting strain that displays the
bifunctional minixylanosome assembly was able to directly produce ethanol from xylan. The obtained
fermentation parameters are ~1 g/L ethanol in 80 h with an ESCY of ~21%. In addition, the repeated
batch fermentation of the mannanase displaying yeast showed ability to produce ethanol in three
cycles. Furthermore, recovered yeast after the 1st batch fermentation exhibited high manannase
activities from the early fermentation stages of the succeeding cycles, which supports the hypothesis
that high activities were due to the relevantly expressed mannanases on the yeast surface [99].

3.3. Pre-Treated Lignocellulosic Substrates

Lignocellulosic biomass is considered as a second generation feedstock; given the conditions
that it does not compete with the food supply, has a low-value (or no value), and in abundant
supply. The feedstock that fulfills these conditions involve inedible plant materials. This involves
agricultural waste (e.g., rice straw, corn stover and cob, bagasse, molasses), forestry wastes
(e.g., wood chips), municipal and industrial waste (e.g., used paper), and fast growing energy
crops (e.g., switch grass, miscanthus) [100]. Due to its complex lignocellulosic biomass structure,
a certain degree of pre-treatment is involved to liberate its polysaccharide components (i.e., cellulose,
hemicellulose, and lignin) prior to the bioprocessing steps. In addition, it should be noted that
during the pre-treatment process, a certain extent of fermentable sugars are already released from its
polysaccharide structure, depending on the severity of the pre-treatment step. Furthermore, the most
common substrate that is presented in this subsection is rice straw, which has undergone liquid
hot water pre-treatment (a.k.a. autohydrolysis or hydrothermolesis). For this type of pre-treatment,
~50% of the total biomass is dissolved in the process, with 6–22% of cellulose, 30–60% of the lignin,
and the removal of all hemicelluloses. More than ~90% of the hemicelluloses are degraded into its
monomeric sugars when an acid is utilized to hydrolyze the resulting liquid. Though the results of
this pre-treatment step vary with the biomass type due to the high lignin solubilization that impedes
the recovery of hemicellulose sugars [78,100–102]. Moreover, for the direct utilization of pre-treated
lignocellulosic substrates, the presented studies in this subsection so far have reported the application
of the direct yeast surface display strategy (DYSD).

DYSD Strategy for Bioethanol Fermentation from Pre-Treated Lignocellulosic Biomass

Yamada, et al. [66] has first demonstrated the ethanol production from agricultural waste
biomass using the engineered cellulase co-displaying diploid yeast without the addition of exogenous
enzymes, as presented in Section 3.1.1. When assessed for its ethanol production from pre-treated
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rice straw, the engineered yeast has obtained ~8 g/L ethanol in 72 h with an ESCY of ~36.47% from
100 g/L of pre-treated rice straw [66]. In an attempt to improve the ethanol substrate conversion
yield from pre-treated rice straw, Matano, et al. [103] has investigated the supplementation of
exogenous commercial cellulases (Cellulase SS) to yeast co-displaying the T. reesei endoglucanase (EGII)
and cellobiohydrolase (CBHII), along with the A. aculeatus β-glucosidase (BGL1). This strategy
successfully reduced the amount of commercial enzyme required for the fermentation of cellulose as
the ethanol production performance of the cellulase co-displaying yeast supplemented with 10 FPU/g
biomass .cellulases was comparable to the system that consists of a control yeast strain (no display)
supplemented with 100 FPU/g biomass cellulase. These results demonstrate that cellulases displayed
on the yeast cell surface are capable of hydrolyzing cellulose that was not hydrolyzed by commercial
cellulases, leading to increased sugar utilization for improved ethanol production. The obtained
fermentation parameters for the system consisting the cellulase co-displaying yeast supplemented
with 10 FPU/g biomass of cellulase are ~43 g/L ethanol in 72 h with an ESCY of ~90% [103]. Then this
engineered strain was tested for its performance in a cell batch recycle fermentation (CRBF) setup [104].
For five (5) repeated fermentation cycles, the cells displaying cellulases [103] were recycled and
assessed using the same pre-treated rice straw substrate. With five consecutive recycling cycles,
ethanol fermentation parameters was maintained all throughout and obtained ~42 g/L ethanol in the
total 360 h (five cycles) with an ESCY of ~86%. This was a first demonstration of the utilization of CRBF
with cellulase displaying cells. Indeed, the results suggest that the these cells retained their hydrolysis
and ethanol production activities when exposed to five consecutive fermentation cycles [104]. In a
succeeding study by Sakamoto, et al. [105], the xylose utilization from the pre-treated rice straw was
investigated. The XR-XDH pathway xylose utilization enzymes from P. stipitis were co-expressed with
the two hemicellulases and one cellulase, T. reesei endoxylanase II (Xyn2), A. oryzae β-xylosidase (XylA),
and A. aculeatus β-glucosidase (BGL1), co-displayed on the yeast surface. When assessed for ethanol
production from pre-treated rice straw, the obtained fermentation parameters are ~8 g/L ethanol
in 72 h with a reported ethanol yield of ~82% (based from the sugars consumed) [105]. Another
study by Liu, et al. [62], as described and presented in Section 3.1.1, have assessed the performance of
their novel adherent yeast strain co-displaying four cellulases on pre-treated rice straw. The obtained
fermentation parameters are ~1.3 g/L of ethanol in 96 h with an ESCY of ~7% from 100 g/L of rice
straw hydrolysate. The fermentation performance was then improved by supplementing 1 FPU/g
biomass of commercial cellulase (Ctec2) to the novel adherent yeast strain and the system has produced
~18 g/L of ethanol in 96 h with an ESCY of ~91% from 100 g/L of the same substrate. This cellulase
supplemented system has the achieved the same ethanol fermentation performance when compared to
the control system (non-cellulase displaying yeast with cellulase addition) provided the 40% decrease
in commercial cellulase dosage [62]. In another study of the same research group, Liu, et al. [69],
which has combined the cellulase ratio optimization with novel high throughput screening (HTS)
methodology (as described and presented in Section 3.1.1), have assessed the ethanol fermentation
performance of resulting strain from pre-treated rice straw. The fermentation parameters obtained
by this strain are ~1 g/L ethanol in 96 h with an ESCY of ~17%. This strain has performed ~2.5 times
better than the one previously reported [62] in terms of ethanol substrate conversion. These results
demonstrated the potential of the novel high-throughput screening methodology in improving the
performance of the engineered strain via tuning the cellulase ratios in the yeast co-display strategy [69].
From another perspective, Guirimand, et al. [106] have explored the direct utilization of pre-treated
rice straw and convert it to xylitol. By co-expressing the P. stipitis xylose reductase (XR) enzyme
along with the T. reesei endoxylanase II (Xyn2), A. oryzae β-xylosidase (XylA), and A. aculeatus
β-glucosidase (BGL1), co-displayed on the yeast surface. They have assessed the ethanol performance
of this strain on pre-treated rice straw. The resulting strain has produced ~6 g/L xylitol in 96 h with a
xylitol substrate conversion yield (XSCY) of ~47% from the total xylose present in the 500 g/L of rice
straw hydrolysate. In an effort to increase xylitol yield by increasing the xylose or xylose oligomer
concentration in the hydrolysate, an additional membrane filtration step was introduced and this step
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significantly concentrated the sugars in the hydrolysate, while drastically reducing the fermentation
inhibitor concentrations. The obtained xylitol performance parameters of the developed strain on this
substrate are ~38 g/L xylitol in 96 h with a XSCY of ~65% from the total xylose present in 500 g/L
filtered hydrolysate. These results demonstrate that the additional filtration step has enabled the
strain to perform ~1.4 times better in the filtered hydrolysate when compared to the unfiltered one;
showing that increased xylose utilization was attributed to the removal of fermentation inhibitors after
filtration [106].

Bioethanol production from other pre-treated lignocellulosic substrates, such as wood chips,
cassava pulp, and ivory nut were also explored and presented in the next paragraph.

Katahira, et al. [107] have investigated the xylose and cellobiose utilization in acid-treated wood
chips. The XR-XDH xylose utilization pathway enzymes from P. stipitis were co-expressed with the
A. aculeatus β-glucosidase (BGL1) displayed on the yeast surface. This resulting strain was then assed
for its ethanol production from wood chip hydrolysate (with ~72 g/L total sugar concentration) and
has produced ~30.3 g/L ethanol in 36 h with an ESCY of ~82%. Furthermore, the fermentation of the
wood chip hydrolysate was similar to the mixed sugar fermentation model system, which suggests that
the inhibitory effects of some of the hydrolysate components does not exhibit significant inhibition to
the engineered strain [107]. Apiwatanapiwat, et al. [67] has tested their amylase-cellulase co-displaying
yeast strain, as described and presented in Section 3.1.1 in liquid hot water pre-treated cassava pulp.
The fermentation parameters obtained by this strain are ~10 g/L ethanol in 48 h with an ESCY of ~80%
from 50 g/L pre-treated cassava pulp; demonstrating the ability of the strain to directly utilize starch
and cellulose present in the medium [67]. Ishii, et al. [43], whose research group has explored on the
direct mannan degradation by mannanase displaying yeast strains, as described and presented in
Section 3.1.1, have extended the scope of lignocellulosic biomass utilization to mannan derived from
ivory nuts. The ivory nut mannan was subjected to alkaline hydrolysis prior to fermentation. When the
engineered strain displaying mannanases were assessed for their ethanol fermentation performance
from this substrate, it has obtained ~10 g/L ethanol in 216 h with an ESCY of ~20% from 100 g/L of
ivory nut mannan [43].

3.4. Comparing the Various Yeast Surface Display Strategies for Bioethanol Fermentation from Lignocellulosic
Biomass Substrates

The fermentation parameters from the different studies presented in this subsection were
compared with respect to their different display strategies, and substrate types. These different
data types are incorporated and then visualized via bubble charts. By no means does the comparison
presented in the bubble charts for the following sub-subsections imply the suitability of a certain
surface display strategy to ethanol conversion yield for that type of substrate. It is just a means to
visualize the state and progress of yeast surface display technology in bioethanol production from
lignocellulosic substrates. In other words, these charts serve as an aid in comparing the performances
of the cell-surface engineered strains provided the type of surface display strategy being adapted,
and the type of substrate being utilized since the superiority of the different yeast surface technologies
were by far already demonstrated in comparison to their free enzyme counterparts.

The data visualized in the bubble charts are presented in a way that the ethanol substrate
conversion yield (ESCY) values are plotted in a chronological order such that the progress and
development of yeast surface display for lignocellulosic bioethanol production can be directly seen.
The ESCY vs time series is then augmented by the ethanol titer as represented by the bubble sizes or
circle areas to show how much ethanol was produced from the given substrate that corresponds to
its ESCY. The corresponding data labels basically provides the information on the substrate types and
their corresponding concentrations in the fermentation media.

465



Catalysts 2018, 8, 94

3.4.1. Cellulosic Bioethanol Fermentation

In terms of bioethanol production from lignocellulosic biomass, the widely utilized and tested
substrate is the pure cellulose substrates since the yeast S. cerevisiae is an ethanologenic yeast strain
that can produce high amounts of ethanol from glucose, once liberated from the cellulose structure.
Thus, in most cases, the various yeast surface display strategies that are presented throughout this
article were first explored in the direct utilization of pure cellulose substrates, and then extended to
pre-treated lignocellulosic biomass, prior to its application to direct hemicellulose utilization.

The comparison of the different studies presented in Section 3.1 are visualized in Figure 6. Looking
at the capability to convert half of the expected ethanol from the substrate (ESCY of >50%), it can be
generalized that direct co-display (DSYD-CD) of cellulases performed well given that the substrates
are acid (PASC) and alkali (BBglucan) pre-treated, and solubilized (CMC). Furthermore, using the
delta-integration strategy to control the cellulase co-display ratio has provided an insight to the
importance of cellulase display optimization and strain improvement by diploidization [66,67,69].
It can also be observed that the ESCY performance on the utilization of glucan is better than that
of cellulose (either treated or non-treated) substrates, and this can be attributed to their structures
where cellulose has a more rigid structure (more crystalline) than glucan. One can also notice that
most non-treated cellulose (Avicel) were utilized as substrates for the complex adaptor assembly
systems (JANNASEY-CAA), which address the enzyme loading limitation of DSYD systems though
the obtained conversion yields were mostly <50%.

3.4.2. Hemicelllulosic Bioethanol Fermentation

The application of yeast surface display technology in hemicellulosic ethanol production
demonstrates its potential for efficient lignocellulosic biomass utilization. Though the presented studies
report ethanol substrate conversion yields of ~16–30%, as visualized in Figure 7, it has shown that direct
conversion of pure hemicellulose substrates like xylan and mannan to ethanol is achievable. These
reported studies have gradually filled the gap in the field of hemicellulosic bioethanol fermentation.
In terms of efficient xylan hydrolysis by hemicellulases, the direct yeast surface display system
(DYSD-SEDC) by Tabañag and Tsai [42] achieved ~23–30% ethanol substrate conversion yields from
different xylan substrates, which highlights the significance of different hemicellulase synergistic
interactions for the efficient xylose release from the xylan structure. In addition, the utilization of
surface display strategies also exhibited superior performance in terms of xylan hydrolysis with respect
to their free hemicellulase counterparts.

So far, the attempt to assess the efficiency of these surface display strategies remain a challenge
since this field is not that elaborate when compared to the advances in cellulosic bioethanol production.
At least it can be stressed out that for xylan degradation and utilization, the combination of the efficient
xylan degradation by hemicellulases and the improved xylose utilization are both avenues that warrant
further investigation.

3.4.3. Bioethanol Fermentation from Pre-Treated Lignocellulosic Biomass

From the description presented in Section 3.3 that upon pre-treatment, a certain extent of
fermentable sugars are already being released to the medium, thus, in principle these sugars are
readily available for direct utilization by the yeast cells. As visualized in Figure 8, this explains the
high amounts of ethanol titer (in reference to the large circle areas) that are obtained from pre-treated
lignocellulosic biomass substrates. The low yields, however, are related to the high substrate loadings
(~100 g/L) that directly correspond to the amount of oligosaccharides present in the medium along
that require hydrolysis by the engineered yeast strain displaying the necessary enzymes or to the
action of exogenous commercial enzymes added to supplement the hydrolysis process prior to the
release of fermentable sugars [43,62,66,69]; or to the presence of fermentation inhibitors that can be
removed via an additional process step (i.e., membrane filtration) [106].
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4. Avenues of Improvement for Bioethanol Production Using Yeast Surface Display

As discussed in Section 3.4, the comparative data analysis that are visualized and provided in
the bubble charts do not imply the efficiency of a particular surface display strategy to a particular
substrate. It just gives an idea on the performance of the engineered strains applying those strategies
for the target substrate that it was assessed on. Figure 9 illustrates the impact of yeast surface
display to the bioethanol production between the pure polysaccharide and the actual pre-treated
lignocellulosic biomass substrates. Moreover, yeast surface display has played an important role in
creating engineered strains that obtain high ethanol titers from pre-treated lignocellulosic substrates.

Using the visualized data sets as a guide, we can synthesize from those various techniques on
improving the design of the engineered yeast tailored for the efficient degradation and utilization of a
target substrate. These techniques are schematically illustrated in Figure 10.

Figure 10. Schematic illustration for the different avenues of improvement for yeast surface display in
bioethanol fermentation from lignocellulosic biomass.

These avenues of improvement are categorized into:

1. Enhancement of Enzyme Functionality, and Display Efficiency—this area involves the following:
nature of the enzyme being expressed in yeast that it may either retain or increase its activity
upon heterologous expression (functionality), enhanced surface display efficiency for DYSD
strategy, and adaptor assembly for JANNASEY strategy. The main goal of this area is to increase
the hydrolysis efficiency of the resulting strain to optimally liberate the fermentable sugars from
their lignocellulosic structure.

2. Substrate Transport into the Yeast Cell—this area involves the efficient transport of the
fermentable sugars into the cell. The goal is to provide efficient means transport for the different
sugars (e.g., hexose, pentose, cellobiose) where the route is either specific to one type of sugar or
a ubiquitous type for generic sugar transport.

3. Metabolic Engineering for Efficient Ethanol Conversion—involves in the rewiring of the yeast
itself to convert the sugars efficiently into ethanol by minimizing the generation of by-products.

4. Optimization of Process Conditions for Enhanced Hydrolysis and Ethanol Production—optimization
of the process conditions can either have an effect all the areas 1 to 3 or to one of them.
This involves varying the process conditions (i.e., temperature, pH, media composition, induction)
to achieve efficient enzymatic hydrolysis and cellular metabolism.
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4.1. On the Enzyme Functionality and Display Efficiency

Enzyme functionality refers to the retention or improvement of the enzyme activity once
heterologously expressed in yeast. This is mainly achieved by a combination of high throughput
screening and protein engineering methodologies where the enzymes are tailored for functional
expression in yeast that they synergistically interact with other enzymes expressed when it comes to
the efficient hydrolysis of lignocellulosic substrates [81,100,108]. Likewise, the functional expression
and display of novel enzymes derived from other microorganisms that has undergone some evolution
(be it natural or engineered) contributes to the enhancement of hydrolysis activities once they act in
concert with other novel enzymes [109–111].

On the other hand, enhancing the display efficiency of enzymes can be achieved by several
approaches. In reference to the review of Tanaka, et al. [27], these approaches are classified as
the traditional, semi-rational, and combinatorial approaches. The traditional approach targets
the yeast secretion pathway itself and the detailed knowledge on yeast secretion has enabled
increased secretion efficiency and protein yields. This was achieved through the utilization of
various molecular techniques that lead to the optimization of signal sequences, upregulation of
ER folding, modification of vesicle transport, and deletion of host proteinases as discussed in detail
by Haan, et al. [112]. A recent example of this in relation to the role of surface display for efficient
lignocellulose utilization has been demonstrated by Tang, et al. [113]. Where the localization and
co-display of the C. thermocellum endoglucanase (CelA) along with a S. fibuligera β-glucosidase (BGL)
was improved by the over-expression of various vesicle trafficking components. Furthermore, their
results have shown that there is a protein-specific effect, which limit the vesicle trafficking pathway with
respect to the heterologous protein being localized; this provides an insight on how to improve surface
display efficiency tailored to the protein of interest [113]. In the semi-rational approach, the genes in
the cell wall environment are targeted instead of those in the secretory pathway. These target proteins
at the cell wall niche are either deleted or over-expressed. Kotaka, et al. [114] have demonstrated that
by deleting the SED1 in the sake yeast displaying the A. oryzae β-glucosidase (BGL) anchored via the
truncated α-agglutinin anchor protein (SAG1, C-terminal half), the activity of BGL on the yeast surface
was enhanced by ~1.6 fold when compared to the wild type; which can be attributed to the increased
number of BGL displayed on the yeast surface [114]. In addition, Matsuoka, et al. [115], using a high
throughput screening methodology, have identified the potential genes for deletion to enhance surface
display efficiency. Screening results indicated that the deletion of the Mnn2 facilitated in the binding
of high-molecular weight substrates to the active sites of the displayed enzymes thus improved the
cellulase activities each displayed on the yeast surface by ~1.6, and ~2-fold for BGL and endoglucanase,
respectively, with respect to their wild-type counterparts [115]. Lastly, the combinatorial approach
which combines the high throughput screening methodology with a yeast overexpression library
and yeast surface display. This novel screening approach described by Wentz and Shusta [116],
has enabled rapid flow cytometric screening of engineered yeast for gene products that improve the
display of heterologous proteins. Screening results have identified the ribosomal subunit protein
(RPP0, for the overexpression of translational components), an endoplasmic reticulum resident protein
(ER01, a folding assistant), and cell-wall related proteins (e.g., SED1, CCW12, CWP2) as general
enhancers in target protein secretion; where secretion levels of the target protein was increased by
~2-fold to ~8-fold with ER01 and CCW12 being the notable enhancers. Their results further suggest
that display efficiency is dependent on the characteristics of both the target and anchor proteins [116].

4.2. On Substrate Transport

It can be said that substrate transport is what dictates how efficient the substrate can be converted
into the desired product via metabolism. Since metabolism occurs in such a short period of time
due to their low local concentration inside the cell, it results to a short passage time of molecules
inside the cell; where the cell is in somewhat a pseudo-steady state. Thus, because of this transient
residence time inside the cell, substrate conversion is dependent on the uptake rate and this is under the
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direct control of the substrate transporter [117]. The ideal substrate transporter should be ubiquitous
and has no preference such that various substrates can be transported into the cell at almost equal
uptake rates which lead to efficient and simultaneous conversion of multiple substrates into desired
products. However in yeast, sugar transporters exhibit substrate preference or selectivity; meaning that
it has high transport rates for its preferred sugars and low or blocked transport for its non-preferred
sugars [118–120]. The quest to tailor or improve the substrate uptake of a specific transporter in yeast
is explored in the field of “yeast transporter engineering”. One of the major milestones of this field
(during the investigation and characterization of the sugar transport mechanism in yeast) is the creation
of a yeast strain (named EB.VW4000 [121]) that is devoid of ~20 hexose transporter genes, which
resulted in the inability of the strain to take up glucose and also fructose, galactose, and mannose.
This strain has been an essential tool for the elucidation of transporter function; for engineering and
screening either native or heterologous sugar transporters [122].

A good discussion on the role of yeast transformer engineering in the utilization of various
sugars released from lignocellulosic biomass hydrolysis is reviewed by Hara, et al. [123]. The sugar
transporters that have been engineered and expressed for consolidated bioprocessing (CBP) are those
specific for the sugars derived from lignocellulosic biomass hydrolysates. These sugar transporters are
designed and are currently developed specifically for the transport of: (i) cellobiose or cellodextrin
from cellulose, (ii) xylose, arabinose, and galactose from hemicellulose, and (iii) sucrose and fructose
from starchy plant materials. The details on the identity and the protein engineering methods for the
transporters of the said sugars are as provided in the reference material [123].

In the studies presented in Section 3, so far only the combination of the cellobiose transport and
utilization pathway with yeast surface display been explored for the direct co-display (DYSD) [68],
and complex adaptor assembly strategies (JANNASEY) [77]. Thus, the integration of enhanced
substrate uptake with yeast surface display is a challenging area that is not yet fully explored and
could provide insights on the substrate channeling phenomenon from the displayed enzymes into the
cell via the substrate transporter of interest.

4.3. On Metabolic Engineering for Improved Ethanol Prodution

The inherent ability of the yeast S. cerevisiae to produce ethanol has been its major industrial
selling point for many years. It is considered as a natural ethanologen (ethanol-producing microbe)
that can produce high amounts of ethanol titer from hexose sugars, especially glucose. This capability
of yeast is what made it the ideal host microorganism for consolidated bioprocessing (CBP). When the
CBP strategy was first introduced, the ideal target substrate for direct ethanol conversion was
cellulose (since it mainly consists of linked glucose monomers); this was termed as microbial cellulose
utilization [6,8–10]. Thus, it can be observed from Figure 9 that cellulose was the first substrate type
that was explored by the yeast surface display strategies for CBP. In contrast to hemicellulose (which
is pre-dominantly composed of xylan from plant-based/agricultural waste biomass) where its major
fermentable sugar is xylose, where extra efforts to confer a xylose utilization pathway are needed prior
to ethanol production.

In terms of the combined xylose utilization from hemicellulosic substrates and yeast surface
display strategies, combining the XR-XDH xylose utilization pathway with direct co-display
(DSYD-CD) and with single multi-functional adaptor assembly (JANNASEY-SMFAA) has been
reported by Katahira, et al. [95] and Sun, et al. [99], respectively, while combining the XI-XK xylose
utilization pathway with the single enzyme display consortium (DYSD-SEDC) has been reported
by Tabañag and Tsai [42]. Though the reported ESCY’s of these studies mentioned are quite low
(<30%), these could be improved by the combination of metabolic and evolutionary engineering
methodologies. As the xylose conversion to ethanol occurs via the pentose-phosphate pathway (PPP),
the metabolic engineering of the downstream PPP genes has been reported to have high specific
rates of anaerobic xylose consumption and ethanol production [124,125]. Moreover, combining this
metabolic engineering strategy to overexpress xylose-utilization pathway and downstream PPP genes
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with systematic evolutionary engineering techniques can further improve xylose utilization, ethanol
production, and even inhibitor tolerance [126–130].

4.4. On Process Parameters

In a fermentation system, the conditions of the area surrounding the cell constitute the process
parameters. This involves the physiological conditions surrounding the cell (e.g., temperature, pH,
media, inhibitors), the type of yeast utilized in the process, and mode of cultivation. Furthermore,
when target enzymes are displayed on the yeast surface, it exhibits enhancements on their relative
activities and stability; and to some degree that these enhancements especially on a physiological
level where there is increased tolerance to some medium components. This two-way enhancement
is one of the attractive features that elevate the status of yeast from an immobilization platform to a
whole-cell biocatalyst.

4.4.1. Cultivation Conditions

The feature of yeast surface display systems once they are in the fermentation environment is
that continuous enzyme regeneration (induction) and display on the surface of yeast is coupled with
cell growth. Thus, a properly formulated medium can provide an avenue for optimized enzyme
expression. From the presented studies in Section 3, Fan, et al. [77] supplemented their fermentation
media with galactose for the continuous expression of their adaptor protein vital for the cellulosome
assembly. Since other surface display systems are designed with the constitutive (always on) enzyme
expression condition kept in mind, then it is the fermentation medium composition (given that one
component is a limiting substrate) that directs enzyme expression and display, along with the substrate
utilization and conversion.

In terms of hydrolytic activity, most of the enzymes that are heterologously expressed in yeast
exhibit optimum activities at high temperatures (typically 50–60 ◦C), while the optimal growth
conditions for S. cerevisiae is at a significantly lower temperature (25–35 ◦C). Thus, there should
be a compromise between the hydrolysis activity and yeast growth, and in most cases yeast growth
is always favored at 30 ◦C, which results in a 2–3-fold decrease in the hydrolytic activity of the
said enzymes. Thus, for yeast display systems, the temperature can be optimized to achieve the
optimum hydrolytic activity and ethanol conversion. Khatun, et al. [131] have demonstrated that at an
elevated temperature of 40 ◦C, ethanol production of an inulinase displaying industrial yeast strain
has enhanced when fermented on inulin and Jerusalem artichoke tubers (a starchy substrate) [131].

4.4.2. Host Strain Type

The use of industrial ethanol yeast strains as a host for the yeast surface display technology
can enhance ethanol production from pre-treated substrates as these strains are naturally being
exposed in a constant selective pressure (continuous utilization in an industrial setting), which can
give rise to high ethanol producing mutants. The utilization of an industrial sake yeast displaying
cellulases has produced a high amount of ethanol from a pure cellulosic substrate, as demonstrated by
Kotaka, et al. [60]. Furthermore, the same effect can be observed in some extent when the engineered
yeast strains displaying cellulases undergo diploidization by mating and assessed on their ethanol
fermentation performance, around a 2.5-fold increase in ESCY was observed when comparing the
diploid strain with the haploid one, as reported by Yamada, et al. [66]. This strategy is based on the
fact that polyploid (including diploid) strains have higher cell growth rates, cell yields, and tolerances
to various stresses when compared with haploid strains; wild type industrial yeast strains are diploid
(which has both the a, and α mating types).

4.4.3. Inhibitor Removal by Additional Process Treatment Steps

The presence of inhibitors decrease the expected ethanol yield in during the fermentation.
The presence of these inhibitors adversely affect the cell growth and metabolism. Thus, their removal
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presents another round of pre-treatment step/s. Guirimand, et al. [106] have removed these inhibitors
from rice straw hydrolysate by membrane filtration and at the same time concentrated the fermentable
sugars. Obtained xylitol yield (XSCY) from the membrane-filtered hydrolysate is 1.4-times higher than
the non-filtered, with an approximately 10-fold difference in xylitol titer obtained with respect to the
non-filtered hydrolysate.

Another treatment step is by enzymatic degradation of these inhibitors. Nakanishi, et al. [132]
have utilized yeast displaying the white rot fungus Trametes sp. Ha1 laccase I (LacI) on its surface in the
pre-treatment of hydrothermally processed rice straw. Another strain that co-displays three cellulases
was used to assess the efficiency of pre-treatment and it was found out that the ethanol productivity
from the laccase pre-treatment of rice straw was ~1.2-times higher than the one with no treatment

5. Conclusions

The construction of recombinant yeast strains that display different enzymes via different surface
display strategies have played a significant role in the quest of finding the ideal CBP strain. In most of
the studies that are presented in this article, the performance of the displayed enzymes on yeast was
deemed superior in contrast to their free enzyme counterparts. Furthermore, the different strategies for
yeast surface display and their features were discussed and their performance on bioethanol production
from lignocellulosic biomass substrates were assessed. The trends and progress in lignocellulosic
bioethanol production using the surface-engineered yeasts were evaluated using comparative data
analysis and visualization techniques. The resulting data visualization charts serve as a reference
material on the status on how the different surface display strategies have affected the ethanol substrate
conversion yields between pure polysaccharide and pre-treated lignocellulosic biomass substrates.
On the other hand, a discussion on the strategic areas of development for tailoring yeast with surface
display technology for lignocellulosic bioethanol production was synthesized to serve as a reference
on as to how this field of study will advance.
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Abstract: The hydroxynitrile lyase from Prunus amygdalus was immobilized on Celite R-633.
The immobilized enzyme could successfully be utilized in buffer saturated MTBE and excellent
conversions of benzaldehyde to R-mandelonitrile were observed. No leaching occurred. To achieve
high enantioselectivities, the suppression of the undesired background reaction was essential.
This could be achieved by high enzyme loadings and the tight packing of the immobilized enzymes.
When the immobilized enzyme is loosely packed, both the enzyme catalysis and the background
reaction accelerates and only a modest enantioselectivity is observed. The enzyme was recycled for
up to ten times, with some loss of activity and also enantioselectivity after 5 cycles, independent
of packing.

Keywords: biocatalysis; hydroxynitrile lyase; Oxynitrilase; immobilization; Celite; diffusion; cyanohydrin

1. Introduction

In 1837, the first application of a Hydroxynitrile lyase (HNL), namely Prunus amygdalus HNL
(PaHNL), was reported. In nature, HNLs are an essential part of chemical warfare to defend plants and
animals by the release of toxic HCN [1–3]. They achieve this by catalyzing the release of HCN from
natural cyanohydrins. Ever since the first report of the reverse reaction, the stereoselective synthesis
catalyzed again by PaHNL in 1908, HNLs are the catalyst of choice for the enantioselective synthesis
of cyanohydrins. Their use in the laboratory and factory is well established [1–5]. While industrially
relevant, the enzyme-catalyzed reaction has two drawbacks, the competing racemic, base-catalyzed
chemical reaction and the difficulties with the recycling of the enzyme. Here we describe the
immobilization of PaHNL on Celite to address both problems. In this context, we also look at the
density of packing the immobilized enzyme.

HNLs and enzymes, in general, have often been immobilized [3,6]. While many successful
immobilizations have been described and are applied industrially, a good understanding is still lacking.
In comparative studies on the immobilization of HNLs, it was found that Celite as an environmentally
benign and food grade carrier is often the carrier of choice. Indeed, Celite is broadly used for the
immobilization of many enzymes and successful applications have been described [7–10]. Earlier
studies describe many different HNLs on Celite, normally with good success both for stability as well as
enantioselectivity [3,11–16]. PaHNL on Celite, however, seems to be the exception. This FAD-containing
HNL was immobilized on Celite for the production of pantolactone and even acid resistant mutants
did not yield the desirable enantioselectivity of ee > 97% [11–13]. This is surprising as a study from
1990 demonstrated excellent stability and also enantioselectivity for PaHNL on Celite in mandelonitrile
synthesis [14]. At that stage, enantioselectivity was, however, only determined by optical rotation and not
with the more sensitive chromatographic techniques that are currently applied. As it is known that Celite
can catalyze the racemic cyanohydrin synthesis, albeit slowly [14,15,17], we set out to carefully evaluate

Catalysts 2018, 8, 287; doi:10.3390/catal8070287 www.mdpi.com/journal/catalysts485



Catalysts 2018, 8, 287

all parameters that influence the PaHNL on the Celite catalyzed reaction with mandelonitrile as the target
molecule (Scheme 1).

Scheme 1. The PaHNL catalyzes the R-selective addition of HCN to benzaldehyde, yielding
(R)-mandelonitrile; the base catalyzed and racemic reaction needs to be suppressed to achieve
high enantiopurity.

2. Results

Celite as a carrier material is versatile and environmentally benign. It is a natural material
and exists in countless variations [18]. Unfortunately, the exact Celite type employed for the
previous PaHNL immobilization studies was not described [11–14,17]. In this study, Celite R-633
was utilized to ensure comparability with other HNL immobilization studies that described the
nature of the carrier [15,16]. Commercial PaHNL was employed, lyophilized and then re-dissolved
in a citrate/phosphate buffer at a low pH of 5.4 to suppress the undesired chemical and racemic
background reaction. A third of the protein in these samples was estimated to be the desired enzyme,
as can be seen in the SDS-PAGE (Figure 1). The same buffer was used to wash the Celite R-633.
Reactions were performed in methyl tert. Butyl ether (MTBE). Due to its logP of 1.4, water-immiscible
MTBE is particularly suitable for HNL catalysis and thus, is the chosen reaction media [19]. However,
it is known that HNLs lose their activity in this dry solvent and for this reason, we usually employ
it saturated with buffer [14,20]. Moreover, MTBE dissolves HCN well and a 1.5 M HCN solution in
MTBE is used as it is easy-to-handle and thus a safe source of cyanide [15,16].

Figure 1. The purity determination was performed with Genetool software according to manufactures
instruction of PaHNL on a sodium dodecyl sulfate–polyacrylamide gel electrophoresis (SDS-PAGE) gel.
The white box indicates the enzyme. Sample M is the marker, Pa1 to Pa5 are different concentrations of
commercial samples of PaHNL utilized in this study.

As the reaction system, the immobilized PaHNL on Celite R-633 was utilized in a teabag to ensure
straightforward recycling. The teabag was a standard paper teabag, any brand can be used. Buffer
saturated MTBE with HCN was the solvent, with this single phase system the chemical background
reaction is essentially suppressed in the solvent. Moreover, MTBE is much safer than the commonly
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used diisopropyl ether since it forms essentially no explosive peroxides [21,22]. Additionally, the
enzyme is insoluble in water immiscible organic solvents and thus, the leaching of the catalysts is
highly unlikely. Indeed, a leaching study revealed that no activity could be detected after the teabag
with the immobilized enzyme was removed from the reaction mixture halfway through the reaction
(Figure 2). Deliberately, a very high enzyme loading was used in the experiment to ease the detection
of leaching. Additionally, the carrier material was evaluated for its catalytic activity in the racemic
reaction. As reported earlier [14,15,17], in this case, a slow reaction catalyzed by the buffer washed
Celite R-633 tightly packed in a teabag was observed, approximately 5% in 5 h. This implies that
the desired enantiopurities of ee > 97% can only be obtained if the PaHNL catalyzed reaction clearly
outperforms the background reaction.

Figure 2. The leaching assays for PaHNL. Conditions: benzaldehyde (±106 mg, 1 mmol), 2 ml HCN
solution in methyl tert. Butyl ether (MTBE) (1.5 M), 1,3,5-triisopropylbenzene (±25 mg, internal
standard) and a small, tightly packed teabag filled with PaHNL immobilized on 50 mg Celite R-633
(9.2 U/mg). The reaction was stirred at 900 rpm at room temperature. � and the solid line is the
continuous reaction, and the dashed line is the reaction where the teabag with an immobilized
enzyme was removed after 2 h.

Careful examination of the literature reveals that similar background reactions have been reported
for Celite before [14,15,17] and that the best enantiopurity (ee ~97, albeit at only 37% conversion)
was achieved when a high enzyme loading of 0.86 U PaHNL per mg of Celite was utilized [13].
In the other studies, the lower enzyme loadings were used because higher loadings yielded no
advantage [14]. This indicates that different types of Celite were used in these studies. If the surface
area of the carrier is smaller, full coverage will already occur at lower loading. In the initial study [14],
only 0.65 U/mg of Celite was used, which represents an overload for the particular Celite used in
that study. Already, at a ratio of 0.25 U/mg of Celite, no improvements in the rate were noticed,
at 1 U/mg of Celite, a loss of the rate was reported, signifying the diffusional limitations in that
case [14]. The experiments described here were performed with Celite R-633 that had been used
successfully for the immobilization of other HNLs [16]. Preliminary experiments with Celite R-633
revealed that above 2.6 U/mg, no significant improvements in the rate were observed and that at
6.5 U/mg, the same rate and enantioselectivity (ee = 89%) were measured (Figure 3). Clearly, the type
of Celite presented in this study is favorable for PaHNL immobilization, enabling good conditions
to suppress the background reaction. To ensure this even further, the Celite R-633 was washed with
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50 mM pH 5.4 citrate/phosphate buffer prior to immobilization. Furthermore, the PaHNL was either
desalted prior to the lyophilization and immobilization, or the immobilized enzyme on Celite was
washed extensively in buffer saturated MTBE.

Figure 3. The synthesis of mandelonitrile using PaHNL with different enzyme/support
ratios. Conditions: benzaldehyde (±106 mg, 1 mmol), 2 mL HCN solution in MTBE (1.5 M),
1,3,5-triisopropylbenzene (±25 mg, internal standard) and a small, tightly packed teabag filled with
PaHNL-immobilized on Celite R-633. The teabags contained 50 mg of Celite with an enzyme/support
ratio of 1 U/mg ( and solid line; final ee = 81%), 2.6 U/mg (� and dotted line; final ee = 89%) and
6.5 U/mg (� and dashed line; final ee = 89%). The solution was stirred at 900 rpm at room temperature.

The PaHNL was immobilized on Celite R-633 and then packed into teabags and a magnetic
stirrer bar was attached [16]. As the catalyst recycling studies can easily lead to misinterpretations
if the reactions are left too long [23], the conversion and ee were determined both after 5 and 24 h
(Figure 4). This is based on the observation that after 5 h, no complete conversion was reached while
it was achieved after 24 h. If a loss of activity is observed, this should be immediately visible at the
shorter reaction time. In both cases, enantioselectivities of ee = 94–95% were observed. However, to our
surprise, we noticed an increase in the reaction rate over the first five cycles at the short reaction times
and only then observed a slow decrease (Figure 4a). Commonly a decrease in activity is observed due
to a deactivation of the enzyme. Earlier the treatment of the immobilized enzymes between cycles had
been shown to cause changes in activity, in particular, deactivation [16]. Here the PaHNL was always
in a buffer saturated MTBE, ruling out any influence of the steps between cycles. It was, however,
noticed that the tight packing of the Celite immobilized enzyme became looser during the progress of
the recycling study. This could induce an improved accessibility of the enzyme in the center of the
initially tightly packed bag. After 24 h of reaction time, no loss of activity was observed over ten cycles,
albeit a decrease of enantioselectivity from an ee = 94–95% during the first 6 cycles to 84% in the 10th
cycle took place. This might again point to a better accessibility of all of the particles in the bag as the
Celite is then also more accessible, catalyzing the undesired, racemic background reaction (Scheme 1).
To maintain activity throughout the cycles it was essential to keep the immobilized enzyme in the
buffer saturated solvent and never allow it to dry.
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(a)

(b)

Figure 4. The recycling of the PaHNL immobilized on Celite in ten successive mandelonitrile synthesis
reactions. The assay was performed in duplo and the average of both results is shown. The gray bars
represent the conversion to mandelonitrile (%) and � and the solid line represent the enantiomeric
excess (%). Conditions: benzaldehyde (±106 mg, 1 mmol), 2 mL·HCN solution in MTBE (1.5 M),
1,3,5-triisopropylbenzene (±25 mg, internal standard) and a small, tightly packed teabag filled with
the PaHNL immobilized on Celite R-633 (6.5 U/mg; 50 mg), stirred at 900 rpm at room temperature.
Remarks: before the reaction of cycle 6, the teabag was stored in the fridge over the weekend. (a) Results
after 5 h; (b) Results after 24 h.

To probe the influence of the packing of the PaHNL immobilized on Celite R-633 the study
was repeated with loosely packed particles. As in the earlier experiments, 6.5 U/mg were utilized,
however, the particles could now freely move in the teabag and consequently, any diffusional effect
between the particles could be ruled out. Indeed, this clearly was the case (Figure 5). The reaction
proceeded much faster. After 2 h, a high conversion of >80% was observed. From the third cycle
onwards, this slowly decreased to approximately 50% in the 10th cycle. This trend can be explained
by the gradual deactivation of the enzyme. After 5 h, essentially the full conversion was observed
and this remained for 5 cycles and then gradually declined. Diffusion as a factor of influence on the
reaction was removed and the conversion was improved a lot. Examining the enantiomeric purity
of the products, these experiments do, however, also reveal a downside: throughout the recycling
experiments, the ee was ~75%, independent of the cycle or reaction time. Not only was the PaHNL
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catalyzed formation of R-mandelonitrile much faster, the racemic background reaction catalyzed by the
Celite was possibly accelerated as well. Background reactions performed with loosely packed Celite
supported this observation. Instead of a 5% conversion in 5 h with tightly packed Celite, a conversion
of more than 13% was observed.

(a)

(b)

Figure 5. The recycling of the loosely packed PaHNL immobilized on Celite in ten successive
mandelonitrile synthesis reactions. The assay was performed in duplo and the average of both
results is shown. The gray bars represent the conversion to mandelonitrile (%) and � and the solid
line represent the enantiomeric excess (%). Conditions: benzaldehyde (±106 mg, 1 mmol), 2 mL·HCN
solution in MTBE (1.5 M), 1,3,5-triisopropylbenzene (±25 mg, internal standard) and a small, loosely
packed teabag filled with the PaHNL immobilized on Celite R-633 (6.5 U/mg; 50 mg), stirred at 900 rpm
at room temperature. (a) Results after 2 h; (b) Results after 5 h.

3. Discussion

Celite as a carrier material is safe and straightforward to use. Many HNLs have successfully been
immobilized on Celite. Additionally, PaHNL is readily immobilized on Celite and stable to use. Earlier
work and our current study clearly demonstrate that PaHNL can be used repeatedly and quickly.
Furthermore, good conversions are observed even under stringent test conditions, i.e., short reaction
times. When it comes to enantioselectivity, a remarkable deviation from the behavior of other HNLs
that were immobilized on Celite was noted. PaHNL clearly has difficulties in competing with the
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undesired background reaction. Here it is in particular noteworthy that this is greatly influenced by the
packing of the Celite. Tight packing that hinders diffusion also suppresses the undesired background
reaction. Under these conditions, the overall reaction is slowed but the ee of 95% is close to the desired
enantiopurity of the product. This bodes well for continuous reactions, as the materials will be tightly
packed and might explain the very good optical purities reported earlier [14].

4. Materials and Methods

4.1. Chemicals and Enzymes

All chemicals were bought from Sigma Aldrich (Schnelldorf, Germany). Benzaldehyde was
distilled under nitrogen before use. rac-Mandelonitrile was purified with flash column chromatography.
Commercial PaHNL was purchased from Jülich Fine Chemicals (Jülich, Germany). The enzyme
activity was determined according to a previously described assay based on the decomposition
of rac-Mandelonitrile [24]. An HCN-solution in MTBE was prepared as previously described [16].
The HCN solution was titrated to determine the concentration of HCN. This was done by adding 1 mL
of the HCN solution to 5 mL of 2 M NaOH in a 25 mL Erlenmeyer. The mixture was stirred for 2 min.
Then a small amount of potassium chromate was added as an indicator. The solution was titrated
with 0.1 M silver nitrate. The cyanide will react 1:1 with the silver and will precipitate. If there are no
cyanide ions left in the mixture, the mixture will change color [25]. The HCN solution was found to be
1.5–2.0 M and will be referred to as 1.5 M.

4.2. Immobilization

A total of 2 g of Celite R-633 was washed on a Büchner funnel with 15 mL 50 mM pH 5.4
citrate/phosphate buffer. Next, the Celite R-633 was dried overnight over molecular sieves in
a desiccator under vacuum. Commercial PaHNL was either lyophilized or desalted (to remove
buffer) and then lyophilized. A given number of U PaHNL were redissolved in 600 μL 50 mM pH
5.4 citrate/phosphate buffer. This solution was added to 250 mg Celite R-633 and was dried over
molecular sieves in a desiccator under vacuum.

Packing the PaHNL: Two methods were used for packing the PaHNL, utilizing paper teabags.
Any paper or nylon teabag can be used, but it was noticed that those paper teabags which contain nylon
can be sealed easily and are more robust. Alternatively, the nylon bags as described in Reference [16]
can be employed. All teabags were washed with MilliQ and acetone and dried in a desiccator
under vacuum overnight. Both methods used a small bag which entrapped the 50 mg celite with
an enzyme/support ratio of 6.5 U/mg or as shown in Figures 2 and 3. A magnetic stirring bar was
packed into a small but separate bag. Next, the bag containing the enzyme was attached to the bag
with the magnetic stirring bar. If PaHNL was not desalted prior to lyophilization, the enzyme packages
were placed in a vial containing a buffer saturated MTBE (50 mM pH 5.4 citrate/phosphate buffer) for
4 d, while stirring 900 rpm to equilibrate. The buffer saturated MTBE was refreshed 8 times during
these 4 d to ensure a stable pH value.

Method A (Figure 6a): a teabag for the entrapment of the enzyme and magnetic stirring bar was
utilized. A small piece of string was used to tie the bags together. The enzyme on the carrier was
tightly packed allowing for no movements of the particles.
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(a) (b)

Figure 6. (a) the packing of Celite immobilized PaHNL in a tightly packed bag; (b) Loosely packed
Celite immobilized PaHNL; two bags (one with the enzyme, the other with the stirrer bar) are attached
to each other.

Method b (Figure 6b): as above, a teabag for the entrapment of the immobilized enzyme was
utilized. Celite particles were loosely packed, allowing movement of the particles. This bag with the
enzyme was sealed together with a blue nylon bag containing the magnetic stirring bar. With both
methods, no leaking of the solid material was observed.

4.3. Leaching Assay

To check for possible leaching of the enzyme out of the enzyme package, 2 mandelonitrile synthesis
reactions were performed in parallel. The only difference between the two reactions is that the enzyme
package was removed from the reaction mixture after 2 h at approximately 20% conversion, whereas
the enzyme package in the other reaction mixture remained present. The reaction conditions were
PaHNL immobilized on 50 mg Celite R-633 (9.2 U/mg) packed according to method A, benzaldehyde
(±106 mg, 1 mmol), HCN solution in MTBE (1.5 M), 1,3,5-triisopropylbenzene (±25 mg, internal
standard), the stirring speed was 900 rpm, and the reaction was performed at room temperature. Small
samples (10 μL) were taken at regular intervals and were analyzed as described below in the Section 4.6
analysis. For results, see Figure 2.

4.4. Enzyme/Support Ratio Assay

Three mandelonitrile synthesis reactions were performed to determine the best enzyme/support
ratio. The reaction conditions were benzaldehyde (±106 mg, 1 mmol), the HCN solution in MTBE
(1.5 M), 1,3,5-triisopropylbenzene (±25 mg, internal standard) and a small, tightly packed teabag
filled with PaHNL-immobilized on Celite R-633 packed according to method A, at 900 rpm, at room
temperature. The three reactions used different enzyme/support ratios, namely 1 U/mg, 2.6 U/mg
and 6.5 U/mg. Small samples (10 μL) were taken at regular intervals and were analyzed as described
below in the Section 4.6 analysis. For results, see Figure 3.

4.5. Recyclability Assay

To determine the recyclability of PaHNL on Celite, 10 reaction cycles of mandelonitrile synthesis
were performed in duplicate for both the method A and method B packing. In between the
cycles, the enzyme packages were washed for 10 s in 2 mL buffer saturated MTBE (50 mM pH
5.4 citrate/phosphate buffer). After washing, the packages are either directly reused or stored in
a clean vial with 2.1 mL buffer saturated MTBE (50 mM pH 5.4 citrate/phosphate buffer) if necessary
in a fridge at 4 ◦C overnight. The reaction conditions were benzaldehyde (±106 mg, 1 mmol), a HCN
solution in MTBE (1.5 M), 1,3,5-triisopropylbenzene (±25 mg, internal standard), a packed teabag filled
with PaHNL-immobilized on Celite R-633 with enzyme/carrier ratio 6.5 U/mg, packed according
to method A or B, and stirred at 900 rpm at room temperature. Small samples (10 μL) were taken
at regular intervals and were analyzed as described below in the Section 4.6 analysis. For results,
see Figures 4 and 5.
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4.6. Analysis

The 10 μL sample was added to 990 μL heptane:2-propanol 95:5 in an Eppendorf tube of 1.5 mL.
A small amount of 97% pure anhydrous MgSO4 was added to the 1.5 mL Eppendorf tube to remove the
water from the solution. This Eppendorf tube was then centrifuged for a short period. The supernatant
was transferred into a glass HPLC vial and 10 μL was injected into the HPLC (LC-20AD (Shimadzu,
Kyoto, Japan) liquid chromatograph and a SPD-20A UV-VIS detector (Shimadzu, Kyoto, Japan).
The HPLC had an auto-sampler (SIL-20AC (Shimadzu, Kyoto, Japan)) HT auto-sampler (Shimadzu,
Kyoto, Japan) at 4 ◦C and a column (Chiralpak AD-H (Daicel, Osaka, Japan) column). The column
oven of the HPLC (CTO-20AC) (Shimadzu, Kyoto, Japan) was set at 40 ◦C and the UV detection was
set at 216 nm and the flow rate was 1 mL/min with the heptane:2-propanol as the mobile phase.

5. Conclusions

PaHNL was successfully immobilized on Celite R-633. The immobilized enzyme can be recycled
and it was found that dense packing was essential to achieve good enantioselectivities. This is
necessary to suppress the undesired Celite catalyzed background reaction. When the teabag with
immobilized enzyme was tightly packed the enzyme could be used 6 times with excellent yields and
high enantioselectivity; then a slow decrease of enantioselectivity was observed.
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