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Preface to ”Geomicrobiology and Biogeochemistry of

Precious Metals”

Precious metals continue to have economic and sociocultural importance, as their usage evolves

and diversifies over time. Since antiquity, gold, silver, and, later, platinum-group elements have

been valued as currencies and stored-investment commodities. Today, the industrial application

of precious metals is increasing with the development of scientific and technological innovations.

For example, the discovery of microbial resistance mechanisms to highly toxic mobile precious

metals can be used in biosensors and bioindicators for gold, silver, and platinum, thereby expanding

biotechnology into mineral exploration and hydrometallurgy. From a geochemical perspective, the

in situ cycling and transformation of precious metals is a dynamic balance between dissolution,

transport, and reprecipitation processes that are catalysed by the biosphere. Microbial weathering

mobilises precious metals by releasing metals ‘trapped’ within minerals and by solubilising these

metals via oxidation-promoting complexation. Higher organisms such as plants mitigate precious

metal mobility within soils and hydrological regimes. The cycling of precious metals is completed

as microbes destabilise soluble metal complexes through bioprecipitation and biomineralisation,

forming secondary colloids, crystalline microparticles, as well as macroscopic grains and even

nuggets.

This Special Issue brings together studies in the areas of geomicrobiology and biogeochemistry

of precious metals. Contributions that enhance the fundamental understanding of how biogenic

processes affect precious metal cycling and of how this knowledge can lead to applications for

exploration, mineral/ore processing, and bioremediation are presented in this volume.

Frank Reith, Jeremiah Shuster

Special Issue Editors
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The effect of bioorganic and geobiological processes on the mobility of precious metals, especially
gold and platinum, has been the subject of scientific debate for more than 100 years [1–3]. While silver
mobility under near-surface environmental conditions was widely accepted, the dogma of the
immobility of gold and platinum in Earth surface environments and the purely detrital formation of
placer gold only fell in the 1980s and early 1990s. This was the result of a series of studies showing
nanophase and secondary gold formation on placer gold from New Zealand, Australia and the United
States [4–6]. The advent of suitable biomolecular tools in the 2000s combined with high-resolution
micro-analytical techniques revealed that microbial biofilms play a critical role in gold and platinum
mobility as well as placer particle transformation. The fundamental processes driving the cycling
of these elements is now better understood than ever before [7–9]. This current issue builds upon
previous research in precious metals by bringing together recent studies in the areas of geomicrobiology
and biogeochemistry. Collectively, these studies enhance the fundamental understanding of the
process and explore biotechnological applications for precious metal exploration, ore processing
and bioremediation.

In their review, Shuster and Reith [10] summarize current processes concerning gold cycling
and point to the need to determine the kinetics of these processes to develop applications for the
minerals industry. How environmental kinetics can be determined is highlighted in the study by
Shuster et al. [11], which assesses biogeochemical silver cycling in acidic, weathering environments
at three abandoned open-pit mines in Spain. By using bacterial enrichment cultures combined with
micro-analytical tools, the kinetics of silver mobility was estimated for different types of silver-bearing
regolith materials: Gossans, terrace iron formations, and mine soils represented a range of years in
which biogeochemical silver cycling had occurred. The study by Mechiorre et al. [12] demonstrated
that placer gold grains and nuggets from Rich Hill (Arizona, USA), contain detailed records of physical,
chemical and biological transformation triggered by wet/dry paleoclimate transitions. Biogeochemical
transformations result in changes to the chemistry placer gold, the generation of nano-particulate
gold and the production of polymorphic biofilm layers containing manganese-iron-barium oxide.
On the other side of the world in New Zealand, Kerr and Craw [13] found that detrital gold in
Late Pleistocene–Holocene placers was chemically mobilized and redeposited at the micron scale
by biologically mediated reactions along redox boundaries in the sediment–groundwater system.
In this environment, microbial sulfur-oxidation and (thio)sulfate-reduction drive gold dissolution and
re-precipitation processes. This study, therefore, also points to the need for a better integration of
biogeochemical cycles of precious metals with other large biogeochemical cycles, e.g., those of carbon,
nitrogen and sulfur. In their application-driven study, La Vars et al. [14] achieve this by assessing
Acidithiobacillus ferrooxidans and its associated extracellular polymeric substances (EPS). This bacterium
forms biofilms on the surface of gold-bearing sulfide mineral pyrite and the resulting EPS may be
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a viable alternative depressant of pyrite for froth flotation. A large step towards integrating platinum
and carbon cycling, especially the decomposition of humic acids was achieved by Bowles et al. [15],
who showed that mobile platinum species can catalyze the breakdown of the longer n-alkanes to form
C14–22 alkanes. Thereby, this mechanism offers additional important evidence for the presence of the
platinum complexes in soil solution and confirming platinum mobility in soils.

Crucially important for the development of bioprocessing applications as well as for the
emerging field of gold/platinum nano-bioscience, is understanding the mechanism leading to
the sorption and reduction of mobile noble metal complexes as well as the biomineralization of
nanoparticles by microbial cells. For example, Rizki and Okibe [16] showed that the acidophilic,
Fe(III)-reducing heterotrophic bacterium, Acidocella aromatica, was capable of forming intracellular gold
nanoparticles from highly-acidic Au(III)-complexes containing solutions via a simple one-step reaction.
The study by Campbell et al. [17] demonstrated that the known gold-resistant bacterium Cupriavidus
metallidurans was also capable of precipitating nanometre-scale platinum particles. These were formed
primarily along the cell envelope, where energy generation/electron transport occurs. These studies
corroborate the important role of bacteria for the transport of gold and platinum in natural systems
leading to the formation of dispersion halos, which are widely used in precious metal exploration.
Natural nanoparticle mobility of precious metals and the increasing anthropogenic use of gold and
silver can lead to the large-scale release into the environment. Therefore, ecotoxicological pathways
need to be studied, as was done by González et al. [18], who studied gold nanoparticle toxicity in
freshwater diatoms. The results suggested that cell photosynthesis can lead to a decrease in gold
nanoparticle adsorption and uptake by cells. This can be considered as a mechanism of passive
detoxification driven by the exertion of organic ligands. Using microbiota to reclaim noble metals from
electronic waste (e-waste) is currently a hot research topic due to the large environmental and human
costs of reclaiming these metals using ‘standard’ techniques. As e-waste is a highly complex mixture
of various toxic heavy metals, noble metals and plastics, understanding the effect of bacterial–fungal
interactions on these materials is important to control the release of toxic side products. This was
studied by Losa and Bindschedler [19], who assessed the synergistic bioremediation capabilities of
bacterial–fungal couples to mobilize and immobilize cadmium in e-waste. They suggested that using
microbial consortia, rather than single species, represents an innovative alternative to traditional
bioremediation approaches, especially for the development of new biotechnological approaches in
urban mining.

Overall, we hope this special issue will contribute further to the understanding of the geobiological
cycling of noble metals, enhance the scientific debate and point the way towards making good use of
our understanding of the possibility of a sustainable future.

Funding: F.R. is an Australian Research Council Future Fellow at the University of Adelaide (FT
100150200); funding for J.S. was provided by the University of Adelaide.

Conflicts of Interest: The authors declare no conflicts of interest.
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Abstract: Research in gold (Au) geomicrobiology has developed extensively over the last ten years,
as more Au-bearing materials from around the world point towards a consistent story: That microbes
interact with Au. In weathering environments, Au is mobile, taking the form of oxidized, soluble
complexes or reduced, elemental Au nanoparticles. The transition of Au between aqueous and solid
states is attributed to varying geochemical conditions, catalyzed in part by the biosphere. Hence,
a global Au-biogeochemical-cycle was proposed. The primary focus of this mini-review is to reflect
upon the biogeochemical processes that contribute to what we currently know about Au cycling.
In general, the global Au-biogeochemical-cycle begins with the liberation of gold-silver particles
from a primary host rock, by physical weathering. Through oxidative-complexation, inorganic
and organic soluble-Au complexes are produced. However, in the presence of microbes or other
reductants—e.g., clays and Fe-oxides—these Au complexes can be destabilized. The reduction of
soluble Au ultimately leads to the bioprecipitation and biomineralization of Au, the product of which
can aggregate into larger structures, thereby completing the Au cycle. Evidence of these processes
have been “recorded” in the preservation of secondary Au structures that have been observed on
Au particles from around the world. These structures—i.e., nanometer-size to micrometer-size
Au dissolution and reprecipitation features—are “snap shots” of biogeochemical influences on Au,
during its journey in Earth-surface environments. Therefore, microbes can have a profound effect on
the occurrence of Au in natural environments, given the nutrients necessary for microbial metabolism
are sustained and Au is in the system.

Keywords: gold-biogeochemical-cycling; microorganisms; bacteria; biomineralization; gold
nanoparticles; soluble gold; secondary gold; gold dissolution/reprecipitation; gold transport; gold
kinetic mobility; gold particles; gold nuggets

1. Introduction

Gold is a precious metal that has been sought-after since antiquity, due to its rarity, inertness, color,
and malleability. With increasing advances in technology, Au has found a greater use in electronic
and biomedical applications, which has contributed to the socioeconomic and cultural demand
of this commodity. It has been estimated that Au has an average concentration ranging between
1.3–1.5 μg/kg−1 in the Earth’s crust [1,2]. However, Au is not evenly distributed since deposits often
contain Au concentrations 104 times higher than the crustal average [1,3]. Gold deposits are broadly
categorized as either primary or secondary. In general, primary Au deposits are often associated with
quartz and polymetallic sulfide minerals, formed in high-pressure and temperature environments deep
below the Earth’s surface. When primary sources are subjected to uplift and/or physical weathering
(e.g., eluvial, colluvial or (glacio)-fluvial processes), secondary Au deposits (i.e., placers) can eventually

Minerals 2018, 8, 401; doi:10.3390/min8090401 www.mdpi.com/journal/minerals4
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be formed. During weathering, Au is “liberated” and often occurs as variously-sized particles, also
known as Au nuggets, grains, and flour Au [3–6]. It has been estimated that 183,000 tonnes of Au have
been mined, with about a quarter being derived from secondary (placer) deposits [1]. Based on current
global demands, the need to supply Au will continue well into the future, despite the increasingly
reduced availability of conventional economically and environmentally-viable sources.

Bacteria and Archaea are considered to be the simplest form of life that are capable of metabolism.
They have existed for billions of years and are ubiquitous in nature [7]. Metabolically-active microbes
are capable of altering the geochemistry of their surrounding environment, for example, by catalyzing
redox reactions, and adapting to conditions that would be considered extreme by other forms of
life [8–11]. In terms of Au geomicrobiology, the earliest studies have shown that various
microorganisms can solubilize Au (i.e., Chromobacterium violaceum [12]) or reduce soluble Au to
form elemental Au nanoparticles (i.e., Bacillus subtilis [13]). These early studies have provided the
basis for further research, demonstrating that Au dissolution and precipitation processes are often
linked to the cycling of other elements, such as carbon, iron and sulphur [11,14–16]. More importantly,
they have been important for the development of a hypothetical model that describes a global,
Au-biogeochemical-cycle, driven by microbes [17]. In this holistic model, bacteria directly influence Au
solubilization, Au-nanoparticle formation, nanoparticle aggregation, and Au (re)distribution within
the natural environment. This model provides us with a perspective for viewing the mobility of Au
and how it can “travel” under near-surface, environmental conditions.

From a materials perspective, the extent to which simple forms of life can influence the state
of Au is remarkable, especially since this precious metal has traditionally been considered inert,
and therefore, immobile. In light of these bacterial-Au interactions, it is worth considering greater
applications of the biosphere with regards resource exploration and recovery. To date, biotechnology
for industrial-scale Au production is underused [18,19]. Gold biogeochemistry will provide novel
sampling-media, such as biosensors and bioindicators, or strategies to expand our current ability to
trace Au, during exploration. Applications such as these enhance detection of Au anomalies in natural
soils and sediment, and identify additional targets for exploration [20]. An improved understanding of
biogeochemical processes will also provide promising outcomes for the recovery of Au from materials
that are conventionally considered waste (i.e., mine-tailings, sewage sludge, and outdated electronics).

Previous reviews on Au geomicrobiology have largely focused on fundamental processes for
the purpose of potential exploration [14,21]. The objective of this mini-review is to highlight the
influence of microbes on the biogeochemical cycling of Au under surface and near-surface conditions,
by reflecting upon a variety of interdisciplinary studies that have contributed to the field of Au
geomicrobiology. In doing so, we hope to provide a comprehensive glimpse of Au geomicrobiology
and impart a greater appreciation of how life plays an important role in Au-biogeochemical-cycling.

2. Soluble Gold Complexes

Elemental Au is derived from primary or secondary sources. It can be dissolved in the presence of
strong oxidizing agents and coordinating ligands, to form soluble-Au(I) or Au(III) complexes [22–25].
The formation of such complexes is dependent on the availability of oxidizing agents and ligands,
which are influenced by the (bio)geochemistry of the surrounding environment [22,26–29]. From a
geochemical perspective, chloride (Cl−) and thiosulfate (S2O3

2−) are considered the two-most-likely
coordinating ligands for the solubilization of Au. In saline to hypersaline environments, AuCl4− would
likely be the dominant, soluble-Au complex, since excess Cl− ions would be available as a coordinating
ligand [26] (Reaction (1)). However, in environments where Cl− ions are less abundant, thiosulfate
(S2O3

2−) compounds are considered an important coordinating ligand that forms soluble Au(S2O3)2
3−.

Thiosulfate and other polythionates are produced during the (bio)oxidative weathering of metal
sulphides. Therefore, (S2O3

2−) is reasonably considered to be a likely coordinating ligand, especially if
elemental Au or Au/Ag alloys are closely associated with primary, metal-sulfide minerals [26–28,30]
(see Reactions (2) and (3). Note that M represents metal). Cyanide (CN−), an inorganic acid, can also act
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as a coordinating ligand to form Au(CN)2
−, which has been detected in waters from Au mine-tailings

and bores [24,31]. At mine sites, CN− can be derived from anthropogenic sources that were released
during leaching processes, e.g., heap-leaching of Au-bearing ores [32]. In natural environments, some
microbes, such as C. violaceum, are known to produce CN− as a by-product of metabolism and have
been shown to solubilize elemental Au [12,33,34] (see Reaction (4)). It is important to note that under
surface conditions, a number of organic Au complexes can occur. This is because organic acids, such
as amino-, humic- and fulvic acids, can contribute to the solubilization of Au [35–40].

Au0
(s) + 4Cl−(aq) +

1
2

O2(aq) + 2H+
(aq) → 2AuCl2−(aq) + H2O(aq) (1)

MS2(s) + 6M3+
(aq) + 3H2O(aq) → S2O3

2−
(aq) + 7M2+

(aq) + 6H+
(aq) (2)

2Au0
(s) + 2S4O6

2−
(aq) + 2H2O(aq) + M2+

(aq) → 2Au(S2O3)2
3−

(aq) + 4H+
(aq) + MO2(s) (3)

Au0 + 2CN−
(aq) +

1
2

H2O(aq) +
1
4

O2(aq) → 1
4

Au(CN)2
−

(aq) + OH−
(aq) (4)

Hydrogeologic regimes are physically and chemically-dynamic systems. Therefore, it is important
to consider that physical factors, such as convective mixing of different groundwaters, can affect
the mobility and transport of soluble-Au complexes [23,41]. Chemical factors, such as ambient pH,
can influence the stability of soluble-Au complexes. For example, Au(S2O3)2

3− is generally more
stable under pH neutral conditions, whereas Au(III)-chloride complexes are more stable under acidic
conditions [22]. Additionally, Au(I) complexes are generally considered to be less stable and more
transitory, as they can readily dissociate into elemental Au and Au(III). The existence of Au(III) has
been confirmed in circum-neutral, saline waters [24]. Therefore, the speciation of Au in any given
environment must also be considered dynamic, as the formation of various soluble-Au complexes can
occur. In the context of Au-biogeochemical-cycling, understanding how the formation of soluble Au
occurs is important for understanding its mobility in near-surface environments.

3. Gold Biomineralization and Biochemistry

The dispersion and (re)concentration of metals in natural environments by biogeochemical
processes was first suggested by Goldschmidt [42]. Approximately half a century later, microbial cell
walls were identified as important structures separating intracellular and extracellular environments,
as well as playing a role in mineral nucleation [43,44]. In general, the net negative charge of
microbial cell surfaces is responsible for metal ionization and binding. This passive biomineralization
mediated by biological systems is a mechanism in which mineral precipitates can nucleate on cellular
“templates” [11,44,45]. In the context of Au biomineralization, multiple studies have assessed the
reduction mechanisms and capacities of various metabolizing and non-metabolizing microorganisms,
when exposed to a variety of different soluble-Au complexes [13,15,16,46–54]. The exposure of microbes
to soluble-Au complexes often results in the extracellular or intracellular formation of nanophase
Au0 colloids or crystals [13,15,16,46–50], as seen in Figure 1. These secondary-Au structures are
formed, as organic material acts as a source of electrons, which can be stripped away by oxidized Au
(see Reaction (5)). Therefore, cell envelopes function as kinetic factors that directly reduce soluble-Au
complexes, forming elemental Au in the form of nanophase colloids, as well as crystalline structures.
It is important to remember that heavy metals are often highly cytotoxic. This includes soluble-Au
complexes. Soluble metals are capable of causing cells to lyse, thereby releasing intracellular material.
When these organic materials are released into the surrounding environment, they can act as additional
reducing-agents for the reduction of the soluble metal [16,55]. The resilience of biofilms to the toxic
effects of soluble Au has been demonstrated [16]. Cells located at the biofilm-fluid-interface are often
directly exposed to Au-bearing solutions. The reduction of soluble Au by cells at this interface protects
cells deeper within the biofilm from the toxic effects of soluble Au. This suggests a sustained mode of
Au biomineralization and highlights the potential for the mobility of Au as nanoparticles, as well as the
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accumulation of these nanoparticles to form larger structures. Therefore, in near-surface environments,
biomineralization has the potential to be a continuous process, so long as the metabolic growth of
microbes is sustained [11,16].

Au+
(aq) + CHO2

−
(s) → Au0

(s) + CHO2(s) (5)

 

Figure 1. A Transmission Electron Microscopy (TEM) micrograph of an acidophilic, iron-oxidizing
bacterium, mineralized in Au nanoparticles. These nanoparticles were produced by the reduction of
Au(III)-thiosulfate. Extracellular mineralization lead to the disruption of the cell membrane resulting
in a “frayed” appearance (A) [15]. A low-magnification, secondary-election (SE) SEM micrograph
of colloidal Au sulfide was produced by the iron-rich, spent medium of acidophilic, iron-oxidizing
bacteria (B) [15]. A false-colored, SE SEM micrograph of a sulfate-reducing bacterial biofilm, coated
with Au nanoparticles (highlighted in yellow) from the reduction of Au(III)-chloride (C) [16]. Note
the rod-shaped cells (upper arrow, (C)) and the associated iron sulfide mineral-precipitate (lower
arrow, (C)). A high-magnification TEM micrograph of Au nanoparticles produced from the exposure
of delftibactin to Au(III)-chloride (D). Note the co-precipitation of quasi-spherical nanoparticles and
octahedral platelets (arrow in (D)).

Microbes capable of iron or sulfur oxidation/reduction are considered important contributors to
Au biomineralization, because the cycling of these elements is closely linked to the biogeochemical
cycling of Au (Figure 1A) [15,16,49]. The active metabolism of these chemolithotrophic bacteria are
known to make by-products that can reduce soluble Au, and therefore, are considered an indirect
mechanism of Au biomineralization. For example, acidophilic, iron-oxidizing bacteria generate
increased concentrations of ferric iron and acidic conditions, which are both known to destabilize and
subsequently reduce soluble Au(I)-thiosulfate, as shown in Figure 1A,B (see Reactions (6)–(9)) [15].
In a similar manner, iron sulfides produced by sulfate-reducing bacteria can reduce Au(III) chloride,
as shown in Figure 1C (see Reaction (10)) [16]. Additionally, some metal-resistant microbes, such
as the bacterium, Delftia acidovorans, are known to contribute to Au biomineralization by excreting
secondary metabolites (e.g., delftibactin) into the extracellular environment to bind and reduce soluble
Au [56]. This mode of Au biomineralization is a survival mechanism that can reduce soluble Au
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distally from the cell. Interaction of soluble Au with delftibactin produces nanophase Au in the form
of pseudo-spheres and octahedral platelets, as shown in Figure 1D. Similarly, Cupriavidus metallidurans
is a metallophilic bacterium that contributes to the bacterial diversity of biofilms living on the surface
of Au particles from numerous sites, worldwide. It has been shown to mediate Au detoxification
and biomineralization by a series of specific mechanisms [57–59]. In general, Au(III) complexes,
as well as Cu(II) ions, can enter into the periplasmic space of bacterial cells. These soluble metals
become reduced upon contact with the cell, forming Au(I) and Cu(I), respectively. They are then
transported into the cytoplasm. While certain Cu(I) concentrations are beneficial for cells to carry out
metabolic functions, a surplus of Cu is toxic and must be eliminated. As such, Cu(I) is transferred
to the periplasm by P-type ATPase CupA and deposited to the cell’s exterior by the trans-envelope
efflux system, CusCBA. In the cytoplasm, Au(III) can bind to CupC, thereby inhibiting the Cu(I) efflux
pump, CupA [58]. This pump is then unable to export surplus cytoplasmic Cu(I). The inhibition of
these pumps by Au(III) is responsible for the observed synergistic Cu and Au toxicity that can occur in
auriferous environments [58]. Therefore, C. metallidurans is able to counteract the synergistic toxicity of
cytoplasmic Cu(I) and Au(I) by CopA- and O2-dependent oxidation to Au(III). Au(III) is then exported
to the periplasm, where it is directly reduced to nanophase Au0. These reactions reduce the toxicity of
soluble-Au complexes by actively reducing soluble Au to its elemental form [60].

8Fe3+
(aq) + Au(S2O3)2

3−
(aq) + 5H2O(aq) → Au+

(aq) + S2O3
2−

(aq) + 2SO4
2−

(aq) + 10H+
(aq) (6)

S2O3
2−

(aq) + H2O(aq) + H+
(aq) → H2SO4(aq) + HS−(aq) (7)

2Au+
(aq) + HS−(aq) → Au2S(s) + H+

(aq) (8)

Au+
(aq) + Fe2+

(aq/s) → Au0
(s) + Fe2+

(aq) (9)

HAuCl4(aq) + FeS(s) → Au0
(s) + Fe3+

(aq) + S(aq) + 3Cl−(aq) + HCl(aq) (10)

4. Gold Particle Transformation

A better understanding of Au-biogeochemical-cycling has been attained through a range of
studies looking at the structure and chemistry of placer Au particles. Studies that have observed
microbes on the surface of placer Au particles, as well as the detection of microbial communities, have
provided additional insight into the biogeochemical cycling of Au [17,61–67]. Gold derived from a
primary source, (e.g., hydrothermal or epithermal, Au-rich porphyry or Au-rich-porphyry-Cu deposits)
often occurs as an alloy with varying amounts of silver (Ag). The Au:Ag ratio of these alloys is a
signature that is indicative of the type of primary source from which the alloy was derived [5,68–71].
From epithermal sources, such as the San Salvador veins of the Capillitas mine, Au can occur as
micrometer-sized, irregularly-shaped, Au-Ag inclusions that are hosted within a polymetallic sulfide
mineral [72,73]. The dissolution of polymetallic sulfides is catalyzed by chemolithotrophic bacteria,
such as iron- or sulfur-oxidizers [74–76]. It has been demonstrated that bacterially-catalyzed dissolution
of Au-bearing metal sulfide minerals can release Au–Ag inclusions. In one study, liberated inclusions
occurred as buoyant, hydrophobic particles. More importantly, this study highlighted the extent to
which microbial processes could act on primary sources, thereby producing placer Au particles [77].

Although pure Au particles exist, placer Au particles from around the globe often contain three
structural features: A Au-Ag alloy core, a Au-enriched rim, and secondary Au structures. While
these features are common on all particles, their expression is highly variable and reflects the unique
journey of transformation that this Au particle has undergone. The overall morphologies of Au
particles have been described in terms of shape and length of the longest axes, perpendicular short
axes, and heights. These physical qualities, attributed to mechanical reshaping, have been used as
indicators for how far Au particles have been transported from their respective primary origin [68].
While Au:Ag ratios of cores reflect the origin of Au particles, Au-enrichment of particles reflect the
extent of biogeochemical weathering that particles experienced under near-surface conditions. Gold
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enrichment is often characterized as rims that occur at the outer edge of particles in cross section.
These rims can vary in thickness and are often composed of pure (>99 wt %) Au. Polymorphic layers
are comprised of clay minerals, residual organic material, bacterial cells, and secondary Au structures.
These layers often occur within crevices, which is to say, topographically-low regions, at the surface of
Au particles [64,66,67,78]. Secondary Au structures are nanometer–micrometer-scale features that occur
on Au particles. With increasing sophistication of electron microscopes, the characterization of these
secondary Au structures has greatly improved, thereby providing a better understanding of Au-particle
transformation. Secondary Au structures can be broadly categorized into two groups, based on the
processes that contribute to their formation: Au/Ag dissolution and Au reprecipitation. It is the
balance between these two, biogeochemical processes that drives the cycling of Au and contributes to
the transformation of Au particles. The solubilization of Au and Ag from Au particles (for example,
by dealloying or (bacterially-catalyzed) solubilization) leads to the formation of dissolution features
which include striations, porous structures, and bacteriomorphic Au [62,66,67,77,79,80]. These features
are attributed to (bio)geochemical-dissolution processes, as striations often occur along Au crystal
boundaries [80]. Bacteriomorphic Au also contains a crystalline fabric, containing both Au and
Ag, which is reminiscent of the primary material [66]. As previously mentioned, dissolved Au
occurs as soluble-Au complexes that can be directly reduced by bacteria or other organic/inorganic
reductants, to form pure, Au0 nanoparticles. While these nanoparticles often appear quasi-spherical
in shape, they are actually nanophase crystals. At micrometer-scales, euhedral crystals are more
clearly-defined and variability in structures is apparent, as shown in Figure 2. It is important to keep
in mind that Au-dissolution processes, acting on a Au particle, can also act upon Au nanoparticles,
thereby increasing structural variability. Therefore, it is reasonable to deduce that, with increased
Au solubilization from an Au particle, subsequent reduction of the soluble complex will either form
more abundant nanoparticles or allow nanoparticles to grow in size. Additionally, secondary Au
structures can be physically altered during mechanical re-shaping, which suggests a balance between
(bio)geochemical and mechanical weathering processes. Therefore, secondary Au structures are
relicts—physical evidence of past, biogeochemical processes that have transformed particle surfaces
and have attributed, in part, to the activity of microbes [61,66,67,77,81], as shown in Figure 3.
Interestingly, Au particles that exhibited a greater extent of transformation also contained biofilms
with a more-specialized, metal-tolerant, microbial community [61,67]. Though Au is conventionally
considered an inert metal, the interaction between microbes and Au particles highlights not only an
influence of bacteria on Au-particle-structure and chemistry, but on microbial diversity as well, with
regards increased resistance to Au toxicity.

. 

Figure 2. A high-magnification, BSC SEM micrograph of two octahedral, Au platelets, partially
embedded within clay minerals (A). A false-colored BSC SEM micrograph of the octahedral platelet
(arrow in (A)), rotated ca. 38◦. The dashed lines highlight the six of the eight sides of this euhedral
crystal (B) [64]. These types of nanoparticles commonly occur on the surface of placer Au particles
(e.g., inset, (A)).
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Figure 3. A schematic diagram of the Au biogeochemical cycle occurring at the surface of a placer Au
particle, using a false-color SE SEM micrograph of a focus-ion-beam (FIB)-milled cross-section through
a polymorphic layer: the interface where Au dissolution and reprecipitation processes occur. A BSC
SEM micrograph of an above view of the polymorphic layer (inset). Bacteriomorphic Au structures
are interpreted to be part of the primary particle core, as both contain an Au/Ag crystalline fabric.
Gold/Ag dissolution lead to the reduced size of the primary core and the formation of bacteriomorphic
structures. Intuitively, these structures would eventually be completely dissolved over time. Solubilized
Au can be “lost” to the surrounding environment or can be precipitated as Au nanoparticles. The
accumulation and aggregation of pure Au nanoparticles can lead to the development of Au-enriched
rims. Overall, Au-biogeochemical-cycling contributes to the transformation of placer Au particles.

5. Secondary Gold Transport and Kinetics of Gold Biogeochemical Cycling

As previously highlighted, microbes contribute to the dissolution and precipitation of Au.
Evidence of this biogeochemical, Au cycle is supported by the structure and chemistry of placer
Au particles and the functional capabilities of the biofilms detected on them. Since Au nanoparticles
are formed from the reduction of soluble-Au complexes, the mobility of Au nanoparticles is also
worth considering. In addition to microbes, various clay minerals, S- or Fe-bearing complexes, and
other minerals have been shown to act as reducing agents for soluble-Au complexes, leading to
the formation of Au nanoparticles [82–86]. Therefore, it is reasonable to suggest that in the natural
environment Au nanoparticles are mobile within hydrogeological regimes. However, organic material,
clays, and Fe-bearing minerals have also been shown to readily adsorb Au nanoparticles, rendering
them immobile [87–89]. Biofilms act like glue, by trapping nanophase Au particles and gradually
accumulating more Au nanoparticles over time. When these Au-encrusted biofilms are subjected to
sedimentation processes, the accumulated Au nanoparticles become aggregated into larger nugget-size
particles [90]. The formation of these Au particles from biogeochemically-produced, Au nanoparticles
suggests that there are some Au particles that are completely composed of secondary Au in the
natural environment.

A better understanding of the dynamics of Au occurrence (i.e., soluble-Au complexes, Au particles,
and Au nanoparticles), as well as Au mobility within hydrogeological regimes, will provide the
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opportunity to assess the kinetics of Au-biogeochemical-cycling in any given environment. Of the two
processes constituting the biogeochemical cycling of Au, we have seen that Au reprecipitation occurs
rapidly. Therefore, the Au dissolution process can be considered the rate-limiting step. The formation
of Au nanoparticles from the reduction of soluble-Au complexes produces a normal distribution
of nanophase, pseudo-spheres of varying sizes. Variation in nanoparticle sizes depends on the
concentration of soluble Au, as well as the availability of a reducing agent [91]. In some Au particles,
the sizes of Au nanoparticles have a multimodal distribution, suggesting that punctuated episodes of
Au-particle dissolution and reprecipitation likely occurred [66]. For example, from a subtropical-placer
environment, it has been determined that the duration of one biogeochemical cycle of Au was
7.64 ± 4.06 years [66]. From a geological perspective, this is extraordinarily fast. Therefore, it is worth
considering how much Au could be dissolved and subsequently re-precipitated during a single cycle or
how long it could take for an entire primary Au particle to be completely transformed. Relict structures
of Au-dissolution and reprecipitation processes have been observed from a variety of Au particles
from around the globe [17,54,62,64,66,67,81,92]; however, the kinetics of biogeochemical-Au-cycling
would intuitively be variable, as each depositional environment has its own unique physiochemical,
climatic, and biological characteristics. Additionally, hydromechanical factors also have an influence
on the mobility and distribution of placer Au particles and soluble Au complexes. It is also important
to note that microbes also have an influence on the biogeochemistry of other precious metals, such
as platinum and silver [33,93–95]. Therefore, it is reasonable to suggest that the kinetic mobility of
Au-biogeochemical-cycling could act as a model for other precious metals.

6. Conclusions

Gold is a precious metal that has been valued since antiquity for its stored value and aesthetic
qualities. The element’s unique physical and chemical properties have arguably been the axiom
for its rich and colorful history in research and in the desire to discover new sources to supply our
self-generated demand. With increasing utilization of Au in modern technological and biomedical
applications, Au will continue to be appreciated beyond aesthetics. Hence, more interdisciplinary,
geomicrobiological research, whether it be geologically- or biologically-focused, is important for
understanding the dynamics of Au. In this mini-review, we have briefly discussed how microbes
contribute to global Au-biogeochemical-cycling under surface and near-surface conditions. We have
also discussed how the perpetuity of this cycle existed in the past and could continue into the future.
In geomicrobiological research of Au (or any studies involving microbe-mineral interactions), it is
important to think of the “big picture” and keep an “open mind,” as data can be interpreted from
different perspectives. As we reflect upon some of the research involving microbe-mineral interactions,
one can develop a general appreciation of time. Our valuing of time depends on how we measure and
use it: Whether it be for understanding microbially-catalyzed Au dissolution/precipitation processes,
estimating the kinetics of Au-particle transformation, or advancing the field of Au-geomicrobiology.
As such, the timeless quality of Au itself transcends the socioeconomic and cultural value we project
onto it.
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Abstract: Under acidic, weathering conditions, silver (Ag) is considered to be highly mobile and
can be dispersed within near-surface environments. In this study, a range of regolith materials were
sampled from three abandoned open pit mines located in the Iberian Pyrite Belt, Spain. Samples
were analyzed for Ag mineralogy, content, and distribution using micro-analytical techniques
and high-resolution electron microscopy. While Ag concentrations were variable within these
materials, elevated Ag concentrations occurred in gossans. The detection of Ag within younger
regolith materials, i.e., terrace iron formations and mine soils, indicated that Ag cycling was a
continuous process. Microbial microfossils were observed within crevices of gossan and their
presence highlights the preservation of mineralized cells and the potential for biogeochemical
processes contributing to metal mobility in the rock record. An acidophilic, iron-oxidizing microbial
consortium was enriched from terrace iron formations. When the microbial consortium was exposed
to dissolved Ag, more than 90% of Ag precipitated out of solution as argentojarosite. In terms of
biogeochemical Ag cycling, this demonstrates that Ag re-precipitation processes may occur rapidly
in comparison to Ag dissolution processes. The kinetics of Ag mobility was estimated for each type
of regolith material. Gossans represented 0.6–146.7 years of biogeochemical Ag cycling while terrace
iron formation and mine soils represented 1.9–42.7 years and 0.7–1.6 years of Ag biogeochemical
cycling, respectively. Biogeochemical processes were interpreted from the chemical and structural
characterization of regolith material and demonstrated that Ag can be highly dispersed throughout
an acidic, weathering environment.

Keywords: silver biogeochemical cycling; argentojarosite; iron-oxidizing bacteria/archaea; gossan;
terrace iron formations

1. Introduction

Silver commonly occurs as Ag-bearing sulfides and (Hg/Au)-Ag-alloys in primary metal
sulfide deposits [1,2]. While metal sulfide oxidation is mechanistically an abiotic reaction [3–7],
acidophilic, iron-/sulfur-oxidizing bacteria/archaea are known to catalyze the rate of these reactions
up to seven orders of magnitude [8–11]. As a result, biogeochemical weathering of a gold-bearing
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Minerals 2017, 7, 218

polymetallic sulfide ore can lead to the liberation of Au–Ag grains [12]. Furthermore, the preferential
thiosulfate-leaching of Ag has been suggested as a mechanism for gold enrichment of gold grains
and nuggets [13–16]. Therefore, the movement of Ag under near-surface weathering conditions is
enhanced through dissolution and re-precipitation processes [17,18]. Silver is considered to be a highly
mobile metal because it can be transported within hydrological regimes as a dissolved Ag+ ion or
as a compound when complexed with Cl−, SO4

2− or NO3
− ligands. Like secondary Au, elemental

Ag can also be transported as nanoparticles; furthermore, Ag+ can be incorporated into a variety of
secondary minerals [1,13,19,20]. During (bio)oxidation of iron sulfides, acidophilic, iron-oxidizing
bacteria such as Acidithiobacillus ferrooxidans produce dissolved Fe3+, H+ and SO4

2− as by-products
of their active metabolism (Reactions (1) and (2)) [21,22]. Jarosite-group minerals have the general
formula of AG3(TO4)2(OH)6 where the G and T sites contain Fe3+ and SO4

2−, respectively. The A site
often contains common monovalent cations such as K+, Na+ and H3O− which can be substituted by
Pb2+, NH4

+ or Ag+. The occurrence of argentojarosite (AgFe3(SO4)2(OH)6) is rare relative to other
jarosite-group endmembers; however, it accounts for a substantial fraction of Ag within gossan and is
thought to reflect the early phases of gossanization [23,24]. Under acidic weathering conditions, such
as those occurring within and around open pit mine sites, dissolved Fe3+, H+ and SO4

2− can form
jarosite-group minerals that could act as a “sink” for Ag+ [25–30].

4Fe2+
(aq) + O2(aq) + 4H+

(aq) → 4Fe3+
(aq) + 2H2O(aq) (1)

FeS2(s) + 14Fe3+
(aq) + 8H2O(aq) → 15Fe2+

(aq) + 2SO4
2−

(aq) + 16H+
(aq) (2)

From a biogeochemical perspective, the dissolution and subsequent re-precipitation of gold has
been the focus of many studies regarding precious metal mobility within weathering environments
since its cycling is closely linked to iron and sulfur cycles [31,32]. However, in contemporaneous
to gold biogeochemical cycling, little is known about the “fate” of Ag in regard to its kinetic
mobility within an acidic weathering environment. Therefore, the primary purpose of this study
was to estimate the extent of Ag biogeochemical cycling within regolith materials from an acidic,
weathering environment. In doing so, gossan was characterized to identify structures that could be
relicts of “past” biogeochemical processes. Furthermore, the effect of an acidophilic, iron-oxidizing
microbial consortium on the stability of soluble Ag was also determined. This study highlights
the characterization of natural materials as an important means for interpreting biogeochemical
processes in the rock record and how these processes contributed to the mobility of Ag within an acidic
weathering environment.

2. Materials and Methods

2.1. Study Sites and Sample Acquisition

The Iberian Pyrite Belt (IPB) is located in southwestern Spain and Portugal and is the largest ore
province in the Earth’s crust, containing many massive sulfide deposits [33–37]. At the surface, these
ore bodies are highly oxidized and often contain a ferric iron-rich cap, i.e., gossan. These caps can
range from meters to tens of meters in thickness and are known to contain elevated concentrations of
gold and silver that were exploited during Roman times. More recently in mining history, gossans
were used as indicators for targeting the primary ore bodies below the surface [37–41]. The San Telmo,
San Miguel and Tharsis mines (near Huelva, Spain) once held important economic metals reserves
including Ag and Au (Figure 1A) [42]. Mining activity has displaced large quantities of earth and
these sites continue to be subjected to physical and biogeochemical weathering. These weathering
processes, influenced by seasonal variations in precipitation, contribute to further weathering of
gossans and formation of younger regolith materials including terrace iron formations and mine
surface soils [43]. These regolith materials commonly occur in open-pit mines and represent different
types of materials in which Ag biogeochemical cycling can occur. Therefore, these mines are model
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weathering environments containing regolith materials ideal for estimating the kinetics mobility and
dispersion of Ag under acidic conditions. For this study, gossans, terrace iron formations and mine soils
were collected from San Telmo, San Miguel and Tharsis mines, Spain. Samples of weathered gossans
were obtained from debris piles located proximal to remnants of the cap. Terrace iron formations were
sampled aseptically from water runoffs on the bench faces or from drainage channels. The average pH
of these flowing waters was 3.9 (±0.1 pH unit) determined using ColorpHast™ pH indicator strips.
Mine soils, containing soluble salts, were sampled from the surface of road workings (Figure 1B–E).

Figure 1. A map of southern Spain and locations of the abandoned San Telmo, San Miguel and
Tharsis open pit mines (A); a schematic photograph of an open pit mine illustrating the occurrences of
regolith materials and regions from which representative samples were obtained (B); representative
photographs of transported gossan (C); terrace iron formation (D); and mine soils (E).

2.2. Chemical and Structural Characterization of Regolith Materials

Aliquots of gossans, terrace iron formations and mine soils were powdered to a particle size
less than 5 μm for X-ray Diffraction (XRD) analysis. Data were collected from 2 to 82◦ 2θ with a
step size of 0.02◦ and scanning speed of 10◦/min using a Rigaku Rotaflex diffractometer (Rigaku,
Tokyo, Japan) operating at 45 kV and 160 mA with a high brightness cobalt rotating anode source
(Co Kα, λ = 1.7902 Å), with curved-crystal graphite monochromator. The diffractometer was calibrated
using a quartz standard, the National Institute of Standards and Technology (NIST) Standard
Reference Material (SRM) 1878. Diffractograms were analyzed using the BrukerAXS EVA software
(Bruker, Karlsruhe, Germany) package [44] and the International Center for Diffraction Data (ICDD)
PDF-4 database.

Additional powdered samples were digested in concentrated aqua regia containing a 3:1 ratio
of 37% HCl: 70% HNO3 for 2 h at 95 ◦C and allowed to cool to 25 ◦C. Deionized water was added to
each digest for a final 50 mL volume and was filtered using 0.45 μm pore-size filters. The digested
samples were analyzed for soluble Ag, Au, Hg and Pb by Inductively Coupled Plasma-Atomic
Emission Spectroscopy (ICP-AES) analysis using a Perkin-Elmer Optima 3300DV inductively coupled
plasma-atomic emission spectrometer (Perkin-Elmer, Waltham, MA, USA). Mercury and lead are
often detected within acidic weathering environments and Au commonly occurs in association with
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Ag [1,45], therefore, these elements were selected for analysis. All measurements were referenced to
elemental standards purchased from Alfa Aesar (Ward Hill, MA, USA). Detection limits for were: 1.0
μg·g−1 Ag, 30 μg·g−1 Hg and 35 μg·g−1 Pb, 12.5 μg·g−1 Au. Gossans with the highest Ag content
were triaged for micro-analysis since these samples represent the “oldest” type of regolith material
that would contain chemical and structural evidence of Ag cycling. Terrace iron formations with the
highest Ag content were used for microbial enrichments because these “younger” regolith materials
occurred within mines sites where running water would support microbial life.

Gossan from the San Telmo mine was made into a polished thin-section for Electron Microprobe
(EMP) and Scanning Electron Microscopy-Energy Dispersive Spectroscopy (SEM-EDS) analysis.
The distribution of selected elements was obtained using a Cameca SXFive Electron Microprobe
(Cameca, Gennevilliers, France) operating at 20 kV and 100 nA with five wavelength dispersive
spectrometers calibrated to FeKα (LLIF), PbMα (LPET), AgLα (LPET), AuMα (PET) and HgLα (LLIF).
Elemental maps were produced using a 1 μm step size with 50 ms dwell time. Regions containing
higher detections of Ag were further analyzed using a JEOL JSM-7100F Field Emission Gun-Scanning
Electron Microscope (SEM) (JEOL, Tokyo, Japan) to characterize micrometer-scale structures. The SEM,
operating at 15 kV, was equipped with an energy dispersive detector.

2.3. Microbial Enrichments and Enumeration

Terrace iron formations from the Tharsis mine was the source for an iron-oxidizing microbial
consortium. Primary enrichments were made in sterile 13 mm × 100 mm borosilicate glass test tubes
by inoculating ca. 0.5 g of terrace iron formations into 4.5 mL of filter-sterilized (0.45 μm pore-size),
basal salts growth medium [11]. Growth medium contained 3.03 mM (NH4)2SO4, 0.57 mM K2HPO4,
1.62 mM MgSO4·7H2O, 0.12 M FeSO4·7H2O with pH adjusted to 3.9 using H2SO4 to correspond with
the average pH measured in the field. The enrichments were covered with push caps to maintain
aerobic conditions and were placed in a non-shaking incubator at 23 ◦C for 3 weeks to ensure abundant
microbial growth. Two sequential transfers were made by inoculating 0.5 mL of the preceding
enrichment into 4.5 mL “fresh” growth medium. These transfers were incubated under the same
condition to obtain microbial enrichments that no longer contained the original terrace iron formation
inoculum. After three weeks of incubation, the pH of these microbial enrichments were measured using
a Denver Instrument Basic pH Meter calibrated to pH 2, 4 and 7 reference standards. Uncertainty in pH
measurements were ±0.1 pH units. Using the same growth medium previously described, a five-tube
Most Probable Number (MPN) statistical method [46] was performed to estimate the number of
iron-oxidizing microbes from the original terrace iron formations as well as the microbial enrichments.
Positive growth was indicated by the formation of an iron oxyhydroxide mineral precipitate [11,27].
An abiotic control was also performed in parallel.

2.4. Microbial Enrichment-Ag System Experiments

A measured 24 mM Ag stock solution was prepared by dissolving 99.9% pure AgNO3 into
distilled, deionized water and was made into a 2 serial, ten-fold dilution. These Ag stock solutions
were filtered and added to three-week-old microbial enrichments to examine the effect of iron-oxidizing
bacteria/archaea on the stability of soluble Ag. At the start of this experiment, microbial enrichment-Ag
systems contained final concentrations of 2.4, 0.24 and 0.024 mM Ag. These microbial enrichment-Ag
systems were mixed by vortex, wrapped in aluminum foil to prevent any photocatalytic effects,
performed in quadruplicate, and allowed to react for one week at 23 ◦C.

Additional microbial enrichments were passed through a 0.45 μm pore-size filter to separate
cells and mineral precipitates from the fluid phase. The filtrates were used for mineralogical and
electron microscopy analysis (see below) and the filtered solutions, i.e., “spent” medium, were used to
make chemical controls. Spent medium-Ag systems were made by adding Ag stocks to the filtered
solutions to have final concentrations of 2.4, 0.24 and 0.024 mM Ag. These spent medium-Ag
systems were wrapped in aluminum foil, incubated under the same conditions as the microbial
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enrichment-Ag systems and performed in triplicate. After one week of incubation, the pH of the
microbial enrichment- and spent medium-Ag systems was measured. Both types of experimental Ag
systems were filtered to separate solid constituents from the fluid phases. The filtered solutions, as
well as the Ag stock solutions, were acidified with nitric acid and analyzed by ICP-AES for residual
soluble Ag. The detection limit of Ag was 0.04 μM.

Filtrates from microbial enrichments and microbial enrichment-Ag systems were rinsed with
distilled, deionized water and air-dried at 23 ◦C for 24 h. Micro X-ray Diffraction (μXRD) data of these
filtrates were collected in coupled scan geometry using a Bruker D8 Discover microdiffractometer
(Bruker, Billerica, MA, USA) operating at 40 kV and 40 mA with a Cu sealed tube source (Cu Kα,
λ = 1.5418 Å), Göbel mirror parallel-beam optics, and 500 μm collimator snout, and 20 minutes
integration time per frame. Diffracted X-rays were detected with a two-dimensional General Area
Diffraction Detection System (GADDS). The μXRD data were analyzed using the BrukerAXS EVA
software package [44] and the International Centre for Diffraction Data (ICDD) PDF-4 database.

Additional filtrates from microbial enrichments, microbial enrichment-Ag systems and spent
medium-Ag systems were prepared as whole-mounts and ultrathin sections [31] for SEM-EDS and
Transmission Electron Microscopy-Energy Dispersive Spectroscopy (TEM-EDS) analysis, respectively.
See Shuster et al. (2014) for details on sample method preparation. Whole-mount samples were
characterized using a LEO Zeiss 1540XB FEG-SEM (Zeiss, Oberkochen, Germany) with Oxford
Instrument INCAx-sight EDS detector operating at 1 or 15 kV. Ultrathin sections were analyzed
using a Phillips CM-10 transmission electron microscope (Phillips, Amsterdam, The Netherlands)
operating at 80 kV.

The last replicate of the microbial enrichment-Ag systems were transferred to fresh growth
medium to determine if iron-oxidizing bacteria/archaea could be re-cultured after the exposure to
soluble Ag. These recovery enrichments were prepared in the same method and incubated under
the same conditions as the original microbial enrichments. A five-tube MPN was also performed to
estimate how many cells were likely to be metabolically active in the recovery enrichment.

3. Results

3.1. Chemistry, Mineralogy and Structure of Regolith Materials

Based on XRD analysis, gossans were primarily composed of goethite and hematite with a
lesser detection of metal sulfides and quartz. Silver, in the form of argentojarosite, was detected in
gossan from San Telmo. Terrace iron formations were primarily comprised of hydroniumjarosite and
schwertmannite with a lesser detection of gypsum. Of the three different types of regolith materials,
mine soils contained a broader range of minerals including: iron oxyhydroxides, clays and soluble
sulfate salts. See Table 1 for detailed mineralogical composition.

The highest Ag concentration of 4.01 × 102 μg·g−1 Ag, based on ICP-AES analysis, was detected
in gossan from the San Telmo mines at ca. 7 and 47 times greater relative to gossans from the Tharsis
and San Miguel mines, respectively. Terrace iron formations from Tharsis contained the highest Ag
concentration (27.6 μg·g−1 Ag) and was ca. 6 and 11 times greater than the detections from San Miguel
and San Telmo, respectively. Mine soils contained the least amount and the smallest range of Ag
concentrations. Like the Ag concentrations, the greatest detection and broadest range of Hg and Pb
occurred within gossans whereas and lesser detections and smaller ranges of Hg and Pb occurred
within terrace iron formations and mine soils (Table 2). There was no detection of Au from any of the
regolith materials.
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Table 1. Identification and semi-quantitative abundances of minerals comprising gossan, terrace iron
formations and mine soils based on XRD analysis.

Type of Regolith Material
Sample Location

Major Minerals
(ca. 25–100 vol %)

Minor Minerals
(ca. 5–20 vol %)

Gossans

San Telmo

goethite
hematite
quartz
galena

argentojarosite
plumbojarosite

jarosite

San Miguel
goethite
hematite

pyrite

barite
quartz

Tharsis
goethite
quartz
pyrite

hematite
jarosite

Terrace iron formations

San Telmo schwertmannite
hydroniumjarosite

quartz
gypsum

San Miguel schwertmannite hydroniumjarosite
gypsum

Tharsis schwertmannite
hydroniumjarosite

gypsum
pyrite
quartz

Mine soils

San Telmo
bernalite
copiapite
goethite

melanterite

San Miguel

copiapite
goethite

hydroniumjarosite
quartz

kaolinite

Tharsis
goethite

hydroniumjarosite
kaolinite

coquimbite

Table 2. The Ag, Hg and Pb concentrations within gossan, terrace iron formations and mine soils based
on ICP-AES analysis.

Type of Regolith Material Ag Hg Pb
Sample Location (μg·g−1) (μg·g−1) (μg·g−1)

Gossans
San Telmo 4.01 × 102 7.04 × 102 1.22 × 104

San Miguel 8.50 2.14 × 102 2.0 × 103

Tharsis 56.7 53.4 2.52 × 103

Terrace iron formations
San Telmo 2.46 <30 1.29 × 103

San Miguel 4.60 31.7 2.59 × 102

Tharsis 27.6 58.4 8.14 × 103

Mine soils
San Telmo 3.64 <30 2.28 × 102

San Miguel 1.86 <30 1.23 × 102

Tharsis 1.69 <30 95.1
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Gossan from San Telmo contained regions that were either consolidated or unconsolidated.
Consolidated regions were characterized by having iron-oxide minerals, which occurred as a dense
matrix, whereas unconsolidated regions contained iron-oxide minerals that appeared to have a greater
amount of interstitial space between mineral grains. Silver, detectable by backscatter (BSC) SEM
analysis, occurred as a Ag-Cl mineral at the boundary between these two regions. The distribution
of Ag was also closely associated with Hg and Pb sulfide minerals (Figure 2A,B). Although Au
was not detected by ICP-AES or EMP analysis, Au nanoparticles were observed in association with
Ag-Cl minerals within the iron-oxide mineral matrix (Figure 2C). Unconsolidated regions contained
micrometer-scale euhedral crystals of plumbojarosite. Some crystals appeared to be “coated” with
nanometer-scale acicular iron-oxide minerals (Figure 2D). Crevices within consolidated regions
contained clusters of circular and oval structures that were 1 to 2 μm in size. These structures
appeared as nanometer-thick “rings” or as oval-shaped molds within the iron-oxide mineral matrix
(Figure 3).

3.2. Biogeochemical Reduction of Ag

Based on the MPN statistical method, the terrace iron formations and microbial enrichments
contained 3.5 × 103 cells·g−1 and 5.4 × 107 cells·mL−1, respectively. The abiotic controls should
no growth. The microbial enrichments formed hydroniumjarosite and schwertmannite and the
pH decreased from 3.9 to 2.4. These phenotypic changes along with increased microbial number
indicated growth of actively metabolizing iron-oxidizing bacteria/archaea [11,21]. Hydroniumjarosite
occurred as micrometer-scale euhedral crystals whereas schwertmannite occurred as poorly-crystalline,
pseudo-acicular minerals (Figure 4A). Some cells appeared to be extensively mineralized in
schwertmannite (Figure 4B). This mineral appeared to nucleate on the extracellular surface of the
cell and grow radially. A lesser amount of pseudo-acicular schwertmannite occurred within the
intracellular space. Mineralization of microbial cells preserved the cell wall structure thereby retaining
the circular to oval-shape morphology (Figure 4C).

After the addition of Ag to the microbial enrichments and the spent medium, the fluid phases
of both systems changed from a transparent, red-orange color to clear within an hour. After one
week of incubation, the microbial enrichment-Ag systems removed 35 ± 2% more Ag from solution
in comparison to the spent medium-Ag systems (Figure 5A). Silver concentrations within the stock
solution remained unchanged after one week. The detection of hydroniumjarosite by μXRD analysis
shifted to argentojarosite with increasing Ag concentrations in the microbial enrichment-Ag systems.
Argentojarosite occurred as euhedral, nanometer- to micrometer-scale minerals (Figure 5B). Similarly,
the formation of argentojarosite within the spent medium-Ag systems was confirmed by SEM-EDS
analysis (Figure 5C). After three weeks of incubation, the recovery enrichment and MPN indicated
that only 0.23 × 102 cells·mL−1 were recovered from the microbial enrichment-Ag system exposed
to 0.024 mM Ag. Metabolically active microbes from the recovery enrichments was inferred by the
formation of hydroniumjarosite/schwertmannite precipitation.
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Figure 2. A low-resolution BSC SEM micrograph demonstrating the consolidated and unconsolidated
region within gossan and corresponding EMP maps highlighting the distribution of Ag, Fe, Pb and
Hg. Silver occurred in close association with mercury (A); a high-resolution BSC SEM micrographs
of a secondary Ag-bearing minerals and a secondary, gold nanoparticle within the consolidated
regions (B,C). A high-resolution BSC SEM micrograph of euhedral plumbojarosite coated with acicular;
iron-oxidehydroxide minerals (arrows, D).
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Figure 3. A low-resolution BSC SEM micrograph of a crevice containing an abundance of hollow,
circular and oval-shaped structures (A); a high-resolution BSC SEM micrograph of these structures that
were interpreted as microbial microfossils that once comprised a biofilm within the crevices of gossan
(B); a representative EDS spectrum identifying the elemental composition of the region containing
microfossils (C, inset).
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Figure 4. A low-resolution SE SEM micrograph of euhedral hydronium jarosite and poorly-crystalline,
i.e., pseudo-acicular, schwertmannite and cells (arrows) from the microbial enrichments (A);
a low-resolution TEM micrograph of a bacterium extensively mineralized pseudo-acicular
schwertmannite (B); a high-resolution TEM micrograph demonstrating the preservation of the cell wall
(arrow, C) and the lesser amount of intracellular mineralization relative to the extracellular surface (C).
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Figure 5. Average percent of Ag removed by the microbial enrichment- and spent medium-Ag systems
based on ICP-AES analysis. Dashed lines represent pH within the corresponding experimental system
(A); a high-resolution TEM micrograph of a mineralized cell and nanometer-scale argentojarosite from a
microbial enrichment-Ag system exposed to 2.40 mM Ag (B); a low resolution BSC SEM micrograph and
representative EDS spectrum of a spent medium-Ag system exposed to 2.40 mM Ag that precipitated
argentojarosite. The unlabeled peaks are residual Si from the test tube and Os deposition for reducing
charging, respectively (C).
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4. Discussion

4.1. Interpretations of Ag Biogeochemical Cycling within Regolith Materials

From a biogeochemical perspective, gossans represent older regolith material while terrace iron
formations and mine soils represented younger regolith materials in which Ag could be mobilized.
Iron-oxyhydroxide and sulfate-bearing minerals comprised the majority of gossans, terrace iron
formations and mine soils. While this mineralogical composition reflects the redox conditions
contributing to the formation of these regolith materials [24,45,47–50], variations in Ag concentrations
highlight the dissolution, mobility and re-precipitation of Ag within this environment. Relative to
terrace iron formations and mine soils, gossans contained both a chemical and a structural ‘record’
of past biogeochemical processes promoting precious metal mobility. While plumbojarosite and
argentojarosite ((Pb/Ag)Fe3–6(SO4)2–4(OH)6–12) were detected in the San Telmo gossan, the observation
of Ag halide minerals, e.g., chlorargyrite (AgCl) suggests that the chemical composition of percolating
groundwater through gossan were variable. Residual zinc sulfide minerals could have acted as
a selective precipitant for dissolved Hg forming an insoluble mercury sulfide [51] and thereby
immobilizing dissolved Ag as a separate precipitate (Figure 2). The presence of gold nanoparticles
also exemplifies the biomobility of precious metals within gossan since soluble gold complexes are
generally unstable under inorganic/chemical weathering conditions [31,32,52]. Crevices within gossan
allows groundwater to descend and provides ideal microenvironments for microbial attachment
and growth [53–55]. With regard to iron biogeochemical cycling, microorganisms are known to
contribute to the structure of terrace iron formations as well as other ferruginous duricrust such as
canga [43,56,57]. Circular and oval structures within gossan (Figure 3) were interpreted as microbial
microfossils based on the mode of biomineralization and cell wall preservation observed from the
microbial enrichments (Figure 4A–C). Therefore, microbial communities contributed to the structure of
gossan and presumably the geochemical conditions promoting Ag cycling. It is reasonable to suggest
that these processes would also occur within terrace iron formations and mine soils so long as water is
available to support microbial life.

4.2. Microbially-Catalyzed Ag Immobilization

Terrace iron formation was a source of metabolically active iron-oxidizing microbes for the
experimental systems that favored the formation of argentojarosite. The complexation of soluble
Ag+ with excess Fe3+ and SO4

2− resulting in the formation of argentojarosite was likely the reaction
mechanism in both the microbial enrichment- and spent medium-Ag systems (Reaction (3)) [25].
The decrease in pH that occurred after the addition of soluble Ag+ to both experimental systems,
could be attributed to this acid-producing reaction. Since the microbial enrichment-Ag system
contained hydroniumjarosite, Ag+ substitution of H3O+ in the A-site of hydroniumjarosite (Reaction
(4)) [25] likely also occurred and would explain the removal of ca. 35% more Ag relative to the spent
medium-Ag system. In both experimental systems, the color change of the fluid phase after 1 h suggests
that the rate of argentojarosite precipitation likely occurred more rapidly relative to the rate of Ag+

substitution into hydroniumjarosite in the microbial enrichment-Ag system. In addition, it is possible
that Ag+ could have also been reduced by residual Fe2+ in both experimental systems (Reaction (5)).
Increased metal concentrations are known to cause cell lyses thereby releasing intracellular material
that could act as additional reductants that contribute to the formation of Ag (and Au) nanoparticles
(Reaction (6)) [58–60]. In the natural environment, however, Ag nanoparticles would likely be unstable
for prolonged periods of time as they would also be subjected to dissolution processes [61–64]. Cell
lysing can also act as a buffering mechanism and could explain the difference in pH between the
microbial enrichment- and spent medium-Ag systems [65,66]. The recovery enrichments demonstrated
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that Ag concentrations greater than 0.024 mM Ag were lethal, which is consistent with tolerable Ag
concentrations for A. ferrooxidans [66].

Ag+
(aq) + 3Fe3+

(aq) + 2SO4
2−

(aq) + 6H2O(aq) → AgFe3(SO4)2(OH)6(s) + 6H+
(aq) (3)

Ag+
(aq) + (H3O)Fe3(SO4)2(OH)6(s) → AgFe3(SO4)2(OH)6(s) + H3O+

(aq) (4)

Ag+
(aq) + Fe2+

(aq) → Ag0
(s) + Fe3+

(aq) (5)

Ag+
(aq) + CHO2

−
(s) → Ag0

(s) + CHO2(s) (6)

4.3. Temporal Estimates of Ag Biogeochemical Cycling

Biogeochemical cycling of Ag under acidic weathering conditions involves the dissolution of Ag
from primary, Ag-bearing minerals such as (Hg/Au)-Ag-alloys or Ag-bearing sulfides. This dissolution
is counterbalanced by re-precipitation of secondary, Ag-bearing minerals or elemental Ag [2]. Under
weathering conditions, thiosulfate is considered an important ligand for the mobility of soluble Ag
within hydrological regimes, where metal sulfides are abundant (Reactions (7) and (8)) [1,16,67–70].
Silver dissolution can be considered a rate-limiting process for Ag cycling because argentojarosite
formation occurs rapidly under similar biogeochemical conditions. For estimating the kinetics of Ag
biogeochemical cycling, the mass of Ag within each type of regolith material was interpreted as the
amount of Ag that had undergone dissolution and re-precipitation. For this model, thiosulfate-leaching
was used as a simplified biogeochemical mechanism for Ag dissolution [71]. Within acidic weathering
environments, the majority of dissolved sulfur occurs as sulfate, i.e., average 0.08 mM [45], whereas
thiosulfate is a transitory ligand that occurs at trace concentrations, i.e., ca. 0.05% of total dissolved
solved sulfur [22]. The dissolution rate of Ag has been estimated to be approximately 37.5 μg min−1

using 0.4 M thiosulfate under alkaline conditions (pH 10) [72]. This thiosulfate concentration and pH,
however, are approximately 1.03 × 106 times and 7.7 times greater, respectively, than what would
naturally occur in the weathering environment of the abandoned mine sites. Together, these values
represent Ag dissolution rate factors because Ag dissolution is dependent on thiosulfate concentrations
and its stability. Furthermore, the formation of thiosulfate through microbially-catalyzed metal sulfide
oxidation is variable because the metabolic efficiency of iron-oxidizing microbes is also variable, i.e.,
3.2% [73], 20.5% [11] or 30% [74] metabolic efficiency. For the kinetic calculation, an average 10.5%
metabolic efficiency was used. Therefore, gossans represented 0.6–146.7 years of Ag biogeochemical
cycling, whereas terrace iron formations ranged between 1.9 and 42.7 years and mine soils ranged
between 0.7 and 1.6 years (Table 3). While these ranges of time could reflect the duration of which
these regolith materials were emplaced, they suggest a continuum of biogeochemical Ag cycling
between different types of regolith materials. Water percolating through gossan crevices, over terrace
iron formations and within pore spaces of mine soils would sustain microbial metabolism thereby
contributing to Ag dissolution and re-precipitation. Furthermore, it is reasonable to suggest that the
lower-range values could reflect seasonal variations in precipitation [75] whereas higher-range values
could represent the extent to which Ag biogeochemical cycling occurs within the respective regolith
material. In terms of environmental reclamation, historical mining practices have left behind a legacy
that pose a risk of silver contamination and toxicological effects on the surrounding environment [76,77].
This contamination can be attributed, in part, to inefficient methods of extraction based on today’s
standards [78]. Understanding precious metal mobility could help reconcile the increasing demand
for precious metals by using mine “wastes” as a resource whilst remediating mine sites to reduce the
negative impact on the environment.

FeS2(s) + 6Fe3+
(aq) + 3H2O(aq) → S2O3

2−
(aq) + 7Fe2+

(aq) + 6H+
(aq) (7)

2Ag0
(s) + 4S2O3

2−
(aq) + 1/2O2(aq) + 2H+

(aq) → 2Ag(S2O3)2
3−

(aq) + H2O(aq) (8)
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Table 3. Calculations for estimating the length of time for Ag dissolution and re-precipitation, i.e.,
cycling, to occur within gossans, terrace iron formations and mine soils based on Ag concentrations
determined by ICP-OES.

Type of Regolith Material Sample Mass Ag Mass Time

Sample Location (g) (μg) A (Years) B

Gossans
San Telmo 5.06 2.03 × 103 1.46 × 103

San Miguel 1.03 8.78 0.63
Tharsis 11.4 6.44 × 102 46.4

Terrace iron formations
San Telmo 10.8 26.5 1.91

San Miguel 29.9 1.37 × 102 9.9
Tharsis 21.5 5.93 × 102 42.7

Mine soils
San Telmo 6.25 6.25 1.64

San Miguel 6.62 6.62 0.89
Tharsis 5.58 5.58 0.68

A Mass of Ag = sample mass × Ag concentration measured by ICP-OES (Table 2); B years for Ag
dissolution/re-precipitation = (A ÷ 37.5 μM·Ag·min−1) × (7.93 × 106) × (17.9%) ÷ 525,600 min·year−1. Where
7.93 × 106 is the dissolution rate factor and 17.9% is the metabolic efficiency of iron-/sulfur-oxidizing bacteria.

5. Conclusions

While gossans contain the greatest amount of Ag, the occurrence of Ag within terrace iron
formations and mine soils highlights the extent of Ag mobility within younger regolith materials.
Structural characterization of gossan revealed that different mechanisms of Ag cycling likely occurred
contemporaneously within gossan. More importantly, microfossils preserved within crevices suggest
that resident microorganisms likely contributed to the biogeochemical conditions promoting Ag
cycling. The precipitation of argentojarosite from solution or the substitution of Ag cations into
microbially-formed hydroniumjarosite occurred fairly quickly in the microbial enrichment-Ag systems.
These mechanisms of Ag immobilization suggest that the stability of soluble Ag in acidic, weathering
environments would be brief and that Ag dissolution would likely be the rate-limiting factor in Ag
biogeochemical cycling. Furthermore, calculations estimating the kinetics of biogeochemical Ag cycling
suggest that Ag dissolution and re-precipitation is a continuous. This study provides insight on the
dynamics of Ag biogeochemical cycling in relation to its mobility and dispersion within different types
of regolith materials typical found in acidic, weathering environments of abandoned mines.
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Abstract: Placer gold from the Devils Nest deposits at Rich Hill, Arizona, USA, was studied
using a range of micro-analytical and microbiological techniques to assess if differences in
(paleo)-environmental conditions of three stratigraphically-adjacent placer units are recorded
by the gold particles themselves. High-angle basin and range faulting at 5–17 Ma produced a
shallow basin that preserved three placer units. The stratigraphically-oldest unit is thin gold-rich
gravel within bedrock gravity traps, hosting elongated and flattened placer gold particles
coated with manganese-, iron-, barium- (Mn-Fe-Ba) oxide crusts. These crusts host abundant
nano-particulate and microcrystalline secondary gold, as well as thick biomats. Gold surfaces
display unusual plumate-dendritic structures of putative secondary gold. A new micro-aerophilic
Betaproteobacterium, identified as a strain of Comamonas testosteroni, was isolated from these biomats.
Significantly, this “black” placer gold is the radiogenically youngest of the gold from the three
placer units. The middle unit has well-rounded gold nuggets with deep chemical weathering rims,
which likely recorded chemical weathering during a wetter period in Arizona’s history. Biomats,
nano-particulate gold and secondary gold growths were not observed here. The uppermost unit is
a pulse placer deposited by debris flows during a recent drier period. Deep cracks and pits in the
rough and angular gold from this unit host biomats and nano-particulate gold. During this late arid
period, and continuing to the present, microbial communities established within the wet, oxygen-poor
bedrock traps of the lowermost placer unit, which resulted in biological modification of placer gold
chemistry, and production of Mn-Fe-Ba oxide biomats, which have coated and cemented both gold
and sediments. Similarly, deep cracks and pits in gold from the uppermost unit provided a moist
and sheltered micro-environment for additional gold-tolerant biological communities. In conclusion,
placer gold from the Devils Nest deposits at Rich Hill, Arizona, USA, preserves a detailed record of
physical, chemical and biological modifications.

Keywords: gold; placer; nano-particulate; biomat; Comamonas testosteroni; Arizona
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1. Introduction

The occurrence of natural gold alloys of Au + Ag ± Cu (hereafter referred to as native primary
gold) within lode ore deposits is well understood and has long been interpreted as having a shallow
hydrothermal origin ([1,2] and the references there in). Placer gold occurrence has been attributed to
primary, secondary and a combination of primary and secondary formation [3]. In the most established
theory of primary placer formation, a gold mass forms as a lode deposit during a hydrothermal event
and survives physical and chemical weathering as native gold grains due to the low chemical reactivity
and malleability of gold [1,4]. However, a secondary, accretionary origin for some placer gold has been
suggested by observations of bacterioform gold, high-purity gold overgrowths and nanoparticulate
gold in biomats [3,5–9]. Other authors have rejected low-temperature or biogeochemical nugget
growth and suggested an abiological, high-temperature origin within lode deposits [10]. The recent
consensus of many workers is that the processes of both primary and secondary models likely play a
role in placer gold formation, with the specific contribution of each end member varying from location
to location [3,11–13].

Native gold is usually alloyed with traces of lead [14,15], permitting measurement of the lead
isotope signal to provide insights into potential source(s) and process(s) that contributed to placer
formation [16–18]. The placer gold from the Rich Hill District of Arizona has Pb isotopic signatures
distinct from local lode sources, with gold from two of the placer units containing far more radiogenic
Pb than the inferred lode source [16]. Those authors concluded that the most plausible scenario
to explain the lead isotope signature of placer gold from Rich Hill is the addition of appreciable
amounts of secondary gold within the placer environment by geochemical or biological processes [16].
Further work on placer gold from the Rich Hill District of Arizona found that the geochemical and
morphological characteristics of the gold provided insights on the lode origins, weathering history and
transport history of the placer gold contained within the distinct placer units at this locality [18]. In the
present study, we examine the role that microbial activity plays in the formation and modification of
placer gold at distinct times during the evolution of the three main placer units of the Devils Nest area
at Rich Hill: the red, white and black placers.

2. History and Geological Setting

The Rich Hill District of Arizona (also known as the Weaver II District) is located in the Transition
Zone of central Arizona, USA (Figure 1). Official placer gold production, from the discovery in
1863 to present, is 100,000 troy ounces (3110 kg). However, the real total production is likely
much higher as considerable amounts of gold likely went unreported in this remote district [19–22].
This district, and especially the Devils Nest area within it, is noted for an abundance of very large,
i.e., multi-ounce (>31.1 g), nuggets (Figure 2). The Devils Nest was named by early miners for the
abundance of >1-m boulders within the upper reddish sediments of the placers, which greatly hindered
early human-powered placer mining operations. Modern placer operations by J.W. Mining and
others have yielded hundreds of troy ounces of gold, including over 100 nuggets >1 troy ounce
(>31.1 g) (Figure 2), with one confirmed nugget recovered in 2010 weighing 19 troy ounces (591 g).
Known lode gold sources of placers at Rich Hill are dominated by the Octave-Beehive vein (red line,
Figure 1). The Octave (including the Joker Shaft) and Beehive Mines along this vein were most active
from 1895–1942 and produced a combined minimum of 100,000 troy ounces (3110 kg) of gold [22].
The Meyers and Johnson mines exploit separate lodes, which have produced <25,000 troy ounces
(<778 kg) of gold [23].

Rich Hill District bedrock geology consists of metavolcanic and metasedimentary rocks of
the 1.74–1.8 Ga Yavapai Supergroup [24,25] and the 1.7–1.75 Ga “Granite of Rich Hill” [26].
The metamorphic and granitic units are cut by diabase dikes, which are mineralogically and chemically
similar to the 1.1-Ga diabase veins found in the Sierra Ancha Mountains and other locations throughout
central Arizona [27]. The lode gold mineralization in the Rich Hill district must be younger than 1.4 Ga
and older than 103.7 Ma based on available data [26].
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Figure 1. Map of the Rich Hill area; inset showing the location of the district in Arizona (modified
from [16]). Dots show the location of major lode gold mines, with the name. The solid red line
is the surface trace of the Octave-Beehive vein. The red, white and black placers of the Devils
Nest occur within the broad inclined valley on the southeast side of Rich Hill. Cross-section A–A’
shows a schematic view of the different types of placers in the Devils Nest deposit and their relative
stratigraphic positions.
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Figure 2. Troy ounce-sized (>31.1 g) gold nuggets from the Devils Nest placer of the Rich Hill area,
mined in 2010–2015 by J.W. Mining. These nuggets come from the red, white and black placer deposits,
with the majority being found at the base of the red placer.

Lode gold veins contain quartz + pyrite ± galena ± chalcopyrite ± sphalerite, in addition to native
gold and electrum [23]. The lode veins range from a few centimeters to two meters in thickness, striking
northeast and dipping about 30◦ to the north. The Octave-Beehive vein is the main lode, and it extends
over a distance of about 1.6 km. Native gold in this deposit occurs mainly as microscopic particles and
is rarely seen in the lode. Recent work on vein material from the district [16] has shown that gold in
the lode mainly occurs as 1–20-μm inclusions within and coating sulfide minerals, averaging 85 wt %
Au and 14 wt % Ag. The paucity of visible native gold within the lode, and the very large size of local
placer nuggets, troubled early workers and geologists at the Octave mine [28]. Until modern work
identified possible (bio)geochemical mechanisms for large nugget formation in situ [3,29,30], no viable
mechanism existed to explain the formation of large nuggets within short distances from a fine-grained
gold lode source.

Gold-bearing modern stream sediments, older fluvial placer deposits and gold-bearing debris
flow materials occur in an approximately 16-square kilometer area centered on these vein deposits.
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Placer gold occurs as traces within the sediments of the modern, active channel of Weaver Creek.
Most of the placer gold in the district occurs within older placers of the Devils Nest sequence.
The top-most of these units is the “red placers”, which are colored and well-cemented by dried
iron-rich red smectite clay, which makes up a large percentage of the matrix of the unit (Figure 3).
Red placers are the thickest placer unit, ranging from a few meters to over 15-m thick. Sedimentary
clasts are well-rounded to sub-angular, ranging from silt and sand to boulders over one meter diameter
shed by local granite and metamorphic rocks. The red placer unit is a series of ancient debris flows
and landslides [18]. Gold particles range from 0.1 mm with a mass of a few milligrams to fist-sized
nuggets with masses measured in kilograms (Figures 2 and 3).

 

Figure 3. Samples of placer gold from the (A) red placer (B) white placer (C) and black gravel placers,
showing representative grain morphologies (after [18]). The placers that contained this gold are also
unique in appearance due to (D) iron staining and smectite clay in red placers, (E) bleached cobbles and
boulders of bedrock in white placers (dashed line marks boundary between upper modern overburden
and lower placer material) (F) and thin black manganese-rich zones above bedrock within local bedrock
lows. Enrichment rims are thin and irregular in red placer gold (G), thick and continuous in white
placer gold (H) and splotchy and irregular in black placer gold (I). Red dots show electron microprobe
(EPMA) probe analysis locations for data presented in Table 1. (G–I) are polished sections.
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Table 1. Probe geochemistry of placer gold.

Type Au (wt %) Ag (wt %) Cu (wt %)

Red Placer 1 99.3 ± 0.3 0.62 ± 0.02 0.035 ± 0.003
Red Placer 2 99.5 ± 0.2 0.50 ± 0.02 0.034 ± 0.003
Red Placer 3 90.3 ± 0.2 9.5 ± 0.1 0.044 ± 0.004
Red Placer 4 89.8 ± 0.2 10.1 ± 0.2 0.042 ± 0.003

White Placer 1 99.5 ± 0.2 0.48 ± 0.03 0.029 ± 0.003
White Placer 2 97.5 ± 0.1 2.4 ± 0.2 0.031 ± 0.003
White Placer 3 90.4 ± 0.1 9.6 ± 0.1 0.033 ± 0.003
White Placer 4 90.1 ± 0.2 9.8 ± 0.1 0.034 ± 0.003
Black Placer 1 99.3 ± 0.2 0.5 ± 0.8 0.051 ± 0.005
Black Placer 2 99.1 ± 0.1 0.62 ± 0.08 0.052 ± 0.005
Black Placer 3 90.0 ± 0.3 8.7 ± 0.6 0.049 ± 0.003
Black Placer 4 90.2 ± 0.1 8.8 ± 0.7 0.043 ± 0.004

The underlying “white placer” deposit (Figure 3) is typically 1–3 m thick. This deposit consists
of much more rounded gold particles than those found in the overlying red placers (Figure 3).
Gold particles range from 1 mm with a mass of a few 10s of milligrams, to rounded masses over
one troy ounce (>31.1 g). The study of this unit by Scanning Electron Microscope (SEM) and energy
dispersive spectrometry analysis (EDS) has revealed that the white appearance is due to bleached
cobbles and sediments that are cemented by sericite and highly silicified material [16].

Beneath the white placers, within deep bedrock declivities and as seams <1 m thick near
bedrock are thin gold-bearing gravels cemented by black manganese-iron oxides (janggunite) and
barium-manganese oxides (hollandite) [16]. These “black placer” deposits contain elongated, but
flattened gold particles encapsulated by manganese-iron oxides up to 80 μm thick (Figure 3). The black
gravels are nearly always damp when exposed and have a distinctive musty smell. A lead isotope
study of the black gold suggests that this is the most radiogenic of the gold in the Devils Nest
placers [16]. Both the red and black placers have unusual characteristics, which have not been fully
addressed by these previous studies. These include high-purity gold rims, Mn mineral coatings and
the apparent paradox of the stratigraphically-oldest placer unit containing the youngest gold in the
Devils Nest placers. We propose that these characteristics are associated with biogenic processes within
these placers.

3. Materials and Methods

This study examines placer gold recovered during fortuitous circumstances created by modern
placer mining operations and facilitated by the willingness of several mine owners to permit scientific
study of their gold. Fifteen samples were obtained from each of the localities, for a total of 45 samples.
This project did not examine Potato Patch gold due to the low number of samples available and
the conditions of sample collection, which likely introduced bacteria from human handling of the
samples. It was not practical to obtain additional samples for this study due to the elevated price
of gold, difficulty in maintaining access to claims and time required for obtaining new samples
under sterile conditions. Specific sample localities within claim boundaries are not provided due to
security concerns.

Samples of placer gold were recovered from placer deposits by utilizing a Keene Engineering
vibrostatic dry washer for smaller pieces (0.1–0.5 g), while larger gold (>0.75 g) was recovered with
a MINELAB GP-Extreme metal detector. These placer samples represent individual gold particles
and nuggets (nuggets defined as masses weighing >1 g or measuring > 4 mm) recovered by, or in the
presence of, one or more of the authors. Samples were not cleaned prior to analysis.

Secondary gold structures and morphologies of placer gold samples were imaged using
established methods [31]. Samples were mounted on their flattest side to expose the maximum surface
area. A LEO Zeiss 1540XB Field Emission Gun-Scanning Electron Microscope (SEM, Carl Zeiss AG,
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Jena, Germany) was used to generate Secondary Electron (SE) and Backscatter Electron (BSE) images
using an acceleration voltage of 2 or 15 kV, respectively. Concavities on gold grain surfaces were
targeted, as they were regions most likely to contain and preserve bacterioform gold structures.

Additional SEM imaging of the exterior surface of representative gold grains mounted on carbon
tape was performed with a Cameca SX-100 (Cameca SAS, Gennevilliers, France) at the University of
Arizona. The same instrument was used for electron microprobe (EPMA) probe measurements of
gold major and silver minor element abundances, using standard off-peak interference and matrix
corrections [32,33]. Some samples were embedded within a low-volatile epoxy and polished to expose
grain interiors and potential rim chemistry variations, using sequential grits down to a 0.3-micron
diamond abrasive. Great care was taken to minimize sample preparation artifacts such as deposition
of polishing debris into fractures or pores, localized smearing, which can obscure internal chemistry or
physical features, and cross-contamination [34,35]. The error associated with the in situ EPMA trace
element microprobe analyses is less than ±2 wt %.

Elemental analysis of Mn and Fe on the outer surfaces of gold nuggets was performed using
a NITON X-Ray Fluorescence (XRF) instrument (Thermo Fisher Scientific, Waltham, MA, USA).
The Cu/Zn Mining Mode was used for each analysis, with a dwell time of 240 s. The instrument
Metals Mode was not used as our tests suggested that it has lower reproducibility, higher error and did
not test for all of the trace elements anticipated in samples. The instrument was calibrated to certified
gold-silver-copper-iron-manganese alloy reference standards, and instrumental error was determined
to be less than ±10%.

Samples collected for biological work were located by a metal detector and removed with a
sterile plastic trowel. Each sample was washed five times on-site with sterile 0.9 wt % NaCl solution
and stored in this solution, following the methodology outlined in previous work [3]. However,
our methodology differs from that of previous work [3], in that samples were not transported to the
laboratory on ice. This was done to maintain ambient conditions similar to those within the placer
deposit. In the laboratory, samples were washed in sterile double-deionized water to remove salt and
air dried.

Biological samples were extracted from the surface of the gold grains in standard PBS
(Phosphate-Buffered Saline) and plated on minimal medium (FW-media, Blue Ash, OH, USA;
Leadbetter) under anaerobic conditions (Mitsubishi GasPak). To enrich for metal oxidation, we used
filter disks impregnated with 1 M FeSO4 or 1 M MnSO4. After passage in enrichment culture, isolated
colonies were inoculated into thioglycollate broth (Hardy). Microbial growth was observed in a band
just below the surface of the reduced medium. Repeated dilution and passage of this culture was
performed in thioglycollate broth at approximately three-month intervals, and DNA was extracted from
the culture after four passages. The DNA was purified using the Wizard genomic prep kit (Promega)
and amplified for 16s sequencing using the well-characterized Lane-1994 universal primers 27f 5′-AGA
GTT TGA TYM TGG CTC AG-3′ and 1492r 5′-TAC CTT GTT AYG ACT T-3′. Sequencing was
carried out by Retrogen, Inc. (San Diego, CA, USA). Sequences were submitted to GenBank as
Comamonas testosteroni PGI (Placer Gold Isolate). Micrographs were taken on a CoolSnap FX camera
using a Zeiss Axioplan 2 (Carl Zeiss AG, Jena, Germany).

4. Results

The four main methods used to examine the placer gold from the Devils Nest placers of Rich
Hill are morphological examination using SEM, chemical characterization of outer surfaces using
XRF, chemical characterization of gold grain interiors using electron microprobe (EPMA), as well as
biological culturing with subsequent biomolecular sequencing of the isolate.

Results of morphological analyses are presented in Figures 4 and 5. Surface textures varied
from deformation, which likely resulted from physical weathering, to a wide range of putative
(bio)geochemical forms. Gold from the white placer unit (stratigraphic middle unit) was largely
restricted to physical weathering forms, with an appearance similar to water-worn nuggets from the

40



Minerals 2018, 8, 56

rivers of some Canadian, California and Alaskan placer districts [4,36]. Gold from the red placers
showed impact striations and angular surface forms with deep pockets, which contain mat-like
structures with a strong morphological resemblance to bacterial mats [16] (Figure 6). Striation marks
were dull and weathered, suggesting prolonged exposure to chemical weathering after they were
created. These striations are not shiny and fresh as often observed when damaged during mining by
heavy equipment. The black placer unit gold has extensive Mn-oxide crusts, which are replete with a
wide range of putative biomorphic forms. Scanning electron microscopy imaging revealed that the
black coatings are composed of bacterioform structures and contain an abundance of nano-particulate
gold, occurring predominantly as octahedral crystals, thin trigonal platelets and spherical forms
(Figure 5a–c).

 

Figure 4. Large nugget with striated surface from transport in traction (A) and SEM image of the detail
of the striations (B). Striations are dull, not shiny, like mining-related impact striations.
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Figure 5. SEM images of black placer gold, showing a pocket of biomats containing abundant
nanoparticulate and microcrystalline secondary gold (bright spots) (A). Detail of nanoparticulate
gold (bright spots), on grey biomats (B). Detail of nanoparticulate gold (white areas), showing a
high degree of crystallinity (C). Underlying Mn-Fe-Ba biocrusts are plumose and dendritic-form gold
structures (D).

The XRF characterizations of the surfaces of gold samples are provided in Table 2 and Figure 6.
Red placer gold was richer in silver (averaging 11,000 mg/kg) and intermediate in copper and
iron (averaging 370 and 38,000 mg/kg, respectively), relative to placer gold from the other units.
White placer gold was poorest in trace element concentrations, averaging 3400 mg/kg silver, 310 mg/kg
copper and 4700 mg/kg iron. Red and white placer gold had manganese concentrations that were
below the limits of detection. Black placer gold is rich in iron and manganese (averaging 52,000 and
4400 mg/kg, respectively) and has the highest copper and lowest silver concentrations (averaging
460 and 1600 mg/kg, respectively). Table 1 and Figure 2 present the results of detailed probe element
analysis of placer gold grains in cross-section. Red placer gold has locally well-developed gold-rich
rims, which can be absent in some sections of the outer surface. White placer gold typically has
well-developed gold-enriched rims that are thick and complete around the entire gold particle.
Black placer gold usually has splotchy rims and interior zones of gold enrichment. The enriched zones
of the black gold have irregular and diffuse boarders, whereas the rims of enrichment on red and white
placer gold are sharp and distinct demarcations.
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Figure 6. Plot of silver vs. copper (A), and manganese vs. iron (B), as determined by portable XRF
analysis for gold particle sample listed in Table 2. Error bars are shown, where larger than symbol size.

Table 2. XRF geochemistry of placer gold.

Sample Number Type Au (wt%) Ag (mg/kg) Cu (mg/kg) Mn (mg/kg) Fe (mg/kg)

JY2 Red Placer 95.3 ± 0.4 47,000 ± 4000 380 ± 40 < LOD 1700 ± 200
JY3 Red Placer 95.1 ± 0.4 48,000 ± 2000 390 ± 60 < LOD 2000 ± 300
JY4 Red Placer 96.7 ± 0.4 33,000 ± 1000 370 ± 80 < LOD 6900 ± 400
JY5 Red Placer 97.6 ± 0.3 21,600 ± 900 360 ± 70 < LOD 5800 ± 300
JY8 Red Placer 95.7 ± 0.1 37,100 ± 2000 380 ± 40 < LOD 18,500 ± 600
JY9 Red Placer 94.4 ± 0.3 43,000 ± 1000 380 ± 30 < LOD 16,700 ± 500

JY11 Red Placer 96.0 ± 0.3 32,000 ± 1000 400 ± 80 < LOD 6400 ± 300
JY12 Red Placer 93.2 ± 0.4 68,000 ± 2000 420 ± 90 < LOD 12,100 ± 400
JY13 Red Placer 97.3 ± 0.3 22,300 ± 900 340 ± 30 < LOD 9800 ± 400
EM1 Red Placer 97.1 ± 0.3 25,900 ± 500 330 ± 30 < LOD 8800 ± 400
EM2 Red Placer 94.8 ± 0.1 42,000 ± 5000 370 ± 60 < LOD 27,900 ± 900
EM3 Red Placer 95.7 ± 0.3 41,000 ± 2000 400 ± 60 < LOD 6800 ± 400
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Table 2. Cont.

Sample Number Type Au (wt%) Ag (mg/kg) Cu (mg/kg) Mn (mg/kg) Fe (mg/kg)

EM4 Red Placer 96.6 ± 0.3 34,000 ± 1000 350 ± 50 < LOD 2500 ± 300
EM5 Red Placer 95.6 ± 0.3 41,000 ± 1000 330 ± 60 < LOD 4700 ± 300
EM6 Red Placer 95.8 ± 0.1 32,999 ± 2000 330 ± 30 < LOD 42,000 ± 1300
JY19 White Placer 99.5 ± 0.3 4300 ± 100 330 ± 30 < LOD 2900 ± 700
JY14 White Placer 99.7 ± 0.3 2600 ± 100 280 ± 20 < LOD 4100 ± 300
JY15 White Placer 99.4 ± 0.4 6200 ± 200 310 ± 30 < LOD 1900 ± 200
JY16 White Placer 99.5 ± 0.3 3800 ± 100 350 ± 40 < LOD 9800 ± 400
JY17 White Placer 99.5 ± 0.4 3700 ± 100 320 ± 20 < LOD 2100 ± 600
JY7 White Placer 99.5 ± 0.3 4400 ± 100 340 ± 30 < LOD 8600 ± 400

EM14 White Placer 98.9 ± 0.3 4900 ± 100 320 ± 30 < LOD 4900 ± 300
EM15 White Placer 99.1 ± 0.3 4600 ± 100 330 ± 30 < LOD 4300 ± 200

RA W1 White Placer 99.6 ± 0.2 2300 ± 100 320 ± 30 < LOD 3400 ± 100
RA W2 White Placer 99.6 ± 0.4 1700 ± 40 310 ± 30 < LOD 4300 ± 100
RA W3 White Placer 99.8 ± 0.1 1120 ± 60 270 ± 50 < LOD 4600 ± 100
RA W4 White Placer 99.8 ± 0.2 1220 ± 70 310 ± 50 < LOD 4200 ± 100
RA W5 White Placer 99.4 ± 0.2 3200 ± 100 330 ± 30 < LOD 4700 ± 100
RA W6 White Placer 99.0 ± 0.1 5000 ± 200 290 ± 30 < LOD 5600 ± 100
RA W7 White Placer 99.7 ± 0.4 2600 ± 300 280 ± 20 < LOD 5400 ± 300

JY6 Black Placer 99.8 ± 0.1 1300 ± 100 440 ± 60 3600 ± 20 32,000 ± 1000
JY21 Black Placer 99.9 ± 0.2 970 ± 70 430 ± 50 4900 ± 300 54,000 ± 1700
JY22 Black Placer 99.5 ± 0.3 2140 ± 60 450 ± 50 3900 ± 200 45,000 ± 1000
JY23 Black Placer 98.9 ± 0.5 2300 ± 50 460 ± 60 6800 ± 400 70,000 ± 2200
JY24 Black Placer 99.3 ± 0.3 1630 ± 60 440 ± 60 5600 ± 300 64,000 ± 2000
JY25 Black Placer 99.9 ± 0.2 900 ± 50 480 ± 40 4200 ± 300 53,000 ± 2000

EM10 Black Placer 99.7 ± 0.3 1960 ± 60 420 ± 60 3100 ± 400 65,000 ± 2000
EM11 Black Placer 99.6 ± 0.2 1870 ± 60 490 ± 50 4600 ± 300 55,000 ± 1000
EM12 Black Placer 99.3 ± 0.2 2100 ± 70 500 ± 60 3800 ± 300 46,000 ± 1000
EM 14 Black Placer 99.9 ± 0.3 990 ± 70 470 ± 50 3700 ± 200 44,000 ± 1200
RA B1 Black Placer 99.7 ± 0.2 2210 ± 70 510 ± 60 3000 ± 300 47,000 ± 1000
RA B2 Black Placer 99.8 ± 0.1 920 ± 60 480 ± 70 4900 ± 300 54,000 ± 1000
RA B3 Black Placer 99.7 ± 0.3 2100 ± 80 460 ± 60 3600 ± 200 49,000 ± 1000
RA B4 Black Placer 99.9 ± 0.2 1060 ± 50 480 ± 60 6300 ± 200 59,000 ± 1000
RA B5 Black Placer 99.5 ± 0.2 1800 ± 100 440 ± 50 3400 ± 200 43,000 ± 1000

For microbial growth experiments, the sample from the white placer unit produced no growths
during the 18-month period in which it was cultured. The red placer sample produced minor growths,
but was insufficient to perform sequencing. However, the gold from the black placers produced
abundant growths. Sequencing data of four independent clones identified the isolate as a member of the
Betaproteobacteria, with highest identity to an unusual strain within the species Comamonas testosterone.

5. Discussion

5.1. Geochemistry of Rich Hill Placer Gold

The bulk geochemistry and chemical zonation of placer gold can be used to fingerprint the origins
of the gold and the conditions of its weathering history [18]. Elemental abundances within the placer
gold alloy provide unique identifiers for geochemical classification of placer gold from the Rich Hill
district [18]. Non-destructive analysis of Devils Nest placer gold surfaces using XRF can also be used to
reliably identify the placer unit of origin [18] (Figure 3a,c). Furthermore, the same authors established
that the morphology and chemistry of placer gold from the main placer units at Rich Hill reflect the
conditions generated by the past 4–5 Ma of sequential climatic change in Arizona. Gold-rich rims on
placer gold are also present, with varying degrees of development and texture, which are distinctive
for each of the three placer gold units (Figure 3). The present work expands upon all of the previous
studies with new data and provides explanations for the likely origins of these patterns.

5.1.1. Abundances of Silver and Copper

The placer gold from the Devils Nest has silver and copper abundances, as measured by XRF,
which are related to the original lode gold source and the development of gold-rich rims. These silver
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and copper abundances create fields that are unique for each of the three major placer units (Figure 6a).
The red placer unit gold has the highest levels of silver, which is expected with poor development
of gold-rich rims and rapid transport within pulse placers. Gold from the white placers is lowest in
silver and copper, suggesting deep leaching of these relatively mobile elements. This is consistent with
observations in this paper and by others [18] of thick gold-rich rims and a nugget shape, which indicates
transport and deposition within an alluvial system during an earlier time (ca. 2.4–3.2 Ma) [18] when
Arizona was wetter. Black placer gold is also low in silver, but with intermediate levels of copper
and splotchy rim development. This indicates selective addition of high-purity gold and copper.
Biogenic and secondary gold deposition is known to generally be of high purity [9,37]. The conditions
consistent with biogenic or secondary gold growth are also consistent with conditions of secondary
copper mineralization [38,39], which is often associated with manganese known as “copper wad”.
Wad ores have long been associated with biogenic origins [40,41]. The black coating on the Devils
Nest placer gold at Rich Hill is known to consist of a complex assemblage of manganese-iron-barium
oxides [16], and elevated copper is confirmed by this study.

5.1.2. Manganese and Iron Elemental Abundances

Manganese and iron are elements commonly associated with redox chemosynthetic bacteria
in the shallow subsurface, particularly within deposits of metals [42–45] and aquifers [46]. Indeed,
some are reactive Mn-oxide biominerals (e.g., birnessite), capable of mobilization of gold by oxidizing
Au(0) and Au(I) to Au(III) complexes, thereby driving the transformation of gold nuggets [47,48].
Both manganese and iron occur at elevated levels in the coating of the highly transformed black
placer gold (Figure 6b), while iron is much lower and manganese very low for the red placer gold.
For white placer gold, iron and manganese are both very low. Iron is common in the lode and
sediments at Rich Hill, yet manganese minerals are not present in any of the lode sources. The low
levels of geochemically-available manganese suggest that localized extreme enrichment of manganese
occurred within the black placers. Black placer gold also contains much more iron than red or white
placers. This is especially interesting for the red placers as the abundance of iron gives them their color,
yet appears to impart little iron to the placer gold alloy or coatings.

It is possible that iron and manganese are concentrated within specific stratigraphic horizons
due to redox or geochemical zonation within the placers at the Devils Nest. However, there is no
geological evidence of this as the geochemistry of the placer gold correlates with stratigraphic position
of the gold, regardless of the relative depth and thickness of the placer units. The sole unifying factor
appears to be the presence or absence of pore waters trapped by bedrock depressions, with zones of
elevated soil moisture correlating with black placer development. The combination of elevated Fe and
Mn associated with the gold nuggets from the black placers, and the geological context, suggests a
potential biological origin as both elements are known to be intimately involved with and concentrated
by chemosynthetic life within the shallow subsurface in the presence of water [45]. The correlation
of black gold coatings with modern high soil moisture in bedrock pockets suggests that biogenic
processes are currently active and contribute to the transformation of the placer gold.

5.1.3. Rim Enrichments and Elemental Abundances

Silver and copper solubilities are orders of magnitude greater than that of gold [49,50]. Therefore,
the alloy in the outer surface of natural gold nuggets should become depleted in silver and copper,
relative to the interior of the nugget, over geologic time. This abiological process of “depletion
gilding” or recrystallization is suggested by some [10,13,51] to account for the gold-rich rim effects
observed in many placer gold districts. Conversely, others suggest that gold-rich rims result from the
addition of high-purity gold to the outer surface of gold by geochemical and biological processes [6,9].
Direct resolution of this long-debated issue is not the immediate goal of this paper.

The gold-rich rims on grains and nuggets from the white placers are typical of the rims observed
for deeply chemically-weathered placer gold in alluvial environments [4,36,52]. Given the smooth
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outer surfaces produced by mechanical weathering in the steep streams of the Devils Nest, and the
difficulties this would pose for the establishment of gold-tolerant microbial communities, it is possible
that the gold-rich rims are a result of abiological differential chemical weathering of silver and copper.
However, the same weathering could have been responsible for erosion and removal of all evidence of
such microbial communities if they ever existed.

The red placer gold was transported more recently by debris flows as pulse placers during
a period post-2.4 Ma that was drier, relative to present conditions [18]. This rapid transport and
deposition permitted preservation of fragile biological mats, which suggests that gold rims were
minimally modified by abrasion during transport. The rims on the gold from these red placers are
thinner and incomplete in many places, indicating that the conditions that produced the gold rims
were in place for less time, or the processes were less vigorous. Both possibilities are simultaneously
possible, as rapid transport and an arid climate [18] would minimize the time and fluids that are
essential to deep biological or chemical weathering.

The black gold has splotchy and irregular gold-rich rims and regions. Some of these gold-rich
regions lie deep within placer gold grains. This likely reflects the zones of porosity, which are observed
when great care is taken with both polishing and the removal of the outer black coating. Unlike the
red and white placer gold, black gold has its highest copper concentrations (up to 522 mg/kg) in
the gold-rich regions. This likely reflects the copper enrichment associated with the formation of the
manganese crusts mentioned in Section 4.

5.2. Biology of Rich Hill Placer Gold

It is well-known that biogeochemical processes drive the cycling of lode and placer gold through
dissolution and re-precipitation processes within the shallow subsurface environment [31,53], though
others have questioned this hypothesis [13]. Laboratory studies show that nanophase gold particles
form as colloids and euhedral crystals when bacteria are exposed to mobile gold complexes [54–56].
High-purity secondary gold, biomat structures and nanophase gold are jointly considered indicative of
biogeochemical processes playing a significant role in placer development [3,53]. Biological culturing
and morphological observations of Rich Hill placer gold suggest similar processes were involved in
this district.

5.2.1. Microbial Culturing

Biological culturing of placer gold nuggets was performed on samples from the red, white and
black placer units. It was not the aim of our simple culturing experiment to fully characterize the
bacterial consortia. Rather, it was to determine the presence or absence of such bacteria for future
work and identify if possible the main species present. We then use the morphological characteristics
of the bacteria for comparative study of bacterioform structures observed within gold grains and
manganese crusts.

In laboratory culture studies with gold from the black placers, abundant bacterial growth was
observed. The presence of readily culturable bacteria on the placer gold, in combination with the
abundant nanophase gold observed in the biomats on the placer gold, suggests a mechanism for gold
cycling and biotransformation driven by resident bacteria. This is in agreement with a range of earlier
studies, which showed that nanophase gold is readily biomineralized by a range of bacteria occurring
on placer gold particles, when they are exposed to mobile gold complexes [5,11,55]. Sequencing data
of four independent clones identified the isolate as a member of the Betaproteobacteria, with highest
identity to the genus Comamonas. This isolate appears to be an obligate microaerophile, while the other
known Comamonas species have been identified as obligate aerobes [57]. Based on sequence homology
within the 16s rDNA gene, this appears to be an unusual strain within the species Comamonas testosteroni.
Obligate aerobes rely exclusively on oxidative phosphorylation with O2 as a terminal electron acceptor
for growth, while obligate anaerobes are killed or go dormant when exposed to atmospheric levels
of oxygen due to lack of enzymes to detoxify oxygen radicals. Microaerophiles occupy an unusual
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niche in their ability to withstand small amounts of oxygen and inability to grow effectively under
strongly reducing anoxic conditions. This is consistent with the geological context of these samples, as
this new strain of Comamonas occurs in black gold placers, which only are found deep under thick red
placers within stagnant wet potholes in bedrock that is exposed only by extensive mining operations.
Comamonas species typically have a non-fermentative chemoorganotrophic metabolism [58].

Furthermore, it would not be unusual to find Comamonas bacteria within this type of
environment. A close relative of this bacterium, Delftia acidovorans, is known to be directly
involved in active detoxification and precipitation of gold nanoparticles through extracellular
conversion of toxic Au(I/III)-complexes via the metallophore delftibactin (Johnson et al., 2013).
The reclassification of Pseudomonas acidovorans as members of Comamonas occurred in 1987 [57]. Prior to
this, Comamonas terrigena had been the only species since the genus was named in 1985 [59].
Further study of phenotypic characteristics, chemotaxonomic characteristics and DNA homology
eventually resulted in Comamonas acidovorans’ reclassification as Delftia acidovorans [59].

Images of this new Comamonas species have a striking similarity to the mineralized bacterial mats
observed on the black coatings of black placer gold and within deep cracks of red placer gold (Figure 6
in [16]; Figure 7, this paper). Micrographs from the Comamonas laboratory culture (Figure 7a,b) show a
strong textural similarity to backscatter electron images of the spongy rims on the outer surfaces of
black placer gold (Figure 7c). There is strong correlation between the presence of these biomats and
rim regions of thick silver/copper depletion (Figure 7c). Workers have shown that toxicity drives the
formation of gold-detoxifying biomats that catalyze the biomineralization of gold [60]. Based on what
is known of metabolism in other Comamonas species, it is suspected that this association is linked to
localized aqueous gold toxicity reduction through excretion, rather than chemosynthetic feeding upon
a gold substrate.

5.2.2. Red and Black Placer Biomats and Nanophase Gold

Bacterial mats have been observed within deep cracks of red placer gold (Figure 6 in [16]) and on
the black coatings of black placer gold (Figure 5). Both are replete with 0.2–0.9 micron nanophase gold
particles (Figure 5a). The nano-particles range from amorphous blebs (Figure 5b) to sharp well-defined
crystals and plates (Figure 5c). Varying sizes of this secondary gold suggest that several “episodes”
of gold cycling occurred. Similar size variability in gold from Queensland, Australia, was suggested
to result from at least five major episodes of biogeochemical dissolution and re-precipitation of gold
occurred, spanning up to 58 years in total duration [53].

Beneath the surface coatings of the black gold grains, plumose and dendritic growths are
observed (Figure 5d), inducing zones of porosity to the otherwise massive gold. These textures
consist of elongate structures of the proper dimensions for bacteria and likely represent solid
pseudomorphous overgrowths after their original carbon substrate host, similar to that observed
by other studies [5]. Collectively, these structures and the abundant bacterioform nano-gold suggest
that biologically-mediated dissolution and re-precipitation processes were significant influences.

The red placer gold was transported by debris flows as pulse placers [18]. Transport-related
ductile deformation of placer gold is known to occur in these types of environments due to abiogenic
processes [61]. This rapid transport and deposition permitted preservation of many deep cracks,
pockets and angular surfaces, which normally would have been abraded away and rounded-off in a
fluvial placer system. Biomats are not observed on this gold within deep gouges and striated surfaces,
which resulted from transport, but are found within deep older depressions. This indicates that the
biomats formed before their final emplacement. Conversely, black placer gold has abundant biomat
formation on striated surfaces, which were produced by traction transport, indicating biomat formation
after final emplacement.
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Figure 7. Optical micrographs of (A,B) bacterial growths cultured from biomats growing on black
placer gold and (C) backscatter electron image of a biomat zone in cross-section on a small grain of
black placer gold. The backscatter image shows zones of deep silver and copper leaching (lighter areas)
adjoining the spongy areas of biomat development.

5.3. Origin and Evolution of the Placer Gold Deposits

A feature of Rich Hill placer gold from the red and black Devils Nest deposits is a distinct Pb
isotope signal, which is very different from local lode gold. In fact, this gold is more radiogenic than
its inferred lode source, which dates to ca. 1580 Ma, suggesting a more recent growth or modification
of the nuggets within the placer environment [16,18]. The black placer gold is the most radiogenic,
despite its position at the bottom of the placer deposit stratigraphy, suggesting that it is the youngest
gold. There is no physical evidence that this black gold has migrated to its present lower position
through density settling. The isotope signal is not modern contamination to the outer surface of
the gold, or embedded within the black coating, as this gold was micro-abraded to retain only the
innermost cores of the nuggets that were analyzed [16]. Based on the association of biomorphic forms,
nano-particulate gold and active bacterial growths, we suggest that biomineralization has significantly
modified this stratigraphically older gold with a younger Pb isotope overprint. Active in situ growth
may even continue to the present day, as the placer gold from this unit has mineralized biomats
containing a live Comamonas strain.

This would not be unexpected, as the black placers occur in bedrock potholes and low spots
that are observed to trap stagnant, oxygen-poor water. Such conditions would produce a different
weathering environment than experienced by the red and white placers. The high surface to volume
ratio for this flat gold, produced by transport in traction, would facilitate modification of grain cores.
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The gold from the white placers is the least radiogenic and therefore least likely to have acquired
significant amounts of more recent biogenic gold. It is probable that the deep gold-rich rims on this
gold result from chemical weathering. The white placer deposits formed during a period that was
wetter and dominated by fluvial systems based on sedimentological evidence and gold particle shape
analysis [18]. The smooth and highly rounded gold particle shape was most likely produced by
physical weathering in these fluvial systems and would have been conducive to the deep chemical
weathering recorded by the silver-copper-depleted alloy of the nugget rims.

An intriguing aspect of the white placers is that the mineralogy of the sediments hosting the
gold may be interpreted as part of a fossil low-temperature (<200 ◦C) hydrothermal system. Weak to
moderate silicification and sericitation (boulder bleaching) of these sediments suggest the emergence
of a hot spring system within the placer unit. Similar low temperature hydrothermal alteration of a
placer unit has been noted for the White Channel sediments of the Klondike District in Canada [62–64].
At Rich Hill, it is possible that in addition to causing the observed quartz-sericite alteration, the
chemically- and thermally-aggressive fluids of such a system could have modified pre-existing placer
gold nuggets to produce smoother and rounder forms and the deep silver and copper depletion
rims. These fluids may have also inhibited biological growth on the gold, through thermal and
chemical sterilization.

The red unit is the stratigraphically youngest of the Devils Nest placers, and this gold was
deposited during a drier period marked by large seasonal debris flows. As a result of this rapid
transport, the gold of the red placers is relatively rough, preserving features from its original lode
source and displaying minimal rim effects produced by chemical weathering. The presence of biomats
within deeper crevices and pits on the red placer gold, but not on the youngest grooves from transport,
and in uniform coatings on the black placer gold suggest contemporaneous timing of biological
colonization and modification very late in the development of placers at Rich Hill.

As climate shifted from wet to dry around 1.6 Ma ago [65], soil microbes such as Comamonas
faced a challenge to adapt to the new climate. Perhaps it was a tolerance to generally toxic aqueous
gold, or the high density of gold that provides a thermal impetus for condensation of water, or a
combination of these factors that created a localized microclimate suitable for survival. As drying
continued, the microbial life retreated to deep cracks, which were able to retain more moisture through
surface tension, and deep bedrock pools that had minimal water loss. With smooth surfaces, the gold
of the white placers could not readily sustain microbial life. The obligate microaerophile Comamonas
species was apparently able to make a living within the deep, stagnant and localized black placer
environment. At some fairly recent point, the modern braided drainage network began to erode the
pre-existing Devils Nest placers, creating a modern alluvial placer deposit with its own distinctive
characteristics. Because culture-based analysis necessarily places limitations on microbial growth
and it is commonly observed that environmental samples contain many more organisms than can be
cultivated, we should be careful to allow for the possibility of many other microbial inhabitants of
these putative biomats that remain uncultured. Environmental DNA analysis may shed further light
on this microbial habitat.

6. Conclusions

Following 5–17 Ma of high-angle basin and range faulting, a shallow basin was produced on
the shoulder of Rich Hill that preserves the three placer gold deposits of the Devils Nest. Gold
from these deposits records physical, chemical and biological modification triggered by a wet/dry
paleoclimate transition. The lowermost of these units, the black placers, is a thin gold-rich gravel
that occurs within bedrock gravity traps, suggestive of a steep gradient and abundant non-seasonal
precipitation. Elongated forms suggest gold particle transport was under traction conditions for this
radiogenically young gold. The middle unit, the white placers, has well-rounded gold nuggets with
deep chemical weathering that also records high levels of non-seasonal precipitation, but with a less
steep gradient and abundant fluvial sediment deposition. The uppermost unit, the red placers, was
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deposited by a series of landslides and debris flows during a drier period with seasonal precipitation,
following the 1.6-Ma [65] wet/dry transition. During this dry period, and continuing to the present,
microbial communities established within the wet, oxygen-poor bedrock traps of the lowermost placer
unit, and occasionally within deep crevices on gold of the red placers. This resulted in biological
modification of placer gold chemistry, the generation of nanoparticulate gold and the production
of Mn-Fe-Ba oxide biomats. The young Pb isotope ages for nuggets from these placers indicate the
formation or modification of the gold nuggets during recent supergene processes [16]. A new strain of
the Betaproteobacterium Comamonas testosteroni was cultured from these biomats on the placer gold
and was likely involved in the nugget growth by the formation of Au-detoxifying biomats or by serving
as a reducing agent. It is likely that the white placer gold was not colonized and biologically modified,
due to an unfavorable combination of smooth surfaces, dry conditions and/or low temperature
hydrothermal bleaching.
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Abstract: Detrital gold in Late Pleistocene-Holocene placers has been chemically mobilised and
redeposited at the micron scale by biologically-mediated reactions in groundwater. These processes
have been occurring in a tectonically active semiarid rain shadow zone of southern New Zealand
and are probably typical for this type of environment elsewhere in the world. The chemical system
is dominated by sulfur, which has been derived from basement pyrite and marine aerosols in
rain. Detrital and authigenic pyrite is common below the water table, and evaporative sulfate
minerals are common above the fluctuating water table. Pyrite oxidation was common but any
acid generated was neutralised on the large scale (tens of metres) by calcite, and pH remained
circumneutral except on the small scale (centimetres) around pyritic material. Metastable thiosulfate
ions were a temporary product of pyrite oxidation, enhanced by bacterial mediation, and similar
bacterial mediation enhanced sulfate reduction to form authigenic pyrite below the water table.
Deposition of mobilised gold resulted from localised variations in redox and/or pH, and this formed
overgrowths on detrital gold of microparticulate and nanoparticulate gold that is locally crystalline.
The redeposited gold is an incidental byproduct of the bacterially-enhanced sulfur reactions that
have occurred near to the fluctuating sulfide-sulfate redox boundary.

Keywords: gold; pyrite; sulfate; groundwater; geomicrobiology; authigenic; clay

1. Introduction

Low-temperature mobility and redeposition of gold are well-established phenomena in
the near-surface geological environment, and this gold mobility is commonly mediated by
geomicrobiological processes [1–8]. In particular, bacteria have been shown experimentally to facilitate
gold redeposition from encapsulating sulfide minerals, yielding crystalline and amorphous gold
deposits at the nanometre scale [4–6,9–11]. Similar processes have been inferred for nanoparticulate
and microparticulate crystalline and amorphous gold deposits in the natural environment in a range
of geological settings [4–6,12,13].

Despite the well-established experimental and observational basis for geomicrobiological
mediation of gold mobility, the details of the geochemical environments in which these processes
occur are less well understood. This gap in knowledge arises because geomicrobiological agents and
processes are ephemeral, and subject to overprinting by later events during the geological evolution of
a host environment. Recent identification of the products and time scales of bacterially-mediated gold
mobilisation in an active river [13] have helped to fill this knowledge gap for moist subtropical
environments. In this study, we provide some geochemical and mineralogical constraints on
geomicrobiological processes of gold mobility in a semiarid environment, where strong evaporative
processes have been common.
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This study provides observations on geochemistry and mineralogy of groundwater processes
within Pleistocene fluvial sediments and immediately underlying basement rocks, and relates these
observations to associated gold mobility and redeposition. These processes have occurred, and are still
occurring, in an active tectonic environment, where uplift and erosion have caused physical recycling
of placer gold to younger sediments, followed by renewed gold mobility involving both inorganic and
biologically-mediated chemical processes. Evaporation has locally enhanced solution concentrations
so that secondary minerals have formed with some of the new gold, providing some useful insights
into the water geochemistry that accompanied gold mobility.

2. General Setting

A well-defined rain shadow zone has developed to the east of the mountains that form the
backbone of the South Island of New Zealand (Figure 1a). This rain shadow results in semiarid climatic
conditions with precipitation as low as 300 mm/year in inland areas, and the rain shadow effect has
been present since at least the Pliocene [14,15]. Part of the rain shadow zone includes an area of Otago
Schist basement that hosts numerous orogenic gold deposits that formed in the Cretaceous, including
the world-class Macraes deposit that is an active mine on a regional structure, the Hyde-Macraes Shear
Zone (Figure 1a,b) [16]. This study focuses on placer gold deposits within and near the 500 mm/year
precipitation contour (Figure 1a). The region has potential evaporation greater than precipitation,
resulting in widespread evaporative mineral formation at and near the landsurface (Figure 1a) [17–19].
Some evaporative salt deposits have formed in this region from surface evaporation of marine aerosols
that were deposited on impermeable substrates [15,18,20].

 

Figure 1. Location images for sites described in this study and their regional mineralogical and climatic
contexts. (a) Digital elevation model map of southern New Zealand, showing part of the mountain
chain to the west that causes a rain shadow, with the approximate boundary of the semiarid portion
(black dashed contour). Localities referred to in the Table 1 and some other associated are indicated.
Inset shows the extent of the Otago Schist belt, which hosts orogenic gold deposits that form the source
for placers described herein; (b) Oblique digital elevation model (2 × vertical exaggeration) of the
eastern part of the semiarid rain shadow (as indicated with dashed quadrilateral in a), showing tectonic
topography and basement gold deposits.
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Coupled with the rise of the main South Island mountain backbone, parts of the rain
shadow area have been progressively uplifted since the Pliocene, but at relatively slow rates
(<0.1–1 mm/year) [15,21]. This uplift has resulted in formation of a set of north to northeast trending
antiformal mountain ranges, and these are separated by synformal basins in which little or no uplift
has occurred (Figure 1a,b). The antiformal ranges have been rising for at least the past million years,
and dominate the topography of the rain shadow area (Figure 1a,b) [15,21]. The ranges generally have
smooth topography, with only minor stream incision. The smooth topography reflects exhumation
during uplift of a low-relief regional unconformity surface that has been cut into the schist basement
progressively since the Cretaceous [15,21,22].

A veneer of sediments, at times >300 m thick, accumulated on the regional unconformity between
Cretaceous and Pliocene. The sedimentary veneer was fluvial at the base, with incursion of marine
sediments in the middle Cenozoic, followed by regression and return of terrestrial conditions in the
late Cenozoic as the region was uplifted. Groundwater incursion from sediments into the basement
has caused extensive clay alteration, commonly accompanied by oxidation, of the basement rocks
immediately beneath the unconformity [14,19]. This alteration zone, which is up to 100 m thick,
developed progressively since the Cretaceous [14], and despite rapid erosion from the tops of antiformal
ranges it is still preserved on the lower slopes of these ranges and beneath the synformal basins
(Figure 2a) [15].

 

Figure 2. Summaries of principal geological, geochemical, and mineralogical features of near-surface
gold mobility and redeposition within the Otago rain shadow. (a) Sketch cross section through the
regional unconformity groundwater alteration zone in which long-term supergene gold enrichment
has occurred to form nuggets since the Cretaceous. A sedimentary veneer has short-term gold mobility
that is at least partially biologically mediated and is the focus of this study; (b) Sketch Eh-pH diagram,
summarised from Geochemists Workbench modelling, showing the pH and redox relationships among
minerals found within the placer gold sediments and basement, as outlined in this study.
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Rise of the antiformal ranges has caused some erosion of basement schist and recycling of Cenozoic
sediments, to form landslides and alluvial fans along the margins of the ranges and extending into the
intervening basins (Figures 1b and 3a) [23,24]. Within the rain shadow area of this study, these alluvial
fans are principally middle to late Pleistocene and Holocene in age. Early-formed fans have been
uplifted and re-eroded into younger fans through the Pleistocene, and this process is still continuing
as the area is tectonically active [15,21,22]. The sediments in the alluvial fans are typically poorly
sorted gravels with angular or subrounded schist debris (Figure 3c). These deposits have been derived
from short steeply incised streams on range margins during periodic rainstorms, with some similar
matrix-supported debris flow material interlayered locally.

 

Figure 3. Stratigraphic setting for placer gold deposits in the eastern portion of the Otago rain shadow
(Figure 1b). (a) Summary stratigraphic column, showing the principal rock types in the remnants of the
sedimentary veneer, widespread distribution of authigenic pyrite, and typical placer gold recycling
pathways; (b) Typical quartz pebble conglomerate, which is Eocene in this case, but recycled to Miocene
farther inland; (c) Typical Pleistocene lithic conglomerate dominated by schist debris and cemented by
clays and Fe oxyhydroxide, in outcrop above the water table; (d) scanning electron microscopy (SEM)
image of a polished section of framboidal authigenic pyrite (left) coexisting with clay impregnated
with nanoparticulate gold (nAu) and detrital gold (right).

3. Placer Gold

Most (>95%) primary hydrothermal gold in the Otago Schist goldfield is encapsulated in sulfide
minerals, pyrite, and arsenopyrite, as micron scale particles [25–29]. These gold particles are too small
to form significant placers during erosion. However, long-term alteration of the schist basement
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beneath the regional unconformity has also affected the orogenic gold deposits, principally via
oxidation of the sulfide minerals. Oxidation of associated sulfides has liberated the encapsulated gold,
which was chemically mobilised by the groundwater and carried towards the base of the alteration
zone (Figure 2a) [19,25]. The gold accumulated within supergene enrichment zones as coarser grained
particles, including some centimetre scale nuggets [19,25].

Erosion of the supergene zone in the altered basement has been the principal contributor of
gold particles to placer deposits that have formed progressively since the Cretaceous in various
fluvial deposits in the sedimentary veneer (Figures 2a and 3a) [28,30,31]. On-going uplift and erosion,
especially in the late Cenozoic, has caused recycling of detrital gold from early-formed placers into
younger placers (Figure 3a). Paleoplacers locally remain as uneroded remnants on the flanks of the
antiformal ranges in the rain shadow area, and some of these are as old as Eocene (Figure 1a,b and
Figure 3a,b) [32]. Eocene and Miocene placers are dominated by recycled quartz pebbles (Figure 3b),
whereas younger placers are dominated by lithic material derived directly from schist basement
(Figure 3c).

4. Rationale and Methods

This paper involves a compilation of observations on gold and related geochemical and
mineralogical data from a range of sites that have recently been described in more detail
elsewhere [27,32–34]. These previous descriptions, and other related papers [19,25] have focused
on the nature, formation, and proximal erosion of large (centimetre scale) gold nuggets from supergene
gold enrichment zones that formed during long-term (since Cretaceous) groundwater alteration
(Figure 2a). Smaller scale overgrowths, of biologically-mediated origin, on the rims of these larger
particles were mentioned only casually in these earlier works.

In this paper, we focus on the fine grained overgrowths and compile data from a range of
different settings where specific mineralogical and geochemical data are available. Late Pleistocene
placers are the principal topic of this study as their detrital gold has been the recipient of
geomicrobiologically-mediated overgrowths of new gold from groundwater systems (Figure 2a) that
are still essentially the same as when the placers formed. We focus on five different geological settings
from the semiarid rain shadow zone at which we have mineralogical and geochemical constraints
on the environments in which the overgrowths formed, principally in the Late Pleistocene and/or
Holocene (Table 1 and Figure 1a).

Mineral identifications were carried out with standard light microscopy, X-ray diffraction, and
scanning electron microscopy (SEM) with energy dispersive analytical attachment. Equipment and
operating conditions are described in more detail in the above-cited references. Identification of
specific Fe sulfate minerals at the micron scale was not possible other than confirmation of the general
elemental compositions with SEM. These Fe sulfate minerals vary widely with degree of hydration,
which can also change after sampling and preparation for SEM examination. Groundwater analyses
were obtained from a range of commercial laboratories, as outlined in various references cited herein.
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5. Authigenic Minerals

5.1. Clay Minerals

Groundwater-driven alteration of silicate minerals has caused formation of authigenic clay
minerals within basement and sediments [14], similar to that which has occurred near to regional
unconformities elsewhere in the world [35,36]. There are two principal alteration pathways involving
phyllosilicates above and below the sulfide-sulfate redox boundary: (i) alteration of muscovite to
illite and ultimately to kaolinite; and alteration of Fe-bearing phyllosilicates (principally chlorite)
to smectite-vermiculite and ultimately to kaolinite [14,30]. Alteration of albite to kaolinite occurred
under oxidising conditions as well. These processes advanced to kaolinite beneath the regional
unconformity, and within the basal sediments, as a result of long-term alteration since the Cretaceous,
and some rocks have been completely kaolinitised. Authigenic clay formation via these processes
has been only incipient in Pleistocene sediments, but fine-grained (micron scale) authigenic illitic and
smectite-vermiculite clays are widespread in the matrix of even young schist-rich sediments, causing
localised cementation and lithification of the sediments (e.g., Figure 3c) [14,34].

5.2. Pyrite in Near-Surface Environments

Metamorphic pyrite is a common component of the schist basement outside of unoxidised
orogenic gold deposits, although this pyrite forms only ~1% of the rocks. Groundwater remobilisation
of metamorphic pyrite has been widespread within the schist basement, resulting in formation of
authigenic pyrite on schist joint surfaces and in parts of the clay alteration zone (Figure 3a) [14,37].
Formation of this authigenic pyrite has occurred below the sulfate-sulfide redox boundary, which has
fluctuated widely throughout the long-term evolution of the regional unconformity alteration zone
(Figure 2a,b) [37].

Authigenic pyrite deposited by seawater in marine sediments and groundwater in nonmarine
sediments is distributed throughout the sedimentary veneer, in sediments of all ages (Figure 3a).
This pyrite occurs in pore spaces as framboids (Figure 3d), clast coatings, and locally as a pervasive
cement in the sediments [17,37]. Sulfur to form this pyrite has been derived from the underlying
basement, directly from seawater, and from downward percolation of groundwater containing marine
aerosol sulfate [17,37].

Rapid erosion and redeposition of pyrite-bearing rocks has resulted in preservation of detrital
pyrite in many of the fluvial sediments, especially the fan deposits on the margins of rising basement
ranges [23,27,37]. This detrital pyrite includes liberated particles that are typically sand-sized, but is
dominated by remnant metamorphic and authigenic pyrite attached to, and within, larger silicate clasts.
Oxidation of the metamorphic, authigenic, and detrital pyrite and other associated Fe-bearing minerals
in basement and sediments has yielded abundant Fe oxyhydroxide (typically amorphous or two-line
ferrihydrite, FeIII[OH]3) which has generally replaced the pyrite pseudomorphously [19,30,31]. Hence,
Fe oxyhydroxide joint coatings are widespread in the oxidised zone beneath the regional unconformity,
and Fe oxyhydroxide staining and cements are common above the groundwater sulfide-sulfate redox
boundary in the sedimentary veneer (Figures 2a,b and 3c).

5.3. Sulfate Minerals

The widespread and diverse occurrences of pyrite within the basement and overlying
sediments ensures that near-surface oxidation of the rocks results in formation of sulfate minerals.
The most common sulfate minerals (Figure 2b) include gypsum (CaSO4·2H2O), melanterite
(FeIISO4·7H2O), ferricopiapite (FeIII

2/3FeIII
4[SO4]6[OH]2·20H2O), jarosite (KFeIII

3[SO4]2[OH]6), and
bloedite (Na2Mg[SO4]2·4H2O). These minerals contribute to evaporative coatings on outcrop surfaces
and joints, and cements of surficial sediments, especially beneath overhangs that are protected from
occasional rain events [15,17–19]. Most such coatings also include evaporative calcite and/or halite
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(Figures 2b and 5a). Sulfate minerals also locally coat sulfide minerals at the micron scale where the
sulfides have undergone partial oxidation [27,29].

5.4. Arsenic Minerals

Arsenopyrite is a common mineral, forming up to 5% of the rock in primary hydrothermal gold
deposits of the schist basement. Oxidation of the arsenopyrite beneath the regional unconformity
has yielded widespread scorodite (FeIIIAsVO4·2H2O) as direct pseudomorphous replacement of
arsenopyrite crystals and as evaporative coatings on joint surfaces (Figure 2b) [25,27]. Incipient
oxidative alteration of arsenopyrite can also result in minor amounts (micron scale) of arsenolite
(AsIII

2O3) as an intermediate oxidation product (Figure 2b), typically on the surface of arsenopyrite
particles [27,29]. For example, detrital arsenopyrite derived from rapid erosion of mineralised rocks
with immediate sedimentary burial below the water table also has minor amounts of arsenolite as an
intermediate oxidation product on particle surfaces [27,29].

6. Groundwater Compositions

Groundwater in Pleistocene basins that contain abundant schist debris typically has pH between
7 and 8, with some localised trends towards lower pH (near to pH 6; Figure 4) [19]. This ambient
high pH is a result of water-rock interaction with schist debris that contains abundant (typically at
least 1–2%) metamorphic calcite [19,25,38]. Incursion of rainwater with pH near 6 contributes to the
localised lower pH (Figure 2b), but rapid reaction with the calcite on a time scales of weeks to years [38]
ensured that pH remained high. This high pH is a widespread feature of almost all waters in schist
basement and schist-bearing overlying sediments including Pleistocene sediments that contain placer
gold (Figure 4). The calcite dissolution and neutralisation reactions in the basement and sediments
results in high alkalinity (typically 200–800 mg/L as HCO3

−) in these waters [19,38].

 

Figure 4. Groundwater pH and dissolved sulfate concentrations for gold placer deposits (Table 1) and
associated sediments, landslides, and basement rocks.

Typical basin groundwaters have low dissolved sulfate concentrations (<10 mg/L; Figure 4).
This dissolved sulfate is derived from a combination of incursion of marine aerosols in rain and
interaction with pyrite-bearing rocks [17,37–39]. Locally, extensive interaction between oxidising
groundwater and the widespread pyrite causes elevated dissolved sulfate concentrations in the
groundwater, with concentrations reaching ~100 mg/L where groundwaters percolate slowly through
relatively impermeable lithic debris such as poorly sorted alluvial fan sediments and landslides
(Figures 3c and 4) [19,34]. Neutralised mine waters can have even higher dissolved sulfate
concentrations (Figure 4). These high concentrations of dissolved sulfate are further elevated by
evaporation in the semiarid environment, resulting in precipitation of sulfate minerals as well as some
of the other evaporative minerals (Figure 2b).
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7. Biogenic Gold Textures

The gold overgrowth textures observed within the rain shadow region are similar at numerous
sites in southern New Zealand (Figure 1a) [4,6,12,19,32,39]. The textures are dominated by irregular
micron-scale vermiform gold shapes that have precipitated on the exterior of detrital gold particles.
At least some of the vermiform textures have been likened to accumulations of colloidal gold rather
than products of direct chemical precipitation, although no specific evidence of a colloidal intermediate
has yet been found [12]. Some of the vermiform masses locally merge to form gold plates. In addition,
some micron-scale crystalline gold is associated with the vermiform masses. Triangular and hexagonal
crystal plates are the most common crystalline form, and dodecahedral gold crystals also occur locally.
These features have formed in placers of various ages, from Eocene to Holocene and have then been
deformed and obscured by recycling-related transport to reform in their new environment in younger
placers [19,32,34]. In the following site descriptions, we focus on the youngest stage of detrital gold
deposition in which the delicate overgrowth textures are still best preserved.

7.1. Miocene Placer Gold

At the Chapman Road saline site (Table 1; Figures 1a and 5a), large gold nuggets have been
derived from the exposed long-term supergene enrichment zone in mineralised rocks underlying the
partially eroded regional unconformity. The nuggets are made up of coarse (up to 1 mm) internal
crystalline grains, and some external surfaces are defined by large (mm-scale) crystal facets (Figure 5b).
These nuggets have been transported only metres to hundreds of metres since the adjacent fault zone
became active in the Miocene and the gold was incorporated into Miocene quartz pebble conglomerate.
Subsequent fault-related uplift has caused recycling of the gold into younger alluvial fans, the last of
which formed in latest Pleistocene. This proximal transport has caused some rounding of the nuggets,
especially on protruding crystal corners. Since the last stage of transport, abundant gold overgrowths
have formed on some exterior surfaces (Figure 5c–e). Micron-scale vermiform gold adheres to nugget
surfaces and is also intergrown with authigenic kaolinite in cavities in the nugget surfaces (Figure 5c–e).
Dusty nanoparticulate gold also occurs dispersed through the authigenic kaolinite (Figure 5c).

 

Figure 5. Mineralogical features of the Chapman Road saline site (Table 1; Figure 1a). (a) Evaporative
encrustations on outcrop, dominated by halite, bloedite, calcite, and gypsum; (b) Three large gold
nuggets from Late Pleistocene fan gravels resting on the regional unconformity; (c) SEM backscatter
electron image of a portion of the indicated nugget in a, with abundant vermiform authigenic
gold (vAu); (d,e) Closer views of surface of nugget in (c), with vermiform and crystalline (cAu)
authigenic gold.

62



Minerals 2017, 7, 147

More distal Miocene detrital gold, without subsequent recycling, occurs in structurally-controlled
remnants of quartz pebble conglomerates near St Bathans (Table 1; Figure 1a). Rounded and flattened
gold particles contain detrital and authigenic kaolinite in cavities (Figure 6a–c). Relict supergene
crystalline gold textures are locally preserved where portions of the detrital cores are exposed
(Figure 6c). However, large parts of the detrital surfaces are covered at the micron scale with gold plate
overgrowths, and some of these plates protrude with delicate textures into open cavities (Figure 6b–d).
In addition, nanoparticulate authigenic gold is commonly dispersed through the surficial kaolinite
(Figure 6b,d).

 

Figure 6. SEM backscatter electron images of surface features of detrital gold from Miocene quartz
pebble conglomerate from the St Bathans area. (a,b) Gold from Pennyweight excavation, with
overgrowth plates and nanoparticulate gold (nAu) intergrown with kaolinite; (c,d) Gold from Blue
Lake excavation showing overgrowth plates on a crystalline core, with delicate overgrowth plates
extending into an open cavity.

7.2. Late Pleistocene Gold Placers

Detrital gold derived by erosion of the partially eroded long-term supergene enrichment zone
at Macraes (Table 1; Figure 1a) has accumulated in thin (<10 m) Late Pleistocene-early Holocene
alluvial fan sediments immediately adjacent to the mineralised basement. The sediments, 12–20 ka
in age, contain abundant detrital pyrite and arsenopyrite derived from the mineralised basement,
and organic-rich portions of the sediments also contain authigenic framboidal pyrite. The sediments
have a fluctuating water table as the ephemeral surface drainage streams dry up seasonally, and
hence the depth of the sulfide-sulfate redox boundary (Figure 2b) has fluctuated as well. Evaporative
concentration of groundwaters in the sediments has caused localised precipitation of sulfate minerals
along with Fe oxyhydroxide as sulfide minerals have become oxidised. The proximal detrital gold
particles are generally angular or subrounded, and many have intergrown Fe oxyhydroxide and
Fe sulfate (Figure 7a). Authigenic gold has overgrown the detrital gold particles, and is commonly
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intergrown with the coating iron oxyhydroxide and/or Fe sulfate (Figure 7a–d). Authigenic gold
locally fills desiccation cracks in amorphous evaporative Fe sulfate, and is commonly intergrown with
crystalline Fe sulfate (Figure 7b,c). The authigenic gold overgrowths occur at nanometre and micron
scales (Figure 7b–d).

 

Figure 7. SEM backscatter electron images of surface features of proximal detrital gold in Late
Pleistocene-Holocene sediments derived from the Macraes orogenic deposit. (a–d) Authigenic gold is
intergrown with evaporative Fe oxyhydroxide and Fe sulfate deposits at a range of scales including
nanoparticulate gold (nAu).

Detrital gold in Pleistocene alluvial fans near Patearoa (Table 1; Figures 1a,b and 3) was derived
from the Macraes mineralised zone or a related structure, and was recycled through Eocene quartz
pebble conglomerate (Figure 3b). However, the gold is relatively proximal to its ultimate source,
and particles are angular to subrounded in shape with detrital and authigenic clays in cavities
(Figure 8a). The interior of the particles have retained original coarse grained structure, although the
rims of the particles have finer grain size as a result of transport-related deformation which drove
minor recrystallisation (Figure 8b). Authigenic gold overgrowths have formed on the outside of the
recrystallised rims after deposition in the Late Pleistocene sedimentary deposits, the youngest of which
may be early Holocene. Vermiform and crystalline authigenic gold adheres to the gold particles and is
intergrown with clay on particle surfaces (Figure 8c–f).

The latest Pleistocene Drybread alluvial fan emanates from the rising Dunstan Range antiform
(Table 1; Figure 1a), and the fan debris is made up of a combination of freshly eroded schist basement
and recycled schist clasts and quartz pebbles from earlier-formed fan deposits [23]. Portions of
Pleistocene fans that are buried below the water table are partially cemented by authigenic pyrite
and FeII-bearing authigenic clays, locally intergrown with microparticulate and nanoparticulate gold.
Surficial deposits are variably cemented by undifferentiated authigenic clays and Fe oxyhydroxide.
Much of the detrital gold has rounded and abraded surfaces, and most particles have been flattened
to form flakes (Figure 9a,b) as a result of transport-related deformation. Cavities in the gold
particle surfaces are filled with authigenic and detrital clays, and most of this clay has intergrown
nanoparticulate and microparticulate authigenic gold (Figure 9c–e). Authigenic vermiform gold and
gold plates locally coat gold particle surfaces and span clay-filled cavities (Figure 9c–e).
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Figure 8. SEM images of detrital gold from Late Pleistocene gravels of the Patearoa area (Figures 1a,b
and 3a,c). (a) Electron backscatter image of exterior surface of a detrital particle; (b) Electron backscatter
diffraction image (Euler colours) of a polished section etched with aqua regia, showing the coarse
grained internal structure derived from supergene source, and a rim of finer grained gold recrystallised
after transport-induced deformation. Authigenic overgrowths (not visible in (b); as in (c–f) coat the
rims; (c–f) Electron backscatter images of authigenic gold overgrowth textures (nAu = nanoparticulate;
vAu = vermiform; cAu = crystalline).

 

Figure 9. SEM backscatter electron images of surface features of detrital gold in Late Pleistocene
sediments in the Drybread area (Figure 1a). (a,b) Typical transported detrital particles; (c–e) Authigenic
gold has overgrown the detrital particles as plates and vermiform masses, and is commonly intergrown
with authigenic clays (nanoparticulate gold = nAu).
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8. Discussion

8.1. Geochemical Environment of Gold Mobilisation

Mineralogical observations on the gold placers suggest that the geochemical environment has been
dominated by authigenic sulfur minerals at neutral to alkaline pH (Table 1; Figure 2b). The particular
sulfur minerals that have formed in these placers depended on the redox state of the immediate
environments: sulfides, mainly pyrite, dominate below the water table, whereas sulfates dominate
above the water table. This distinction is not clear-cut as high evaporation associated with the semiarid
climate has caused the position of the water table to fluctuate, and tectonic uplift has also affected the
position of this redox boundary over time. The general spatial geometry of this dynamic environment
is summarised in Figure 10a.

Groundwater-driven oxidation of sulfides within the sediments and underlying basement can
generate sulfuric acid, but on a scale of metres to hundreds of metres, any sulfuric acid generated
by pyrite oxidation near the fluctuating redox boundary is rapidly neutralised by calcite within the
sediments and basement (Figures 2b and 4). Hence, high pH is typically maintained in both surface
and ground waters [38,40,41]. Even sulfide-rich rocks exposed by mining have had acid immediately
neutralised on a mine scale (Figure 4) [38]. Experimental work on oxidation of sulfide bearing rocks in
general shows localised acidification at the centimetre scale, but any such acid generation has been
neutralised at larger scales in the placers of this study (Table 1; Figures 2b and 4) [29,38,42].

Evaporation of marine aerosols has caused increased concentrations of dissolved components,
especially the dominant Na and Cl ions, leading locally to halite deposition on the surface of some
Otago placer sediments (Figure 5a) [18,20]. However, even these salt-rich deposits contain sulfate
minerals, principally bloedite and gypsum, and the pH of these salt encrustations is typically alkaline
(Table 1) [18,20].

8.2. Biologically-Mediated Gold Solubility

Experimental studies with bacteria in gold-bearing environments suggest that gold mobilisation
and deposition is a byproduct of bacterial life-processes rather than a direct result of bacterial corrosion
of gold [4,9–11]. In particular, generation of thiosulfate ions, as metastable intermediates in the
oxidation of sulfide minerals to ultimately yield dissolved sulfate ions, is an important component of
bacterially-mediated gold dissolution [11]. Gold-thiosulfate complexation is distinctly more significant
for gold dissolution than Au–Cl or Au–OH complexes under oxidising and circumneutral conditions
that have prevailed in most of the Otago placer deposits (Figure 10b) [43,44].

Thiosulfate ions can be generated via a range of pathways in this sulfide oxidation process, and
bacterial effects are especially effective where localised acidification has occurred [11,45,46]. Once
thiosulfate ions have been generated, gold can dissolve via a net reaction summarised as Equation (1)
(Figure 10b) [46–48]:

4Au + 8S2O3
2− + O2 + 2H2O => 4[Au(S2O3)2]3− + 4OH− (1)

Gold dissolution via thiosulfate complexation is most rapid (hours to days) when catalysed
by divalent metal ions [46,49,50], but can also occur on time scales of weeks to months without
such catalysis, especially at high pH (Figure 10b) [47]. The ephemeral nature of thiosulfate
ions in the geological environment ensures that, once dissolved, the gold will ultimately be
redeposited (Figure 10b). Variations in redox state and/or pH of groundwater with dissolved
Au-thiosulfate complexes can readily cause gold deposition (Figure 10b) [19,47,51]. Likewise,
evaporative concentration of groundwater in the surficial zone of Otago placers may have contributed
to gold deposition (e.g., Figure 7b).
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Figure 10. Summary diagrams highlighting the key features of biologically-mediated authigenic
gold mobility in Late Pleistocene alluvial fans on the flanks of tectonically active antiformal ranges
(Figure 1a,b). (a) Sketch cross section through a portion of the sedimentary veneer as indicated in
Figure 2a, showing the fluctuating redox boundary that controls oxidised and reduced gold mobilisation
processes (see text); (b) Variations in gold solubility with pH in near-surface groundwater, for differing
redox conditions as in a (modified from [19], from references quoted in text).

Gold dissolution in circumneutral pH groundwater can also occur via complexation with reduced
sulfide species, which are stable below the sulfide-sulfate redox boundary (Figures 2b and 10b) [8,47].
Bacterially-mediated reduction of sulfate to sulfide species can occur via a net reaction such as
Equation (2) [52], with dissolved organic matter derived from coal and/or soil in the shallow
sedimentary environment:

2CH2O + SO4
2− => 2HCO3

− + H2S (2)

The H2S dissociates to HS− ions under more alkaline conditions, and gold dissolution followed
by reprecipitation of that gold is sensitive to pH and redox state (Figures 3d and 10b) [8,47]. Hence,
gold mobilisation and redeposition has occurred both above and below the sulfide-sulfate redox
boundary (Figures 2b and 10a,b), and has been controlled by minor changes in pH and Eh while being
enhanced by both sulfur-oxidising and sulfur-reducing bacterial activity that generated the requisite
sulfur ligands.

Within the context of the above reactions, gold mobilisation and redeposition processes have been
enhanced by the arid climate as a result of two principal effects: (a) fluctuations in the water table; and
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(b) localised evaporative concentration of groundwater compositions. The variations in position of the
water table have caused changes in aqueous redox potential, leading to fluctuations of stability of the
dominant sulfur species near the sulfide/sulfate redox boundary, especially affecting the stability of
primary and authigenic pyrite (Figures 3a and 10a). Consequently, thiosulfate and bisulfide ligands
for gold solubility have been periodically mobilised near to the fluctuating water table, facilitated by
bacteria. Concentrations of these ligands, and associated dissolved gold (Figure 10b), were affected by
both evaporative concentration and redox fluctuations.

9. Conclusions

Regional tectonic uplift since the Miocene has exposed paleoplacer gold deposits and orogenic
gold deposits in the underlying basement in the Otago Schist belt of southern New Zealand. Rise of
higher mountains to the west has caused a semiarid rain shadow zone to develop over the area.
Erosion and sedimentary recycling during on-going uplift in this rain shadow has yielded gold-bearing
Late Pleistocene to Holocene alluvial fans (Figure 10a) in which biologically-mediated gold mobility
has occurred in groundwater. Resultant micron-scale authigenic gold overgrowths on detrital gold
particles are widespread (Figures 5–9). The products of this short-term and small scale gold mobility
are different from long-term supergene enrichment of gold in the basement that has been enhancing
gold particle sizes via inorganic processes since the Cretaceous, with some centimetre scale nugget
formation (Figure 2a).

Sediments of all ages since the Eocene that rest on the basement in the rain shadow area contain
detrital and authigenic pyrite below a redox boundary that approximately coincides with the water
table (Figure 10a). Oxidation of pyrite above this redox boundary yields elevated concentrations of
dissolved thiosulfate and ultimately sulfate in groundwater. The abundant calcite in sediments
and underlying basement inhibits all but localised (cm scale) acidification of the groundwater
environment during this pyrite oxidation, and pH remains circumneutral to alkaline (Figure 10b).
Strong evaporation in the semiarid climate caused further enhancement of water concentrations,
resulting in precipitation of sulfate minerals, predominantly gypsum and Fe sulfates, in the near-surface
environment (Figure 10a). Marine aerosols in rain have contributed additional dissolved components
including some evaporative halite and bloedite. The position of the sulfide-sulfate redox boundary in
the near-surface environment has varied over time because of on-going tectonic uplift and fluctuating
groundwater levels in the semiarid climate (Figure 10a).

Gold has been mobilised chemically in this groundwater environment as Au-sulfur complexes,
with the S-bearing ligands (HS−, S2O3

2−) being derived from bacterially-mediated oxidation and
reduction processes. Oxidation of pyrite has been the dominant process, and this yielded metastable
thiosulfate ions that dissolved and then redeposited gold on the surfaces of detrital gold particles as a
result of redox and pH variations (Figure 10b). In addition, bacterially-mediated reduction of dissolved
sulfate below the water table yielded reduced sulfur species that also dissolved and redeposited gold
as overgrowths (Figure 10b). Despite the localised high dissolved chloride concentrations in evaporitic
environments, the high pH precluded significant involvement of Au–Cl complexes in gold mobility
(Figure 10b).
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Abstract: A. ferrooxidans and their metabolic products have previously been explored as a viable
alternative depressant of pyrite for froth flotation; however, the mechanism by which separation is
achieved is not completely understood. Scanning electron microscopy (SEM), photoemission electron
microscopy (PEEM), time-of-flight secondary ion mass spectrometry (ToF-SIMS) and captive bubble
contact angle measurements have been used to examine the surface physicochemical properties of
pyrite upon exposure to A. ferrooxidans grown in HH medium at pH 1.8. C K-edge near edge X-ray
absorption fine structure (NEXAFS) spectra collected from PEEM images indicate hydrophilic lipids,
fatty acids and biopolymers are formed at the mineral surface during early exposure. After 168 h,
the spectra indicate a shift towards protein and DNA, corresponding to an increase in cell population
and biofilm formation on the surface, as observed by SEM. The Fe L-edge NEXAFS show gradual
oxidation of the mineral surface from Fe(II) sulfide to Fe(III) oxyhydroxides. The oxidation of the
iron species at the pyrite surface is accelerated in the presence of A. ferrooxidans and extracellular
polymeric substances (EPS) as compared to HH medium controls. The surface chemical changes
induced by the interaction with A. ferrooxidans show a significant decrease in surface hydrophobicity
within the first 2 h of exposure. The implications of these findings are the potential use of EPS
produced during early attachment of A. ferrooxidans, as a depressant for bioflotation.

Keywords: NEXAFS; PEEM; A. ferrooxidans; pyrite; ToF-SIMS; biofilm; EPS

1. Introduction

Gold- and copper-containing ore grades are declining, hence, suggesting the necessity for new
and innovative processing procedures [1–4]. Copper sulfide minerals are abundant in nature and
contain valuable base metals [1,4–7]. These copper sulfides are commonly associated with gangue
materials of similar surface physicochemical properties [1,4–7]. One of the most common gangue
materials is the iron sulfide mineral pyrite (FeS2) [1–4]. The traditional method for separating pyrite
from the valuable ore is froth flotation. This method is heavily dependent on the surface properties of
the minerals being separated, requiring the materials of interest to be hydrophobic and for the gangue
material to be hydrophilic, or vice versa [5–8]. In order to alter the surface properties of the sulfides,
a variety of depressants, collectors, frothers and activators are used, many of which are undesirable to
work with due to their toxicity, flammability, instability and their potential for negative environmental
impact [6,7].

Minerals 2018, 8, 132; doi:10.3390/min8040132 www.mdpi.com/journal/minerals72
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Bioflotation is being thoroughly investigated, at the lab-scale, as an efficient, cost effective,
environmentally friendly alternative to traditional froth flotation [9–11]. The bacterium Acidithiobacillus
ferrooxidans has been of great interest to researchers as one of the most promising microbes for
applications in bioflotation [11–15]. It is a non-pathogenic bacterium naturally found in areas where
acid mine drainage occurs, utilizing ferrous iron and sulfur from the dissolution of sulfide minerals
as sources of nutrients [11–15]. Three mechanisms describing the interaction of bacteria with sulfide
minerals have been suggested: direct contact; indirect contact; and non-contact [16,17]. Both the
direct contact and indirect contact mechanisms rely on the bacteria attaching to the mineral surface
and forming a biofilm [16]. Extracellular polymeric substances (EPS) are excreted by bacteria as
part of the cycle of adhesion providing binding sites for ferrous iron oxidation and aiding biofilm
development [16,18–23]. Recent studies suggest that the EPS consists of carbohydrates, proteins, fatty
acids, phosphorous, nucleic acids, uronic acids and humic acids [18,19,22]. The concentrations of which
are affected by growth conditions and type of bacterium [20,23]. The A. ferrooxidans cells and their EPS
have been found to contribute to hydrophobicity changes of the surfaces to which they attach, with
polysaccharides decreasing [24,25], and proteins increasing hydrophobicity [26]. The concentration
and time at which the polysaccharides and proteins are produced during biofilm formation is not well
known and may impact the use of A. ferrooxidans for bioflotation.

The hydrophobicity of a mineral surface is dependent on the surface roughness and chemical
heterogeneity of the first few atomic layers [5–7]. Traditional spectroscopic techniques including X-ray
diffraction and fluorescence have depth penetrations in the order of microns. However, chemical changes
that induce variations in surface hydrophobicity occur within the first 1–2 atomic layers. To determine
the evolution of EPS components formed at mineral surfaces during biofilm formation more surface
sensitive spectroscopic techniques are required [27]. Photoelectron Emission Microscopy (PEEM) offers
several advantages over other spectroscopic techniques in the information it supplies. PEEM is a near
surface technique with a sensitivity of 0.1–10 nm and a spatial resolution of down to 20 nm. Utilizing
synchrotron light sources, tunable soft X-rays can be used to map specific chemical and elemental species
on a surface through near-edge X-ray adsorption fine structure (NEXAFS) spectroscopy [28,29]. Time
of flight secondary ion mass spectrometry (ToF-SIMS) enables the investigation of the composition of
the outermost atomic layers of a surface that dictates hydrophobicity [30–33]. ToF-SIMS is a valuable
technique that can also be used to “fingerprint” mixtures of large, complex biomolecules [33–36].
The combination of PEEM and ToF-SIMS with captive bubble contact angle measurements to determine
surface hydrophobicity, may lead to the identification of the EPS components or cell coverage that
decreases the hydrophobicity of pyrite upon exposure to A. ferrooxidans.

To this end, PEEM and ToF-SIMS have been used to identify and map the distribution of iron
oxidation products and organic species produced by A. ferrooxidans in contact with pyrite over time.
The aims are to: (i) identify the biopolymers and inorganic species produced during initial interaction,
irreversible attachment, through to biofilm formation; (ii) correlate the surface speciation with changes
in surface hydrophobicity of the mineral surface.

2. Materials and Methods

2.1. Culturing Microorganisms

The bacterial strain A. ferrooxidans (DSM 14887) was purchased from DSMZ (Leibniz-Institut
DSMZ-Deutsche Sammlung von Mikroorganism und Zellkulturen) and grown on the recommended
HH medium, DSMZ Medium 882. The medium consists of 0.132 g NH4SO4, 0.053 g MgCl2·6H2O,
0.027 g KH2PO4, CaCl2 2H2O in 1 L ultrapure water adjusted to pH 1.8 with H2SO4. 20 g of ground
pyrite (+37 μm, −75 μm) was UV sterilised and added to sterile 500 mL conical flasks prior to
inoculation by A. ferrooxidans at 10% inoculum. Cultures were grown in an orbital mixer shaken at
155 rpm at 30 ◦C, and continuously cultured every 4 days into fresh HH medium (5% inoculum) as
a stock culture.
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2.2. Pyrite Tile Preparation and Exposure to A. ferrooxidans

Accurate contact angle measurements require flat surfaces to prevent the interference of surface
voids, cracks and particulates on the interaction between the surface and the bubble, such as bubble
pinning [37]. PEEM requires smooth surfaces to prevent arcing due to the large potential difference
between the sample and the electrostatic lens system. The smooth surface also allows for the
determination of preferential attachment due to irreversible binding of bacteria to surfaces rather than
physical containment in voids. For these reasons cubic pyrite (FeS2) was cut to 1–2 mm thickness
and 5 mm2 in area and polished using wet/dry sand paper of increasingly fine grain size, then
polished with 1 μm diamond paste. The tiles were sonicated for 3 min in ultrapure water and UV
sterilized in a laminar flow hood prior to exposure experiments. A. ferrooxidans was inoculated at 10%
inoculum into sterile HH medium containing the sterilised pyrite tiles with no additional iron source.
The polished pyrite pieces were removed at 2, 24, 72 and 168 h. These exposure times were selected to
reflect the initial interaction, irreversible binding of A. ferrooxidans cells on pyrite and biofilm formation.
The samples were either analysed immediately or snap frozen in sterile HH medium, stored at −80 ◦C
and kept frozen until ready for analysis. New tiles were used for each technique to prevent changes in
surface speciation from exposure to X-rays, potential contamination during handling and oxidation at
ambient conditions during transfer.

2.3. Scanning Electron Microscopy (SEM)

SEM allows the visualization and cell distribution across the surface of the mineral tiles and
morphology of etch pits and secondary mineral precipitates during exposure to A. ferrooxidans. Pyrite
tiles were removed from the cultures and stored in 3% glutaraldehyde at 4 ◦C prior to dehydration.
The tiles were rinsed by immersion in phosphate buffered saline solution for 10 min and post-fixed by
immersion in 1% osmium tetroxide for 30 min. The samples were then dehydrated by immersion in
increasingly concentrated ethanol solutions for 10 min per rinse starting at 1 × 70% v/v, followed by
1 × 90% v/v, 1 × 95% v/v and 2 × 100% v/v, with a final rinse in hexamethyl-disilazane (HMDS) for
30 min [38,39]. Samples were then air dried and mounted to SEM stubs using carbon tape, and sputter
coated with 3 nm of platinum.

Samples were analysed on either a Philips XL30 Field Emission Scanning Electron Microscope
(FESEM) (Philips, Eindhoven, the Netherlands) or an Inspect FEI F50 Scanning Electron Microscope
(FEI, Hillsboro, OR, USA) with a field emission electron emitter and EDX, backscatter, and secondary
electron (SE) detectors. The primary electron beam accelerating voltage of 10 kV was used with spot
size 3 when in Secondary Electron (SE) mode. Percentage cell coverage was calculated using the area
of analysis, the number of cells absorbed on the surface and the average area of 6 individual cells using
the image processing software “ImageJ” [40].

2.4. Captive Bubble Contact Angle

Captive bubble contact angle provides a measure of the wettability of a surface, and can be used
to determine the hydrophobicity changes induced by bacteria and their EPS on mineral surfaces. Using
the Captive bubble method rather than the Sessile drop method allows the EPS to remain in a natural
hydrated state in solution, providing a more accurate measure of the wettability changes induced by
the bacteria and their EPS in situ.

Pyrite tiles were removed from culture flasks and placed in the sterile HH medium to prevent
drying before being loaded directly into the quartz cell for analysis. The samples were held face down
and the sample face was immersed in solution. A J-shaped needle was positioned under the sample,
through which air is pumped onto the surface. The volume of the bubble was increased over a period
of approximately 60 s, with an image of the bubble captured after every volume increase to capture
the receding angles. The process was reversed to capture the advancing angles. Based on the captive
bubble methods described in previous studies [41,42], the last five images taken before the bubble was
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removed from the surface were used for the advancing angle, and the central five images from the
receding phase were used for the receding angle. These measurements were performed in triplicate
and the standard deviation of these measurements used to assess reproducibility. To obtain the 0 h
contact angle, a tile of polished pyrite was analysed by sessile drop at constant volume over a period
of 2 min. Each contact angle was express as the angle between the solid and the air bubble for direct
comparison. All Captive bubble contact angle experiments were performed using the Sinterface Profile
Analysis Tensiometer PAT1 Version 8 (Sinterface, Berlin, Germany), and the contact angles from the
images captured by the Sinterface PAT1 CCD camera were analysed using “ImageJ” imaging analysis
software [43].

2.5. Photoemission Electron Microscopy (PEEM)

PEEM is a powerful spectromicroscopic technique, which combines high lateral resolution parallel
imaging with near edge X-ray absorption spectroscopy for the chemical composition of surfaces. PEEM
enables the identification and distribution of Fe and EPS speciation at the surface of pyrite through
exposure to bacteria.

PEEM measurements were carried out on beamline BL05B2 (Scienta Omicron, Taunusstein,
Germany) at the National Synchrotron Radiation Research Centre (NSRRC) in Hsinchu, Taiwan [28].
The beamline uses an elliptically polarized undulator (EPU5) and a spherical-grating monochromator,
yielding very high photon flux of between 1011 and 1013 photons s−1 200 mÅ−1 over 60–1400 eV.
The real-time, sample surface images were acquired by a Charge coupled device (CCD) detector
behind a phosphor screen in total electron yield (TEY) mode, with the analysis chamber vacuum held
at ultrahigh vacuum (1 × 10−9 Torr).

The PEEM images are 100 μm in diameter, with 8.1 × 105 pixels per image, with each pixel
measuring 100 nm2. Topographical effects were removed from the images by dividing by an image
collected from a background region prior to the edge to remove background energy signals using
“XSM reader” software [44]. C K-edge (280–300 eV) and Fe L-edge (699–730 eV) NEXAFS spectra were
collected from regions on the pyrite surface selected using PEEM [44]. The Fe L-edge spectra were
calibrated using standards of iron, Fe L3 edge at 706.8 eV [45]. The C K-edge spectra were calibrated
to the π* C=C eV peak of graphite at 285.4 eV [46] and to the π* C=O peak of bovine serum albumin
(BSA) at 288.2 eV [47,48], respectively. All spectra were pre-edge and post-edge corrected by a linear
pre- and post-edge fit using “Athena” software [49]. All spectra were normalized to the corrected pre-
and post-edge regions.

2.6. Time of Flight-Secondary Ion Mass Spectrometry (ToF-SIMS)

ToF-SIMS is a surface sensitive technique that uses a pulsed ion beam to fragment ions from
the first 1–2 atomic layers of a surface. The mass of those fragments is measured and provides
elemental and chemical analysis of the surface. The ToF-SIMS experiments were performed using
a Physical Electronics Inc. (Chanhassen, MN, USA) PHI TRIFT V nanoTOF instrument equipped with
a pulsed liquid metal 79+Au primary ion gun (LMIG), operating at 30 kV energy. “Unbunched” beam
settings were used to optimize spatial resolution. A cold stage was employed to prevent the loss of
volatile species to the vacuum. A minimum temperature of −70 ◦C was reached and maintained
for the duration of analysis. The mass spectra and images obtained by ToF-SIMS were calibrated
using “WinCadenceN” software version 1.8.1.3 (PHI, Chanhassen, MN, USA). The mass spectra were
calibrated to the CH3

+, C2H5
+ and C3H7

+ peaks for positive ion mass spectra, and CH−, C2H− and
Cl− peaks in the negative ion mass spectra. Both positive and negative spectra were collected over
an area of 100 μm2, with a minimum of 5 areas collected per sample. Integrated peak values of the
selected ions were normalized to the total selected secondary ion intensities to correct for differences in
the total ion yield between samples. Statistical analysis was carried out using a Student t-distribution
with 95% probability [30,50,51]. The results have been plotted using a 95% confidence interval and
may be compared qualitatively.
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To represent the hydrocarbons, carbohydrates and proteins present on the surface, positive
fragments with little ambiguity as to their identity were selected to provide total proportion on
the surface. For hydrocarbons, the fragments CH3

+, C2H3
+, C2H5

+, C3H3
+, C3H5

+, C3H7
+, C4H5

+,
C4H7

+, C4H9
+, C5H3

+, C5H5
+, C5H7

+, C6H7
+ and C6H9

+ are presented. For polysaccharides, the
fragments CH3O+, C2H5O+, C3H7O+, C2H5O2

+, C4H5O+, C4H7O+, C4H9O+ and C3H5O3
+ are

presented. For proteins, the fragments CHN+, CH4N+, C3H6N+, C3H5N2
+, C4H8N+, C5H10N+ and

C5H12N+ are presented. This method was used by Pradier [52], who determined carbohydrate and
protein content by summing oxygenated and nitrogenated carbon signals, respectively. As the mass to
charge ratio of the S2

− and SO2
− fragments are so close (m/z 63.941 and 63.962, respectively), the mass

resolution is not sufficient to separate them, and so they are presented together as combined species.

3. Results

3.1. SEM

Typical SEM images of the pyrite controls and samples exposed to A. ferrooxidans for 2, 24, 72
and 168 h are shown in Figure 1. Over the first 24 h of exposure to A. ferrooxidans, mineral debris
was observed on the surface of the pyrite and the pitting character was similar between the sample
exposed to culture (Figure 1A,B) and HH medium (Figure 1E,F). Cells were observed on the surface
after 2 h, and in greater numbers by 24 h, where they were observed reproducing by cell division
on the surface, an example of which is indicated by arrows in Figure 1I. The cells seem to have no
preference for site defects, as they were observed on all areas of the surface rather than concentrated
around voids or cracks. There is evidence of pitting, typically regularly orientated and 0.8–1.8 μm in
length and 0.2–0.8 μm wide. Scratches on the surface resulting from the polishing process, appear to
be a nexus for the etch pits. Several studies observed etch pits similar in appearance to those seen in
this study, with Gleisner [53] quantifying the pits dimensions and finding them to be 0.2–0.3 μm wide,
which agrees with the etch pit dimensions found here [53–55]. After 72 h of exposure (Figure 1C), cells
appear more concentrated around surface defects and voids. The pyrite surface shows “rivers” of
cracks along crystal boundaries. These surface artefacts have been observed in a previous study by
Karavaiko [56] who determined that they are not caused by direct bacterial action, but rather abiotic
leaching along crystal boundaries. After 168 h (Figure 1D), advanced pitting can be observed as surface
dissolution progresses. Additionally, cells appear in greater numbers on the surface, with bacterial
colonies forming in all regions (Figure 1D).

The pyrite tiles exposed to HH medium (Figure 1E–H) show regularly orientated voids typical
for natural specimens of pyrite that contain fluid inclusions, and scratches on the surface from the
polishing process [57]. After 168 h of exposure (Figure 1H) significantly more etch pits are visible on
the surface compared to earlier exposures (Figure 1E–G). The pyrite exposed to A. ferrooxidans shows
significantly greater deterioration compared to the control at 72 h, with the appearance of larger etch
pits and the formation of “rivers” of cracks that are not apparent on the control surface at any stage.

Studies that have compared bioleaching with abiotic controls agree with the comparatively
smooth control surfaces observed in this study, suggesting the presence of cells accelerates pyrite
leaching [58,59].
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Figure 1. SEM micrographs of pyrite tiles exposed to A. ferrooxidans (indicated by circles) for (A) 2 h;
(B) 24 h; (C) 72 h; (D) 168 h: pyrite tiles exposed to HH medium for (E) 2 h; (F) 24 h; (G) 72 h; (H) 168 h;
(I) SEM micrograph of A. ferrooxidans cells in the process of cell division at 24 h.

3.2. Captive Bubble Contact Angle

The average of five advancing and receding contact angles for each pyrite sample, performed in
triplicate, are shown in Figure 2, with the error bars representing the standard deviation of the samples
measured. Pyrite samples exposed to A. ferrooxidans are more hydrophilic than the HH medium
control at early stages of exposure, showing the most significant increase in hydrophilicity at 2 h,
with differences in contact angles of 9◦–18◦. After 24 h, the pyrite exposed to A. ferrooxidans shows
similar receding angle values to the sterile HH control; however, the advancing angle is more than
25◦ greater. This indicates the pyrite exposed to A. ferrooxidans is more homogenous at this period of
exposure, suggesting improved hysteresis. After 72 h, the contact angles are similar for both control
and bacteria-exposed pyrite, with the contact angle appearing to remain stable for 168 h.

These observations are supported by several previous studies that also suggest A. ferrooxidans
reduces the hydrophobicity of pyrite, providing evidence through flotation results, or on air-dried
samples rather than in situ contact angle measurements [54,60–62]. A difference in measured contact
angle as little as 3◦ can alter mineral recovery by up to 18%, depending on the size fraction of the
particles [4]. These results suggest that an exposure of as little as 2 h could promote the depression
of pyrite by A. ferrooxidans, while longer periods of exposure showed no significant separation of
contact angle compared to the sterile control sample. Although previous studies have reported that
the depression of pyrite is reliant on the formation of a biofilm [5,6], these results suggest a biofilm
is not necessary for significant changes in the hydrophilicity of pyrite, as the SEM showed little cell
coverage after 2 h.
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Figure 2. Surface wettability changes induced on pyrite by exposure to HH Medium and A. ferrooxidans
over 168 h: The (a) advancing contact angle in HH medium; (b) receding contact angles in HH medium.
(c) advancing contact angle when exposed to A. ferrooxidans; (d) receding contact angles when exposed
to A. ferrooxidans; and (e) bare polished pyrite. Error bars represent sample the standard deviation in
the contact angle measurements.

3.3. Fe L-edge PEEM and NEXAFS

The pyrite Fe L-edge NEXAFS spectra in Figure 3 show that the Fe L3 peak is the most prominent
feature, seen as two overlapping peaks due to transitions to the Fe 3d eg at 707.6 eV (A) and to Fe 3d
states hybridized with S 3p at 708.5 eV (B) [63,64]. Two characteristic peaks at 712–715 eV (C) are due
to transitions to S 3p states hybridized with Fe 4s and 4p states in pyrite, while the intense Fe L2 peak
resides at 719.9 eV (D) [63–66]. Iron oxidation products including hematite [45,67,68], magnetite [68],
goethite [45,68], and wüstite [68] result in transitions of Fe 2p to Fe 3d states hybridized with O 2p
states that overlap the pyrite Fe-S contributions between 707.8 and 710.5 eV.

Figure 3. The surface iron speciation of pyrite after 2, 24, 72 and 168 h of exposure to: (a) HH medium;
and (b) A. ferrooxidans.
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Pyrite samples exposed to HH medium as a control, show no discernible changes in the features
of the Fe L-edge spectra, from 2 to 168 h, Figure 3a. The NEXAFS spectra obtained for pyrite shown
in Figure 3a, agree with those obtained by Goh [45] and are consistent with previous studies of
synthetic and natural pyrite samples displaying unaltered pyrite [63,64]. The pyrite samples exposed
to A. ferrooxidans show changes in spectral features between earlier exposure times and the 168 h
exposure, Figure 3b. The peak at (B) corresponds to the Fe 3d states hybridized with S 3p and
the overlapping iron oxides and oxyhydroxides, and increases over the course of exposure [63–66].
The two peaks at 712–715 eV (C) corresponding to bulk pyrite decrease over time, indicating a decrease
in the bulk pyrite signal due to an increase in overlaying iron oxidation products [45,69].

The PEEM images collected at 707.6 eV and 708.5 eV corresponding to unaltered pyrite and Fe
oxyhydroxides are show in Figure 4. The lighter regions indicate a higher concentration of iron species
in certain regions, which are identical at both photon energies for each sample. The pyrite surface
appears heterogeneous over the course of exposure, indicating that areas differ in iron concentration.
The dark regions on the surface are likely due to the formation of sulfur-rich, oxygen-rich and
iron-deficient species that form when pyrite is exposed to both air and acidic media [70–72]. There is
no indication of increased oxidation of the control over the course of exposure, which supports the
observations made using the NEXAFS spectra.

Figure 4. Single energy PEEM images showing the distribution of surface iron speciation on pyrite
exposed to HH medium. The iron rich regions are light and iron deficient regions are dark. After 2 h of
exposure (a) unaltered pyrite, 707.6 eV; (b) iron oxyhydroxides, 708.5 eV; and after 168 h (c) indicates
unaltered pyrite and (d) iron oxyhydroxides.

3.4. C K-edge NEXAFS

Figure 5a shows the C K-edge NEXAFS spectra of pyrite exposed to HH medium for 2, 72 and
168 h. The peak at 285.1 eV can be attributed to the C 1s transitions to either π* C=C and/or π* C–H
(A) [73,74]. The large, broad peak at 292 eV can be attributed π* C–C and σ* C–C, respectively (C) [74].
Peaks at 287.6 eV and 288.8 are due to σ* C–H (B) [75–77].

The C K-edge NEXAFS of the control pyrite surface exhibits little change over time. There are
two possibilities; firstly, there is a large concentration of background adventitious carbon; secondly,
there is the possibility of radiation damage occurring on the surface due to the incident photons. This
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has been documented in previous NEXAFS studies as a characteristically intense C=C peak at 285.1 eV,
that occurs as dehydrogenated C–H bonds [78,79]. The other peaks are all indicative of hydrocarbon
structures containing no nitrogen or oxygen functionalities, which are highly likely to be adventitious
due to the exposure to the atmosphere prior to loading the sample into the vacuum chamber and
beamline, and is an unavoidable hazard of measuring carbon with all spectroscopic techniques of this
nature [33,80].

Figure 5. C K-edge NEXAFS spectra of (a) pyrite exposed to HH medium for 2, 72 and 168 h and
graphite standard; (b) pyrite exposed to A. ferrooxidans for 2, 24, 72 and 168 h and a BSA standard.
The peaks labelled A through E correspond to: (A) C 1s to π* C=C and C–H from adventitious carbon:
(B) π* C=N and σ* C–H; (C) π* C=O carboxylic acids in lipids and biopolymers; (D) σ* C–C; and (E) σ*
CNH, σ* CH or π* C=N, proteins and nucleic acids (E).

Figure 5b shows the stacked C K-edge NEXAFS spectra of pyrite exposed to A. ferrooxidans for 2,
24, 72 and 168 h, and the changes in the carbon species occurring over those exposure times. Each C
K-edge NEXAFS spectrum of the pyrite samples exposed to A. ferrooxidans exhibits a peak at 285 eV
due to C 1s transitions to π* C=C and C–H (A). Peaks between 286 eV and 287.7 eV (B) can be attributed
to both the C 1s transitions to π* C=N and σ* C–H [73–76,81–83]. The intensity of the π* C=C peak at
285 eV (A) suggests that radiation damage may have occurred, reducing the signal from C–H and C–C
peaks between 286–287.7 eV (B) and 292–294 eV (D) [78,79]. The presence of carbonate signal at 290 eV
is also an indicator of possible radiation damage, as carboxyl and carbonyl groups are reduced to form
carbonate species on the surface, where there is no source of carbonate in the HH medium solution or
the pyrite sample [76,78,79].

The π* C=O peak after 2 h occurs between 288.4–288.7 eV (C), suggesting that the peak is due
to more carboxylic-type character common in lipids and biopolymer, that are likely to decrease the
hydrophobicity of the surface at this stage [75,82–85]. In comparison, π* C=O peak occurs at 288.2 eV
(C) after 24 h and remains there for the remainder of exposure, suggesting this is due to the π* C=O
bonds in amides of protein [74–77,81,83,85]. The protein-type π* C=O peak is commonly associated
with the signal at 289.4 eV (E), which can be attributed to C 1s transitions to σ* CNH, σ* CH or π* C=N
amide functionality in proteins and nucleic acids [74,75,77].

After 168 h of exposure to bacteria, the shift in the π* C=O peak at 288.2 eV (C) is also accompanied
by an apparent increase in intensity in σ* C–C at 292–294 eV (D). This indicates a further shift towards
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polymeric substances, with fatty acids and nucleic acids becoming more prevalent on the surface as
biofilm starts to build [74–76].

Few studies have investigated this system using NEXAFS, however, the C K-edge spectra of
A. ferrooxidans cells collected by Mitsunobu [58] agree with the spectra collected in this study. They
note that the protein signal at 288.2 eV was the most intense, with shoulders at approximately 287 eV
and 289.4 eV that are also observed in the spectra found in this investigation.

3.5. ToF-SIMS

The ToF-SIMS statistics obtained from both positive and negative ion fragments of pyrite exposed
to HH medium and A. ferrooxidans are shown in Figures 6 and 7. As the samples were analyzed using
the same parameters, the intensities of the peaks can be used as a measure of the variation between
samples. The positive and negative ion fragments contain a large number of peaks from both inorganic
and organic species. The positive ions of interest were Fe, FeOH, CxHy, CxHyOz and CxHyNz and
were collected at 2, 24, 72 and 168 h of exposure (Figure 6). The negative ions of interest were O, OH, S,
SH, S2, S3, S4, SO3 (Figure 7).

Figure 6. ToF-SIMS normalised peak intensities of positive ion fragments of pyrite exposed to: (a) HH
medium for 2, 24, 72 and 168 h; and (b) A. ferrooxidans for 2, 24, 72 and 168 h. 95% confidence interval
where n = 5.

The positive ion signals confirm that exposure of pyrite to A. ferrooxidans results in significant
modification of the surface chemical speciation. The positive ion fragments are dominated by Fe and
short chain CxHy (x ≤ 6) over the course of exposure to HH medium and A. ferrooxidans. The Fe
significantly increases at 72 h and remains constant at 168 h when exposed to A. ferrooxidans, while
the Fe is variable for the controls. The FeOH fragment undergoes little variation in proportion on
the surface over the course of exposure, indicating little to no jarosite formation on the surface,
as confirmed by the SEM micrographs (Figure 6b). A comparison of samples exposed to A. ferrooxidans
over time indicates the formation of N-containing organic species at 168 h. These results suggest the
production of proteins in the biofilm at this time, and are supported by C K-edge NEXAFS results.
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Figure 7. ToF-SIMS normalised peak intensities of negative ion fragments of pyrite exposed: (a) HH
medium for 2, 24, 72 and 168 h; (b) A. ferrooxidans for 2, 24, 72 and 168 h. 95% confidence interval where
n = 5.

The negative ion fragments suggest that there is some oxidation of surface to form S2, S3 and
sulfur-oxy species during exposure to HH medium and A. ferrooxidans, Figure 7. The lower detection
of S species at the surface of the samples exposed to A. ferrooxidans coupled with the higher CxHy

speciation indicates the formation of an organic over-layer due to biofilm formation. These results
show that the O and OH ions dominate the negative spectra, and overlap strongly with hydrocarbons
produced by bacteria, in agreement with the findings of Pradier [52]. The hydrophobicity of the
sample is dictated by a balance between the hydrophilic polysaccharides and Fe oxyhydroxides and
hydrophobic proteins and sulfur polymeric surface species.

4. Discussion

Surface morphology studies comparing chemically leached pyrite tiles with those exposed to
A. ferrooxidans have shown that the presence A. ferrooxidans accelerates the dissolution of the pyrite
surface. The samples exposed to A. ferrooxidans exhibit large etch pits and rivers of crack along the
surface by 168 h of exposure; while the chemical controls show little change in surface morphology.
The low concentration of cells irreversibly attached to pyrite within 2 h, coupled with evidence of
dissolution, indicate that direct contact between the bacteria and mineral surface is not required
to oxidize the pyrite surface. As attachment to surfaces with roughness less than their cell size is
thermodynamically unfavorable due to increased tension along the cell’s membrane in regions where
the bacterium is not in direct contact with the surface [86]. The polished pyrite tiles used in this study
provide inadequate microscale topography for the bacteria to seek protection in large pits and voids,
and form chemical attachment to the surface over time [86]. In this case, the adhesion of bacteria
is primarily due to the local chemical environment and food source. The cells must excrete EPS to
irreversibly attach to the mineral surface and form a biofilm.

Evidence of EPS was observed on the pyrite surface within 2 h via PEEM, ToF-SIMS and captive
bubble contact angle measurements. The adsorption of EPS to the pyrite surface rendered it hydrophilic
and allowed for binding of larger bacterial colonies by 168 h. The evolution of EPS and the biofilm
chemistry show polysaccharide and fatty acid compounds are produced at early exposure stages,
with protein and nucleic acid compounds being produced at longer exposure times. As a biofilm
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begins to form on the surface, as was observed from the SEM images, more extracellular polymeric
substances and fatty acids were produced by the cells. This increase in oxidation and formation of
polysaccharide and fatty acids compounds promotes the hydrophilicity of the surface observed in the
contact angle results. These results support the idea that the indirect contact mechanism is the dominant
mechanism through which cells interact with the pyrite surface [53–55,87]. The anionic functional
groups from proteins and polysaccharides including carboxyl, sulfydryl, glycerae and phosphate, bind
with metals including iron. This allows for initial oxidation of pyrite to Fe3+-EPS complexes without
bacterial attachment [88,89]. The interaction of A. ferrooxidans can, therefore, be described as an indirect
mechanism whereby EPS interacts with the pyrite surface, followed by an indirect contact mechanism
as the cells irreversibly attach to the surface and biofilm develops [16,21,23].

One of the challenges still facing the application of microorganisms in bioflotation is the unknown
costs, and the uncertainty regarding the amount of cellular material required to depress minerals [90].
As polysaccharides and fatty acids are produced at early exposure stages, cells or EPS-harvested
at this period of exposure to pyrite are likely to be more beneficial to the potential depression of
pyrite than the more hydrophobic protein- and nucleic acid-rich EPS produced at longer periods of
exposure. These findings suggest that biofilm formation is not required to significantly decrease the
hydrophobicity of pyrite. EPS produced by A. ferrooxidans during initial attachment and at low cell
coverage of the surface is adequate for surface modification.

The EPS components produced by A. ferrooxidans have been observed in previous studies to
contain a mixture of proteins, polysaccharides, uronic, humic and deoxyribonucleic acids [18–22],
with the source of nutrients having been demonstrated to impact the composition and amount of EPS
produced by cells [87]. These results suggest that the period of exposure to the mineral surface is
a factor that must be considered in future applications of A. ferrooxidans to bioflotation.

5. Conclusions

Attachment of cells during the first hours of exposure was observed using SEM, with no obvious
preference for surface defects. A biofilm develops after 168 h of exposure. The leaching of the pyrite
is accelerated by the presence of bacteria, with the mineral surface showing more significant pitting
than is caused by acidic medium alone. The difference in hydrophobicity is greatest between bacterial
exposure and abiotic control after 2 h, which coincides with the presence of polysaccharide and fatty
acid-type structures measured by PEEM. However, longer periods of exposure lead to inorganic
oxidation of the pyrite surface, causing little difference in hydrophobicity of the samples until a biofilm
begins to form after 168 h. These observations suggest that A. ferrooxidans preferentially produces
polysaccharide and fatty acid compounds to assist with initial adhesion to pyrite, before beginning to
produce more hydrophobic proteins as colonies begin to develop on the surface. This has important
implications for the field of bioflotation, which would ideally require short-term exposure for the most
efficient separation of minerals. This study suggests that the nature of bacterial excretions changes as
the requirements of the cells change over time, and as such, the time cells are harvested and the length
of exposure to the mineral is of crucial importance for effective separation of minerals.
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Abstract: Soil above a platinum-group element (PGE)-bearing horizon within the Freetown Layered
Intrusion, Sierra Leone, contains anomalous concentrations of n-alkanes (CnH2n+2) in the range C14 to
C22 not readily attributable to an algal or lacustrine origin. Longer chain n-alkanes (C23 to C31) in the
soil were derived from the breakdown of leaf litter beneath the closed canopy humid tropical forest.
Spontaneous breakdown of the longer chain n-alkanes to form C14–22 n-alkanes without biogenic or
abiogenic catalysts is unlikely as the n-alkanes are stable. In the Freetown soil, the catalytic properties
of the PGE (Pt in particular) may lower the temperature at which oxidation of the longer chain
n-alkanes can occur. Reaction between these n-alkanes and Pt species, such as Pt2+(H2O)2(OH)2 and
Pt4+(H2O)2(OH)4 can bend and twist the alkanes, and significantly lower the Heat of Formation.
Microbial catalysis is a possibility. Since a direct organic geochemical source of the lighter n-alkanes
has not yet been identified, this paper explores the theoretical potential for abiogenic Pt species
catalysis as a mechanism of breakdown of the longer n-alkanes to form C14–22 alkanes. This novel
mechanism could offer additional evidence for the presence of the PGE in solution, as predicted by
soil geochemistry.

Keywords: n-alkanes; platinum; catalyst; soil; humic acid; Freetown intrusion; Sierra Leone

1. Introduction

The Freetown Peninsula, Sierra Leone consists of a thick (7 km) sequence of layered gabbroic rocks.
Platinum-group minerals (PGM) have been located in these rocks and have shown to be altered by
superficial weathering [1,2]. Alluvial PGM have been recovered from the streams draining the intrusion
and they are notably different in mineral assemblage, composition, and size from the PGM in the unaltered
host rocks [3,4]. This difference has created debate concerning whether supergene processes could be
responsible for the observed mineralogical differences. It has been suggested [5–7] that some of the PGM
from the host rocks were altered during weathering and the platinum-group elements (PGE) products
transported in solution to a regime of changed Eh and pH where growth of a new PGM suite occurred.
Others consider this to be a “scientifically untenable hypothesis” [8]. There is textural evidence in the
alluvial PGM, however, that is consistent with low-temperature growth and re-solution and re-growth.
Aware of the abundant organic material and microbial fauna beneath the tropical rain forest cover of the
intrusion and the ease with which the PGE react with organic materials [9,10], some studies [11–13] have
examined the possible role of humic and fulvic acid in taking the PGE into solution at 25 ◦C. It is clearly
possible for the PGE to enter solution under these conditions within a short time frame. Importantly,
recent work has shown the ability of bacteria to play a part in the growth of PGM [14,15]. There is a problem
in developing an overall mechanism because there is evidence of different stages in the alteration and
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re-growth process, but the connections between these stages are circumstantial. A reviewer’s comments on
a recent paper describing the mineralogy, geochemistry and genesis of the alluvial Freetown PGM [4] can
be paraphrased as: “OK we accept there is a question to be answered but if organic acids are involved
how could that work?” This paper is a novel attempt to answer that question and to suggest an alternative
mechanism to a conventional organic geochemical approach. The question to be asked is less “how does
humic acid permit alteration of the PGM or transport of the PGE?”, but rather “how is humic acid broken
down by the presence of the PGE in soils?”

2. Humic Acids in Soils

Humic acids are products of the breakdown of dead organic matter derived from the biosphere
(e.g., leaf litter). In the living cell, the organic molecular structures are enzymatically controlled,
either as independent molecules (leaf waxes) or biopolymers (proteins, carbohydrates, and lipids).
The molecules comprising biopolymers have a reactive functional group (e.g., acid, alcohol) through
which they are bound to the biopolymer. Upon death of a cell, the biopolymers are broken down
(hydrolyzed) in to smaller polymers and free molecules (e.g., protein → peptide → amino acid).
The free molecules and biopolymer breakdown products are overwhelmingly (>99.9%) degraded by
microbial processes, ultimately to CO2 and H2O [16].

The molecules comprising biopolymers have reactive functional groups that can recombine
non-enzymatically to form unorganized polymers, which become geopolymers. Molecules without
reactive functional groups can escape degradation by adsorption and clathration within the
randomly structured geopolymers. Initially, relatively low molecular weight geopolymers are
formed (fulvic acids) which become humic acids as random polymerization continues to increase the
geopolymer molecular weight. Further polymerization yields humins (protokerogen), and ultimately
kerogen, the quantitatively dominant geopolymer. As polymerization increases molecular weight,
the geopolymers become more difficult to isolate and characterize. Fulvic and humic acids are both
soluble in a sodium hydroxide solution, whereas humin and kerogen are insoluble. Fulvic acids are
soluble in hydrochloric acid, whereas humic acids and humins are insoluble [16,17].

The transition from fulvic acid to humic acid and to kerogens is a continuum, with definition
dependent only on solubility. The geoploymers however retain in part the molecular structures that
are inherited from the living sources. To deduce the original biological sources, bulk methods such
as carbon and nitrogen stable isotope analyses can be used. If the original molecular structures are
sought, a common technique is to thermally fragment the polymer (pyrolysis), followed by quantitative
identification of the individual molecules by gas chromatography-mass spectrometry (GC-MS) [18].
Pyrolysis can produce artifacts. For example, a C16 straight chain hydrocarbon with a terminal acid or
alcohol can become thermally broken adjacent to the functional group to yield the C15 hydrocarbon
in the final GC-MS analysis, as well as any free C15. Among the many compounds detected from
pyrolysis of humic acids is an important group, the n (normal) -alkanes, where n is the number of
carbons. These are straight chains, with no branches or cyclics, and have the general formula CnH(2n+2),
where n ranges from 1 to 100 or more and their melting points increase with n. The n-alkanes with
low values of n form gases, such as methane (CH4, i.e., n = 1). In the range n = 5 to 16 the alkanes are
liquids at 20 ◦C (e.g., octane, C8H18, n = 8) and for higher values of n they are solid and waxy.

The carbon number, n, can be indicative of the original biological source. Aquatic plants (e.g., algae
and phytoplankton) yield high concentrations of n-alkanes in the nC15–17 range. Sub-aerial plants
synthesize high boiling point waxes (nC27–31) as protection from desiccation by the sun and wind,
to cover leaves and fruit. Odd-carbon numbered n-alkanes usually dominate [19]. The reason is that the
cell polymerizes acetic acid (C2H4O2) to synthesize fatty (carboxylic) acids, which containing multiples
of two carbon atoms, have even carbon numbers. The cell then removes the terminal acid functional
group (loosing 1 carbon), resulting in the odd carbon numbered predominance in the n-alkanes.

It is normal alkanes with n = 27, 29, and 31 that are of particular interest here and they are
abbreviated to nC27, nC29, and nC31. In their simplest form the alkanes consist of a long straight chain
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of carbon atoms with the hydrogen atoms attached along the length. The waxy, non-water soluble
alkanes form in the leaves of vegetation [20–22], especially in the leaves of broad-leaved trees [23].
They can be found to be preserved in the soil as their melting points range from 59.5 to 67.9 ◦C.

Histograms showing the distribution of n-alkanes in tree leaves and soils are shown in
Figure 1. The samples chosen for this illustration deliberately come from a wide geographic area
and are from moist tropical forests. In all cases, the alkane distribution consists of the nC27, nC29,
nC31 alkanes to the virtual exclusion of lighter alkanes, especially those lighter than nC22. The lighter
alkanes (nC12 to nC19) are indicative of derivation from algae in marine or lacustrine environments.
This summary includes recent studies that correspond with the established view of this subject [24–27].

Figure 1. The typical percentage n-alkane content (nC14 to nC36) of soils from moist tropical forests obtained
using solvent extraction and analyzed by gas chromatography—mass spectrometry. (a) The average n-alkane
content of 184 tree leaf samples from tropical lowland forest, Peru. Drawn from tabulated data [20].
(b) The average n-alkane content of leaves from seven tree species, Brazil. Drawn from tabulated data [21].
(c) The n-alkane content of a moist tropical forest near the coast at Debu, Cameroon. Drawn from tabulated
data [22]. (d) The n-alkane content of five soil samples from moist tropical forest, Nepal. Drawn from
tabulated data [23].

3. The Sample Site

The rocks beneath the sample site consist of a layered gabbroic sequence within which there
is a PGE-enriched horizon containing small, weathered PGM [1,2,26]. The PGM are disseminated
with rare minute Cu-sulfides. Pyrite and pentlandite are absent. Whole rock assays typically show
the sulfur content below 0.04% with no known sulfide-rich layer. Weathering of these rocks does
not produce a gossan. The rainfall is high (3000 to 5000 mm/year) [27], most falling in July to
September. A thin soil, normally about 10 cm in thickness, overlies saprolite that is derived from
weathering of the layered rocks. The humic and fulvic acid contents of a sample from that soil
have been examined previously [12,13]. A comparison of the geochemistry of the rocks, saprolite,
and soil has indicated that Pt, Pd and Au are mobile within the saprolite and soils [2]. The saprolite
that covers the PGE-enriched horizon contains Pt, Pd, and Au. The saprolite retains details of the
igneous layering and concentric weathering textures so it is in place and directly derived from the
rocks that it covers. The saprolite that lies down slope of the PGE-enriched horizon also contains Pt,
Pd and Au. This is not due to mechanical down slope movement, but it is the result of movement
of the metals in solution. There is an additional weathering feature; the upper levels of the saprolite
contain less Pt, Pd, and Au than the lower levels and this is likely to have been caused by leaching
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under the heavy rainfall. The whole area is covered by closed canopy humid tropical forest [28].
The tree species mentioned in the older literature (Khaya anthotheca, Guared cedrata, Mimusops heckelii,
Entandrophragma utile, Entandrophragma macrophyllum, Oldfieldia africana, and Cordia platythrsa, [29] are
mainly the hardwoods, such as mahogany and teak of commercial interest. The forest covering the
sample area now consists mainly of secondary forest consisting of smaller trees with waxy, drip-tip
leaves that are designed to cope with the high rainfall.

The sample site is on a well drained hilltop rising to 290 m above present sea level. The hill is
a ridge (roughly N-S) which slopes steeply dropping by about 200 m on either side. This topography
has existed for a long time. There are Eocene wave cut platforms and hard pan deposits at the base of
the ridge (up to 50 m), and there is a lateritized raised beach at a height of about 200 m above present
sea level. The sample site is at about 250 m above sea level and some 50 m above the lateritized raised
beach (Figure 2). Field work is normally practical only outside of the rainy season, but at this time,
the topography and freely draining saprolite mean that soil samples are dry. An attempt to sample
ground water to determine the PGE contents and speciation was not successful.

 

Figure 2. Map of the area inland from York on the Freetown Peninsula, Sierra Leone showing the sample site.

4. Methods

The soil sample was sieved to produce −6 mm and −177 μm (−80 mesh) fractions. Both of the
fractions were assayed for Pt, Pd, and Au by Genalysis (Australia) using fire assay with a Pb collector
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using ICP-MS (Table 1). Assays of the reference material SARM 7 in the same run gave results that
were close to the certified values.

Table 1. Soil sample assay (ppm).

Sample Pt Pd Au

Sample 52, −6 mm to +177 μm fraction 52 6 1
Sample 52, −177 μm fraction 62 7 5

The humic acids were separated following the established method [30] and the dried humic acid
analyzed by on-line pyrolysis gas chromatography-mass spectroscopy. The sample treatment and
analysis have already been described [12,13].

The thermodynamic properties of some straight chain alkanes and their possible reactions with Pt-
bearing species were studied by computational chemistry using the AMPAC 10 program [31]. This program
offers several models corresponding to progressive development of the method. Two semi-empirical
models (PM6 and RM1) from the AMPAC 10 program have been used here. Of these, PM6 is the most
helpful for the present study because it can include calculations involving the PGE and Au, having been
designed with biological molecules and catalysis in mind. There is a modification (D3H4) that is available
to both of these models, which is intended improve the modelling of hydrogen bonding. Calculation of
the Heat of Formation (Formation Enthalpy) of some n-alkanes from C11 to C32 indicates that the RM1
and PM6 models provide a good fit to values published previously [32], as shown in Figure 3. The D3H4
option does not offer an improvement in these examples. The Heat of Formation has previously been
calculated [32] using a density functional model and when compared with experimental values derived
from the NIST Chemistry Web Book (http://webbook.nist.gov/chemistry).

Figure 3. The variation of Heat of Formation for n-alkanes from C11 to C32 calculated using AMPAC
10 [31] and compared with earlier calculations and the experimental data [32].
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5. Results

The Total Ion Chromatograph (TIC) trace for the humic acid from soil sample from the Freetown
Peninsula, Sierra Leone, is reproduced as Figure 4a. The alkanes from the central trace in Figure 4a are
represented as a histogram in Figure 4b for ease of comparison with Figure 1. nC27, nC29, and nC31 are
present in larger proportions than their neighbours (nC28, nC30, nC32), as is to be expected from the
data in Figure 1. Surprisingly, the n-alkanes C14 to C24 are present in higher proportions than nC27,
nC29, and nC31, which is unusual. The high proportions of nC14 and nC15 are particularly noticeable
given that their melting points are 5.9 and 9.9 ◦C, respectively. nC16 and nC17 with melting points of
18.2 and 21 ◦C are also present. As a measure for comparison with the n-alkanes in other broad leaved
trees and tropical soils the ratio: average proportion of C14–C26/average proportion of C27–C35 can be
calculated from earlier results [20–23]. In the leaves of broad leafed trees, this ratio is 0.006 to 0.092 and
it is 0.07 to 0.68 in tropical soils. For the sample from the Freetown Intrusion, this ratio is 3.34.

Figure 4. (a) Total ion current chromatogram (lower trace) and selected ion trace (upper trace) of
a humic acid pyroysate (sample 52). The lower trace shows the total ion current chromatogram with
only a few peaks evident as a result of overlap from many compounds. A homologous series of normal
alkanes is shown, starting from peak 4 (CH3(CH2)12CH3) to peak 22 (CH3(CH2)30CH3). The small
shoulder to the left of some of the numbered peaks is the alkene with the same number of carbon
atoms as the alkane. (b) The n-alkane (C14 to C32) content of a soil sample from the Freetown Peninsula,
Sierra Leone [12,13] presented as a histogram for comparison with Figure 1.

6. Discussion

6.1. Are nC14–C25 Breakdown Products of nC27–C31?

Tree leaves and their humic products normally contain the n-alkanes C23–C31 and the range
C27–C31 is usually dominant. The C14–C21 content of dry land vegetation is often negligible and
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C22–C28 spasmodic in occurrence, depending upon the type of vegetation, but they are always lower in
proportion when compared with C27–C31. The soil from the Freetown Peninsula is anomalous in that
it contains three times as much C14–C15 as C27–C31, and about twice as much C16–C22 when compared
with C27–C31. The sample site on a 200 m high ridge makes it unlikely that the presence of the lighter
alkanes can be due to lacustrine algae. Although there are the remnants of raised beaches in the area
these are at a lower level and of significant age in an area of very heavy rainfall so that lighter alkanes
due to marine algae should not now be present.

Could the presence of C14 and C15 be explained as a breakdown product of C27–C31 by reactions
such as:

C31H64 → 2(C15H32) + C

C29H60 → 2(C14H30) + C

C29H60 + H2 → C15H32 + C14H30

It would be more realistic to present these as oxidizing or reducing reactions:

C31H64 + O2 → 2(C15H32) + CO2

C29H60 + O2 → 2(C14H30) + CO2

2(C29H60) + 2(H2O) → 2(C15H32) + 2(C14H30) + O2

Similarly, the presence of C16 and above might be explained in terms of a breakdown into
two unequal parts, for example:

C31H64 + O2 → C16H34 + C14H30 + CO2

C29H60 + O2 → C17H36 + C11H24 + CO2

2(C29H60) + 2(H2O) → 2(C18H38) + 2(C11H24) + O2

For this we would assume that the lighter alkanes <C14 are sufficiently liquid to drain through
the soil and that the alkanes C14–C17 are sufficiently viscous that they do not drain away or are being
produced at a sufficient rate to compensate for any loss.

There is a huge problem with this suggestion. The alkanes, such as C27–C31, do not normally
breakdown spontaneously because a large energy input is necessary to enable their destruction.
Typically, this involves combustion. Calculation of the Heat of Formation of the components (Table 2)
illustrates this problem. The reactions above can be shown with the calculated Heat of Formation
(in square brackets and in kJ/mol).

C31H64 [−675] → 2(C15H32) [2× −339] + C [0] → [−3]

C29H60 [−633] → 2(C14H30) [2× −318] + C [0] → [−3]

C29H60 [−633] + H2 [0] → C15H32 [−339] + C14H30 [−318] → [−24]

For these reactions, there is an energy gain provided by breakdown but it is small.

C31H64 [−675] + O2 [0] → 2(C15H32) [2× −339] + CO2 [−355] → [−358]

C29H60 [−633] + O2 [0] → 2(C14H30) [2× −318] + CO2 [−355] → [−358]

2(C29H60) [−1266] + 2(H2O) [−392] → 2(C15H32) [−678] + 2(C14H30) [−636] + O2 [0] → [+344]

C31H64 [−675] + O2 [0] → C16H34 [−360] + C14H30 [−318] + CO2 [−355] → [−358]

C29H60 [−633] + O2 [0] → C17H36 [−381] + C11H24 [−256] + CO2 [−355] → [−359]
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2(C29H60) [−1266] + 2(H2O) [−392] → 2(C18H38) [−804] + 2(C11H24) [−512] + O2 [0] → [+342]

Table 2. Heat of formation (kJ/mol) calculated by AMPAC 10 [31] using the PM6, PM6 D3H4, RM1,
and RM1 D3H4 models, and compared with calculated and experimental data [32].

Model nC11 nC14 nC15 nC16 nC17 nC18 nC29 nC31 nC32

PM6 −255.60 −318.45 −339.38 −360.36 −381.29 −402.23 −632.67 −674.58 −695.51
PM6 D3H4 −233.67 −292.90 −312.67 −332.39 −352.15 −371.91 −589.20 −628.69 −648.45

RM1 −262.05 −324.78 −345.70 −366.60 −387.49 −408.42 −638.36 −680.19 −701.08
RM1 D3H4 −286.25 −358.44 −382.51 −406.58 −430.61 −454.69 −719.38 −719.38 −791.60

[28] −270.68 −332.60 −353.07 −373.88 −394.44 −415.16 −642.59 −683.91 −704.60
[28] −270.47 −332.35 −352.95 −373.55 −394.40 −414.83 - - −697.10

The oxidizing reactions with the addition of oxygen produce CO2 and provide a heat gain.
They are energetically favourable and the heat gain [−358 kJ/mol] is almost entirely due to the heat
of formation of the CO2. However, in practice, these reactions are only found to proceed if heat is
added to trigger combustion. The reducing reactions are not energetically favourable and would
require an additional +344 kJ/mol to proceed. The failure of these reactions to proceed without
heat input explains why the non-oxidizing reactions with a smaller heat gain also fail to proceed.
In these examples, different starting materials (C29 or C31) breakdown to equal or unequal components
appears to make little difference. The oxidizing reactions above correspond only to partial combustion.
Full combustion:

C31H64 [−675] + 63 O2 [0] → 31 CO2 [31× −355] + 32 (H2O) [32x −196] → [−17277 kJ/mol]

provides a very much greater heat gain.
The situation can be illustrated by the classic activation energy diagram (Figure 5), in which

reactions proceed from left to right. The oxidation reaction leading to production of CO2 is energetically
more favourable but the reaction does not progress due to the energy requirements of the transition
state. Only with the addition of heat (by combustion for example) can the transition state be reached.
However, in the presence of a catalyst, the energy requirement of the transition state is reduced and
the reaction could proceed without additional heat input.

Figure 5. Schematic diagram illustrating the possible breakdown of C31 to C15 without oxidation and
(lower line) with oxidation.

One distinguishing feature of the soil sample that is studied here is the Pt, Pd, and Au content.
These elements are not likely to be present in significant amounts in most other soils, such as those
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illustrated in Figure 1. Oxidized hydrous Pt species have a much lower heat of formation of than the
un-oxidized species. For instance, [with Heat of Formation in kJ/mol and in square brackets]:

2Pt(H2O)2(OH)2 [2× −543] + 2H2O [2× −196] + O2 [0] → 2Pt(H2O)2(OH)4 [2× −965)

offers a gain of −452 kJ/mol. Thus, a linked Pt species-alkane reaction such:

C31H64 [−675] + 2Pt(H2O)2(OH)2 [2× −543] + 2H2O [2× −196] + 2O2 [0] → 2(C15H32) [2× −339] +

2Pt(H2O)2(OH)4 [2× −965] + CO2 [−355] → [−810]

has a much greater heat gain compared with the simpler alkane oxidation reactions described above.
If such a reaction could occur, then it could provide the incentive for the breakdown of the alkane and
overcome the energy of the transition state.

6.2. Can Catalysis Involving the PGE Facilitate Breakdown of the Heavier Alkanes?

Oxidation and ignition of four light alkanes in the presence of a Pt catalyst [33] has shown that
the oxidation temperatures are lowered to: C1 540 ◦C, C2 320 ◦C, C3 250 ◦C, C4 220 ◦C, whereas these
alkanes normally oxidize above 1000 ◦C. The trend is expected continue so that the longer chain
alkanes should oxidize at even lower temperatures. A straight line on a plot of temperature against
C–H bond energy predicts a very low oxidation temperature for the longer chain alkanes [33]. The data
suggest that a curve would be more appropriate, resulting in a gentler change of oxidation temperature
with alkane number. A curve drawn through the data points by eye or using a Lagrange polynomial
extrapolation suggests that C29, C31 might oxidize at 195 ◦C, but such an extrapolation is highly
speculative and ignores both the large error bars on the data and the phase change from gas to solid.
Somewhere between the straight line interpretation and a curve it appears likely that longer chain
alkanes, such as C29 and C31, could oxidize at room temperature in the presence of a Pt catalyst.
Platinum was shown to be a more effective than Pd, Rh or Ir catalysts. At a slightly higher alkane/air
mixture, the Pt catalyst oxidized C2 at 265 ◦C, whilst oxidation temperatures of 350 ◦C (Pd), 410 ◦C
(Rh), and 450 ◦C (Ir) were reported [33].

There are reactions available both in Nature and are used as commercial processes that involve Pt
(or the other PGE) as catalysts. Some of these reactions are summarized below. A small quantity of
PGE acting as a catalyst is not consumed, so it can alter a very much larger quantity of humic acid.

6.3. Industrial Catalytic Reactions Used to Modify the Alkanes

Hydrogenation breaks a carbon-carbon double bond using a catalyst, such as Pt, Pd, or Ni in
the presence of excess H2. The organic molecule and the H2 are adsorbed onto the catalyst surface
and the H2 dissociates, which allows the two hydrogen atoms to bond to different carbon atoms in
the organic molecule, which is then released from the surface. Ni offers a slower reaction than Pt or
Pd and requires a higher temperature. Industrial applications mainly involve the modification of the
alkenes and there are variations that are adapted to create particular products, converting unsaturated
compounds into saturated compounds (margarine, paraffin, napththene), generally with better storage
properties [34,35].

Dehydrogenation removes hydrogen from an organic molecule and is used to convert alkanes
into more reactive products. Industrial processes use Ag, Fe + Mo or vanadium oxide as a catalyst,
but require higher temperatures (250–400 ◦C) to perform [36].

Hydrogenolysis breaks a single bond, typically a carbon-carbon single bond but C–O, C–N or C–S
bonds can also be broken. Industrially, it is used to remove sulphur, but in the laboratory it is used for
organic synthesis [37].

Alkane metathesis acts on a carbon-carbon single bonds and can be used both to generate a longer
or a shorter alkane. A TaH (tantalum hydride) catalyst acts at 25–200◦C and catalysts using either Pt in
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conjunction with tungsten oxide or Ir with Rh are used in industry. In all cases, the presence of SiO2

appears to be essential. The industrial processes are usually designed to produce longer chain alkanes,
modifying C9H20 to produce C19H40, for instance [38,39].

6.4. Possible Pt-Alkane Reactions in a Soil Environment

The physical situation envisaged in many of the industrial catalytic applications is a Pt foil with
n-alkanes mobile in solution and the ends of the n-alkanes that are able to touch the Pt foil. In a humic-rich
soil with the Pt mobile as a result of weathering, the Pt can be envisaged as free to move and able interact
with an n-alkane at any point along its length.

The AMPAC 10 program [31] has been used to construct the n-alkane molecules and calculate
the Heats of Formation C11 to C32 listed in Table 2. The C31 molecule is shown in Figure 6a and it has
a Heat of Formation of −674.54 kJ/mol.

Figure 6. C31 molecules fabricated using the AMPAC 10 program [31]. The first, 16th (central),
24th (3/4 position) and the 31st carbon atoms are labelled 1C, 16C, 24C and 31C respectively. (a) C31H64,
(b) C31H64 with Pt at end, attached to 31 C, (c) C31H64 with Pt at centre, attached to 16 C, (d) C31H64

with Pt at 3/4, attached to 24 C, (e) C31H64 with tetrahedrally coordinated Pt at end attached to 31 C,
(f) C31H64 with tetrahedrally coordinated Pt at centre attached to 16 C, (g) C31H64 with PtOH at end,
attached to 31 C, (h) C31H64 with Pt(H2O)2(OH)2 at 3/4, attached to 24 C, (i) C31H64 with Pt(H2O)2(OH)2

at centre, attached to 16 C, (j) C31H64 with Pt(H2O)2(OH)4 at centre, attached to 16 C.
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Allowing for a Pt atom to replace an H raises the Heat of Formation. If the Pt is added at
the end (at the 31st C atom indicated here as 31C) the Heat of Formation becomes −347.80 kJ/mol
(Figure 6b). At the centre (16C) of the alkane (Figure 6c), a Pt atom changes the Heat of Formation to
−359.73 kJ/mol. In either case, there is little difference to the structure. If a Pt atom is added 3/4 of the
way along the alkane (24C) then the effect is to bend and twist the alkane (Figure 6d) and the Heat of
Formation becomes −378.61 kJ/mol.

A tetrahedrally coordinated Pt atom at the end of the alkane (31C) makes little difference to the
structure (Figure 6e, Heat of Formation −385.5 kJ/mol) but, in the centre of the alkane (16C), the alkane
is both bent and twisted (Figure 6f, Heat of Formation −394.52 kJ/mol).

PtOH placed at the end of the alkane also has little effect on the structure (Figure 6g) with a similar
Heat of Formation (−341.22 kJ/mol) to that given by Pt alone.

Platinum may occur in solution as Pt2+(H2O)2(OH)2 or Pt4+(H2O)2(OH)4. If Pt2+(H2O)2(OH)2 is
placed at the 3/4 position (24C, Figure 6h) or at the centre (31C, Figure 6i) of the C31 alkane the result is
a bending and twisting of the alkane and the Heats of Formation are −1277.85 and −1294.56 kJ/mol
respectively. Pt2+(H2O)2(OH)4 at the centre (Figure 6j) results in bending and twisting of the alkane
and a significantly lower Heat of Formation (−1681.71 kJ/mol).

It seems that the addition of Pt species to the alkane can damage the structure, and that for Pt
species, such as Pt2+(H2O)2(OH)2 or Pt4+(H2O)2(OH)4, the Heat of Formation is significantly lower.
With such a low Heat of Formation, there is an increased likelihood of a reaction that is able to overcome
the energy of the transition state and cause a breakdown of the n-alkane into smaller n-alkanes.

7. Conclusions

The soil above a PGE-bearing horizon within the Freetown Layered Intrusion contains high and
anomalous concentrations of n-alkanes (CnH2n+2) that are in the range C14 to C22. The presence of
these n-alkanes cannot reasonably be attributed to an algal or lacustrine origin. Longer chain n-alkanes
(C23 to C31) in the soil are likely to have been derived from the breakdown of organic matter from
leaf litter beneath the closed canopy humid tropical forest. These longer chain n-alkanes are typical of
many other tropical to temperature soils.

Unassisted breakdown of the heavier n-alkanes to provide a source for the C14 to C22 alkanes is
not likely. The alkanes are normally stable, and only breakdown when additional energy is added
to the system, such as by ignition. Although there is an energy gain that is offered by breakdown,
the stability of the heavier alkanes can be explained by the energy of a transition state, which is too
high to be overcome without the input of additional energy.

In the Freetown soil, the catalytic properties of the PGE (and Pt in particular) may permit
breakdown of the heavier alkanes by lowering the temperature at which oxidation can occur.
Reaction between the heavier alkanes and Pt species, such as Pt2+(H2O)2(OH)2 and Pt4+(H2O)2(OH)4,
can bend and twist the alkanes and significantly lower the Heat of Formation. Together, these effects
render the breakdown of the heavier alkanes into smaller components more likely. It is possible,
therefore, to offer an explanation for the presence of the C14 to C22 alkanes as a breakdown product of
the natural, longer chain n-alkanes through the catalytic action of Pt, and provide an indication that Pt
is present in solution in the soils, as predicted by the geochemical evidence [2].

The objective of this paper is to offer a preliminary assessment of the potential effects of solid and
aqueous PGE (specifically Pt) on humic acids. Our ab initio approach was stimulated by the difficulty
of identifying potential sources of biogenic matter for the enhanced concentration of n-alkanes that are
centred on nC15. Although future detailed work might identify biogenic sources, the present study
shows that the nC15 enhancement can be formed abiogenically. The same argument could be applied
to methyl alkanes and alkenes in the source leaf waxes. Fragmentation adjacent to weak bonds in long
chain leaf waxes may occur, but we show that Pt2+(H2O)2(OH)2 and Pt4+(H2O)2(OH)4 can promote
scission at the central carbon in nC31. Other Pt species may occur in natural systems. Evidence for
the conditions under which inorganic ligands, such as Pt(OH), Pt(OH)2, and Pd(OH)2, and organic
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siderophiles can occur have been provided by experimental studies [40–45]. The initial study reported
here did not find Pt(OH) or Pt(OH)2 to have a strong effect on the structure of nC31 (e.g., Figure 6g).
Pt4+(H2O)2(OH)4, appears to be more effective and was selected for the ab initio calculations on
the basis of a low desorption energy, thermodynamic stability, and the ability to dissolve platinum
nanoparticles [46], a situation compatible with the platinum assays for the Freetown studies.

The calculated Heats of Formation assume a linear nC31 structure. Given the ease of C-C rotation
in any alkane, it is possible that a linear nC31 molecule only exists in crystalline forms, such as leaf
waxes, and not in randomly structured humic acids. Consequently, steric energy changes due to C-C
rotation have not been included in our modelling. Our ab initio approach indicates abiogenic catalysis
of long chain n-alkanes is energetically viable and fits the analytical data, which was our initial aim.
Future work will need to include:

(a) the relative importance of the abiogenic, sterile processes presented in this paper compared with
the non-sterile biogenic mechanisms;

(b) the relative efficiency of a range of oxide and hydroxide species, including especially Pt(OH),
and Pt(OH)2;

(c) a comparison of Pt oxide and hydroxide species with those of the other PGE, especially Pd;
(d) an examination of the role of position along the alkane on the degree of distortion of the molecule;
(e) a comparison of the distortion of nC31 with nC29 and nC27; and,
(f) the effect of alkane structures other than simple linear chains.
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Abstract: Recycling of gold-bearing “urban mine” resources, such as waste printed circuit boards
(PCBs), is attracting an increasing interest. Some of the gold leaching techniques utilize acidic lixiviants
and in order to eventually target such acidic leachates, the utility of the acidophilic Fe(III)-reducing
heterotrophic bacterium, Acidocella (Ac.) aromatica PFBC was evaluated for production of Au(0)
bionanoparticles (bio-AuNPs). Au(III) ions (as AuCl4−, initially 10 mg/L), were readily adsorbed
onto the slightly-positively charged Ac. aromatica cell surface and transported into cytoplasm to
successfully form intracellular bio-AuNPs in a simple one-step microbiological reaction. Generally,
increasing the initial concentration of formate as e-donor corresponded to faster Au(III) bioreduction
and a greater number of Au(0) nucleation sites with less crystal growth within 40–60 h: i.e., use of 1, 5,
10, or 20 mM formate led to production of bio-AuNPs of 48, 24, 13, or 12 nm in mean particle size with
2.3, 17, 62, and 97 particles/cell, respectively. Addition of Cu2+ as an enzymatic inhibitor significantly
decreased the number of Au(0) nucleation sites but enhanced crystal growth of individual particles.
As a result, the manipulation of the e-donor concentration combined with an enzyme inhibitor
enabled the 3-grade size-control of bio-AuNPs (nearly within a normal distribution) at 48, 26 or 13 nm
by use of 1 mM formate, 20 mM formate (+Cu2+) or 10 mM formate, respectively, from highly acidic,
dilute Au(III) solutions.

Keywords: gold nanoparticles; Acidocella aromatica PFBC; Fe(III)-reducing bacterium; acidophilic
microorganism; size-control

1. Introduction

Industrial demands for precious-group metals (PGMs), together with the growing needs for cost
effectiveness and implementation of green technology are increasing rapidly. Due to the rarity of the
metals and their uneven distribution, the importance to recycle PGMs from secondary resources is
inevitable. As one of the PGMs, Au is recognized as one of the most expensive metals historically in
the world [1].

Today, industrial demands prefer Au mostly in the form of nanoparticles, rather than in bulk
metal, owing to a variety of their unique properties. Nanoparticles tend to be more reactive due to their
greater specific surface area than larger particles. Au(0) nanoparticles (AuNPs) have thus been applied
to many different applications across the field of biology and medicine (e.g., labeling, bio-imaging,
drug delivery [2,3]), environment (e.g., pollution control and water purification [4], catalysts for green
chemistry [5,6], nanobiosensors in food and agriculture industry [7,8]), and technology (e.g., improving
computer memory [9]).

A number of chemical synthesis methods have been so far reported for the production of
AuNPs [10]. One of the most frequently used approaches is the in-situ chemical reduction method,
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which consists of two major steps (i.e., the first chemical reduction step using agents, such as
borohydrides, and the second stabilization step using agents, such as trisodium citrate dehydrate) [10].

For “greener” syntheses of AuNPs as compared to the conventional approaches, the usefulness
of biological methods has recently been increasingly recognized. In these methods, a variety of
biomaterials (such as plants, natural source extracts, chitosan, and microbial cells) directly act as both
reducing agent and stabilizer to form AuNPs [10–13].

Among such biomaterials, bacterial cells are generally easily replicated and maintained, making
them one of the most ideal low-cost materials for metal nanoparticles production. Since interactions
between bacterial cells and different metals have been well documented [14], such natural
geomicrobiological reactions have a great potential to be utilized in the production of diverse
metal nanoparticles.

So far, studies on bacterial bio-AuNPs reported formations of a diverse size range of particles
in different cellular locations (extra- and intracellular regions, including cell surface, periplasmic
space and cytoplasms). These studies used either Au(I)-thiosulfate or Au(III)-chloride as a starting Au
solution with or without e-donor, by employing extensively neutrophilic bacteria (even under acidic
experimental pHs): i.e., different Bacillus spp. (a few nano- to micro-size, extra- and intracellular [15–20]);
Lactobacillus spp. (5–30 nm, intracellular [21]; 20–50 nm and >100 nm, extra- and intracellular [22]);
Pseudomonas aeruginosa (15–30 nm, extracellular [23]); Escherichia coli and Desulfovibrio desulfuricans
(20–50 nm, intracellular; [24]); a range of dissimilatory Fe(III)-reducing bacteria/archaea including
Pyrobaculum islandicum, Pyrococcus furiosus, Thermotoga maritima, Shewanella algae, Geobacter sulfurreducens
and Geovibrio ferrireducens (nano-size, intracellular [25,26]); Rhodopseudomonas capsulate (10–20 nm,
extracellular [27]); Rhodobacter capsulatus (<50 nm, extra- and intracellular [28]), Stenotrophomonas
maltophilia (40 nm, intracellular [29]), Ralstonia metallidurans (extra- and intracellular [30]),
sulfate-reducing bacteria (mostly <10 nm, extra- and intracellular [31]), and the radiation-resistant
Deinococcus radiodurans (44 nm, extra- and intracellular [32]).

Since some of the gold leaching techniques utilize acidic lixiviants, such as chloride solution and
thiourea, plus ferric iron solution, investigating the potential of extremely acidophilic bacteria for
bio-AuNPs production is important. However, to our knowledge, the only acidophilic extremophile
so far tested for bio-AuNPs production is the autotrophic S-oxidizer, Acidithiobacillus (At) thiooxidans.
The bacterium deposited fine-grained Au(0) colloids (5–10 nm), by utilizing Au(S2O3)2

3− as an energy
source, throughout the cell, especially along the cytoplasmic membrane [33].

In both neutrophilic and acidophilic bacterial AuNPs studies, as described above, attempts to
control the particle size have been hardly reported.

Hence, the objective of this study was set to investigate the utility of the acidophilic Fe(III)-reducing
heterotrophic bacterium, Acidocella aromatica PFBC, for the production of bio-AuNPs from acidic, dilute
Au(III) solutions, especially with the aim to recover them with size-control.

2. Materials and Methods

2.1. Microorganism

Acidocella aromatica PFBCT (DSM 27026; [34]) was routinely maintained and pre-grown aerobically
in 500 mL Erlenmeyer flasks containing 200 mL heterotrophic basal salts (HBS) medium (pH 2.5 with
H2SO4; per liter; 50 mg KCl, 500 mg MgSO4·7H2O, 50 mg KH2PO4, 450 mg (NH4)2SO4, 142 mg Na2SO4,
14 mg Ca(NO3)2·4H2O) containing 10 mM fructose and 0.025% (v/v) tryptone soya broth (TSB). Flasks
were incubated at 30 ◦C, and shaken at 100 rpm.

2.2. Bioreduction of Au(III) by Ac. aromatica Cell-Suspensions

Ac. aromatica was pre-grown aerobically, harvested at the late-exponential phase by centrifugation,
washed twice, and finally re-suspended (to a final cell density of 109 cells/mL) in 25 mL of fresh HBS
medium (pH 2.5; in 25 mL vials) containing 10 mg/L Au(III) (as HAuCl4·3H2O). After incubating vials
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for 1 h to allow Au(III) biosorption, sodium formate (HCOONa) was added as e-donor at 1, 5, 10, and
20 mM. It should be noted that sodium formate (pKa = 3.75) added to the media hereafter was likely
present predominantly as formic acid under the acidic conditions used.

Where indicated, Cu2+ (as CuSO4·7H2O) was added to the medium at the initial concentration of
5 mM as a potential enzyme inhibitor at 1 h. Cell-free controls were also set up in parallel.

After cells were pre-grown aerobically, all of the solutions used were prepared anaerobically
by N2-purging (6 h/L-medium). Vials were sealed with butyl-rubber stoppers and aluminum
crimps, and were incubated unshaken at 30 ◦C (in contrast, aerobic incubation did not reduce
gold; data not shown).

Samples were regularly withdrawn and filtered (0.2 μm) to measure the total soluble Au
concentration by ICP-OES (Perkin Elmer Optima 8300, Waltham, MA, USA). Following the completion
of Au(III) reduction (using 20 mM formate), cells were harvested at 160 h for XRD analysis (Rigaku
UltimaIV; CuKα 40 mA, 40 kV, Tokyo, Japan). All of the experiments were conducted in duplicate.

2.3. Zeta-Potential Measurement

Ac. aromatica cells were harvested, washed twice, and re-suspended in 10 mL of 10 mM NaCl
solution (pH 2.5 with HCl or NaOH) to a final cell density of 108 cells/mL. After the addition of Au(III)
at 10 mg/L, cells were left for 30 min prior to the zeta-potential measurement (Malvern ZETASIZER
Nano series, Malvern Co., Ltd., Malvern, UK). The measurement was conducted in duplicate.

2.4. Ultra-Thin Section Transmission Electron Microscopy (TEM) Observation

TEM ultra-thin section was performed to observe the distribution and localization of the resultant
bio-AuNPs. Cells were collected at 160 h after exposure to Au(III) by centrifugation (12,000 rpm
for 10 min), followed by a two-step cell fixation (by using mixture of 4% paraformaldehyde plus
2.5% glutaraldehyde, followed by 1% osmium tetroxide). Cells were dehydrated using an ethanol
series (70%, 80%, 90% and 99.5% ethanol for 5 min each step, and finally 100% dried ethanol for
10 min), washed with propylene oxide and finally polymerized with resin (contained Epon 812, DDSA,
NMA, and DMP-30). The polymerized samples were cut into 70 nm thickness with a diamond knife
(SUMI knife) using ultramicrotome (Leica EM UC7). The ultra-thin film was located on the copper
micro grid and stained with ESTM and Pb-citrate for 10 min, respectively, prior to TEM observation
(FEI TECNAI-20, Hillsboro, OR, USA). TEM images were used to calculate the average density of
bio-AuNPs (particles/cell) under each condition.

2.5. Particle Size Analysis Using Image-J

Image-J software (National Institute of Health, Rockville, MD, USA) was used to analyze the
particle size of bio-AuNPs. A total of over 70 nanoparticles were analyzed to calculate the diameter
and its standard deviation (except that only 25 and 17 particles were available at 0 and 5 mM formate,
respectively). Firstly, the images were calibrated and thresholded by selecting the ROI (region of interest)
and removing the background noise. The particles were then analyzed with the “Analyze Particle”
function, which calculates the projected area of an individual particle. Assuming that the particle is
spherical, the diameter of each particle was calculated from its projected area.

3. Results and Discussion

3.1. Au(III) Biosorption and Bioreduction

About 8.5–9 mg/L of Au(III) ions were rapidly biosorped onto the Ac. aromatica cell surface within
10 min, before adding formate as e-donor at 1 h (Figure 1). In fact, the zeta-potential measurement
showed that a weakly positive surface charge exhibited by Ac. aromatica cells (+2.5 mV at pH 2.5)
was shifted slightly negative (+1.9 mV at pH 2.5) after mixing with Au(III) (in the form of AuIIICl4−)
(Figure 2), implying the occurrence of Au(III) biosorption on the cell surface. On the other hand,
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no instant decrease in Au concentration was observed in cell-free controls (Figure 1a). Upon the
addition of formate at 1 h, the initial biosorption step was followed by an apparent induction phase
before Au(III) bioreduction was started to produce Au(0) (Figure 1b). Higher formate concentrations
led to less noticeable induction time and faster Au(III) bioreduction: At 1, 5, 10, and 20 mM formate,
Au(III) was completely reduced within 60, 60, 50, and 40 h, respectively (Figure 1b). Meanwhile, in
cell-free controls, the Au concentration started to decrease only after 40 h due to its chemical reduction
by 20 mM formate (Figure 1a). Without formate addition, the biosorption step was followed by a slower
and incomplete decrease in the Au concentration (Figure 1b). Addition of 5 mM Cu2+ simultaneously
with 20 mM formate at 1 h did not show a significantly different trend in soluble Au concentrations,
when compared to that without Cu2+ (Figure 1b).

As compared to the case with At. thiooxidans [33], it was possible to rapidly produce bio-AuNPs
by using Ac. aromatica with addition of formate as e-donor. Also, the fact that biomass of acidophilic
heterotrophs is generally more readily obtained compared to the autotrophs suggest the potential
advantage of using acidophilic heterotrophs for bio-AuNPs from acidic solutions.
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Figure 1. Au(III) biosorption and bioreduction in cell-suspensions of Ac. aromatica (pH 2.5). (a) Different
initial concentrations of formate were used as e-donor; � 0 mM, � 1 mM, �5 mM, 10 mM, and �
20 mM (solid lines). As a potential enzymatic inhibitor, 5 mM Cu2+ was added with 20 mM formate
(�; dotted line). Cell-free controls with 20 mM formate (×; dotted line) were also tested. (b) shows the
same data on an enlarged x and y-axis. Grey arrows indicate the time of formate addition at 1 h.
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Figure 2. Zeta-potential measurement of Ac. aromatica cells at pH 2.5, with or without mixing with
10 mg/L Au(III).

3.2. Size, Density and Localization of Bio-AuNPs

3.2.1. Size and Density

After Au(III) reduction to produce bio-AuNPs, as confirmed by XRD analysis (Figure 3),
Ac. aromatica cell-suspensions exhibited different intensity of pink color, in accordance with the
initial formate concentration (Figure 4b–f), except at 0 mM formate where Au(III) bioreduction was
incomplete and no clear color change was noticed (Figure 4a). TEM observation (Figure 5) combined
with Image-J particle size analysis (Figure 6) revealed that Au(III) bioreduction at increasing formate
concentrations (1, 5, 10, 20 mM) resulted in higher bio-AuNPs densities (2.3, 17, 62, and 97 particles/cell;
Figure 5b–e), with finer particle sizes (48, 24, 13, and 12 nm; Figure 6b–e), respectively. The addition of
Cu2+, together with 20 mM formate, led to the production of significantly fewer but larger particles
(6.5 particles/cell and 26 nm; Figures 5f and 6f, respectively) as compared to the Cu2+-free counterpart
(97 particles/cell and 12 nm; Figures 5e and 6e, respectively). Slightly purple coloration in cell-free
controls with 20 mM formate (Figure 3g), together with a decrease in total Au concentration (Figure 1a),
suggested the formation of relatively larger bio-AuNPs. However, it was not possible to harvest any
precipitates from the solution by centrifugation. The above results indicate that the color transition
from light-purple, pink, then to pink-red (Figure 4b–f) was particle-size dependent (arranged roughly
from larger to smaller particle size; Figure 6b–f). Indeed, color change of several types of biomass after
exposure to Au(III) ions was also reported in previous studies, e.g., [25–27,35]. Purple-pink coloration
of colloidal Au is due to excitation of surface plasmon vibrations in the AuNPs [36]. Use of heat-killed
Ac. aromatica cells instead of active cells generally resulted in the production of fewer and larger
bio-AuNPs (data not shown). This indicated the importance of using active cells for bionanoparticles
production, as was also the case in bio-PdNPs formation [13].
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Figure 3. X-ray diffraction pattern of the resultant Au(0) bionanoparticles produced by Ac. aromatica
using 20 mM formate as e-donor. Open circles are assigned to metallic Au(0) (PDF No. 03-065-8601).
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Figure 4. Color change of Ac. aromatica cell-suspensions after Au(III) reduction (at 160 h after exposure
to 10 mg/L Au(III)). Formate was added as e-donor at; (a) 0 mM, (b) 1 mM, (c) 5 mM, (d) 10 mM,
or (e) 20 mM. (f) As a possible enzymatic inhibitor, 5 mM Cu2+ was simultaneously added together
with 20 mM formate. (g) Cell-free controls were also tested at 20 mM formate.
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 0 mM                                    1 mM                                     5 mM            
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Figure 5. Ultra-thin section TEM images of Ac. aromatica cells collected at 160 h after exposure to 10 mg/L
Au(III). Formate was added as e-donor at; (a) 0 mM, (b) 1 mM, (c) 5 mM, (d) 10 mM, or (e) 20 mM.
(f) As a possible enzymatic inhibitor, 5 mM Cu2+ was simultaneously added together with 20 mM
formate. Densities of Au(0) bionanoparticles (NPs/cell) were calculated and indicated underneath
respective TEM images. The total number of particles counted were as follows: (a) n = 25 (in 13 cells);
(b) n = 18 (in 8 cells); (c) n = 119 (in 7 cells); (d) n = 493 (in 8 cells); (e) n = 681 (in 7 cells); and, (f) n = 71
(in 11 cells).
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Figure 6. Particle size distribution of Au(0) bionanoparticles produced by Ac. aromatica at initial
formate concentrations of; (a) 0 mM (cf., Figure 5a, n = 25), (b) 1 mM (cf., Figure 5b, n = 18), (c) 5 mM
(cf., Figure 5c, n = 119), (d) 10 mM (cf., Figure 5d, n = 493), (e) 20 mM (cf., Figure 5e, n = 681) or (f)
20 mM + Cu2+ (cf., Figure 5f, n = 71).

3.2.2. Localization

According to TEM images, bio-AuNPs were formed intracellularly (both in the periplasmic space
and inside cytoplasm; Figure 5a–f). In the case of Pd(0) bionanoparticles (bio-PdNPs) production by Ac.
aromatica, addition of Cu2+ strongly inhibited initial enzymatic Pd(0) nucleation, forming only a few,
much larger triangle and penta-/hexagonal Pd(0) particles [13]. Since a similar observation was found
with bio-AuNPs formation (as described in Section 3.2.1), it may be possible that a common mechanism
is shared between Pd(0) and Au(0) bionanoparticles formation by Ac. aromatica and that addition of
Cu2+ deactivates most of its responsible enzymatic, as well as “metal trafficking”, protein activities.

3.3. Schematic Summary of Bio-AuNPs Production by Ac. aromatica

Based on the results obtained above, the schematic flow of bio-AuNPs formation by Ac. aromatica
is proposed as shown in Figure 7.

In some studies, the use of H2 (but not organic acids such as lactate) was essential to support
Au(III) reduction [25,26], and the involvement of hydrogenase(s) was suggested in S. algae [25], E. coli
and D. desulfuricans [24]. In this study, formate played a role as an effective e-donor. Here, sodium
formate (HCOONa) added to cell-suspensions as e-donor exists mostly in the form of formic acid
(HCOOH; pKa = 3.8) under acidic pHs (pH 2.5 in this study). Formic acid can diffuse through the
cell membrane to deprotonate to cause acidification of the cytoplasm (Equation (1)) [37]. Since the
presence of putative formate dehydrogenase (FDH) enzyme is predicted from the genome sequence of
Acidocella sp. (e.g., Ac. aminolytica DSM 11237; Acidocella sp. MX-AZ02) [13], formic acid diffused into
the cytoplasm can be decomposed by FDH to release H2 gas (Equation (2)) to act as a reducing agent
for Au(0) nucleation.

HCOOH � HCOO− + H+ (1)

HCOOH→ CO2 + H2 (2)

109



Minerals 2018, 8, 81

When formate decomposition (Equation (2)) is chemically facilitated (e.g., by catalytic activity of
Pd(0); [38]), the resultant H2 gas can readily act as a chemical reducing agent both in extracellular and
intracellular (by diffusion through the cell membrane) regions: In fact, when Ac. aromatica was tested
for bio-PdNPs production, the addition of a smaller amount of formate (i.e., 5 mM) was sufficient to
reduce 100 mg/L Pd(II) to produce finer, intracellular, and periplasmic bio-PdNPs, whereas increasing
the formate concentration led to the formation of extracellular Pd(0) aggregates [13]. This effect was
also likely further facilitated by the self-catalytic activity of H2-absorbing Pd(0).
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Figure 7. Proposed mechanism of bio-AuNPs production by Ac. aromatica: (i) Au(III) ions (in the form
of AuCl4−) are adsorbed onto the slightly positively charged cell surface. (ii) Au(III) ions are transported
into cytoplasm via membrane “Au(III) trafficking” proteins. (iii) Au(III) ions are reduced to form Au(0)
nuclei via intracellular enzymatic reaction (possibly FDH) to decompose formate to produce H2 as
a reducing force (iv) At lower formate concentrations fewer Au(0) nucleation sites appear leading to
greater crystal growth for individual particles, whereas at higher formate concentrations the number of
Au(0) nuclei is increased leading to smaller crystal growth for individual particles. (v) As the flow from
(i) to (iv) proceeds, remaining Au(III) ions left in the bulk solution can sequentially adsorb on the cell
surface by occupying a vacancy created upon trafficking of the former adsorbate into the cytoplasm, to
further proceed to (ii).

In the case of Au, on contrary to that of Pd [13], addition of an increasing amount of formate
corresponded to formation of finer, intracellular and periplasmic bio-AuNPs with a higher density.
This was likely because formate decomposition to produce H2 as reducing force mainly occurred
as intracellular enzymatic reaction (supposedly FDH) (Figure 7). Accordingly, the use of a greater
amount of formate led to the activation of more enzymatic reaction sites (i.e., occurrence of more Au(0)
nucleation loci), and thus a faster Au(III) bioreduction speed (Figure 1). Formation of fewer number of
Au(0) nuclei at lower formate concentrations generally led to greater crystal growth (Figures 4, 6 and 7).

In most of the previous studies, no external e-donor was added to facilitate Au reduction, in other
words, the reaction relied on intracellular electron carriers (such as NADH) accumulated during
pre-growth (so as the case with 0 mM formate addition in this study). Only a few studies used
external e-donors, such as H2 [24–26] and lactate [28]. In any case, the size-control of bio-AuNPs by
means of external e-donor had not yet been evaluated in detail. Thus, the results obtained here first
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demonstrated the possibility of size-controlled bacterial bio-AuNPs production by manipulating the
e-donor concentration, combined with the use of an enzyme inhibitor.

4. Conclusions

• The acidophilic Fe(III)-reducing heterotrophic bacterium, Acidocella aromatica PFBC was
successfully used for intracellular gold recovery as bio-AuNPs from highly acidic Au(III) solutions
via a simple one-step reaction.

• Use of increasing concentration of formate (as e-donor) corresponded to a greater number of Au(0)
nucleation sites with less crystal growth: At 1, 5, 10, or 20 mM formate, bio-AuNPs of 48, 24, 13,
or 12 nm, with 2.3, 17, 62, or 97 particles/cell, respectively, were produced.

• The presence of Cu2+ was inhibitory to intracellular enzymatic reaction, resulting in significantly
fewer Au(0) nucleation, but in enhanced crystal growth.

• It was possible to control the size of bio-AuNPs by modifying the e-donor concentration combined
with a use of enzyme inhibitor: bio-AuNPs of 48 nm, 26 nm, or 13 nm (nearly within normal
distribution) was produced by use of 1 mM formate, 20 mM formate (+Cu2+), or 10 mM
formate, respectively.

• The knowledge obtained from this fundamental study is expected to be applied to the actual
acidic Au leachate from “urban mine” resources such as Au-bearing printed circuit boards (PCBs).

Acknowledgments: This work was supported by a grant from the Japan Society for the Promotion of Science
(JSPS Kakenhi JP16H04616). Ac. aromatica PFBCT was kindly provided by D. B. Johnson (University of Bangor,
Wales, UK).

Author Contributions: Intan Nurul Rizki performed the experiments and prepared the manuscript draft under
the supervision of Naoko Okibe.

Conflicts of Interest: The authors declare no conflict of interest.

References

1. Bernstein, P.L.; Volcker, P.A. The Power of Gold: The History of an Obsession; John Wiley & Sons:
Hoboken, NJ, USA, 2012.

2. Sperling, R.A.; Gil, P.R.; Zhang, F.; Zanella, M.; Parak, W.J. Biological applications of gold nanoparticles.
Chem. Soc. Rev. 2008, 37, 1896–1908. [CrossRef] [PubMed]

3. Chen, P.C.; Mwakwari, S.C.; Oyelere, A.K. Gold nanoparticles: From nanomedicine to nanosensing.
Nanotechnol. Sci. Appl. 2008, 1, 45. [PubMed]

4. Das, S.K.; Das, A.R.; Guha, A.K. Gold nanoparticles: Microbial synthesis and application in water hygiene
management. Langmuir 2009, 25, 8192–8199. [CrossRef] [PubMed]

5. Dahl, J.A.; Maddux, B.L.; Hutchison, J.E. Toward greener nanosynthesis. Chem. Rev. 2007, 107, 2228–2269.
[CrossRef] [PubMed]

6. Herzing, A.A.; Kiely, C.J.; Carley, A.F.; Landon, P.; Hutchings, G.J. Identification of active gold nanoclusters
on iron oxide supports for co oxidation. Science 2008, 321, 1331–1335. [CrossRef] [PubMed]

7. Verma, M.L. Nanobiotechnology advances in enzymatic biosensors for the agri-food
industry. Environ. Chem. Lett. 2017, 15, 555–560. [CrossRef]

8. Verma, M.L. Enzymatic nanobiosensors in the agricultural and food industry. In Nanoscience in Food and
Agriculture 4; Wiley: Hoboken, NJ, USA, 2017; pp. 229–245.

9. Lee, J.-S.; Cho, J.; Lee, C.; Kim, I.; Park, J.; Kim, Y.-M.; Shin, H.; Lee, J.; Caruso, F. Layer-by-layer assembled
charge-trap memory devices with adjustable electronic properties. Nat. Nanotechnol. 2007, 2, 790–795.
[CrossRef] [PubMed]

10. Zhao, P.; Li, N.; Astruc, D. State of the art in gold nanoparticle synthesis. Coord. Chem. Rev. 2013, 257, 638–665.
[CrossRef]

11. Rai, M.; Yadav, A.; Gade, A. CRC 675—Current trends in phytosynthesis of metal nanoparticles.
Crit. Rev. Biotechnol. 2008, 28, 277–284. [CrossRef] [PubMed]

111



Minerals 2018, 8, 81

12. Mohanpuria, P.; Rana, N.K.; Yadav, S.K. Biosynthesis of nanoparticles: Technological concepts and future
applications. J. Nanopart. Res. 2008, 10, 507–517. [CrossRef]

13. Okibe, N.; Nakayama, D.; Matsumoto, T. Palladium bionanoparticles production from acidic Pd(II) solutions
and spent catalyst leachate using acidophilic Fe(III)-reducing bacteria. Extremophiles 2017, 21, 1091–1100.
[CrossRef] [PubMed]

14. Ehrlich, H.L.; Newman, D.K.; Kappler, A. Ehrlich’s Geomicrobiology, 6th ed.; CRC Press: Boca Raton, FL,
USA, 2015.

15. Korobushkina, E.; Korobushkin, I. The interaction of gold with bacteria and the formation of new gold.
Doklady Akademii Nauk SSSR 1986, 287, 978.

16. Southam, G.; Beveridge, T.J. The in vitro formation of placer gold by bacteria. Geochim. Cosmochim. Acta
1994, 58, 4527–4530. [CrossRef]

17. Southam, G.; Beveridge, T.J. The occurrence of sulfur and phosphorus within bacterially derived crystalline
and pseudocrystalline octahedral gold formed in vitro. Geochim. Cosmochim. Acta 1996, 60, 4369–4376.
[CrossRef]

18. Kalishwaralal, K.; Deepak, V.; Pandian, S.R.K.; Gurunathan, S. Biological synthesis of gold nanocubes from
bacillus licheniformis. Bioresour. Technol. 2009, 100, 5356–5358. [CrossRef] [PubMed]

19. Wen, L.; Lin, Z.; Gu, P.; Zhou, J.; Yao, B.; Chen, G.; Fu, J. Extracellular biosynthesis of monodispersed gold
nanoparticles by a SAM capping route. J. Nanopart. Res. 2009, 11, 279–288. [CrossRef]

20. Li, Y.; Li, Y.; Li, Q.; Fan, X.; Gao, J.; Luo, Y. Rapid biosynthesis of gold nanoparticles by the extracellular
secretion of bacillus niabensis 45: Characterization and antibiofilm activity. J. Chem. 2016, 2016, 7. [CrossRef]

21. Markus, J.; Mathiyalagan, R.; Kim, Y.-J.; Abbai, R.; Singh, P.; Ahn, S.; Perez, Z.E.J.; Hurh, J.; Yang, D.C.
Intracellular synthesis of gold nanoparticles with antioxidant activity by probiotic lactobacillus kimchicus
DCY51T isolated from Korean kimchi. Enzyme Microb. Technol. 2016, 95, 85–93. [CrossRef] [PubMed]

22. Nair, B.; Pradeep, T. Coalescence of nanoclusters and formation of submicron crystallites assisted by
lactobacillus strains. Cryst. Growth Des. 2002, 2, 293–298. [CrossRef]

23. Husseiny, M.; El-Aziz, M.A.; Badr, Y.; Mahmoud, M. Biosynthesis of gold nanoparticles using Pseudomonas
aeruginosa. Spectrochim. Acta Part A Mol. Biomol. Spectrosc. 2007, 67, 1003–1006. [CrossRef] [PubMed]

24. Deplanche, K.; Macaskie, L. Biorecovery of gold by Escherichia coli and Desulfovibrio desulfuricans. Biotechnol.
Bioeng. 2008, 99, 1055–1064. [CrossRef] [PubMed]

25. Kashefi, K.; Tor, J.M.; Nevin, K.P.; Lovley, D.R. Reductive precipitation of gold by dissimilatory Fe(III)-reducing
Bacteria and Archaea. Appl. Environ. Microbiol. 2001, 67, 3275–3279. [CrossRef] [PubMed]

26. Konishi, Y.; Tsukiyama, T.; Ohno, K.; Saitoh, N.; Nomura, T.; Nagamine, S. Intracellular recovery of gold by
microbial reduction of AuCl4− ions using the anaerobic bacterium Shewanella algae. Hydrometallurgy 2006, 81,
24–29. [CrossRef]

27. He, S.; Guo, Z.; Zhang, Y.; Zhang, S.; Wang, J.; Gu, N. Biosynthesis of gold nanoparticles using the bacteria
Rhodopseudomonas capsulata. Mater. Lett. 2007, 61, 3984–3987. [CrossRef]

28. Feng, Y.; Lin, X.; Wang, Y.; Wang, Y.; Hua, J. Diversity of aurum bioreduction by Rhodobacter capsulatus.
Mater. Lett. 2008, 62, 4299–4302. [CrossRef]

29. Nangia, Y.; Wangoo, N.; Sharma, S.; Wu, J.; Dravid, V.; Shekhawat, G.S.; Suri, C.R. Facile biosynthesis of
phosphate capped gold nanoparticles by a bacterial isolate Stenotrophomonas maltophilia. Appl. Phys. Lett.
2009, 94, 233901-1–233901-3. [CrossRef]

30. Reith, F.; Rogers, S.L.; McPhail, D.; Webb, D. Biomineralization of gold: Biofilms on bacterioform gold.
Science 2006, 313, 233–236. [CrossRef] [PubMed]

31. Lengke, M.; Southam, G. Bioaccumulation of gold by sulfate-reducing bacteria cultured in the presence of
gold(I)-thiosulfate complex. Geochim. Cosmochim. Acta 2006, 70, 3646–3661. [CrossRef]

32. Li, J.; Li, Q.; Ma, X.; Tian, B.; Li, T.; Yu, J.; Dai, S.; Weng, Y.; Hua, Y. Biosynthesis of gold nanoparticles by the
extreme bacterium Deinococcus radiodurans and an evaluation of their antibacterial properties. Int. J. Nanomed.
2016, 11, 5931–5944. [CrossRef] [PubMed]

33. Lengke, M.F.; Southam, G. The effect of thiosulfate-oxidizing bacteria on the stability of the gold-thiosulfate
complex. Geochim. Cosmochim. Acta 2005, 69, 3759–3772. [CrossRef]

34. Jones, R.M.; Hedrich, S.; Johnson, D.B. Acidocella aromatica sp. nov.: An acidophilic heterotrophic
alphaproteobacterium with unusual phenotypic traits. Extremophiles 2013, 17, 841–850. [CrossRef] [PubMed]

35. Liz-Marzán, L.M. Nanometals: Formation and color. Mater. Today 2004, 7, 26–31. [CrossRef]

112



Minerals 2018, 8, 81

36. Mulvaney, P. Surface plasmon spectroscopy of nanosized metal particles. Langmuir 1996, 12, 788–800.
[CrossRef]

37. Baker-Austin, C.; Dopson, M. Life in acid: pH homeostasis in acidophiles. Trends Microbiol. 2007, 15, 165–171.
[CrossRef] [PubMed]

38. Hill, S.P.; Winterbottom, J.M. The conversion of polysaccharides to hydrogen gas. Part 1: The palladium
catalysed decomposition of formic acid/sodium formate solutions. J. Technol. Biotechnol. 1988, 41, 121–133.
[CrossRef]

© 2018 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

113



minerals

Article

Immobilisation of Platinum by
Cupriavidus metallidurans

Gordon Campbell 1, Lachlan MacLean 2, Frank Reith 3,4, Dale Brewe 5, Robert A. Gordon 5 and

Gordon Southam 6,*

1 Department of Earth Sciences, The University of Western Ontario, London, ON N6A 5B7, Canada;
s.gordon.campbell@ualberta.ca

2 Canadian Light Source, Saskatoon, SK S7N 2V3, Canada; lcwmaclean@gmail.com
3 School of Biological Sciences, The Sprigg Geobiology Centre, The University of Adelaide, School of

Biological Sciences, Adelaide, SA 5005, Australia; frank.reith@adelaide.edu.au
4 CSIRO Land and Water, Environmental Contaminant Mitigation and Technologies, PMB2,

Glen Osmond, SA 5064, Australia
5 Pacific Northwest Consortium Synchrotron Radiation Facility, Advanced Photon Source,

Argonne, IL 60439, USA; brewe@aps.anl.gov (D.B.); ragordon@alumni.sfu.ca (R.A.G.)
6 School of Earth and Environmental Sciences, The University of Queensland, St. Lucia, QLD 4072, Australia
* Correspondence: g.southam@uq.edu.au; Tel.: +61-7-3365-8505

Received: 1 December 2017; Accepted: 26 December 2017; Published: 5 January 2018

Abstract: The metal resistant bacterium Cupriavidus metallidurans CH34, challenged with aqueous
platinous and platinic chloride, rapidly immobilized platinum. XANES/EXAFS analysis of these
reaction systems demonstrated that platinum binding shifted from chloride to carboxyl functional
groups within the bacteria. Pt(IV) was more toxic than Pt(II), presumably due to the oxidative stress
imparted by the platinic form. Platinum immobilisation increased with time and with increasing
concentrations of platinum. From a bacterial perspective, intracellular platinum concentrations were
two to three orders of magnitude greater than the fluid phase, and became saturated at almost molar
concentrations in both reaction systems. TEM revealed that C. metallidurans was also able to precipitate
nm-scale colloidal platinum, primarily along the cell envelope where energy generation/electron
transport occurs. Cells enriched in platinum shed outer membrane vesicles that were enriched in
metallic, colloidal platinum, likely representing an important detoxification strategy. The formation
of organo-platinum compounds and membrane encapsulated nanophase platinum, supports a role
for bacteria in the formation and transport of platinum in natural systems, forming dispersion halos
important to metal exploration.

Keywords: geomicrobiology; platinum; Cupriavidus metallidurans; biomineralisation; synchrotron

1. Introduction

Microorganisms are able to thrive under a variety of extreme conditions including strongly
acidified soils and metal-rich mineralized zones [1–3]. Some metal-tolerant bacteria in these
environments are able to carve out niche existences by using the available metal and metal-containing
compounds as sources of nutrition and energy [4]. Alternatively, some bacteria may invoke genetically
encoded detoxification mechanisms to mitigate the effects of high metal concentrations [5]. These steps
can involve metal reduction, complexation, precipitation, efflux or a combination thereof [6,7].

The biogeochemical cycling of precious metals and the formation of certain geologic deposits
can be attributed to microbial activity [8–12]. In vitro studies have shown that bacteria are
able to immobilize and/or precipitate gold from gold-rich solutions [13–16]. Kenney et al. [17]
noted that non-metabolizing bacteria were also able to remove gold from aqueous gold solutions.
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The morphologies of bio-precipitated gold so closely resemble the gold found in contemporary
(Australia) and paleoplacers, e.g., South Africa’s Witwatersrand basin, that a biogenic origin for
these auriferous deposits [8,9,18,19] is now accepted.

The chemical properties that give gold the ability be part of a biogeochemical pathway are not
necessarily unique to that element. In fact, gold shares similar properties to platinum. Like gold,
platinum is a chalcophile element, as it preferentially forms covalent bonds with sulphur [20]. As such,
platinum and gold share similar transport mechanisms in the crust and can be deposited in both
magmatic and hydrothermal systems. In some polymetallic deposits, gold and platinum are alloyed
to one another [21,22]. The question remains: does this similar geochemical behaviour extend to
low temperature, i.e., Earth surface weathering conditions? Recent work on placer platinum grains
indicates that weathering, including the biogeochemical cycling of platinum does occur, albeit to a
much lesser extent than gold [23–25].

Platinum, one of the six platinum group elements, is a highly valued metal [26,27].
Its concentration in the lithosphere is scarce, but it can reach economic concentrations in primary
and secondary ore deposits [22,28]. Under surficial weathering conditions, the predicted oxidation
state of platinum in aqueous solutions is Pt(II) or Pt(IV) [29]. Based on thermodynamic calculations,
platinum is likely to occur as free aqueous ions only in oxidising and acidic environments, therefore,
under most surficial conditions, platinum occurs as stable colloids/nanoparticles or is bound by
coordination complexes to organic and inorganic ligands [29–32].

Platinum commonly forms complexes with chlorides, hydroxides and thiosulphates, but
amorphous organo-platinum and platinum-hydroxide colloids also occur [29,30,32–36]. Aqueous
platinum is transported in the surficial environment until conditions favour its (biogeo)chemical
transformation and/or chemical precipitation. Subsequent migration and deposition of platiniferous
material may occur [32,37]. While these processes were assumed to be primarily abiotic, recent research
has shown that bacteria-mediated platinum immobilisation may also contribute to the formation of
platinum placer grains [15,25].

Lengke et al. [38] demonstrated that cyanobacteria are able to reduce aqueous Pt(IV) species
in a stepwise reaction that first produces intracellular and extracellular spherical platinum (II)
organic nano-condensates. The amorphous platinum (II) colloids then experienced further
diagenesis to produce crystalline, elemental platinum. Platinum can also be reduced by the metal
reducing bacterium Shewanella algae [39]. These experimental findings are supported by the recent
discovery and characterisation of small alluvial platinum grains with morphologies characteristic of
platinum-encrusted bacteria [40]. Microbes attached to an organic substrate, i.e., a decaying plant root,
precipitated platinum from solution onto their surface. In this system, it is thought that continued
bioreduction and subsequent electrochemical accretion of platiniferous nanoparticles likely contributed
to the formation of the biogenic alluvial grains [40].

Further investigation is still needed to understand the specific role(s) that microbes play in
platinum biomineralisation [39]. This study employed the use of Cupriavidus metallidurans CH34:
an aerobic, gram-negative, facultative chemolithoautotrophic, rod-shaped β-Proteobacterium known
for being resistant to the toxic effects of a number of metallic cations, e.g., Cu, Pb, Zn, Cd, Ag and
Au [9,14,41–43]. Resistance is primarily facilitated by metal transporting ATPase efflux proteins in
the cell envelope and cation reduction mechanisms in the cytoplasm, which have been shown to
confer metal immobilisation [6,9,44]. This bacterium, which forms biofilms, was found to be living
on the surface of gold grains obtained from auriferous soils in southern and northern Australia, and
was shown to be able to precipitate aqueous gold-chloride species Reith et al. [14,15]. In addition,
C. metallidurans strains were also present in biofilms on the surfaces of Brazilian platinum grains [25].
Therefore, a study of its interaction with aqueous platinum-chloride species found in natural systems
should demonstrate comparable reactivity towards platinum.
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2. Materials and Methods

2.1. Culturing of Cupriavidus metallidurans

Cupriavidus metallidurans strain CH34 (ATCC®43123, acquired from the American Type Culture
Collection in Manassas, VA, USA) was grown in an ATCC® prescribed liquid medium containing
5 g/L peptone and 3 g/L beef extract (Difco Laboratories, Detroit, MI, USA). Before experimentation,
the culture was transferred (~10% [vol./vol.] of inoculum at late stationary phase) to 13 mm × 100 mm
borosilicate disposable culture test tubes (capped with plastic push caps to allow for free gas exchange
and to prevent evaporation and contamination) and grown to early stationary growth phase (5 days)
to maximize the amount of metabolically active biomass. These axenic batch cultures were incubated
at room temperature (21–23 ◦C) under ambient atmospheric conditions.

After incubation, separate batches were pooled into 50 mL centrifuge tubes and homogenized
(VWR Analog Vortex Mixer, VWR International, West Chester, PA, USA) to ensure a consistent cell
density. For the platinum immobilisation experiments, 1 mL aliquots of the bacterial suspension
were transferred to micro-centrifuge tubes and harvested by centrifugation at 12,000× g for 5 min
using a VWR Galaxy 16 micro-centrifuge (VWR International, West Chester, PA, USA). After
centrifugation, the supernatant was decanted and the cells were washed once by re-suspension
into filter-sterilized distilled, deionized (DDI) water to remove any remaining culture medium. After
vortexing, the bacterial suspension was centrifuged again at 12,000× g for 5 min. The supernatant
was discarded and bacterial pellets were re-suspended into the experimental platinum solutions.
The total number of bacteria in a washed sample was determined by direct counting using a
Petroff–Hauser counting chamber and a phase contrast light microscope (Fluorescent Z1 microscope,
Zeiss, Oberkochen, Germany).

2.2. C. metallidurans and Aqueous Platinum Experiments

The bacterial experiments were conducted to examine the role of inactive but viable
C. metallidurans in the bio-immobilisation of platinum from aqueous solutions of platinum (II)-chloride
(K2PtCl4, Premion®, 99.99+% [metal basis], Pt 46.4% minimum, Alfa Aesar®, Ward Hill, MA, USA)
and platinum (IV)-chloride (PtCl4, Premion®, 99.99+% [metal basis], Pt 57% minimum, Alfa Aesar®).
Platinum salts were dissolved in DDI water at 16.2 MΩ/cm.

Washed C. metallidurans cell pellets (from 1 mL culture) were re-suspended in 1 mL aqueous
platinum solutions (from stock solutions of 0.5 μM, 5 μM, 50 μM, 500 μM and 5000 μM final Pt(II)
or Pt(IV) concentrations) at room temperature (21–23 ◦C) for 1 min, 1 h, 1 day, 2 weeks and 4 weeks.
Experiments were maintained in the dark because platinum in solution is unstable when exposed to
light [38]. Micro-centrifuge tubes containing the bacteria-platinum mixture were only removed from
darkness to be vortexed weekly during the longer exposure times. All experiments were performed
in triplicate.

Following exposure, reaction tubes were centrifuged at 12,000× g for 5 min and the supernatant
was recovered for chemical analyses of residual, soluble platinum. The remaining bacterial pellets
were washed one time by re-suspension in filter-sterilized DDI water to remove any unreacted aqueous
platinum and centrifuged again at 12,000× g for 5 min. The wash solution was decanted and the
reacted culture was re-suspended in 1 mL of filter-sterilized DDI water in preparation for whole mount
transmission electron microscopy or for the examination of bacterial viability. Bacterial pellets were
fixed using 1 mL of 2 wt % glutaraldehyde for ultra-thin section transmission electron microscopy
(described below).

2.3. C. metallidurans—Aqueous Pt(II)- and Pt(IV)-Chloride Dose–Response Experiments

The effect of aqueous Pt(II)- and Pt(IV)-chloride(aq) on bacteria viability was determined using
the spread plate method [45]. Briefly, reacted cells were washed and re-suspended in 1 mL of DDI
water and used in a serial dilution series with filter-sterilized DDI water. Each dilution was plated

116



Minerals 2018, 8, 10

in duplicate on peptone–beef extract–agar plates that contained (in g/L) peptone, 5; beef extract, 3;
and agar, 15 (Difco Laboratories). Plates were incubated for four days at room temperature (21–23 ◦C)
under ambient atmospheric conditions. Colony-forming units (cfu) were counted with the aid of a
New Brunswick C-110 Colony Counter with digital counter and probe.

2.4. Chemical Analyses of Solutions and Quantification of Pt Associated with Cells

Platinum concentrations were measured over the course of the experiments using a Perkin–Elmer
Optima-3000 DV system inductively coupled plasma atomic emission spectrometer (ICP-AES, ICP-AES;
Shelton, CT, USA). Instrumental uncertainty for measured platinum was <5%, with a detection limit of
0.05 μM. Samples for ICP-AES were diluted as necessary (1:10 or 1:100 vol./vol.) with filter-sterilized
DDI water directly prior to analyses. Platinum standards for calibration were prepared with aqueous
Pt(II) and Pt(IV) stock solutions used in the laboratory-based C. metallidurans and aqueous platinum
experiments. The pH of the stock solutions was measured using a Denver Instrument basic pH meter
(Bohemia, NY, USA). The electrodes were calibrated in buffer solutions of pH 4, 7 and 10. Analytical
uncertainty of pH measurements is ±0.01 units. The pH of the platinum solutions after exposure to
bacteria was compared to the pH of stock solutions using ColorpHast® non-bleeding indicator strips
(Merck, Etobicoke, ON, Canada).

In order to calculate the effective concentration of immobilised platinum within the bacterial
cells, the amount of soluble platinum remaining in solution after reacting with C. metallidurans was
quantified by ICP-AES. These results were then subtracted from the known starting concentrations of
soluble platinum (i.e., the stock aqueous platinum solutions) reacted with the bacteria, and normalized
to the volume of 1 billion C. metallidurans cells to determine the concentration of platinum inside the
cells. The volume calculation for C. metallidurans was based on diameter and length measurements of
bacteria shown in the accompanying whole-mount TEM micrographs (Figures 1–3, 5 and 6), modeled
as a cylinder bounded by two half spheres (see Equation (1), [46]):

V = 4/3(πr3) + πr2h (1)

2.5. Transmission Electron Microscopy (TEM)

Unstained whole sample mounts and thin sections of T = 0 control (prior to reaction with the Pt
solutions) and Pt-reacted C. metallidurans were examined using a Phillips CM-10 transmission electron
microscope (TEM; FEI, Hillsboro, OR, USA) operated at 80 kV (60 kV for ultra-thin sections). The
whole mounts were prepared by floating Electron Microscopy Sciences (EMS; Hatfield, PA, USA)
Formvar carbon-coated 100-mesh copper grids on a drop of culture for several minutes to allow the
bacteria to adsorb to the grid. Grids were then washed to remove salts by gentle dipping into a drop
of filter-sterilized DDI water. The grids were allowed to air-dry prior to microscopy.

Samples for ultra-thin sectioning were fixed overnight at room temperature in 2%(aq)
glutaraldehyde (EMS). Fixed cultures were subsequently centrifuged at 14,000× g for 1 min. The
supernatant was discarded and the remaining bacterial pellet was enrobed in 2% (weight/volume)
Noble agar (Difco Laboratories) and dehydrated using a 25%, 50% 75% and three × 100% acetone
series (incubations were 15 min each). The acetone was slowly replaced with an EMS epoxy resin (the
enrobed culture was incubated at 1 h intervals in a 1:1 [v/v], 1:3 [v/v] and 1:9 [v/v] acetone:epoxy
resin series). Epoxy resin contained a 2.5:2:1 volume ratio of Embed 812, DDSA (dodecenyl succinic
anhydride) and NMA (nadic methyl anhydride). Samples were incubated overnight in 100% epoxy
resin and then transferred to moulds with fresh epoxy resin containing the accelerator DMP-30
(2,4,6-tri(dimethylaminoethyl)phenol, EMS). Ratios by volume were 2.5:2:1:0.15. The molds were
cured in a 60 ◦C oven (Blue M Electric Company Bacteriological Incubator, Watertown, WI, USA)
for 48 h, until hard. Embedded samples were ultra-thin sectioned using a Reichert-Jung Ultracut E
ultramicrotome (Vienna, Austria) equipped with a Diatome™ diamond knife to a thickness of 70 nm
and collected on Formvar carbon-coated 100-mesh copper grids.
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2.6. X-ray Absorption Spectroscopy (XAS) Data Collection

X-ray Absorption Spectroscopy energy measurements from the bacteria-platinum reactions,
including XANES (X-ray absorption near edge structure) and EXAFS (extended X-ray absorption fine
structure), were conducted at the Pacific Northwest Consortium/X-ray Science division (PNC-XSD)
sector 20-BM beamline at the Advanced Photon Source, Argonne National Laboratory, Argonne, IL,
USA. The oxidation state of platinum can be determined by XANES while information regarding the
binding partners and local coordination of platinum is provided by EXAFS data. Determining the
oxidation state and binding partners of platinum will shed light on how aqueous platinum binds
to bacterial cells [38]. X-ray Absorption Spectroscopy energy measurements of the Pt-L3 edge were
collected from each sample and were calibrated to the inflection of the Pt foil edge at 11,564 eV [47].

For the XAS measurements, C. metallidurans cells were reacted as described above. For XAS,
replicate reactions were harvested by centrifugation, i.e., cells were pelleted, and re-suspended in
200 μL water in order to concentrate the sample for better chemical detection. The reacted bacterial
samples were then placed in an acid-resistant Teflon fluid cell with Teflon-coated Kapton film (Dupont®,
Wilmington, NC, USA) windows or were pipetted directly onto Whatman® 42 Ashless Filter Papers
(Maidston, UK). XAS measurements on the bacterial samples were conducted in fluorescence mode.

Reference compounds were needed to determine the chemical state of bound platinum in these
reactions. Standards were selected on the criteria that they represent the most likely oxidation states
and bonding partners of platinum expected in the reacted, bacterial samples. The XAS spectra for
model compounds including platinum (IV)-chloride (PtCl4), platinum (IV)-cyanide (K2Pt(CN)6),
platinum (II)-chloride (K2PtCl4), platinum (II)-cyanide (K2Pt(CN)4) and platinum (II)-tetraamine
nitrate ((NH3)4Pt(NO3)2) were measured in aqueous solution in transmission mode. Liquid stocks (up
to 65 mM) were prepared from solid compounds without pH adjustment. XAS spectra for platinum
(IV)-oxide hydrate (PtO2·xH2O), platinum (II)-cis-diamminedichloride (cisplatin, Pt(NH3)2Cl2),
platinum (II)-sulphide (PtS) and platinum foil (Pt) were measured in solid form in transmission
mode due to their insoluble nature. With the exception of the foil and platinum (II)-sulphide, the
standards were placed in teflon fluid cells with kapton film windows. Platinum (II)-sulphide was a
precipitate and was concentrated onto MF-MilliporeTM 0.45 μm, 13 mm membrane filters (Burlington,
NJ, USA). Model compounds were commercially acquired from Alfa Aesar® and Sigma-Aldrich®

(with exception of platinum (II)-sulphide, which was synthesized in the laboratory by mixing equal
molar solutions of aqueous platinum (II)-chloride (K2PtCl4) with aqueous sodium sulphide 9-hydrate
[Na2S·9H2O] (J.T. Baker®, Phillipsburg, NJ, USA) to produce a black (PtS) precipitate (confirmed by
Energy Dispersive Spectroscopy). The reference spectrum of the platinum foil was simultaneously
collected during measurement of all standards and reacted, bacteria samples. Incident energy from the
beam did not alter the chemistry of the standards or samples.

2.7. XAS Data Analysis

ATHENA analysis software was used to process XAS data [48]. Energy scans from samples and
standards were calibrated and aligned to the standard platinum foil reference energy. Multiple scans
were collected for each sample and were averaged to produce a single spectrum representative of
platinum’s oxidation and complexation state in that sample. XANES spectra were then analysed by
comparing the energy position of the platinum edge in the reacted, bacteria samples to the energy
edge location from the standards. Linear combination fitting in ATHENA mathematically identified
which standard(s) aligned with the energy edge of the immobilized platinum. Energy position
alignment corresponded to the oxidation state of the immobilized platinum [38]. EXAFS data analysis
was performed in ARTEMIS, a XAS analysis software program complimentary to ATHENA [48].
Mathematical derivatives of post edge energy peaks from the bound platinum in the bacterial samples
were fitted to post edge energy peaks from the platinum in the standards. Peak alignment, normalized
to platinum chloride standards, indicated potential binding partners of the immobilized platinum [38].
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3. Results

3.1. Laboratory-Based C. metallidurans and Aqueous Platinum Experiments

The addition of K2PtCl4 and PtCl4 to filter-sterilised, DDI water promoted the hydrolysis of water,
as indicated by a drop in the pH of the overall solution. The pH of the K2PtCl4 solutions were 5000 μM
(pH 4.2), 500 μM (pH 5.2), 50 μM (pH 5.8) and 5 μM (pH 6.1). The pH of the PtCl4 solutions were
5000 μM (pH 2.1), 500 μM (pH 3.0), 50 μM (pH 4.1) and 5 μM (pH 5.3). The pH of the platinum
solution after reaction with bacteria did not change significantly from the pH of the stock solution. The
addition of 5000 μM K2PtCl4 turned the pellet a brown-grey color in all exposure times. Similarly, the
addition of 5000 μM PtCl4 to the washed bacterial pellet immediately turned from white to yellow at
all exposure times. Pellet color changes were much fainter or not identifiable at lower concentrations.
Color changes provide macroscopic evidence that platinum was immobilized from solution, i.e., bound
to cell surfaces (staining), or immobilized within the cells.

Tables 1 and 2 were prepared by comparing cfu counts of the Pt-reaction systems to the
unreacted count for the appropriate exposure times. Results were normalized to a standard cfu count
(5.0 × 108 cfu/mL) to allow comparison between exposure times and treatments. The experiments
demonstrated that cell death was ‘instantaneous’ upon exposure of bacteria to 5000 μM Pt(II) and Pt(IV),
i.e., no colonies grew. Platinum toxicity was directly proportional to concentration and exposure time,
with Pt(II) solutions being slightly less toxic than Pt(IV) solutions for a given particular concentration,
exhibiting a minimum inhibitory concentration between 0.5 to 5 μM versus 0.5 μM, respectively.
Control experiments demonstrated that osmotic and/or pH effects were not responsible for the
reduction in cell counts (data not shown).

Table 1. Toxicity study where C. metallidurans was reacted with aqueous Pt(II).

[Pt(II)]
cfu/mL after 1 min

Exposure
cfu/mL after
1 h Exposure

cfu/mL after
1 day Exposure

0 μM 5.0 ± 0.2 × 108 5.0 ± 0.2 × 108 5.0 ± 0.2 × 108

0.5 μM 4.9 ± 0.1 × 108 2.7 ± 0.1 × 108 4.6 ± 0.1 × 108

5 μM 3.7 ± 0.2 × 108 3.2 ± 0.2 × 108 4.3 ± 0.2 × 106

50 μM 4.1 ± 0.3 × 108 1.3 ± 0.1 × 107 2.1 ± 0.1 × 103

500 μM 9.9 ± 0.3 × 106 0 0
5000 μM 0 0 0

Table 2. Toxicity study where C. metallidurans was reacted with aqueous Pt(IV).

[Pt(IV)]
cfu/mL after 1 min

Exposure
cfu/mL after
1 h Exposure

cfu/mL after
1 day Exposure

0 μM 5.0 ± 0.2 × 108 5.0 ± 0.2 × 108 5.0 ± 0.2 × 108

0.5 μM 4.5 ± 0.1 × 108 3.2 ± 0.1 × 108 3.3 ± 0.1 × 108

5 μM 4.9 ± 0.3 × 108 2.5 ± 0.1 × 108 7.6 ± 0.4 × 107

50 μM 1.1 ± 0.1 × 108 6.4 ± 0.4 × 106 4.8 ± 0.3 × 103

500 μM 6.6 ± 0.4 × 102 0 0
5000 μM 0 0 0

ICP-AES results are shown in Tables 3 and 4. Immobilization began immediately upon exposure
to platinum. As exposure time increased for a particular concentration, the amount immobilized also
increased, however, the immobilization rate at these longer exposure times did not match the rate
immobilized at 1 min. The effective concentration of platinum associated with the bacteria, based on
cell volume, exceeded the T = 0 solution concentrations in all reaction systems demonstrating uptake
by C. metallidurans. Cell saturation was not reached except after 1-day exposure time for bacteria in
5000 μM Pt(II) solutions.
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Table 3. Immobilisation study where C. metallidurans was reacted with aqueous Pt(II).

[Pt(II)]
Intracellular

Concentration after
1 min Exposure (mM)

Intracellular
Concentration after 1 h

Exposure (mM)

Intracellular
Concentration after

1 day Exposure (mM)

5 μM 1.8 ± 0.01 1.6 ± 0.02 15 ± 0.3
50 μM 51 ± 0.3 44 ± 0.5 67 ± 1

500 μM 120 ± 0.70 120 ± 1.5 410 ± 7.3
5000 μM 850 ± 12 800 ± 12 850 ± 6.5

Table 4. Immobilisation study where C. metallidurans was reacted with aqueous Pt(IV).

[Pt(IV)]
Intracellular

Concentration after
1 min Exposure (mM)

Intracellular
Concentration after 1 h

Exposure (mM)

Intracellular
Concentration after

1 day Exposure (mM)

5 μM 1.6 ± 0.01 2.6 ± 0.02 9.6 ± 0.05
50 μM 11 ± 0.05 13 ± 0.1 40 ± 0.2

500 μM 45 ± 0.22 160 ± 1.3 210 ± 1.2
5000 μM 310 ± 5.8 350 ± 0.45 870 ± 0.75

3.2. Transmission Electron Microscopy (TEM)

Micrographs of the control (unreacted bacteria) are shown in Figure 1. TEM micrographs of
C. metallidurans exposed to platinum solutions are presented in Figures 2–6. Note, the cytoplasmic
contents are clearly visible in Figure 1A compared to the lack of internal detail of the cell in the
ultra-thin section shown in Figure 1B. The cell envelope in the control image is visible as a white
“halo” around the cell, i.e., it is less dense than the plastic. As no metal staining was applied to these
bacteria, any increase in electron density in bacteria from the Pt-reacted systems are attributed to the
immobilisation of aqueous platinum.

 

Figure 1. (A) Whole mount TEM micrograph of an unreacted C. metallidurans cells. Note, the cell
envelope is generally electron transparent; (B) Unstained, ultra-thin section TEM micrograph of
unreacted C. metallidurans. Note the internal detail of cell is lacking because no stain was applied.
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Figure 2. Whole mount TEM micrographs of C. metallidurans reacted with 500 μM Pt(II) for: (A) 1 min;
(B,C) 1 day. (D) Micrograph of nanoparticles in Figure 2C. At 1 day, all cells were stained (B) but only
some cells had produced nanoparticles (C,D).
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Figure 3. Whole mount TEM micrographs of C. metallidurans exposed to 5000 μM Pt(II) for: (A) 1 min,
binding of Pt is minimal as cell remains generally electron transparent; (B) 1 h; and (C) 1 day. At longer
incubation times (B,C), cell staining is apparent in all cells; (D) Ultra-thin section TEM micrograph
of C. metallidurans exposed to 5000 μM Pt(II) for 1 h. Nanoparticle Pt is immobilized along the cell
envelope, in particular at some cell poles, and in the cytoplasm.

 

Figure 4. (A) Whole mount TEM micrograph of immobilized Pt along an outer membrane vesicle
blebbing off of the cell envelope (1 h exposure at 5000 μM Pt(II)); (B) Ultra-thin section TEM micrograph
of Pt immobilisation along the periphery of an outer membrane vesicle (1 h exposure at 5000 μM Pt(II)).
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Figure 5. Whole mount TEM micrographs of C. metallidurans reacted with 500 μM Pt(IV) for: (A) 1 min,
and (B) 1 day. As incubation time increased, Pt staining became more pronounced. Colloidal platinum
was not observed at any exposure time.

 

Figure 6. TEM micrographs of C. metallidurans reacted with 5000 μM Pt(IV) for: (A) 1 min (whole
mount); (B) 1 h (ultra-thin section). Pt has been immobilized at the cell envelope and within the cell;
(C,D) 1 h (whole mount); (E,F) 1 day (whole mount). Cells in (C–F) have lysed and cytoplasmic material
possesses colloidal Pt. Staining of cells becomes more pronounced at longer incubation times (C–F).

123



Minerals 2018, 8, 10

Figure 2A demonstrates that bacterial staining occurs immediately upon exposure to 500 μM
Pt(II), however, not all bacteria at 1 min and 1 h were stained by platinum. Generally, longer exposure
times revealed darker staining (Figure 2B). Some bacteria produced nanometre-scale platinum colloids
at 1 day (Figure 2C,D). Nanoparticles were not observed at shorter exposure times. Figure 3A shows
that, at 1 min, some bacterial cells did not bind platinum from the 5000 μM Pt(II) solution. The majority
of cells were stained with platinum at this exposure time point and at 1 h (Figure 3B). All bacteria
were observed to be considerably darker after 24 h (Figure 3C). Platinum colloid formation began
at 1 h and 1 day exposure times (Figure 3C). An ultra-thin section TEM micrograph of a bacteria
exposed to 5000 μM Pt(II) for 1 h is shown in Figure 3D. Platinum nanoparticles appear along the
periphery of the cell envelope and within the cytoplasm. Figure 4A shows a partially lysed bacterium
(a bacterium that has split open), with platinum nanoparticles bound in cytoplasmic material. Cell
lysis could be a response to platinum toxicity. In Figure 4B, Pt-binding into the outer membrane (OM)
appears to have caused a physical disruption to the OM packing order, resulting in vesicle formation.
Shedding OM vesicles, as a consequence of membrane rearrangement to accommodate the Pt ions, has
the benefit of keeping toxic material away from the cell [9,38]. These vesicles were important sites of
Pt immobilisation.

As indicated by the micrographs in Figures 5 and 6, C. metallidurans responded to Pt(IV) solution
much like it did to Pt(II) solutions. Cell staining appeared to be immediate but not complete at 1 min
(Figure 5A). Longer exposure times produced a darker stain (Figure 5B). Similarly, nanoparticles were
observed to precipitate along the cell envelope and within the cell (Figure 6A,B). Cell lysis was observed
at 5000 μM Pt(IV). Released cytoplasmic material bound platinum nanoparticles (Figure 6C–F). As with
5000 μM Pt(II) solutions, cell lysis could have been a response to platinum-chloride itself, the low pH
of the solution, or a combination of both.

It was noted that cells adhered to each other upon exposure to platinum solutions, perhaps as a
result of the neutralization of anionic charge groups on the cell envelope by platinum and hydronium,
allowing ionic interactions or hydrophobicity to cause cellular aggregation [49]. This response could
protect some cells at the interior by shielding them from the platinum complexes. This may also
explain why immediate platinum binding was not observed by all cells.

3.3. Synchrotron X-ray Absorption Spectrosocpy (XAS)

XAS spectra in Figure 7 show the speciation and binding partners of the platinum immobilized by
C. metallidurans CH34. Figure 7A is the XANES spectra of bacteria reacted with 5000 μM Pt(II) and Pt(IV)
for up to 4 weeks. The peak edge binding energy of Pt(II) is slightly less than the Pt(IV) peak, indicating
that electrons are bound more tightly in the more oxidized platinum species. There is no decrease in
binding energy for either immobilized platinum species, indicating that synchrotron radiation did not
detect a change in platinum oxidation over the course of the experiments. It is important to note that
at least 10 wt % of the immobilized platinum must be reduced before synchrotron radiation can detect
the change in speciation. The spectra in Figure 7A are representative of the XANES spectra obtained at
lower concentrations (data not shown).

Figure 7B shows the XANES and EXAFS spectra of bacteria reacted with 5000 μM (1000 μg/mL)
Pt(II) for 4 weeks. Similar spectra were obtained for reactions with 5000 μM (1000 μg/mL) Pt(IV), as
well as with 500 μM Pt(II) and Pt(IV) solutions (data not shown). Examination of the EXAFS region
in Figure 7B demonstrated that the Pt-Cl “fingerprint” decreased in intensity over time, suggesting
that the chlorine bound to Pt(II) was replaced by another binding partner. Figure 7C indicates that
the replacement was ‘immediate’, as the shortening of radial distance between bonds occurred within
1 min, however, gradual immobilization of additional Pt(II) with substitution of chlorine continued
over the 4-week experiment. The ligand replacing chlorine is best matched to oxygen on a carboxyl
group, as the radial distance indicative of a Pt–O bond on carboxyl groups is ~2.06 Å, which compared
closely to our 2.07 Å and 2.08 Å bond distances [50–52].

124



Minerals 2018, 8, 10

Figure 7. (A) XANES spectra of bacteria reacted with 5000 μM Pt(II) and Pt(IV) solutions for up to
28 days. Note that the edge peaks of Pt(IV) are slightly higher in energy than the Pt(II) peaks due to the
higher oxidation state. There is no downward shift in peak energy for either the Pt(II) or Pt(IV) over
the 28 days, indicating that synchrotron energy did not detect any reduction of platinum; (B) XANES
and EXAFS spectra of bacteria reacted with 5000 μM Pt(II) solutions for up to 28 days. The arrow notes
the Pt-Cl “fingerprint”, which decreases over time. There is no downward shift in peak energy for
Pt(II) over the 28 days, indicating that synchrotron energy did not detect any reduction of platinum;
(C) EXAFS spectra of bacteria reacted with 5000 μM Pt(II) solutions for up to 28 days. The solid arrows
show the first shell-binding partners of Pt. Note that Pt-Cl bonding shifts to Pt-O-C over time.

4. Discussion

The interaction of C. metallidurans with PtCl4(aq) and K2PtCl4(aq) resulted in a variety of bacterial
responses: cell death and cytolysis, platinum immobilisation as well as nanoparticle formation. The
degree of each response was directly proportional to platinum concentration and time (Tables 1–4).
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The literature lacks consistent experimental data on Pt(II) and Pt(IV) complexation. Potential
Pt(II) complexes present in the reactions systems included Pt(II), Pt(OH)n

−2+n and PtCln−2+n. Likely
Pt(IV) compounds included Pt(IV), Pt(OH)n

−4+n and PtCln−4+n, but very little data exists for these
species [29,30,34,37,53]. EXAFS confirmed platinum-chloride to be the dominant aqueous species prior
to reaction with bacteria. The observed uptake of these Pt(II) and Pt(IV) complexes from solution is
consistent with the literature-described uptake of other metals by bacteria i.e., immobilisation occurs
primarily within the cell envelope and within the cytoplasm [6,54].

Platinum staining occurred evenly throughout the cell and nanoparticle formation and
immobilisation occurred intracellularly, at the cell surface and extracellularly, comparable to that
observed by Konishi et al. [39]. Cell surface reactivity is controlled by the proton exchange capacity
of carboxyl (R-COOH), phosphoryl (R-OPO3H2 and (RO)2-P(OH)2), amine (R-NH3

+) and hydroxyl
(R-OH) functional groups in the cell envelope. In all but the 500 μM and 5000 μM Pt4+ reactions, most
carboxyl groups would have been deprotonated, i.e., negatively charged and available for reaction with
oxidised platinum. In contrast, phosphoryl, amine and hydroxyl groups would have remained mostly
protonated and positively charged at the pH conditions consistent with the acidity of aqueous platinum
solutions used in this experiment [54–56]. XANES and EXAFS spectra clearly show the replacement of
chlorine for oxygen on carboxyl groups to be the most likely binding mechanism. It is worth noting
that the immobilised platinum occurred as platinum-organo complexes at the cell surface, suggesting
that organo-platinum complexes may be preferred to inorganic complexes when bacteria are present.
This process has been described in natural systems where carboxyl functional groups on soluble
organic acids are able to react with platinum to form stable platinum-organo complexes [32,36,53,57].

As suggested by Beveridge and Murray [54], metal (platinum) binding to the cell envelope likely
proceeded first as a stoichiometric event where reactive sites bound platinum and then as a nucleation
event, where nanoparticles grew by accretion in a non-stoichiometric fashion, which continued at
a slower pace, when it occurred at all. The rapid uptake of platinum may have occurred because
membrane transporter proteins were unable to regulate the entry of these particular compounds,
i.e., all complexes freely entered the cell driven by the chemiosmotic gradient that existed across
the cell envelope [6]. Passive diffusion would have ceased nearly instantaneously once platinum
concentrations within the cell equalled the platinum concentration within the solutions. Aqueous
platinum that entered the circumneutral pH of the cytoplasm presumably bound to deprotonated
functional groups and complexed with carboxyl functional groups [55,56] shifting the equilibrium
towards continued uptake of Pt.

Bacterial cells that remained viable following exposure to low concentrations of platinum would
have presumably initiated a biological response to mitigate toxicity in an attempt to survive. Under
limiting carbon conditions, represented by early stationary phase culture conditions, CH34 will
degrade short-chain fatty acids, dicarboxylated compounds, or energy-storage products, such as
polyhydroxybutyrate (PHB) [58]. Internalized metals inhibit the function of important enzymes, bind
to important functional groups, and out-compete other important physiological cations. Detoxification
responses include chemical reduction [39] or complexation of the metal to a less toxic state and/or
efflux of the metal to the outside of the cell. These mitigation responses drain the cell of energy and
cause an oxidative stress, leading to continued cell death at longer exposure times [6,7]. Although
XANES did not indicate platinum reduction, the appearance of dark, electron dense nanometre-scale
platinum colloids in the cytoplasm (and at the cell envelope) is evidence that some platinum reduction
occurred [39].

The relationship between toxicity and immobilization emerges from a comparison of Table 1 vs.
Tables 2 and 3 vs. Table 4. For a particular platinum species, immobilization of platinum is generally
correlated with the concomitant death of cells, e.g., the more platinum that was immobilized, the
more cells that died. Resistance of C. metallidurans to pH 4.1, 50 μM Pt(IV) solution demonstrates that
the toxicity experienced by the cells in the 5000 μM Pt(II) solution (pH 4.2) was primarily due to a
platinum effect versus a pH effect. Similarly, cell death was ‘immediate’ in 500 μM and 5000 μM Pt4+
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solutions, but when C. metallidurans was exposed to pH comparable solutions of HCl, corresponding
levels of cell death were not observed (data not shown). Intuitively, acidic solutions will induce
some cell death; however, these results demonstrate that platinum immobilization triggered most
of the observed toxicity. It is important to note that dead cells cannot ‘actively’ bind platinum, yet
immobilization occurred long after cell death, e.g., the 5000 μM Pt(IV) solution killed all bacteria
within 1 min and platinum immobilization continued at least 1 day in this reaction system. Dead cells
no longer metabolise and the proton motive force that effluxes protons to the cell surface does not
operate, consequently, there is less competition for platinum to bind to anionic carboxyl groups [59].
The ionic adsorption of cations to dead C. metallidurans cells is known to be higher than the reactivity
of live cells [41]. In this situation, the appearance of new reactive sites from denatured cell membranes
and lysed cytoplasmic contents likely contributed to the continued immobilisation of platinum, even
when cell death was ‘instantaneous’.

Further comparison of Tables 1 and 2 reveals two important differences between the Pt(II) reaction
systems and Pt(IV) reaction systems. Firstly, Pt(II) reactions were slightly less toxic than Pt(IV). While
Pt(II)chloride solutions were not as acidic as Pt(IV)chloride solutions, bacteria that remained viable
following exposure may have been able to neutralize and pump out Pt(II) cations easier than Pt(IV)
cations via C. metallidurans’s divalent cation efflux ATPases [44]. Intuitively, in a low metabolic state,
i.e., brought about by being re-suspended in water, if the bacteria could not efflux the highly oxidized
platinum, then the cell’s attempt to neutralise it internally could have been brought about by a fatal
oxidative stress [6,15]. The minimum inhibitory concentrations measured in this experiment were
one to two orders of magnitude less than that measured by Etschmann et al. [60], i.e., 0.5 to 5 μM
(Table 1) versus 200 μM for Pt(II)-chloride and 0.5 μM (Table 2) versus 17.5 μM for Pt(IV)-chloride.
This discrepancy is explained by the affinity of Pt(II) and Pt(IV) for carboxyl groups (Figure 7) and
by the use of a ca. 10 mM gluconate culture medium in the Etschmann et al. [60] MIC experiment;
the gluconate would have complexed the Pt, reducing toxicity. It is also important to note that the
bacteria were also able to immobilize more platinum from Pt(II) solutions than from Pt(IV) solutions.
From a concentration and charge character of platinum vs. hydronium perspective, platinum exceeded
hydronium in the Pt(II) system by approximately two orders of magnitude and generally balanced
the hydronium concentration in the Pt(IV) systems. Therefore, Pt(II) would have easily out-competed
hydronium for carboxyl binding sites whereas Pt(IV) would have had more competition and therefore
less opportunity to be bound and immobilised.

Therefore, we believe that platinum and gold share quite similar chemical characteristics, and
that a Pt detoxification pathway remains to be discovered. It is not surprising that the reactions of
C. metallidurans and platinum are similar to those that have been observed between C. metallidurans
and gold. Reith et al. [15] demonstrated that C. metallidurans rapidly accumulates Au(III)-complexes
from solution and forms intermediate Au complexes and Au0 nano-precipitates. Likewise, platinum
was readily immobilised by carboxylic functional groups on and in the bacteria, and as observed via
TEM, nanometre-scale Pt nanoparticles were also formed, though diagenesis of Pt into nano-phase
colloidal and crystalline materials was less active than for gold in C. metallidurans.

The traditional notion that platinum is inert has been challenged by a new biogeochemical
paradigm [25,33] where the transport of platinum from the mantle to the crust and the subsequent
abiotic weathering of Platinum Group Metal (PGM)-bearing host rocks represents an incomplete
metallogeny of placer platinum deposits. Subsequent and reoccurring dissolution, transportation
and precipitation of platinum by biological and abiotic processes, potentially over geologic
time, [25,34,35,37,61] are now considered to be key components in placer PGM formation in tropical or
sub-tropical climates. The biogeochemical examination of candidate platinum compounds in this study
have demonstrated that there is still more to learn about the mobility of platinum in natural systems.
Specifically, this work has highlighted the importance of nanophase- and organo-platinum compounds
in platinum exploration, which could help define exploration targets for the mining industry.
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5. Conclusions

While Cupriavidus metallidurans immobilized appreciable amounts of platinum, i.e., ca. molar
intracellular concentrations (Tables 3 and 4), it did not transform the platinum into appreciable
amounts of secondary platinum. TEM clearly demonstrated that platinum is immobilized within the
cell envelope and cytoplasm, occurring primarily via chemical immobilization of aqueous platinum
species on carboxyl groups. Although platinum reduction was not detected using synchrotron methods,
the reduction of at least some of the oxidized platinum to 1–2 nm particles of elemental platinum
was observed in a number of reaction systems. Due to the ubiquitous nature of bacteria in near-Earth
surface environments and the high affinity of both Pt(II) and Pt(IV) for organically derived carboxyl
functional groups, this study suggests that organo-platinum must be important in natural systems
where platinum-bearing materials are exposed to weathering conditions, potentially leading to the
dispersal of platinum in association with organic acids derived from the biosphere.
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Abstract: The rising concern about the potential toxicity of synthetic gold nanoparticles (AuNPs) in
aquatic environments requires a rigorous estimation of physico-chemical parameters of reactions
between AuNPs and major freshwater microorganisms. This study addresses the interaction of 10-nm
size, positively charged AuNPs with periphytic freshwater diatoms (Eolimna minima). The adsorption
experiments on viable cells were performed in 10 mM NaCl and 5 mM NaCl + 5 mM NaHCO3 solution
at a variable pH (3–10), at an AuNPs concentration from 1 μg/L to 10,000 μg/L, and an exposure time
from a few minutes to 55 days. Three types of experiments, adsorption as a function of time (kinetics),
pH-dependent adsorption edge, and constant-pH “Langmuirian” type isotherms, were conducted.
In addition, long-term interactions (days to weeks) of live diatoms (under light and in the darkness)
were performed. The adsorption was maximal at a pH from 3 to 6 and sizably decreased at a pH of 6
to 10. Results of adsorption experiments were modeled using a second order kinetic model, a Linear
Programming Model, Freundlich isotherm, and a ligand binding equation for one site competition.
The adsorption of AuNPs(+) most likely occurred on negatively-charged surface sites of diatom cell
walls such as carboxylates or phosphorylates, similar to previously studied metal cations. Under
light exposure, the AuNPs were stabilized in aqueous solution in the presence of live cells, probably
due to the production of exometabolites by diatoms. The adsorbed amount of AuNPs decreased after
several days of reaction, suggesting some AuNPs desorption. In the darkness, the adsorption and
assimilation were stronger than under light. Overall, the behavior of positively charged AuNPs at the
diatom–aqueous solution interface is similar to that of metal cations, but the affinity of aqueous AuNPs
to cell exometabolites is higher, which leads to the stabilization of nanoparticles in solution in the
presence of diatoms and their exudates. During photosynthetic activity and the pH rising above 9 in
the vicinity of diatom cells, the adsorption of AuNPs strongly decreases, which indicates a decreasing
potential toxicity of AuNPs for photosynthesizing cells. The present study demonstrates the efficiency
of a thermodynamic and kinetic approach for understanding gold nanoparticles interaction with
aquatic freshwater peryphytic microorganisms.
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1. Introduction

The rapid growth of the nanotechnology industry has led to the wide-scale production and
application of engineered nanoparticles (NP). They are increasingly used in industry, medicine, and
various consumer products such as cosmetics, sunscreens, textiles, and food [1], and are therefore
released into the environment with domestic sewage. Among different NP materials, gold is widely
used at both an industrial level and in biology. For example, gold nanoparticles have been used for the
development of real-time optical diagnoses, label-free detection, cellular tracking, tumor treatment, or
drug delivery [2,3]. As a result, gold nanoparticles (AuNPs) are progressively released in the air and
water via erosion, watershed, and industrial or hospital wastes, and these rejects progressively increase
each year [4,5]. Together with other nanoparticles in aquatic systems, AuNPs are also investigated
for their use as decontamination devices. For example, coagulation or flocculation techniques of
nanoparticles by organic molecules have been developed [6–8], and the efficiency of gold nanoparticles
as low-molecular-weight-chelators in aqueous suspensions has been demonstrated [9]. However,
their harmless nature has yet to be proven for living organisms in the natural environment. Different
research groups have shown that AuNPs exert moderate toxic effects on eukaryotic cells, on animal
models, and several organisms representing different levels of ecosystems [10], although these toxic
effects greatly depend on particle size and surface coating. It is known that these particles, and in
particular amine coated gold nanoparticles, are able to penetrate a high variety of cells [11,12], and are
recognized to be highly stable in aqueous solution [5]. At the moment, the impact of AuNPs towards
aquatic organisms in terms of toxicity and trophic transfer [13] is poorly characterized. Thus, despite
their a priori inert character, several studies have already highlighted their toxic properties and notably
their capability to generate oxidative stress [10,13–18]. In order to understand the impact of AuNPs on
freshwater microbial ecosystems, the adsorption of AuNPs on cell surfaces should be studied as the
first step before AuNPs internalization.

Gold nanoparticles pollution in freshwater environments is an issue of rising concern [19,20].
The emergency of European river pollution by industrially produced and domestically and
commercially used AuNPs calls for a need to rationalize the interaction of these new potentially
toxic substances with dominant microorganisms of freshwater ecosystems, such as periphytic diatoms.
Adsorption and assimilation of metals, and by analogy, of nanoparticles by aquatic microorganisms,
are considered as one of the major process controlling the fate of micro pollutants in the environment.
It is known that the first step in a toxicant uptake by biota is the adsorption of NPs on external layers
of the cell wall. Thus, numerous studies have been devoted to the quantification and thermodynamic
modeling of reversible metal cation adsorption on the cell wall of aquatic microorganisms [21–24].
Extensive research over past decades has provided a comprehensive picture of metal binding to cell
walls of most model aquatic microorganisms, including autotrophic and heterotrophic bacteria and
diatoms [25–33]. However, there is no study, to our knowledge, of AuNPs interaction with freshwater
periphytic diatoms.

Therefore, the first goal of the present work was to quantify the stability of AuNPs in solution
and characterize the adsorption capacities of freshwater diatoms with respect to AuNPs under
controlled laboratory conditions. In order to model the adsorption equilibria, performing both
pH-dependent adsorption edge and metal-dependent (constant-pH) adsorption experiments is crucial
for the robustness of the metal adsorption model, because only by independently varying both pH and
metal concentration can one rigorously constrain the number and chemical nature of sites involved
in metal binding under variable environmental conditions. The second goal of this study was to
characterize the long-term (days to weeks) interaction of AuNPs with live diatom cells to assess
the effect of prolonged exposure of diatoms to nanopollutants. Overall, this study should allow a
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physico-chemical level understanding of basic environmental processes which control the uptake of
the NP pollutant by diatoms and thus contribute to the development of reliable predictive models
describing the impact of nanopollutants on aquatic ecosystems.

2. Materials and Methods

2.1. Diatom Cultures

Monospecific diatom cultures were developed from laboratory strains to produce a biomass
of freshwater periphytic Eolimna minima (EOMI), as described previously [31,34–37]. Diatoms were
cultured to a concentration of ~107 cell/L at 20 ◦C in a sterile Dauta freshwater medium [38] at
pH ~7.7–7.8. Before the adsorption experiments, diatoms were rinsed three times in 0.01 M NaCl
electrolyte solution using centrifugation at 2200× g (~400 mL of solution for 1 g of wet biomass).
The biomass of the diatoms was quantified by its wet (centrifuged 15 min at 4500× g) and dry
(lyophilized or freeze dried) weight. Before the adsorption experiment, biomass was removed from
the support and rinsed three times in appropriate electrolyte solution using centrifugation at 4500× g
(~500 mL of solution for 1 g of wet biomass) to remove, as possible, the adsorbed ions and organic cell
exudates from the surface.

2.2. AuNPs Synthesis and Characterization

AuNPs were synthetized following the procedure of Baudrimont et al. [14] to produce spherical
and monodispersed nanoparticles. Surfaces were functionalized with heterobifunctional poly(ethylene
oxide) macromolecules bearing a thiol group (-SH) in position ω, and a primary amino group (-NH2)
in position α. The thiol groups enable the anchoring of the macromolecule to Au surface sites, while
amino groups provide the cationic character of the nanoparticle surface in acid and neutral media.
The grafting density was 3.33 molecules/nm2, corresponding to 1 mg of functionalized AuNP to a
mass of 5.48 μg of S. A nanoparticle stock solution of a 10.0 ± 0.5 nm average diameter, determined by
transmission electron microscopy, and 3.34 × 1017 AuNP+/L equivalent to 3.264 g/L concentration,
was diluted to various degrees for diatom adsorption and assimilation experiments.

2.3. Short Term AuNPs Adsorption

In order to provide a quantitative description of AuNPs binding onto diatom surfaces, two types
of adsorption experiments were conducted: (i) adsorption at a constant initial metal concentration as a
function of pH (pH-dependent adsorption edge); and (ii) adsorption at a constant pH as a function
of metal concentration in solution (Langmuirian-like isotherm). In order to assess the environmental
parameters controlling the interaction of AuNPs with diatom surfaces, effects of biomass concentration
and light exposure were also investigated. Adsorption experiments were conducted at 25 ± 0.5 ◦C in a
continuously agitated diatom suspension of 0.01 M NaCl solution or 0.005 M NaCl + 0.005 M NaHCO3

using 30 mL sterile Teflon (PTFE) containers. All manipulations were conducted in the laminar hood
box. The pH-dependent adsorption edges were measured after 2 h of exposure in the dark in order to
prevent cell growth and metabolic activity. The pH was adjusted using either NaOH or HCl. Sodium
bicarbonate buffer was added to a concentration of 0.005 M in order to keep the pH constant during
Langmuirian adsorption isotherm measurements. For all experiments, sterile de-ionized water (Milli-Q,
18.3 MΩ) purged of CO2 by N2 bubbling was used. At the end of the experiment, the suspension
was centrifuged and the resulting supernatant filtered through a 0.22 μm Nylon filter, acidified with
ultrapure bi-distilled HCl, and stored in the refrigerator before the analysis. The concentration of AuNPs
adsorbed on diatoms was calculated by subtracting the concentration of AuNPs in the supernatant from
the original amount of metal added in the solution. To account for AuNPs adsorption on the reactor’s
walls, supernatants obtained from diatom suspensions were conditioned at 3 ≤ pH ≤ 9 and the same
concentration of added AuNPs as in cell adsorption experiments. After 2 h, no significant decrease of
initial Au concentration was detected upon filtration, indicating the absence of AuNPs adsorption on
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the reactor walls and Au hydroxide formation in solutions. Only at pH > 6 and [AuNPs]t > 100 μg/L
was a ~30% decrease of AuNPs concentration in blank experiments observed. This was taken into
account when calculating the net adsorption yield.

The adsorption of AuNPs on EOMI diatoms was studied as a function of time (0–3 h and 1–55 days),
pH (3–10), and AuNPs concentration in solution (1–1000 μg/L). Although this range of concentration
exceeded that of real cases found in contaminated environments linked to industrial and hospital
waste, the concentration of diatoms used in our experiments was also several orders of magnitude
higher than that encountered in freshwater aquatic environments, so that the ligand to metal ratio in
the experiments was similar to that in natural settings. For all of these studies, the cell supernatant
obtained after three rinses of cells in the experimental electrolyte solution was considered as a blank.
The biomass was kept constant at 0.2 or 0.5 gwet/L. The experiments were carried out under permanent
stirring and in the darkness at 25 ± 1 ◦C. The contact time was 60 min for pH-edge and langmuirian
experiments. In addition, langmuirian adsorption experiments were conducted at a variable initial
concentration of AuNPs (1–700 μg/L) over 1 and 24 h of exposure time. All these experiments were
carried out in duplicate.

2.4. Long Term AuNPS Assimilation

Long-term interaction of AuNPs with live diatom cells, also run in duplicates, was studied
during one to 55 days of reaction, at 20 μg/L of added AuNPs, 1 and 10 gwet/L of biomass, and
a pH of 8.6 ± 0.3 maintained by a mixture of 0.005 M NaCl + 0.005 M NaHCO3. Another series
of experiments were conducted under light and in the darkness, over 20 days of exposure, and an
initial concentration of added AuNPs of 100 μg/L. For this, semi-transparent Teflon bottles with
AuNPs-bearing solution and diatom cells were gently agitated on a ping-pong shaker at 22 ± 1 ◦C.
The bottles were aerated using Biosilico porous caps. Over long-term exposure of diatoms to AuNPs,
an optical microscope examination of cells at the end of experiment demonstrated that the cells
remained intact and undeformed, with chloroplasts well-preserved, and some cells were in a state
of division.

2.5. Analyses

All filtered solutions were analyzed for Au using graphite furnace atomic absorption (Perkin
Elmer AAnalyst 600 spectrophotometer, Perkin Elmer, Waltham, MA, USA) with an uncertainty of
±5% and a detection limit of 0.1 μg Au/L. For Au concentrations lower than 1 μg/L, analyses were
performed by Quadrupole ICPMS-Agilent 7500ce (Agilent, Santa Clara, CA, USA) with an uncertainty
of 5% and a detection limit of 0.01 μg/L. Values of pH were measured using a Mettler Toledo®

(Mettler, Greifensee, Switzerland) combined electrode, with an accuracy of ±0.01 pH unit. Dissolved
Organic Carbon (DOC) was analyzed using a Carbon Total Analyzer (Shimadzu TOC-6000, Shimadzu,
Nakagyō-ku, Japan) with an uncertainty of 3% and a detection limit of 0.1 mg/L.

2.6. Modeling

In agreement with available surface titration and spectroscopic data on peryphytic diatoms [26,27,30],
we hypothesized that the major metal- and proton-active sites on the diatom cell surface are carboxyl,
phosphoryl, phosphodiester, and amine moieties. In order to assess the metal binding strength and
capacity of the biofilm surface functional groups, pH-dependent adsorption edge and constant-pH
adsorption edge data were modeled using several adsorption models such as the ligand binding
equation for a single site competition (pH-dependent), a Linear Programming Model approach (LPM),
and Freundlich isotherm for constant-pH adsorption, as presented previously by Martinez et al. [27]
and recently applied for modeling the metal cations binding to cyanobacteria [39], phototrophic
bacteria [40], soil bacteria [41], and diatom [42] surfaces. To model the pH-dependence of AuNPs
adsorption, a ligand binding equation for a single site competition was applied (Equation (1)):
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y = min +
(max − min)(

1 + 10pH−log EC50
) (1)

where y is the adsorbed AuNPs; min represents the non-specific binding sites with the same
concentrations of y; max represents the maximum binding sites with the same concentration of y;
and log EC50 is the pH at which 50% of AuNPs were adsorbed.

The constant-pH adsorption experiments were fitted to an LPM model. Here, the linear
programming regression techniques automatically minimize the number of binding sites and the
absolute error, e = [AunPsB+]T,calc,i − [ AuNPsB+]T,i, rather than the least squares. This approach
finds one global minimum for the error function, which emphasizes zero as a possible solution and
avoids convergence problems such as those found in FITEQL where the solution could be a local
minimum [26]. Therefore, the adsorption equation can be considered as Equation (2):

AuNPs+ + B−
j

Km,j↔ AuNPsB+
j (2)

where, Bj represents a specific surface functional group and Km,j the apparent metal-ligand binding
constant conditional on ionic strength. For a j-th deprotonated functional group at a fixed pH value,
Km,j can be defined as:

Km,j =
[AuNPsB+

j ]i
[AuNPs+]meas,i[Bj]i

(3)

where i = 1 . . . n represents ligand additions and j = 1 . . . m indicates binding sites. In the above
expression, Km,j is a function of experimentally determined metal concentrations, ([AuNPs+]meas,i) and
of the amount of AuNPs+ bound to the j-th site as a function of increasing biomass and at a fixed pH
value, [AuNPsB+

j]i.
In addition, the constant-pH adsorption was also modeled by using the Freundlich isotherm

described by Equation (4):

log[AuNPs]adsorbed = log kF +

(
1
n

)
log[AuNPs]solution (4)

where kF and n are the characteristics parameters of the adsorption reaction on the diatoms.

3. Results

3.1. Short-Term Kinetics of Adsorption

The kinetic experiments were carried out in the presence of 0.2 and 0.5 gwet/L diatoms at a
constant pH of 6.4 ± 0.1 and low (4–9 μg/L; Figure 1A) and high (111–115 μg/L; Figure 1B) initial
AuNPs concentrations. These results demonstrated that the adsorption of AuNPs was higher when the
higher biomass was used. Note that at a high initial AuNPs concentration, there was no significant
difference between the two initial diatom biomasses. It can be seen that 85% of the total amount is
adsorbed during the first 100 min of the reaction.

The results were fitted to a second order rate equation (Equations (5) and (6)):

d[AuNPs]
dt

= −k[AuNPs]2 (5)

1
[AuNPs]

=
1

[AuNPs]0
+ kt (6)

The half-life time of adsorbed AuNPs is defined by Equation (7):
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t1/2 =
1

k[AuNPs]0
(7)

The second order rate constants in 0.01 M NaNO3 and the half-life times of AuNPs in the presence
of diatom at two different biomasses are listed in Table 1.

Table 1. Parameters of second order rate equation (Equation (6)) of AuNPs adsorption onto EOMI.

Experiment Initial AuNPs (μg·L−1) k (L·μg−1·min−1) t1/2 (min)

low AuNPs and 0.2 gwet/L EOMI 3.60 7.50 × 10−3 37.0
low AuNPs and 0.5 gwet/L EOMI 8.50 1.05 × 10−2 11.2
high AuNPs and 0.2 gwet/L EOMI 115 4.00 × 10−4 21.8
high AuNPs and 0.5 gwet/L EOMI 111 4.00 × 10−4 22.5

(A) (B) 

Figure 1. Short-term adsorption kinetics of AuNPs onto 0.2 and 0.5 gwet/L of diatoms EOMI,
at two initial AuNPs concentrations (3.6–8.5 μg AuNPs/L (A) and 111–115 μg AuNPs/L (B)) under
darkness at pH of 6.4 ± 0.1. The error bars are within the symbol size unless shown. They correspond
to standard deviation of duplicates.

3.2. Dependence of Adsorption of pH

The stability of AuNPs was studied as a function of pH (2.1–12) in 0.01 M NaCl and supernatant
produced after rinsing the diatom suspension three times, which was in contact with 0.01 M NaCl for
60 min (Figure 2). The presence of dissolved organic matter (DOM) at concentrations of 0.4 to 0.6 mg
DOC/L in solution stabilized AuNPs in solution in the whole range of studied pH (Figure 2), as it
has also been demonstrated in laboratory experiments [43,44]. The concentration of AuNPs was three
times lower in 0.01 M NaCl compared to that in the supernatant of diatom cultures. The concentration
of AuNPs decreased by ca. 15 μg/L at pH from 3 to 12, but decreased three-fold and then remained
relatively constant or increased in the NaCl electrolyte.

Figure 2. The concentration of AuNPs measured after 60 min in 0.01 M NaCl and in diatom supernatant
obtained after reaction with 0.5 gwet/L of biomass. The initial concentration of AuNPs in both cases
was 60 μg/L. The error bars are within the symbol size unless shown. They correspond to standard
deviation of duplicates.
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A plot of the percentage of adsorbed AuNPs as a function of pH demonstrated that the adsorption
of AuNPs decreased with an increase in pH, which was especially visible at a pH of 6 to 12 (Figure 3).

(A) (B) 

Figure 3. (A) The final concentration of AuNPs measured after 60 min in cell-free supernatant and in
contact with 0.2 and 0.5 gwet/L of diatoms; and (B) the percentage of adsorbed AuNPs as a function of
pH. The error bars are within the symbol size unless shown. They correspond to standard deviation
of duplicates.

Net adsorption of AuNPs at the diatom surface is due to competition with H+ for
negatively-charged anionic surface sites (phosphorylates, sulphides), as it is fairly well established for
divalent metals interacting with diatoms [31,34] and various bacteria [45]. The desorption with the
increase of pH may be due to competition between aqueous ligands complexing AuNPs+ particles and
surface site moieties.

The hypothesized complexation between AuNPs and aqueous organic ligands at a pH above 6
is consistent with ca. 50%-increase in DOC concentration in alkaline solutions in these experiments
(Figure 4):

Figure 4. DOC concentration in experiments with 0.2 and 0.5 gwet/L of EOMI diatoms after 60 min of
exposure to 60 μg/L of AuNPs during 60 min. The error bars (s.d. of duplicates) are within the symbol
size unless shown.

Another series of pH-edge experiments (Figure 5) were fitted in Sigmaplot using a Ligand
binding equation for one site competition. This and the previously described result may have
important consequences for understanding the AuNPs interaction with photosynthesizing diatoms
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cells. It is possible that during the active phase of photosynthesis, during the day, when the pH in
the pristine water layer surrounding the cells rises above 9, the diatoms will release AuNPs that were
adsorbed at the cell surface during the dark phase of photosynthesis at night, at a lower pH than
the surrounding medium. The pH 9.0 ± 0.5 is a threshold value where 50% of the initial AuNPs
were desorbed. The model fit parameters with R2 = 0.91 and Standard Error of Estimation 0.06
are listed in Table 2. No duplicates were run for these adsorption experiments; however, a large
number of data points in adsorbed Au as a function of pH allowed an adequate estimation of relative
experimental reproducibility.

Table 2. The model fit parameters of Equation (1) of AuNPs adsorption onto diatoms.

Parameter Coefficient Std. Error

min 11.69 0.189
max 12.77 0.0118

log EC50 9.81 0.142

Figure 5. pH-dependence of AuNPs adsorption on the surface of diatoms EOMI (10 gwet/L, 130 μg/L
AuNPs, 2 h of reaction) and a one-site competition fit to the data.

3.3. Langmuirian Adsorption at Constant pH, as a Function of AuNPs in Solution

The stability of AuNPs was studied as a function of initial AuNPs concentration, for both 0.01 M
NaCl and diatom cell supernatant. The contact time was 60 min.

The concentration of AuNPs increased linearly as a function of the concentration of AuNPs added
to the solution. The loss of AuNPs was negligible for concentrations lower than 100 μg/L and it is
more important for the higher concentrations (500 μg/L), as illustrated in Figure 6. Note that further
experiments are necessary to discriminate the fraction that was precipitated during these stability tests.

Figure 6. Stability of AuNPs in 0.01 M NaCl and cell supernatant solution for 0.2 and 0.5 gwet/L of
diatoms. The loss of AuNPs in blank experiments is 45% smaller in cell supernatant compared to the
inert electrolyte (0.01 M NaCl). The error bars are within the symbol size unless shown.
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The adsorption of AuNPs on diatoms was also studied for two initial biomass, 0.2 and 0.5 gwet/L,
as a function of AuNPs in solution at a constant pH of 6.0, as illustrated in Figure 7.

Figure 7. Adsorbed AuNPs as a function of aqueous AuNPs concentration in the presence of 0.2 and
0.5 gwet/L of EOMI diatoms, at pH of 6. The error bars are within the symbol size unless shown.

Another set of experiments were performed to understand the adsorption of AuNPs onto diatoms
after a 2 h exposure time and in the presence of 10 gwet diatom/L in 5 mM NaCl and 5 mM NaHCO3

(Figure 8). The adsorption of AuNPs also increased as a function of AuNPs in solution. The adsorption
data were modelled using the Freundlich isotherm with the parameters listed in Table 3.

Figure 8. Low–range adsorption of AuNPs onto EOMI diatoms: concentration of adsorbed AuNPs
at the surface of EOMI cells after 2 h mixing in 5 mM NaCl + 5 mM NaHCO3 at pH = 8.50 ± 0.05.
The solid line is a fit to the data using the Freundlich isotherm.

Table 3. Freundlich isotherm parameters for the adsorption of AuNPs on EOMI diatom as a function of
AuNPs in solution. Dry biomass was always 10 gwet/L.

Medium pH Contact Time (h) log kF kF (mol/L) 1/n n (mol/L)

5 mM NaCl + 5 mM NaHCO3 8.56 ± 0.05 2 −0.459 0.347 0.696 1.436

10 mM NaCl
7.40 ± 0.06 1 0.621 4.177 1.115 0.897
7.10 ± 0.06 24 0.035 1.085 1.014 0.986

The adsorption of AuNPs on EOMI surfaces was studied after 1 and 24 h of reaction at pH = 7.2 ± 0.2
in 0.01 M NaCl (Figure 9). It can be seen that the adsorption equilibrium was achieved within 1 h of
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reaction, because there was no significant (p < 0.05) difference in the amount of adsorbed AuNPs after
1 and 24 h of reaction. The LPM fit of the adsorption data yielded pKm = 1.6 and a binding site (BS)
concentration of 14.5 μmol/gwet for 1 h of reaction and pK1 = −2.2 and pK2 = 1.0 with BS values of
0.0037 and 6.5 μmol/gwet, respectively.

Figure 9. Adsorption of AuNPs on EOMI surfaces after 1 and 24 h of reaction at pH = 7.2 ± 0.2 in
0.01 M NaCl. The solid lines represent a Freundlich isotherm fit to the data. The error bars are within
the symbol size unless shown. They correspond to standard deviation of duplicates.

These experimental data were also fitted to the Freundlich isotherm and the parameters are shown
in Table 3. The n value for all the experiments was close to one, implying a chemical adsorption process,
except for the experiment in NaCl at a higher pH, where the n value was higher than 1 and where a
combination of chemical and physical process could occur at the same time.

The adsorption capacities of EOMI cell surfaces with respect to AuNPs are fairly well (within 30%)
comparable with that of Navicula minima with respect to Cd2+, studied in previous works of our
group [31].

3.4. Long-Term Interaction of AuNPs with Live Diatom Cells

Experiments of long-term interaction of diatoms with AuNPs aimed at comparing the adsorption
+ uptake of AuNPs by diatoms in the presence of light and in the darkness, over 20 to 50 days of
exposure in the inert buffered media (5 mM NaCl + 5 mM NaHCO3). At 100 μg/L of added AuNPs
and a constant pH of 8.6, the major removal of AuNPs occurred over the first one to two days and
it was more pronounced under light than in the darkness (Figure 10). We tentatively interpret this
difference as due to two possible reasons. First, the pristine pH of the diatom cell surface during
photosynthesis under light is higher than that of the surfaces in the darkness, and the adsorption of
AuNPs on the cell surface strongly decreases above pH 9 (Figure 5). Note that, although the bulk
solution is buffered at pH 8.6, the pristine pH of the photosynthesizing cell is typically 1 to 2 pH units
higher, as is known from in-situ measurements with microelectrodes [39,46]. Second, the cells under
light might be able to exudate various organic ligands, as is known in both freshwater and marine
phytoplankton species [47–51].

Long-term experiments under light in the presence of 1 and 10 gwet/L demonstrated an abrupt
decrease in concentration of AuNPs over the first days of exposure, followed by a stable concentration
of AuNPs (at 1 gwet/L of EOMI) or an increase in [AuNPs] by 40%–50% from the fourth to 55th day of
exposure (Figure 11). We interpret this increase as due to exometabolites production and the removal
of part of the adsorbed nanoparticles in the form of AuNPs-ligand complexes. The positive charge of
AuNPs and negative charge of produced simple carboxylic acids or exopolysaccharides may cause
such a desorption of AuNPs from the cell surface. Note that an alternative explanation, an efflux of
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AuNPs from the cell to the surrounding medium, or a detoxification mechanism, triggered by high
concentrations of AuNPs, is less likely: such an efflux was not visible in experiments with 1 gwet/L
EOMI at much higher concentrations of added AuNPs (Figure 10). As such, desorption via soluble
exometabolites produced by a high amount of EOMI (10 gwet/L) is the most likely cause of the aqueous
AuNPs concentration increase over two months of exposure.

Figure 10. Concentration of AuNPs in 5 mM NaCl + 5 mM NaHCO3 solution at pH = 8.6 ± 0.1
in the presence of 1 gwet/L live EOMI diatoms under light (yellow squares) and in the darkness
(grey triangles). The error bars (s.d. of duplicates) are within the symbol size unless shown.

Figure 11. Concentration of AuNPs in 5 mM NaCl + 5 mM NaHCO3 solution at pH = 8.7 ± 0.2 under
light in the presence of 1 and 10 gwet/L of live diatoms (green triangles and red squares, respectively).
The error bars (standard deviation of duplicates) are shown by vertical lines.

4. Conclusions and Natural Applications

Results of our experiments demonstrated the efficiency of a thermodynamic and kinetic approach
for characterizing the interaction between synthetic gold nanoparticles and freshwater peryphytic
diatoms EOMI. The dissolved organic matter (cell exometabolites) of diatom cells in the supernatant
solution enhanced the stability of AuNPs in solution compared to that of the inert electrolyte. Positively
charged AuNPs interacted with negatively charged diatom surfaces in a way similar to that of metal
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cations, although some desorption of AuNPs from the cell surfaces at pH > 9 may be due to competition
between soluble organic ligands produced by cell metabolism and cell surface moieties for AuNPs(+)
complexation. Surface tertiary amine groups [52] or hybrid NH3

+/COO− terminated surfaces as
surrogates for charged ionisable groups of diatoms [53] are likely candidates for AuNPs-adsorbing
moieties at the cell surfaces. The “Langmuirian” adsorption isotherm (at constant circumneutral pH)
demonstrated adsorption capacities of EOMI cells that were similar to those of diatom Navicula minima
with respect to divalent metal cations. We could not detect any significant long-term assimilation of
AuNPs by diatom cells. Instead, the majority of nanoparticles were removed over the first hours to
days of the surface adsorption reaction, followed by a slow release in the course of the following weeks.

Long-term (days to weeks) interaction of AuNPs with live diatom cells demonstrated the enhanced
stability of AuNPs in the presence of photosynthesizing cells compared to cell-free solutions. This may
be caused by (i) increasing pristine pH in the cell vicinity due to photosynthesis so that AuNPs
are desorbed from the surface; and (ii) the production of cell exometabolites, which complexed
positively-charged AuNPs and desorbed them from cell surface. An efflux of AuNPs as a detoxification
mechanism seems to be subordinate to a desorption/complexation reaction.

In natural settings, cell photosynthesis should lead to a decrease in AuNPs adsorption and uptake
by cells and thus can be considered as a mechanism of passive detoxification, driven by the exertion of
organic ligands. Note that the stabilization of AuNPs by natural organic matter of a different molecular
weight is well known from various laboratory experiments [43,44].

It is anticipated that a rigorous physico-chemical approach for the description of AuNPs-diatom
interaction developed in the present study will help to establish a sound scientific basis for determining
the quality status of water reservoirs and allow researchers to develop reliable predictive models of
pollutants impact on aquatic ecosystems.
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Abstract: We investigated a microbe-based approach to be used for the biorecovery of valuable metals
from e-waste. E-waste is a heterogeneous matrix at the microbial scale. Therefore, this study aims at
taking advantage of bacterial-fungal (BF) interactions in order to mobilize and immobilize a selected
metal present in e-waste. We used cadmium (Cd) and a selection of Cd-tolerant microorganisms from
our culture collection or isolated from a naturally cadmium-contaminated soil. Several experiments
were designed in order to use the synergistic bioremediation capabilities of BF couples to mobilize and
immobilize Cd from a culture medium. Initial results showed that the selected synergistic BF couples
are more tolerant to Cd concentrations than the organisms alone. However, setting the conditions
leading to effective immobilization of this toxic metal still need further work. Using microbial
consortia rather than single species represents an innovative alternative to traditional bioremediation
approaches for the development of new biotechnological approaches in urban mining.

Keywords: e-waste; urban mining; metal biorecovery; Bacterial-Fungal Interactions; fungal highways;
cadmium; heavy-metal tolerance

1. Introduction

E-waste consists of end-of-life electronic and electrical equipment. It is typically composed of a
mixture of metals (Fe, Cu, Al, Au, Ag, Pd, Li, and in lower concentration also Hg, Pb, Cd, and rare-earth
elements), plastics, and ceramics [1–3]. Several precious metals (e.g., Au, Ag, Pd) are common in
e-waste because of their high chemical stability and good conducting properties [2]. In 2018, e-waste
will reach an amount of 50 million tones (Mt) with a projected annual growth rate of 4 to 5% [4].

A large fraction of e-waste is disposed of in developing countries by open dumping, leading
to leaching of toxic compounds into soil and groundwater [5]. In addition to this, large amounts of
non-renewable raw materials are immobilized in e-waste. In order to tackle these issues, a recycling
hierarchy has been proposed which includes the recycling of individual compounds in e-waste [6]. This
leads to the concept of urban-mining. This concept proposes to reclaim raw resources, such as metals
for instance, that are present in anthropogenic waste in order to re-insert them further in a circular
economy [7]. At present day, the recycling of e-waste consists in their dismantling and to the recovery of
selected precious metals through metallurgical processes previously applied in mineral ores [2]. Among
metallurgical processes, hydro- and pyro- metallurgy involve the use of toxic products, high installation
costs, as well as environmental and human health concerns. Beside these two physicochemical
approaches, a biological approach coined biometallurgy exists [2]. This approach is investigated
since 20 years and relies on the understanding of metal-microbes interactions. Biometallurgy aims at
extracting and recovering precious metals through economically and ecologically friendly approaches,
using the structural and/or catalytic proprieties of microbes [8]. Such an application is applied to
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exploit some mineral ores that contain a low concentration of specific metals with high economic value
(Cu, Au, Ni) [9]. However, at present-day, there are no biometallurgical processes available on the
market for the biorecovery of metals from e-waste. This aspect represents a timely issue for ethical,
environmental and societal issues. Therefore, further research in applied metal biorecovery using
combinations of bacteria and fungi is needed for the development of new environmentally-friendly
biotechnological approaches in the biometallurgical field.

Microbes (both eukaryotic and prokaryotic) are important actors of the biogeochemical cycles
of the elements, eventually leading to important ecosystem functions such as organic matter
decomposition, mineral bioweathering, and soil formation. As a result, they have a strong impact on
metal mobility within ecosystems [10–12]. Metals can be classified as essential and non-essential for
living organisms. Metals such as Na, K, Cu, Zn, Co, Ca, Mg, Mn and Fe are essential for all microbes
for structural and/or catalytic functions. Other metals such as Cs, Al, Cd, Hg, and Pb do not have
an essential function but can be accumulated by microbes in order to decrease the toxicity of these
metals [11]. In heavy metal contaminated soil (from natural or anthropogenic sources), microorganisms
survive and proliferate due to the acquisition of tolerance mechanisms. Those mechanisms result
both from phenotypic or genetic alterations [13]. The way microbes interact with metals depends on
metal speciation, the microbial species involved, and the abiotic conditions. On the other hand, metal
behavior (i.e., speciation, solubility, bioavailability, and toxicity) depends strongly on physicochemical
conditions that are largely driven by microbial activities [11,12,14,15]. As a result, an intricate feedback
exists between microbial metabolisms and metal mobility, which can be harnessed for the purpose of
metal biorecovery.

Microbe-metal interactions can be divided into two different major strategies, metal mobilization
and metal immobilization. Microbes can: (i) solubilize metals from minerals or metallic alloys thereby
increasing metal bioavailability and mobility or (ii) immobilize metals in the form of complexes
or precipitates leading to reduced metal bioavailability and mobility [16,17]. Metal mobilization
by bacteria and fungi can result from redoxolysis, acidolysis or complexolysis [10,11,18]. Metal
immobilization mechanisms consist mainly in biosorption, intracellular accumulation or precipitation
(i.e., biomineralization). Compared to bacteria, fungi can immobilize metals inside their organelles
(mostly vacuoles) and metals can be translocated and/or accumulated within fungal tissues such as
rhizomorphs and fruiting-bodies [11,17,18].

Current biometallurgical or biomining approaches rely on the use of single microbial species
or on consortia consisting in several bacterial species [19,20]. However, in the natural environment,
microorganisms rarely live alone. Soil, one of the most typical microbial environments, harbors up to
109 microbial cells in one gram of soil [21], and is the place of intense biogeochemical activity. Soils
are complex and heterogeneous water unsaturated environments, where bacteria and fungi coexist
and share similar ecological niches [22]. This results in numerous interactions, such as commensalism,
mutualism and parasitism [23]. A major difference between fungi and bacteria is their dispersal
ability and thus their distribution within soil. In soil, movement of bacteria is restricted because of
the heterogeneous distribution of air-filled pores and bacteria need a continuous water phase for
dispersion [24,25]. In contrast, fungi, with their filamentous lifestyle, are more adapted to bridge
air-filled water gaps present in soils [26]. Therefore the colonization of soil by fungi is optimized
thanks to their morphology, and the presence of hydrophobins at the hyphal surface, as well as their
ability to translocate nutrients between the different modules of the organism [27–30]. Some bacteria
have developed an alternative dispersal mechanism by interacting with fungi to compensate reduced
dispersal capability in soils. This mechanism dubbed fungal highways (FH; [31]) is a typical example of
bacterial-fungal interaction (BFI). In FH, bacteria use the fungal hyphal network as a highway in order
to colonize new microhabitats [10,26]. Bacteria move actively, using flagella, in the synaeretic liquid
film formed around fungal hyphae [31]. FH interactions have been demonstrated to be important in
selected soil functions, e.g., for organic pollutant bioremediation [32–34], to resume bacterial activity

148



Minerals 2018, 8, 121

through increased water bioavailability [35] or to activate a biogeochemical process linked to the global
carbon cycle [36].

In this study, we hypothesized that e-waste, similarly to soils, are heterogeneous and unsaturated
matrices at the microbial scale. An average e-waste typically contains a mixture of several different
metals (around 57; [37]). As a result, we aimed at taking advantage of the BFI that take place into
soils, in particular FH, to trigger biogeochemical processes to both mobilize and immobilize a model
metal from e-waste (Figure 1A). As model metal present in e-waste, we selected Cadmium (Cd), as it
is a highly toxic nonessential metal [38]. Cd is present in many types of e-waste and is therefore
problematic as it often leads to soil and groundwater pollution during landfilling [39]. In e-waste,
Cd is in the range of 180 ppm, while precious metals like Au or Ag are present between 10 to 1000
and 3000 ppm, respectively ([1,2]). However, this varies enormously among e-waste types. As a result,
the recovery of precious metals in such matrices strongly relies on the (bio)geochemical behavior of
all the elements present in a given e-waste. Precious metals and many heavy metals are nonessential
for life. Their toxicity depends on their speciation and the prevailing abiotic condition [38,40]. While
Cd is highly toxic whatever its speciation [41], precious metals exhibit varied levels of toxicity in
function of their speciation. Usually, elemental forms are less harmful than ionized species [42,43].
The economic value of Cd is low and as a result its recovery is not a priority. However, improper
e-waste recycling can lead to Cd transfer to soil and groundwater [44]. As a result, during e-waste
processing to recover precious metals, the recovery of Cd is also a critical aspect to take into account.
Besides this, by using a highly toxic model metal we assumed that this is a setting that would be
initially non-favorable for biological activity. Finding the right conditions allowing biological activity
could, therefore, be extrapolated to other less toxic compounds contained in e-waste, such as precious
metals for instance.

Figure 1. (A) Conceptual design of the approach using bacterial-fungal interactions and fungal
highways for the biorecovery of metals in a heterogeneous and unsaturated matrix. On the left-side,
a mobilization area is shown consisting of a metal-containing heterogeneous area such as an e-waste
and on the right-side is shown an immobilization area where biologically induced mineralization
(i.e., biomineralization) can take place for the biorecovery of a metal fraction. (B) Experimental set-up
of the Cd mobilization and immobilization Petri dish experiment.
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In recent years, several studies dealt with microbial mechanisms for the biorecovery of
metals [2,8,18,45]. However, up to now, most of these studies were done in liquid (thus homogeneous)
media, where the contact between microbes and metals is amplified. In addition, applications were
performed mostly with single bacterial or fungal strains. As a result, this study aims at investigating a
solution using BFI and FH for the biorecovery of metals from solid materials in unsaturated conditions.
More specifically we investigated whether interacting bacteria and fungi developed metal-tolerance
proprieties and cooperative interactions, such as FH, in presence of Cd. For this we selected Cd-tolerant
bacterial and fungal strains, either from a Cd-contaminated field site or from our culture collection.
Then, we assessed their ability to mobilize Cd from a culture medium and further to re-immobilize
Cd through biologically induced mineralization (BIM) of CdCO3 as a result of alkalinization linked
to ureolysis.

2. Materials and Methods

2.1. Field Sampling

Selection of the field site to isolate interacting fungal and bacterial strains (thereafter referred
to as bacterial-fungal (BF) couples) was performed on the report of naturally Cd-enriched soils at
“la Vue des Alpes”, canton Neuchâtel, Switzerland. The soils in this area have a mean Cd concentration
of 4.58 mg Cd/kg soil and maximal Cd concentration of 16.3 mg Cd/kg soil [46]. These values
largely exceed the official Swiss indicative value for soils fixed at 0.8 mg Cd/kg soil [47]. The Cd
concentration is the result of the weathering of Cd-enriched carbonate rocks from Middle and Early
Late Jurassic and is incorporated in soils after pedogenetic processes. Total Cd concentration rises in
the deepest part of the soil but Cd bioavailability can be higher at the surface as a result of organic
acid leaching by plants and microbes [46]. Therefore, BF couples were isolated from the surface of
these soils using FH columns as designed by Simon et al. [48]. Both the attracting and the target
media consisted of a malt extract (12 g/L; SIOS Home Brewing) and agar (15 g/L; Biolife italiana; MA)
medium enriched with 0.05 mM and 0.1 mM Cd (as cadmium sulfate octahydrate—CdSO4·8H2O;
Sigma-Aldrich, St. Louis, MO, USA) in order to represent the highest and lowest Cd concentrations
measured in Quezada-Hinojosa et al. [36]. Control FH columns without Cd addition were also used
in case the presence of Cd in the FH columns prevented microbial growth. A total of 32 FH columns
were placed for seven days in three different sites (site 1: 5.3 mg/kg Cd, site 2: 6.1 mg/kg Cd and
site 3: 7.3 mg/kg Cd) along the Cd-polluted area. These corresponded to 14 FH columns with a
high Cd-concentration (0.1 mM Cd; “b” FH columns), 14 FH columns with a low Cd-concentration
(0.05 mM Cd; “j” FH columns) and 3 FH control columns (0 mM Cd; “r” FH columns). In site 1 (lowest
concentration) 3 FH columns of 0.1 mM Cd, 3 FH columns of 0.05 mM Cd and 1 FH control column
were placed. Four FH columns of 0.1 mM Cd, 4 FH columns of 0.05 mM Cd and 1 control FH column
in the second site were placed in the site with middle Cd concentration (site 2). In the site 3, 7 FH
columns of 0.1 mM Cd, 7 FH columns of 0.05 mM Cd and 1 control FH column were placed. More
FH columns were used in the third site because of the possible higher selectivity due to the higher Cd
concentration. FH columns were left for seven days in the field. After collecting them from the filed,
they were stored for three days at 4 ◦C until further processing.

In order to isolate pure fungal and bacterial strains, the target media of each FH column was
cut in 4 pieces as described in Simon et al. [48]. From these, 2 pieces were inoculated on a MA
medium and the other 2 pieces were immersed in 1 mL physiologic water (9 g/L NaCl; Sigma-Aldrich)
and agitated using a vortex. From the latter solution, 100 μL were inoculated on a nutrient broth
(8 g/L; Biolife italiana) and agar (NA) medium. MA was enriched with an anti-bacterial solution
(chloramphenicol 50 ppm and steptomycin 50 ppm or kanamycin 100 ppm; Sigma-Aldrich), whereas
NA media was enriched with the anti-fungal cycloheximide (Sigma-Aldrich) at 1000 ppm. Isolated
bacteria and fungi were identified using Sanger sequencing of 16S rRNA gene and ITS (ITS 1 and
2 regions including the 5.8S rRNA) PCR products, respectively. The following primer pairs were
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used: (1) for the 16S rRNA gene: Gm3f 5′-AGAGTTTGATC(AC)TGGC–3′ and Gm4r 5′-TACCTTGTTA
CGACTT-3′; (2) for the ITS 1 and 2 regions: ITS1-F 5′-CTTGGTCATTTAGAGGAAGTAA-3′ and
ITS4 5′-TCCTCCGCTTATTGATATGC-3′. The kit used for PCR was the Taq DNA Polymerase with
Thermopol Buffer (New England, Biolabs Inc., Ipswich, MA, USA). Both PCR were carried out in a
50 μL reaction volume including 2 μL genomic DNA (2 ng/μL), 39.80 μL ultrapure water, 5 μL of
Buffer NEB 10X, 1 μL dNTP mix 200 μM each, 1 μL of each primer (0.2 μM as final concentration) and
0.2 μL Taq polymerase (1.25 units). Amplification of the 16S rRNA gene was done using an initial
denaturation at 94 ◦C for 10 min, followed by 35 cycles of 30 s at 94 ◦C, 45 s at 51 ◦C, and 1 min at 68 ◦C
with a final elongation step of 5 min at 68 ◦C. Amplification of the ITS rRNA region was done using an
initial denaturation at 95 ◦C for 5 min, followed by 30 cycles of 30 s at 95 ◦C, 30 s at 55 ◦C, and 1 min
at 68 ◦C with a final elongation step of 5 min at 68 ◦C. Quantification of DNA was carried out using
Qubit fluorometry (Life technologies) and DNA quality was checked using gel electrophoresis on 1.3%
agarose gel from 5 μL samples. Samples were sent for Sanger sequencing to GATC-Biotech. Sequences
were deposited in GenBank under accession numbers MG874673 and MG872327. Search for similarity
against sequences for both markers (16S rRNA gene and ITS region) was performed using BLAST
(Basic Local Alignment Search Tool; [49]) and compared to the complete NCBI database

2.2. Selection of Model Organisms

Based on a literature review on metal tolerance and resistance by fungi and bacteria, four fungal
and two bacterial strains from the culture collection of the Laboratory of Microbiology (University
of Neuchâtel) were selected for assessing their tolerance to Cd. Two Ascomycetes were selected:
Beauveria brongniartii [50,51] and Trichoderma rossicum. The latter was chosen because of the positive
interaction it establishes with some bacterial strains [52]. Two Basidiomycetes were also selected:
Armillaria mellea, because of the formation of rhizomorphs, a fungal tissue aiming at resistance and
Laccaria bicolor, an ectomychorrhizal fungus, therefore potentially more tolerant to a stress caused by
heavy metals [53]. Bacillus weihenstephanensis 11kri31 and Serratia ureilytica Lr 5/4 were selected as
model bacterial strains. Both strains were isolated from a geothermal source in Chile [54].

2.3. Selection of Cd Tolerant Synergistic Bacterial-Fungal Couples

The aim of this experimental part was to screen for bacterial-fungal (BF) couples with positive
interactions in a Cd-enriched medium, hereafter referred to as synergistic BF couples. Four criteria
were used to define synergistic BF couples: (1) bacterial and fungal strains had both to grow at all the
following Cd concentrations: 0.1 mM, 0.25 mM, 0.5 mM, 0.75 mM and 1 mM; (2) one strain should not
have an inhibitory effect on the other inoculated strain; (3) the bacterial and the fungal strains should
be able to grow in contact; (4) the bacterial strain should use the mycelium of the fungus for dispersal
(FH interaction; [31]). The latter criterion was demonstrated by gently streaking an inoculation loop
on the fungal mycelium at the greatest distance possible from bacterial inoculation and by using this
as inoculum on a NA + cycloheximide medium. Bacterial growth meant that FH were established.
The medium used in all of the following experiments was a modified Angle medium, as this medium
has been defined to approximate the composition of the soil solution [55]. The addition of a 0.1 M Cd
stock solution prepared from CdSO4·8H2O was used to reach the desired final concentration of Cd.
All experiments were carried out using single strains (mono-culture controls) and combinations of
bacterial-fungal strains (BF couples; co-culture) in order to highlight differences related as a result
of BFI.

The BF couples that presented a positive result for each of the four criteria mentioned above
were subjected to further experiments to assess growth in each condition (bacteria and fungus alone
compared to BF couple, as well as absence and presence of Cd). For fungal inoculations, the largest
end of a sterile Pasteur pipette was used in order to normalize the biomass inoculated in the center of
the culture medium. Bacterial strains were inoculated from a suspension of an overnight culture in
nutrient broth (NB) using a microliter syringe (Hamilton). Three drops of 2 μL bacterial suspension
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was inoculated (density of the bacterial suspension at 106 cells/mL) in three different points around
the fungal inoculum. Controls consisting of single bacterial and fungal cultures were also performed
in parallel. Fungal biomass was assessed by measuring colony radial growth. The extent of the apical
margin of the fungal colony was marked down up to twice a day and measured until the whole Petri
dish was colonized. Bacterial biomass was assessed by counting colony forming units (CFU) after full
colonization of the Petri dish by the fungus. To measure CFU counts 5 mL of 0.4% tween 80 was added
on the surface of bacterial-fungal and bacteria-only plates. After 5 min of handshaking, 1 mL was
collected and used for serial dilutions until 10−6, 10−7, 10−8 (n = 2). 100 μL of these serial dilutions
were plated on NA + cycloheximide medium and number of bacterial colonies was counted after 1 day.

2.4. Cadmium Mobilization Analysis

To assess if the Cd contained in the culture medium was mobilized by the synergistic BF couples,
scanning electron microscopy (SEM) observations coupled with in situ elemental analysis with Energy
dispersive spectroscopy (EDS) were carried out. In order to facilitate the separation of the microbial
biomass from the culture medium a cellophane membrane was placed on its surface following the
protocol described by Guennoc et al. [56]. Briefly, cellophane pieces of the dimension of the Petri
dish were immersed in boiling EDTA (0.1%) for 30 min, rinsed with deionized water, and sterilized
twice by autoclaving. After growth of the microorganisms, the biomass was sampled from the culture
medium by removing the cellophane piece and by cutting out a small fragment to be prepared for
SEM observations and analyses. Samples were mounted on double-sided carbon adhesive stubs.
Dehydration was performed with a lyophilizer for 4 h after an initial cooling with liquid nitrogen.
The samples on the stubs were coated with gold for 70 s and kept in a desiccator until further
processing. SEM observations were carried out with a Tescan Mira LMU operated at a distance of
1.05 mm, voltage of 7 keV acceleration and a probe current (PC) of 10. Low voltage acceleration was
used in order to avoid biomass destruction and the InBeam detector was used. Elemental microanalyses
were performed with an EDAX energy-dispersive spectrometer coupled to the SEM at a distance of
22.921 mm, a voltage of 12.5 keV acceleration, and a PC of 4.

2.5. Cadmium Immobilization or Biomineralization

In order to test the ability of the selected BF couples to immobilize Cd trough biologically induced
mineralization (BIM), i.e., carbonate biomineralization, both partners of the synergistic BF couples
were tested for their ability to hydrolyze urea (40 mM urea containing MA medium). The initial pH
of the medium was adjusted to pH 5.5 using sterile 1 M HCl after autoclaving and phenol red was
added as a pH indicator to demonstrate pH increase as a result of urea hydrolysis. Once ureolytic
activity was confirmed for both partners of a synergistic BF couple, an experiment setting consisting
of a two-compartments system was designed. The aim was to first trigger Cd mobilization through
FH interaction from a Cd containing medium and then to immobilize Cd as CdCO3 through BIM
in a urea-containing medium. The mobilization area consisted of a MA medium supplemented
with Cd at several concentrations (0.1, 0.25, 0.5, 0.75, and 1 mM Cd, and 0 mM control), while the
immobilization area consisted of a 40 mM urea-containing MA medium. The two different media were
physically separated by a 3-mm wide gap (Figure 1B). The fungal and bacterial inoculations were done
simultaneously, a plug of a fresh fungal culture was inoculated in the Cd-containing medium and,
at the same time, two 2 μL drops of an overnight bacterial-pre-culture in NB were inoculated on the
same side between the fungal inoculum and the gap.
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3. Results

3.1. Isolations of Bacterial and Fungal Strains from Cd Contaminated Soil

Isolation in the field was done between the 23–30 May 2017. All 3 control FH columns (i.e., without
Cd) were fully colonized. To the contrary, no organisms were isolated in FH columns with the highest
Cd-concentration in the target medium (FH columns “b”; 0.1 mM). At 0.05 mM Cd-concentration (FH
columns “j”), 7 BF couples were isolated: 2 BF couples from site 1 (lowest Cd concentration among
sampling sites; BF couples 1j1 and 1j2), 4 BF couples from site 2 (middle Cd concentration among
sampling sites; BF couples 2j1 to 2j4) and 1 BF couple from site 3 (highest Cd concentration among
sampling sites; BF couple 3j7; Table 1). Bacterial and fungal strains of the two BF couples isolated
from site 1 (1j1 and 1j2) grew in mono-culture until 0.25 mM Cd. However, in BF co-cultures, bacteria
inhibited fungal growth and, as a result, no FH interaction was observed for both BF couples isolated
from site 1. At site 2, two BF couples (2j1 and 2j4) grew well at 0.1 mM Cd, with both contact between
bacterial and fungal partners and establishment FH interaction. However, at 0.25 mM Cd bacterial
growth was inhibited as a result of Cd toxicity and no growth was observed from both mono- and
co-cultures. A similar result was observed for the bacterial strain of BF couple 2j2. In addition to
this, the bacterial strain of this BF couple inhibited the growth of its fungal partner in the conditions
tested and neither contact, nor FH were observed for this BF couple, whatever the Cd concentration.
The bacterial and fungal partners of BF couple 2j3 were in physical contact in non-containing Cd
medium, however no FH interaction was detected. Then, in presence of Cd, the bacterial strain was
strongly inhibited by the presence of Cd. Finally, for the BF couple isolated from site 3 (3j7), the fungal
strain alone showed normal growth at all Cd-concentrations, i.e., up to 1 mM Cd. The bacterial
strain alone grew also at all Cd concentrations, however it showed reduced growth at 0.75 mM
and 1 mM Cd. In addition to this, both partners of the BF couple were in physical contact at all
Cd concentrations tested and FH interactions were observed at 0.1 mM, 0.25 mM, and 0.5 mM Cd.
At higher Cd concentrations, 0.75 mM and 1 mM, no FH interaction was observed (Table 2). As a
result, BF couple 3j7 was selected as a first possible synergistic BF couple for further experiments.
The bacterial and fungal partners of this BF couple were identified as Pseudomonas sp. (98% similarity)
and Boeremia exigua (99% similarity), respectively.

153



Minerals 2018, 8, 121

T
a

b
le

1
.

Su
m

m
ar

y
of

th
e

sa
m

p
lin

g
of

ba
ct

er
ia

l-
fu

ng
al

co
u

p
le

s
u

si
ng

fu
ng

al
hi

gh
w

ay
(F

H
)

co
lu

m
ns

at
th

re
e

d
if

fe
re

nt
si

te
s

in
C

d
-c

on
ta

m
in

at
ed

so
ils

in
la

“V
ue

-d
es

-A
lp

es
”.

C
d

co
nc

en
tr

at
io

n
[m

g
C

d/
kg

so
il]

at
ea

ch
si

te
w

as
:5

.3
at

si
te

1,
6.

1
at

si
te

2,
an

d
7.

3
at

ai
te

3.
“j

”
FH

co
lu

m
ns

co
nt

ai
ne

d
0.

05
m

M
C

d
in

th
e

ta
rg

et
m

ed
iu

m
,“

b”
FH

co
lu

m
ns

co
nt

ai
ne

d
0.

1
m

M
C

d
an

d
“r

”
FH

co
lu

m
ns

co
nt

ai
ne

d
no

C
d

(c
on

tr
ol

FH
co

lu
m

ns
).

+
st

an
d

fo
r

gr
ow

th
of

a
gi

ve
n

m
ic

ro
be

(e
ith

er
fu

ng
io

r
ba

ct
er

ia
)i

n
th

e
ta

rg
et

m
ed

iu
m

an
d
−

st
an

d
fo

r
no

gr
ow

th
.

0
.0

5
m

M
C

d
“
j”

F
H

C
o

lu
m

n
s

F
u

n
g

i
B

a
ct

e
ri

a
C

o
u

p
le

N
a
m

e
0
.1

m
M

C
d

“
b

”
F

H
C

o
lu

m
n

s
F

u
n

g
i

B
a
ct

e
ri

a
0

m
M

C
d

“
r”

F
H

C
o

lu
m

n
s

F
u

n
g

i
B

a
ct

e
ri

a

Si
te

1
(L

ow
C

d)

j1
+

+
1j

1
b1

-
-

r1
+

+
j2

+
+

1j
2

b2
-

-
j3

-
-

b3
-

-

Si
te

2
(M

id
dl

e
C

d)

j1
+

+
2j

1
b1

-
-

r1
+

+
j2

+
+

2j
2

b2
-

-
j3

+
+

2j
3

b3
-

-
j4

+
+

2j
4

b4
-

-

Si
te

3
(H

ig
h

C
d)

j1
-

-
b1

-
-

r1
+

+
j2

-
-

b2
-

-
j3

-
-

b3
-

-
j4

-
-

b4
-

-
r2

+
+

j5
-

-
b5

-
j6

-
-

b6
-

-
j7

+
+

2j
7

b7
N

D
N

D

T
a

b
le

2
.

R
es

u
lt

s
of

th
e

sc
re

en
in

g
to

d
efi

ne
sy

ne
rg

is
ti

c
ba

ct
er

ia
l-

fu
ng

al
(B

F)
co

u
p

le
s

u
si

ng
ba

ct
er

ia
la

nd
fu

ng
al

st
ra

in
s

is
ol

at
ed

in
th

e
fi

el
d

or
fr

om
th

e
cu

lt
u

re
co

lle
ct

io
n.

Fo
ur

cr
it

er
ia

w
er

e
as

se
ss

ed
:(

1)
le

ve
lo

fC
d

to
le

ra
nc

e;
(2

)B
ac

te
ri

al
in

hi
bi

ti
on

on
fu

ng
us

;(
3)

Pr
es

en
ce

of
a

ph
ys

ic
al

co
nt

ac
tb

et
w

ee
n

th
e

fu
ng

us
an

d
th

e
ba

ct
er

ia
;a

nd
(4

)e
st

ab
lis

hm
en

to
ff

un
ga

lh
ig

hw
ay

s
(F

H
).

C
ri

te
ri

a

B
F

C
o

u
p

le
(1

)
C

d
T

o
le

ra
n

ce
(2

)
B

a
ct

e
ri

a
l

In
h

ib
it

io
n

o
n

F
u

n
g

u
s

(3
)

P
h

y
si

ca
l

C
o

n
ta

ct
(4

)
F

H
S

y
n

e
rg

is
ti

c
B

F
C

o
u

p
le

Is
o

la
te

s
F

H
co

lu
m

n
s

1j
1

0.
25

m
M

Ye
s

N
o

N
o

N
o

1j
2

0.
25

m
M

Ye
s

N
o

N
o

N
o

2j
1

0.
25

m
M

N
o

N
o

N
o

N
o

2j
2

0.
25

m
M

Ye
s

N
o

N
o

N
o

2j
3

0.
1

m
M

N
o

N
o

N
o

N
o

2j
4

0.
25

m
M

N
o

N
o

N
o

N
o

3j
7

1
m

M
U

nt
il

0.
25

m
M

C
d

Ye
s

U
nt

il
0.

5
m

M
C

d
Y

e
s

S
tr

a
in

s
cu

lt
u

re
co

ll
e
ct

io
n

Be
.b

ro
ng

ni
ar

tii
–S

.u
re

ily
tic

a
Lr

5/
4

1
m

M
Ye

s
N

o
N

o
N

o
L.

bi
co

lo
r–

S.
ur

ei
ly

tic
a

Lr
5/

4
0.

25
m

M
Ye

s
N

o
N

o
N

o
A

.m
el

le
a–

S.
ur

ei
ly

tic
a

Lr
5/

4
-

Ye
s

N
o

N
o

N
o

T.
ro

ss
ic

um
–S

er
ra

tia
ur

ei
ly

tic
a

Lr
5/

4
1

m
M

In
0

m
M

C
d

Ye
s

Ye
s

Y
e
s

154



Minerals 2018, 8, 121

3.2. Selection from a Culture Collection

S. ureilytica Lr 5/4 showed a high degree of tolerance to Cd with a normal growth up to 1 mM
Cd. On the other hand, the growth of Ba. weihenstephanensis 11kri31 was inhibited already at 0.25 mM
Cd concentration and therefore, this strain was not selected for further experiments. T. rossicum and
Be. brongniartii grew up to 1 mM Cd and colonized an entire mini Petri dish (diameter 4.5 cm) in
3 and 5 days, respectively. A. mellea grew until 0.5 mM Cd but had a slow growth (30 days to colonize
an entire mini Petri dish). For this reason, it was not selected for further tests. Finally, L. bicolor was
inhibited already at 0.1 mM Cd and no growth was observed from 0.25 mM Cd and higher. As a result,
this fungal strain was also not selected for further tests.

For BF couple Be. brongniartii–S. ureilytica Lr 5/4, a physical contact was observed only in non-Cd
containing Angle medium, however without any FH interaction. In Cd-containing media (from
0.1 to 1 mM Cd concentrations) the bacterial strain inhibited the fungal strain. Moreover, at 0.5 mM
Cd fungal biomass turned yellow. For BF couple T. rossicum–S. ureilytica Lr 5/4, FH interactions
were observed despite the initial inhibition of the fungus by the bacteria in non-Cd containing Angle
medium. In presence of Cd the inhibition effect of the bacterium over fungal growth disappeared and
the FH interaction persisted at all Cd concentration (Table 2). As a result, this BF couple was selected
as a second possible synergistic BF couples.

3.3. Biomass Assessments of the Synergistic BF Couples

For the BF couple B. exigua–Pseudomonas sp., in co-cultures containing 0, 0.1, and 0.25 mM Cd
the bacterial strain had an inhibition effect on B. exigua, with the most evident inhibition effect in the
0 mM control plate. At higher Cd concentrations (0.5 mM, 0.75 mM and 1 mM) the bacterial inhibition
effect was lost (Figure 2A). The FH interaction was present in no-Cd, 0.1 mM, 0.25 mM, and 0.5 mM
Cd concentrations but not at higher concentrations. The CFU numbers of Pseudomonas sp. in single
cultures remained constant from 0 to 0.25 mM and then decreased progressively with increasing
Cd concentrations. In co-cultures with the fungal strain, the number of bacterial cells increased at
0.1 and 0.25 mM as compared with the no Cd control. Then, CFU numbers decreased from 0.5 mM
and higher (Figures 2B and A1). The radial growth of B. exquia in co-culture was larger at higher Cd
concentrations (0.5 mM, 0.75 mM and 1 mM) as compared to lower Cd concentrations (0.1 mM and
0.25 mM; Figures 2C and A1). In single culture, the radial growth of the fungus was similar over the
range of Cd concentrations (Figures 2D and A1).

For the BF couple T. rossicum–S. ureilytica Lr 5/4 a better tolerance to increasing Cd concentrations
was observed in co-cultures as compared to mono-cultures. In no-Cd medium the bacterium inhibited
the growth of T. rossicum and this effect decreased already at 0.1 mM Cd. At Cd concentrations higher
than 0.25 mM, the inhibition effect by the bacteria was not observed (Figure 3A). CFU counts showed
that T. rossicum did not have an inhibitory effect on S. ureilytica Lr 5/4. The number of bacterial
cells was higher, or equivalent, in the co-cultures as compared to mono-cultures in presence of Cd
(Figures 3B and A2). At 0 mM Cd, the radial growth of T. rossicum alone was larger than in co-culture
with S. ureilytica Lr 5/4. In presence of Cd in the medium, T. rossicum showed a higher radial growth
in co-culture with S. ureilytica Lr 5/4 (Figure 3C,D and Figure A2). T. rossicum colonized the entire
Petri dish and S. ureilytica Lr 5/4 was dispersed in the entire plate through FH interaction.
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Figure 2. (A) Photographs of mono-cultures of Boeremia exigua (F panels) and co-cultures of B. exigua +
Pseudomonas sp. (BF panels) in Angle medium (0 mM Cd) and Cd-containing Angle medium (0.5 and
1 mM Cd); (B) Pseudomonas sp. CFU counts in mono-culture and co-culture with B. exigua in Angle
medium (0 mM Cd) and Cd-containing Angle medium (0.5 and 1 mM Cd); (C) Radial mycelial growth
of B. exigua in co-culture with Pseudomonas sp. in Angle medium (0 mM Cd) and Cd-containing Angle
medium (0.5 and 1 mM Cd); (D) Radial mycelial growth of B. exigua in mono-culture in Angle medium
(0 mM Cd) and Cd-containing Angle medium (0.5 and 1 mM Cd).
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Figure 3. (A) Photographs of mono-cultures of Trichoderma rossicum (F panels) and co-cultures of
T. rossicum + Serratia ureilytica Lr 5/4 (BF panels) in Angle medium and Cd-containing Angle medium;
(B) S. ureilytica Lr 5/4 CFU counts in mono-culture and co-culture with T. rossicum in Angle medium
(0 mM Cd) and Cd-containing Angle medium (0.5 mM, 1 mM Cd); (C) Radial mycelial growth of
T. rossicum in co-culture with S. ureilytica Lr 5/4 in Angle medium (0 mM Cd) and Cd-containing Angle
medium (0.5 mM, 1 mM Cd); (D) Radial mycelial growth of T. rossicum in mono-culture in Angle
medium (0 mM Cd) and Cd-containing Angle medium (0.5 mM, 1 mM Cd).

3.4. Cadmium Mobilization Analysis

Only the couple T. rossicum and S. ureilytica Lr 5/4 was assessed for Cd mobilization as it fulfilled
all four criteria (Table 2). SEM images showed that the strains are effectively in physical contact as
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the bacterial strain was observed all along the hyphae of T. rossicum (Figure 4A). The biomass of both
strains was covered of small granules (Figure 4A–D). EDS in-situ microanalyses indicated the presence
of Cd associated to the fungal and bacterial biomass for both fungal mono-cultures and BF co-cultures
(Figure 4E,F). Seemingly highest amount of Cd was detected in the biomass of the BF co-cultures in
1 mM Cd concentration, but EDS analyses on non-flat biological samples give only semi-quantitative
indications [57].

Figure 4. (A–D) Scanning electron microscopy (SEM) images showing the presence of particles
associated to the surface of microbial biomass (red arrows) of (A) Trichoderma rossicum and
Serratia ureilytica Lr 5/4 in co-culture in 0.5 mM Cd Angle medium; (B) T. rossicum in mono-culture in
0.5 mM Cd Angle medium; (C) close-up at the hyphal surface of T. rossicum in mono-culture in 0.5 mM
Cd Angle medium; (D) close-up at the surface of Serratia ureilytica Lr 5/4 cells grown in 0.5 mM Cd
Angle medium. (E,F) EDS spectra showing the elemental composition of (E) T. rossicum mycelium in
mono-culture in 0.5 mM Cd Angle medium corresponding to image B; (F) the particles at the surface of
the hyphae of T. rossicum in mono-culture in 0.5 mM Cd Angle medium, corresponding to image C.

3.5. Two-Compartment Cd Mobilization and Immobilization Assay

Bacterial and fungal strains of both BF couples, B. exigua–Pseudomonas sp. and T. rossicum–
S. ureilytica Lr 5/4 were all urease-positive. For the BF couple B. exigua and Pseudomonas sp., in all
conditions (i.e., without and with Cd) the bacteria did not reach the immobilization area, even though
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the fungal strain reached the immobilization area passing the gap after 6 days in the 0 mM control
as well as at 0.1 and 0.25 mM Cd (Table 3). For the other conditions, the fungal strain was inhibited
by Cd toxicity. The hyphae grew inside the agar up to 0.5 until 1 mM Cd and also did not reach
the immobilization area (Figures 5A and A3). For the BF couple T. rossicum and S. ureilytica Lr 5/4,
both partners grew and passed the physical separation reaching the urea medium up to 0.5 mM Cd
concentration (Table 3). Both bacterial-fungal partners took 2–5 days before passing the gap and
alkalinizing the immobilization area. At 0.75 and 1 mM Cd, the fungal strain was inhibited and the
hyphae grew inside the agar resulting in lower fungal growth as compared to the other conditions
(Figures 5B and A3). At 0.75 and 1 mM Cd, T. rossicum needed 20–25 days before passing the gap, but
the bacteria was not observed after the gap at that time. Finally, we suspected that the concomitant
presence of urea increased Cd toxicity, as B. exigua hyphae melanized in all tested conditions and
T. rossicum had a very slow growth as compared to other conditions (Figures 5 and A3).

Table 3. Results of the Cd mobilization and immobilization experiment in two-compartments systems
with the two synergistic couples (B. exigua + Pseudomonas sp. and T. rossicum and S. ureilytica Lr 5/4)
showing at each Cd concentration assessed whether (1) the fungus reached the immobilization area,
(2) bacteria used fungal highways to reach the immobilization area, and (3) the pH increased in the
immobilization area.

Bacterial-Fungal Couple
Cd Concentration

(mM)
Presence of Fungus

behind Gap
Presence of Bacteria

behind Gap
Alkalinization of

Urea Medium

B. exigua–Peusdomonas sp.

0 Yes No Yes
0.1 Yes No Yes

0.25 Yes No Yes
0.5 No No No

0.75 No No No
1 No No No

T. rossicum–S. ureilytica Lr 5/4

0 Yes Yes Yes
0.1 Yes Yes Yes

0.25 Yes Yes Yes
0.5 Yes Yes Yes

0.75 Yes No Yes
1 No No No

 

Figure 5. Experimental setting consisting of two-compartment systems in Petri dishes with a
mobilization area (bottom part containing MA and Cd; 0 mM control and 0.5, 0.75, and 1 mM Cd) and
an immobilization area (top colored part containing MA, 40 mM urea, and phenol red as pH indicator).
Co-cultures of (A) B. exigua and Pseudomonas sp. (B) T. rossicum and S. ureilytica Lr 5/4.
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4. Discussion

This study aimed first at investigating whether BF couples were more tolerant to Cd as compared
to the strains cultured alone. Bacterial and fungal strains isolated from Cd-contaminated sites with a
specific device aiming at isolating FH-interacting partners and strains from the culture collection of
the laboratory were screened for Cd tolerance in mono- and co-cultures. BF couples that were able to
tolerate Cd concentrations up to 1 mM and did not inhibit each other in these conditions. Moreover,
the strains were able to establish FH interactions were defined as synergistic BF couples. These BF
couples were then used to assess if they could first mobilize Cd from a matrix and then re-immobilize
this Cd as a biomineral.

The FH columns described in Simon et al. [48] allowed for the isolation of several bacterial and
fungal strains directly from a Cd-contaminated soil. During the field sampling the Cd-containing
target-media of the FH columns permitted to isolate Cd-tolerant bacterial and fungal strains showing
the good performance of the isolation device. Indeed, both bacterial and fungal strains were present
on the target medium of the FH columns. More microorganisms were detected in FH columns without
Cd (control columns) as compared to the Cd-containing FH columns. No microorganisms could
be isolated with the FH columns containing 0.1 mM Cd (highest Cd-concentration), while several
bacterial and fungal strains were isolated from the FH columns containing 0.05 mM Cd (lowest Cd
concentration). After isolation, two fungal strains and one bacterial strain were able to grow up
to 1 mM Cd. This shows that in soils with high Cd concentration, such as in “la Vue-des-Alpes”,
Cd-tolerant microorganisms are present and can be cultured. However, this tolerance could not
be extended to higher Cd concentrations for all the isolated strains. Nevertheless, isolations in
metal-contaminated sites seem to be an effective way to collect microorganisms presenting metal
tolerance and/or resistance mechanisms as demonstrated in this study and also by several other
studies [58–62]. As a further example, a fungal strain that accumulates dysprosium (Dy), a rare
earth element, could be isolated from an acidic environment containing high concentration of heavy
metals [63]. In this study however, the novelty is that metal-tolerant interacting bacterial and fungal
species could be isolated concomitantly. Regarding the level of metal tolerance, contradicting evidence
is discussed in the literature. Several researchers found that there is no difference in metal tolerance
between isolates from metal-polluted sites compared to those from no-polluted sites. For example,
Blaudez et al. [64] showed that there is no difference in metal tolerance between ectomycorrhizal
fungi from a polluted soil and from a non-polluted soil. Jones and Hutchinson [65] had similar results
regarding Ni and Cu bioremediation mechanisms. However, Egerton-Warburton and Griffin [59]
claimed that strains isolated from metal contaminated soils where more Al-tolerant than strains from
less polluted sites.

One striking aspect of the BF couple isolation is that the FH column device was designed to
isolate bacterial-fungal couples that present the FH interaction [48]. Despite this, passing from
soil to isolation in Petri dishes averted the FH mechanism. For each isolated couple, FH bacterial
dispersal should be observed, and this was not the case in three BF couples out of seven. Finally,
only one couple of the seven couples retrieved with FH columns respected all criteria summarized
in Table 2 and this was the case only up to 0.5 mM Cd. This might be a result of the fact that
the culture medium used during the screening phase in the laboratory with the isolated strains
was the Angle medium [55], while the target medium of the FH columns contained MA. Angle
medium was chosen for its similarity with the average soil composition, however it seems that
the behavior of several organisms changed from the soil to the FH column device (MA culture
medium) and further to Petri dish experiments with Angle medium. Therefore, the transition to
artificial and less complex culture media as compared to the natural conditions can lead to major
changes in the behavior of the isolated microorganisms [66]. Overall, these results show that there
are inherent limits to a culture-dependent approach, as it is well known that only a minor fraction
of microorganisms is prone to cultivation [21]. However, in the context of metal-contaminated soils,
it was demonstrated that a culture-dependent approach was effective at highlighting the physiological
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adaptation of bacteria to metal concentrations [67]. As a result, even though isolation biases exist
in culture-dependent approaches, screening metal-contaminated environments for metal-tolerant
microorganisms is worthwhile. In this study, this has allowed isolation of one BF couple presenting
Cd tolerance and the ability to establish FH.

First planned as a back-up to the isolation phase with FH columns of this study, the screening of
microorganisms from the bacterial and fungal strain collection of the laboratory allowed to highlight
one very effective synergistic BF couple: S. ureilytica Lr 5/4 and T. rossicum. The ability of Trichoderma
species to tolerate heavy metals was also described by Nomgmaithem et al. [61]. However, these
authors suggest that, even though these fungi seem to be metal tolerant, in Cd-contaminated soil their
population dynamics may be affected through reduced sporulation. This was also observed in this
study, as T. rossicum did not sporulate anymore at 0.5 mM Cd. However, for an effective FH interaction,
sporulation is not a required aspect. In this study, an important aspect was the effect on mycelial
growth and it was shown that T. rossicum mycelial growth was not negatively affected in presence of
Cd and S. ureilytica Lr 5/4.

The screening of several BF couples (either from environmental isolates or from the laboratory
collection) intended to define at least one synergistic BF couple respecting the four criteria described in
material and methods and in Table 2. A first couple was defined from the isolations with FH columns
consisting in B. exigua and Pseudomonas sp. The radial growth of the fungus increased with increasing
Cd concentrations. However, this could be an effect of Cd toxicity with the fungus trying to escape
the metal stress by enhancing apical growth as compared to branch formation [68]. Even though
this BF couple respected most of the four criteria, it was discarded for further experiments as Cd
concentrations higher than 0.5 mM prevented the establishment of FH. T. rossicum and S. ureilytica Lr
5/4 was the second couple selected. Both microorganisms come from the laboratory collection. While
T. rossicum was isolated from a tropical soil with a device similar to FH columns [52], S. ureilytica Lr 5/4
was isolated from a geothermal site [54] and metal tolerance could be expected. In medium without Cd
S. ureilytica Lr 5/4 inhibited the growth of T. rossicum, but in Cd-containing media (from 0.1 mM up to
1 mM Cd) this inhibitory effect disappeared. The radial growth of T. rossicum was increased in presence
of S. ureilytica Lr 5/4 as compared to a mono-culture (Figure 3). This result suggests that T. rossicum
was more tolerant to Cd in presence of S. ureliytica Lr 5/4. Conversely, the CFU count of the bacterial
strain in mono-culture and in co-culture did not show the same stimulated growth effect than for the
fungal strain. Bacterial CFU numbers remained in the same range regardless Cd concentration and
no inhibition effect due to the presence of T. rossicum was observed. However, similarly to B. exigua,
it cannot be ruled out that the higher radial growth of T. rossicum in presence of Cd (and bacteria) is a
response to stress. Despite this, the fact that FH were established and effective at all Cd concentrations
and that no inhibition effect between both partners was observed are the most important regarding
the aims of this study, that is to harness biogeochemical active BF couples. Therefore, it can still be
concluded that this BF couple is synergistic under a biogeochemical aspect (that is Cd tolerance in this
case), as both organisms seem to benefit from their reciprocal growth in presence of Cd.

The ability to mobilize Cd from a culture medium was assessed for the BF couple T. rossicum–
S. ureilytica Lr 5/4. SEM images and EDS elemental microanalyses showed the presence of small
particles containing Cd linked to the fungal and bacterial biomass. While this Cd could also be present
below the analyzed biomass and thus not directly linked to the biomass, it suggests that Cd present in
the medium was mobilized and further immobilized, possibly through adsorption (i.e., biosorption)
but also as minute biominerals present at the outer cell surfaces (Figure 4). The main functional
group responsible for cation biosorption (which can eventually also lead to biomineralization) can
be hydroxyls, carbonyls, corboxyl, sulfonates, amides, imidazoles, phosphonate and phosphodiester
groups [69,70]. Some of those have been described in Trichoderma spp. [61]. For the investigation of
particular metal-microbe interactions, understanding the form and which speciation of given metal is
crucial. In the case of T. rossicum, there was evidences that when Cd-concentration increased, fungal
growth in mono-culture decreased. Regarding S. ureilytica Lr 5/4 the metal concentration did not
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impaired its growth (in the range of Cd-concentration investigated). This result suggests that Cd
bioavailability increased along with increasing amount of Cd-stock solution added in the media.
Despite this, the precise amount of Cd bioavailability should still be assessed. The concentration of a
toxic metal in the medium can vary because of the physicochemical formation of metal-precipitates.
Indeed, complexation between metal cations such as Cd and anions present in the medium may occur.
Similarly, leaching can alter metal bioavailability in the medium. Shuttleworth and Unz [71] assumed
that only free metal ions are available for binding to the biomass of Thiothrix strain A1 (a filamentous
bacterium). Moreover, Hughes and Poole [72] highlighted that it is important to assess the exact metal
concentration in the growth medium before demonstrating that an organism is highly tolerant to a
given toxic metal. Similarly, TEM images are crucial for investigating microbe-metal interactions. This
kind of images can reveal where the metal is actually located in regard to the microbial cell (e.g., metal
bound to the cell wall or precipitated outside the cell).

The ability to immobilize Cd as CdCO3 by induced biomineralization, after its mobilization
from a Cd-containing medium, was observed for the two BF couples T. rossicum–S. ureilytica Lr
5/4 and B. exigua–Pseudomonas sp. The aim was to assess whether this mechanism can be used to
recover metals in the form of biominerals. Urea hydrolysis and subsequent alkalinization was used
to induce CdCO3 biomineralization. All four strains from the two BF couples were confirmed as
urease-producers and were thus able to increase the pH of the culture medium. Several studies [73–75]
showed that urease-positive microbes can have an important role in BIM of metal-CO3. For instance,
in an urea-containing medium, Neurospora crassa [75] can precipitate metal-carbonates (e.g., CdCO3),
representing a way to immobilize toxic metals. Consequently, the experimental design tested in this
study consisted of a mobilization area containing Cd and an immobilization area containing urea,
where CdCO3 could be formed. Both fungal and bacterial partners could grow from the mobilization
area. However, in the BF couple B. exigua–Pseudomonas sp., no FH was established allowing bacteria to
reach the immobilization area. For the BF couple T. rossicum–S. ureilytica Lr 5/4, FH were established
until 0.5 mM. But despite the fact that both the bacterial and the fungal strains were able to hydrolyze
urea, no evidence of any CdCO3 biomineralization was observed. As a matter of fact, a major
limitation arose in this mobilization-immobilization experiment. The concomitant presence of Cd and
urea seemed to be negative for the growth of both fungi. At high Cd concentrations (0.75 and 1 mM),
T. rossicum had a slower growth as compared to what was observed without urea (Figures 5 and A2)
and the hyphae grew inside the solid media avoiding the contact with the atmosphere of the Petri dish.
B. exigua, showed a strong melanization in these conditions. Melanization in fungi is a typical stress
response [76] and, has been mentioned to be involved in metal biosorption as a strategy to immobilize
toxic metals [77,78]. All four strains of the two BFI couples were confirmed as urea-positive and no
inhibition effect was present in urea-containing media. On the other hand, in Cd only containing
media there was no inhibition effect on the fungal growth as prominent as those observed in the
concomitant presence of both Cd and urea. Therefore, this suggests that the inhibiting effect observed
in the mobilization-immobilization experiment is a consequence of the interaction between urea and
Cd in plates. Most likely, this was a pH effect resulting from urea transformation in NH4

+ and NH3

and further to their dissolution in an aqueous phase leading to alkalinization. Several studies discuss
metal tolerance as a function of pH, however with contrasting observations. Pons and Fusté [79]
mentioned that the uptake of uranium was higher at pH close to 4 in liquid media. In contrast, De
Rome and Gadd [80] showed that at lower pH the capacity of fungal biomass to bind metals such Cd,
Zn and Cu declines. Indeed, at low pH, there is a competition between hydrogen ions and metal ions
for sorption site at the microbial surface [58]. As a matter of fact, in preliminary experiments with
media containing urea and Cd and with an un-controlled pH (around 7), the growth of T. rossicum was
strongly inhibited. Then, when controlling the pH of the medium to 5.5, the growth of T. rossicum was
stimulated. The fungus was able to colonize the entire Petri dish and exhibited a normal growth at
the surface of the agar. This points to the fact that at pH above 7, Cd gets more toxic for T. rossicum.
As a result, an applied design to immobilize Cd as an induced carbonate biomineral has to trigger
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another mechanism than alkalinization. Biomineralization of CdCO3 as in Li et al. [75] with Neurospora
crassa cannot be trigged with the selected organisms in this study due to the negative effect of the
concomitant presence of Cd and urea.

In current biometallurgical approaches, bioleaching is the most used process and consists in a
mobilization mechanism as the solubility of the metal is increased. The second most used process is
biosorption, which consists in an immobilization mechanism, as the solubility of the metal is decreased
to lead to its recovery. However, both processes are not used together in a common commercial process,
meaning for instance that in bioleaching processes metal immobilization still relies on physicochemical
approaches. In this study, the experimental design consisting of a compartmented setting with a
mobilization and an immobilization area separated by an air gap to mimic heterogeneity confirmed
the possibility to apply the FH interaction for an applied biorecovery design to recover metals from
e-waste. The explorative and the exploitative propriety of the fungus permitted the bacterial strain to
disperse trough the air-filled gap. The utilization of a fungal strain as a vector for bacterial dispersion
on a heterogenic matrix seems to be an effective tool to be harnessed in the biotechnology field of metal
biorecovery and bioremediation of metal-polluted matrices. The appropriate conditions to trigger Cd
immobilization, either through biosorption or biomineralization still need to be defined though.

5. Conclusions

The aim of this study was to assess whether synergistic BFI (in terms of biogeochemistry and
coexistence) could be applied for the biorecovery of Cd from e-waste. The choice of using a BF
consortium is a consequence of the heterogeneous nature of the e-waste matrix that is akin to soils. In a
heterogenic and unsaturated matrix, bacteria cannot freely disperse and thus cannot entirely interact
with its components. However, this limitation can be bypassed by applying the explorative strategy of
fungi linked to the FH interaction. The initial experimental design was, therefore, conceived to mimic
this heterogeneity with a mobilization area where Cd could be mobilized and translocated by the fungal
and bacterial partners and an immobilization area where Cd could be released and biomineralized
under a CdCO3 form. Unfortunately, toxicity of Cd was higher as a result of alkalinization. In order to
fully understand the mechanism of metal interaction and tolerance in the selected microorganisms,
further analyses are required. Knowing which tolerance mechanisms the microorganisms are using is
important for the design of an experimental and/or applied procedure. If biomineralization can be
induced, the medium of the immobilization area could be removed for the recovery of the metal of
interest. If the metal is taken up by the biomass and no bioprecipitation can be induced, the recovery of
metal could be done directly through biomass harvesting. Nevertheless, the results of this study offer
an encouraging perspective for the use of microbial consortium in metal biorecovery. One synergistic
BF couple with biogeochemical ability towards Cd could be highlighted: the two organisms together
are more tolerant to Cd than the organisms alone and, in presence of Cd, the mycelial network of
the fungus was used as a vector by the bacteria to disperse in a heterogeneous matrix. Therefore,
harnessing interacting microbes as reactors in urban mining thanks to their ability to mobilize and
immobilize toxic metals may be an ecological, economical, and ethical strategy for the biorecovery of
metals in e-waste.
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Appendix A

Figure A1. (A) Photographs of mono-cultures of Boeremia exigua (F panels) and co-cultures of B. exigua
+ Pseudomonas sp. (BF panels) in Angle medium (0 mM Cd) and Cd-containing Angle medium (0.1,
0.25, 0.5, 0.75, and 1 mM Cd); (B) Radial mycelial growth of B. exigua in co-culture with Pseudomonas
sp. in Angle medium (0 mM Cd) and Cd-containing Angle medium (0.5 and 1 mM Cd); (C) Radial
mycelial growth of B. exigua in mono-culture in Angle medium (0 mM Cd) and Cd-containing Angle
medium (0.1, 0.25, 0.5, 0.75, and 1 mM Cd).
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Figure A2. (A) Photographs of mono-cultures of Trichoderma rossicum (F panels) and co-cultures of T.
rossicum + Serratia ureilytica Lr 5/4 (BF panels) in Angle medium (0 mM Cd) and Cd-containing Angle
medium (0.1, 0.25, 0.5, 0.75, and 1 mM Cd); (B) Radial mycelial growth of T. rossicum in co-culture
with S. ureilytica Lr 5/4 in Angle medium (0 mM Cd) and Cd-containing Angle medium (0.5 and 1
mM Cd); (C) Radial mycelial growth of T. rossicum in mono-culture in Angle medium (0 mM Cd) and
Cd-containing Angle medium (0.1, 0.25, 0.5, 0.75, and 1 mM Cd).
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Figure A3. Experimental setting consisting of two-compartment systems in Petri dishes with a
mobilization area (bottom part containing MA and Cd; 0 mM control and 0.1, 0.25, 0.5, 0.75, and
1 mM Cd) and an immobilization area (top colored part containing MA, 40 mM urea, and phenol red as
pH indicator). Co-cultures of (A) B. exigua and Pseudomonas sp. (B) T. rossicum and S. ureilytica Lr 5/4.
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