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Abstract 

Lipases are important enzymes in the esterase family that hydrolyze ester bonds in tri-
glycerides, producing simpler molecules. This property makes them valuable in biotech-
nology and environmental cleanup. In this study, lipase-producing bacteria were isolated 
and characterized from petroleum-contaminated soil to establish a cost-effective platform 
for enzyme production and bioremediation. Among the recovered isolates, Serratia lique-
faciens AB1 exhibited the highest lipolytic activity and was therefore selected for further 
investigation. The influence of various inducer oils and agro-industrial residues on en-
zyme production was systematically assessed. In addition, fermentation parameters were 
optimized through the evaluation of different carbon and nitrogen sources to enhance li-
pase yield. Waste frying oil was identified as the most effective inducer, while glucose and 
yeast extract supported optimal enzyme production. The enzyme lipase AB1 was fully  
purified using CM-Sephadex C-50 chromatography, Sephadex G-100 and further charac-
terized by SDS-PAGE, kinetic studies, and stability assays. Purification of the enzyme re-
sulted in a specific activity of 610.92 U/mg, corresponding to a 9.42-fold increase in purity 
with an overall recovery of 76%. The enzyme exhibited an apparent molecular mass of 
approximately 64 kDa. It demonstrated optimal catalytic activity at 60 °C and pH 8 and 
retained substantial stability at this temperature for up to 120 min. Kinetic analysis re-
vealed a low Km value of 30 µM, indicating strong substrate affinity, along with a Vmax 
of 23.89 U/mL, reflecting a high catalytic efficiency under the tested conditions. Enzyme 
activity was enhanced by Ca2+, Na+, and Ba2+, but inhibited by Mn2+ and Hg2+. These find-
ings demonstrate the favorable biochemical properties of the purified lipase and provide 
a basis for future investigations into its potential application as a biocatalyst for bioreme-
diation. 
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1. Introduction 
Lipases are versatile biocatalysts with broad applications in biotechnology because 

they catalyze diverse reactions, including hydrolysis, aminolysis, interesterification, pe-
roxidation, and alcoholysis [1]. These enzymes are widely applied in food processing, de-
tergent formulation, biodiesel production, leather treatment, and pharmaceutical manu-
facturing [2]. As members of the esterase family, lipases catalyze the hydrolysis of ester 
bonds and primarily act on triglycerides, the major constituents of fats and oils [1]. 
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Lipolytic enzymes provide environmentally sustainable solutions for lipid waste 
management and contribute to renewable energy development. Their use as green biocat-
alysts in biodiesel synthesis from renewable waste feedstocks offers an eco-friendly alter-
native to fossil-based processes [2]. Their unique biochemical and physicochemical prop-
erties further increase their industrial relevance. Lipases are widely distributed in plants, 
animals, and microorganisms, but microbial lipases are considered the most commercially 
valuable because of their high catalytic efficiency, broad operational stability, and ease of 
large-scale production [3]. Bacterial lipases are among the most widely studied microbial 
enzymes because of their high catalytic activity, broad substrate specificity, and remarka-
ble stability over a wide range of temperatures and pH conditions. These properties ena-
ble them to withstand harsh industrial processing conditions, making them valuable for 
various biotechnological applications. For industrial use, lipases must be purified and 
thoroughly characterized after production [4]. Purification removes unwanted contami-
nants, increases enzyme purity, and improves the accuracy of biochemical analyses. It also 
facilitates the investigation of the enzyme’s structural, conformational, and kinetic prop-
erties. Comprehensive characterization is essential because the biochemical properties of 
lipases vary depending on their microbial source. Therefore, the effects of temperature, 
pH, metal ions, inhibitors, and organic solvents on enzyme activity and stability should 
be evaluated to determine the enzyme’s optimal operating conditions and robustness [5]. 

In addition, determining the kinetic parameters, including the Michaelis constant 
(Km) and maximum reaction velocity (Vmax), using appropriate substrates provides val-
uable information on substrate affinity and catalytic efficiency. These characteristics are 
critical for assessing the suitability of lipase produced by Serratia liquefaciens AB1 isolated 
from petroleum-contaminated soil for potential industrial applications. In 2023, the global 
microbial lipase market was valued at approximately USD 591 million and is projected to 
grow at a compound annual growth rate of 6.7% between 2024 and 2032 [1]. Their stability 
across broad pH and temperature ranges makes them particularly attractive for industrial 
applications [6]. In addition, agro-industrial residues and food waste can serve as eco-
nomical substrates and inducers for microbial lipase production, thereby lowering pro-
duction costs while reducing environmental pollution [7]. Ref. [8] used soybean frying oil 
to produce lipases from Yarrowia lipolytica, while [9] utilized various plant-based oils as 
inducers to produce a lipase from Aeromonas media for the biodegradation of lubricating 
oil waste. 

Among lipase-producing bacteria, Serratia liquefaciens has attracted increasing atten-
tion because of its metabolic adaptability and ability to thrive under diverse environmen-
tal conditions, including low-temperature habitats [8]. Serratia liquefaciens occurs naturally 
in soil, water, plants, and food but is also associated with nosocomial infections in humans 
[9]. Although the species is commonly associated with dairy spoilage and occasional op-
portunistic infections [7], it also produces robust extracellular lipases with promising in-
dustrial properties, including thermostability, psychrotolerance, and catalytic activity in 
non-aqueous systems [9]. These characteristics make S. liquefaciens lipases attractive can-
didates for applications in food preservation, biodiesel synthesis, and environmental bio-
remediation [8]. Biodiesel can be produced through microemulsification, pyrolysis, or 
transesterification, with transesterification being the most widely used industrial process. 
Although chemical transesterification using strong acid or alkaline catalysts is the conven-
tional method, enzymatic transesterification catalyzed by lipases has gained increasing 
attention because it operates under milder reaction conditions, produces fewer undesira-
ble by-products, and offers greater environmental sustainability. 

Microbial lipases have attracted considerable interest because of their diverse indus-
trial and environmental applications. They play an important role in the bioremediation 
of oil-contaminated environments by degrading lipids and hydrocarbons, making them 
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valuable for the treatment of oil spills and lipid-rich industrial wastewater. In addition, 
lipases are used in biosensor development, biodiesel and biolubricant production, plastic 
degradation, agrochemical formulation, biopolymer synthesis, wax modification, and 
food processing, including tea processing. One of the most important industrial applica-
tions of lipases is the production of biodiesel, also known as fatty acid methyl esters 
(FAMEs). Biodiesel is a renewable and environmentally friendly alternative to petroleum-
based diesel that promotes the recycling of waste cooking oils, animal fats, and other lipid-
rich wastes while generating glycerol as a valuable commercial by-product. Owing to the 
increasing demand for sustainable energy sources, the global biodiesel market is projected 
to experience substantial growth in the coming years [6]. Furthermore, the fatty acid me-
thyl esters produced during biodiesel synthesis serve as important feedstocks for the man-
ufacture of high-value industrial products, including lubricants, surfactants, plasticizers, 
fragrances, pheromones, and specialty chemicals. These products are synthesized through 
chemical processes such as amidation, hydrogenation, oxidation, isomerization, deoxy-
genation, ethoxylation, and metathesis [8]. Consequently, the production and characteri-
zation of lipases from Serratia liquefaciens isolated from petroleum-contaminated soil may 
provide enzymes with desirable catalytic properties for both environmental remediation 
and sustainable industrial bioprocesses. Lipases produced by extremophilic microorgan-
isms have gained significant attention because of their ability to function under harsh en-
vironmental and industrial conditions [10]. Cold-active (psychrophilic) lipases have been 
isolated mainly from psychrophilic and psychrotrophic bacteria and fungi, although they 
have also been reported in some mesophilic microorganisms. These enzymes possess high 
catalytic efficiency at low temperatures, which reduces energy requirements and mini-
mizes thermal degradation of heat-sensitive substrates during industrial processes. The 
unique properties of extremophilic lipases are largely attributed to structural adaptations, 
including differences in amino acid composition, reduced salt-bridge interactions, and 
modifications in the hydrophobic core. These features increase the structural flexibility of 
the enzyme, allowing it to maintain catalytic activity under extreme environmental con-
ditions [11]. Although Serratia liquefaciens is generally considered a mesophilic bacterium, 
strains isolated from petroleum-contaminated environments may possess lipases with en-
hanced stability and tolerance to environmental stress due to adaptation to hydrocarbon-
rich habitats. Therefore, characterizing the temperature, pH, and solvent stability of lipase 
produced by Serratia liquefaciens is essential for evaluating its potential use in industrial 
biocatalysis and environmental bioremediation [12]. These include thermophilic lipases 
that remain active at high temperatures (≥60 °C), psychrophilic lipases that exhibit high 
catalytic activity at low temperatures (0–30 °C), halophilic lipases that tolerate high salt 
concentrations, alkaliphilic lipases that function optimally under alkaline conditions, and 
acidophilic lipases that remain active at low pH. Their natural adaptation to extreme en-
vironments enables them to retain catalytic activity and stability without the need for ex-
tensive enzyme engineering, making them attractive for industrial applications [7]. 

In this study, isolates recovered from petroleum-contaminated soil were screened for 
lipolytic activity, and the best-performing strain was identified by DNA sequencing as S. 
liquefaciens AB1. 

2. Materials and Methods 
2.1. Screening for Lipolytic Activity 

Petroleum-contaminated soil samples were collected aseptically from an oil depot 
located in Daleko, Lagos, Nigeria (Latitude: N 6°31,47; Longitude: E 3°20,17; Altitude: 48). 
Samples were transferred to sterile sampling containers and transported to the laboratory 
for immediate microbiological analysis. For bacterial isolation, 1 g of the soil sample was 
suspended in 9 mL of sterile distilled water and serially diluted ten-fold to 10−6 using 
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sterile dilution blanks. Aliquots (100 µL) from appropriate dilutions were spread-plated 
onto nutrient agar (Neogen) and incubated aerobically at 37 °C for 24–48 h. Morphologi-
cally distinct colonies were selected and purified by repeated streaking on fresh nutrient 
agar plates. Pure isolates were maintained as glycerol stocks (50% v/v glycerol) at −20 °C 
for subsequent screening and characterization. 

The purified bacterial isolates were screened for lipolytic activity using nutrient agar 
supplemented with phenol red and an emulsified lipid substrate, as previously described. 
Plates were incubated at 37 °C for 24–48 h, and isolates producing a distinct yellow halo 
surrounding the colony were considered presumptive lipase producers, indicating local-
ized lipid hydrolysis. 

The phenol red agar assay was employed solely as a preliminary qualitative screen-
ing method to identify candidate lipase-producing isolates. Because bacterial metabolism 
may alter the pH of the medium and consequently influence the color of phenol red, the 
qualitative plate assay was not considered definitive evidence of lipase production. There-
fore, all presumptive positive isolates were subsequently evaluated using the p-nitro-
phenyl palmitate (pNPP) assay, a quantitative spectrophotometric method for measuring 
lipase activity. Only isolates exhibiting measurable enzymatic activity in the pNPP assay 
were selected for subsequent production, purification, and biochemical characterization. 

Phenol red agar plates were prepared for qualitative screening of lipolytic activity 
using a modified olive oil–phenol red indicator medium. The medium consisted of pep-
tone (10 g/L), NaCl (5 g/L), CaCl2·5H2O (1 g/L), phenol red (0.1 g/L), olive oil (20 mL/L), 
and agar (20 g/L) dissolved in distilled water. The pH was adjusted to 7.4 using sterile 0.1 
M NaOH before autoclaving at 121 °C for 15 min. After sterilization, the medium was 
cooled to approximately 45–50 °C, and sterile olive oil was aseptically emulsified into the 
molten agar with vigorous stirring to ensure uniform substrate dispersion before pouring 
into sterile Petri dishes. After solidification, wells measuring 5 mm in diameter were asep-
tically punched into the agar using a sterile cork borer. Each well was inoculated with 10 
µL of an overnight bacterial culture. Plates were incubated at 37 °C for 24–48 h. Each well 
was inoculated with 10 µL of a standardized overnight bacterial suspension prepared by 
culturing individual isolates in nutrient broth at 37 °C for 18–24 h with shaking (150 rpm). 
The cultures were adjusted spectrophotometrically to an optical density of OD600 = 0.5, 
corresponding to approximately 1 × 108 CFU/mL before screening. A known lipase-pro-
ducing bacterial strain was included as a positive control to validate hydrolysis-zone de-
velopment, while sterile nutrient broth and a non-lipolytic bacterial isolate were used as 
negative controls to confirm the specificity of the phenol red color change and exclude 
false-positive reactions. Following inoculation, the plates were incubated at 37 °C for 24–
48 h, after which lipolytic activity was assessed by measuring the diameter of yellow hy-
drolysis zones surrounding each well [1]. Lipase production was identified by the appear-
ance of distinct yellow zones surrounding the inoculated wells, resulting from fatty acid 
release during olive oil hydrolysis, which lowered the local pH and induced a phenol red 
colour shift from red to yellow. The diameter of the hydrolysis zone was measured as an 
indicator of relative lipolytic activity. All experiments were performed in triplicate [13]. 

2.2. Quantitative Assay for Lipase Production and Selection of the Highest-Producing Isolate 

Following preliminary qualitative screening on phenol red agar plates, all isolates 
exhibiting visible hydrolysis zones were subjected to quantitative lipase production anal-
ysis in submerged fermentations to identify the highest-producing strain. 

A loopful of each selected bacterial isolate was inoculated into 50 mL sterile nutrient 
broth and incubated at 37 °C for 18–24 h with shaking (150 rpm) to prepare seed cultures. 
Thereafter, 5% (v/v) of each inoculum standardized by spectroscopy was transferred into 
100 mL Erlenmeyer flasks containing 50 mL production medium composed of glucose (8 
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g/L) and beef extract (3.1 g/L), supplemented with MgSO4·7H2O (2.03 mM), FeSO4 (0.36 
mM), K2HPO4 (1.0 mM), and KH2PO4 (1.48 mM), and distilled water, adjusted to pH 7.0 
before sterilization [2]. Fermentation was carried out at 37 °C for 48 h under agitation at 
150 rpm. At the end of incubation, cultures were centrifuged at 10,000× g for 15 min at 4 
°C, and the clear supernatant was collected as the crude extracellular enzyme extract for 
lipase assay [14]. 

2.3. Identification of the Highest Lipase-Producing Bacterial Isolate 

The bacterial isolate exhibiting the highest extracellular lipase activity during quan-
titative submerged fermentation (Section 2.2) was selected for molecular identification. 
Selection was based on enzymatic activity (U/mL) measured using the p-nitrophenyl pal-
mitate (pNPP) assay, which provided a quantitative screening of extracellular lipolytic 
potential. The selected isolate was cultured in Luria–Bertani (LB) broth (Merck, Rahway, 
NJ, USA) at 37 °C for 24 h under shaking conditions to obtain sufficient biomass. Genomic 
DNA was extracted using the Quick-DNA Fungal/Bacterial Miniprep Kit (Zymo Re-
search, Irvine, CA, USA) following the manufacturer’s protocol. DNA concentration and 
purity were assessed using a NanoDrop 2000 spectrophotometer (Thermo Fisher Scien-
tific, Waltham, MA, USA). DNA integrity was verified by electrophoresis on a 1% agarose 
gel stained with ethidium bromide. A 1000 bp DNA ladder (Fermentas, Waltham, MA, 
USA) was used as a molecular size marker. Electrophoresis was performed at 120 V for 
approximately 1 h, and DNA bands were visualized under UV illumination using a Gel 
Doc XR system (Bio-Rad, Hercules, CA, USA). Molecular identification was performed 
based on amplification of the bacterial 16S rRNA gene using universal primers 27F (5′-
AGAGTTTGATCMTGGCTCAG-3′) and 1492R (5′-CGGTTACCTTGTTACGACTT-3′). 
These primers were selected because they target highly conserved regions at the 5′ and 3′ 
ends of the bacterial 16S rRNA gene, enabling amplification of nearly full-length (~1.8 kb) 
sequences suitable for accurate taxonomic classification and phylogenetic analysis across 
a broad range of bacteria. 

PCR amplification was carried out in a PCR thermal cycler (Techne, Minneapolis, 
MN, USA) under the following conditions: initial denaturation at 95 °C for 5 min, followed 
by 30 cycles of denaturation at 95 °C for 30 s, annealing at 58 °C for 30 s, extension at 72 
°C for 1 min, and a final extension at 72 °C for 10 min. The PCR product was verified by 
agarose gel electrophoresis before DNA sequencing. The confirmed 16S rRNA PCR am-
plicon was purified and subjected to Sanger sequencing by Inqaba Biotech, South Africa. 
The obtained sequence was assembled and quality-checked before being compared 
against reference sequences in the National Center for Biotechnology Information (NCBI) 
database using BLASTn 2.17.0 to determine the closest taxonomic relatives based on se-
quence similarity [15]. Multiple sequence alignment of the obtained sequence and closely 
related reference sequences was performed using ClustalW implemented in MEGA 12 
(v.12.1) [14]. A phylogenetic tree was constructed using the Neighbor-Joining method un-
der the Tamura–Nei substitution model. The robustness of the phylogenetic tree was eval-
uated using 1000 bootstrap replicates, providing statistical support for the inferred evolu-
tionary relationships [16]. 

2.4. Strategic Optimization of Conditions for Enhanced Lipase Production 

Optimization of nutrient and physicochemical parameters for lipase production was 
performed under submerged fermentation using a one-factor-at-a-time (OFAT) approach, 
in which individual variables were systematically varied. At the same time, all other con-
ditions were kept constant, enabling a clear assessment of each factor’s specific influence 
on enzyme yield [17]. The effects of incubation time (up to 4 days), diverse lipid inducers 
(waste cooking oil, olive oil, groundnut oil, palm oil, coconut oil, palm kernel oil, and 
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orange oil), as well as varying pH (3–11) and temperature (27–60 °C), were systematically 
investigated to elucidate their individual influences on lipase production. In addition, the 
effects of different carbon sources (maltose, glucose, galactose, fructose, dextrose, lactose, 
and sucrose) and nitrogen sources (ammonium sulfate, ammonium nitrate, tryptone, 
yeast extract, peptone, and beef extract) on lipase production were systematically evalu-
ated. Lipase production was conducted in 250 mL Erlenmeyer flasks using 1% (v/v) waste 
frying oil as the sole lipid inducer and primary carbon source. The basal medium was 
composed of glucose (8 g/L) and beef extract (3.1 g/L), supplemented with MgSO4·7H2O 
(2.03 mM), FeSO4 (0.36 mM), K2HPO4 (1.0 mM), and KH2PO4 (1.48 mM), providing a bal-
anced nutritional environment to support optimal microbial growth and enzyme synthe-
sis [18]. The medium was sterilized in an autoclave for an extended time of 30 min. It was 
inoculated with an actively growing 18–24 h bacterial culture and incubated at 37 °C un-
der continuous agitation at 150 rpm for 76 h. Following incubation, the culture was cen-
trifuged at 8000× g for 20 min at 4 °C to separate the cells from the extracellular compo-
nents. The resulting cell-free supernatant was carefully collected and used for subsequent 
downstream analyses. Lipase production under the different cultivation conditions was 
evaluated based on extracellular lipase activity (U mL−1) determined from the culture su-
pernatant. Biomass determination (optical density at 600 nm or dry cell weight) was not 
included as part of the experimental design; therefore, enzyme production was assessed 
on a volumetric basis rather than being normalized to cell biomass. 

2.5. Lipase Activity Assay and Protein Estimation 

The crude enzyme extract was evaluated for extracellular lipase activity using p-ni-
trophenyl palmitate (pNPP) as the chromogenic substrate, enabling sensitive and quanti-
tative detection of enzymatic hydrolysis, as described by [19]. After 24 h of incubation, the 
cultures were centrifuged at 8000× g for 20 min to separate the cells from the medium. The 
resulting cell-free supernatant was carefully harvested and used as the crude source of 
extracellular enzymes. Lipase activity was subsequently quantified spectrophotometri-
cally at 410 nm using p-nitrophenyl palmitate (pNPP) as the substrate. For the enzyme 
blank, 900 µL of substrate solution was combined with 100 µL of enzyme production me-
dium, and the absorbance was measured under identical conditions. Lipase activity was 
then determined using a calculation based on the amount of p-nitrophenol released from 
substrate hydrolysis, providing a quantitative measure of enzymatic activity  [15]. Sub-
strate specificity of the purified SlipB lipase was evaluated using three p-nitrophenyl ester 
substrates of varying acyl-chain lengths: p-nitrophenyl laurate (C12), p-nitrophenyl pal-
mitate (C16), and p-nitrophenyl stearate (C18). Each substrate was assayed independently 
under identical reaction conditions. Briefly, substrate solutions were prepared in isopro-
panol and emulsified in Tris–HCl buffer (50 mM, pH 8.0) containing 0.5% (v/v) Triton X-
100 to ensure uniform dispersion. The reaction mixture consisted of appropriately diluted 
purified enzyme and substrate solution, followed by incubation at 37 °C for 15 min. p-
Nitrophenyl palmitate (pNPP), p-nitrophenyl stearate (pNPS), and p-nitrophenyl laurate 
(pNPL) are synthetic chromogenic substrates commonly used in lipase assays to quanti-
tatively evaluate enzymatic activity by measuring the release of the p-nitrophenol product 
upon hydrolysis. Enzymatic hydrolysis of these esters releases p-nitrophenol, which was 
quantified spectrophotometrically. 

A p-nitrophenol standard calibration curve was constructed using concentrations 
ranging from 10 to 110 µM, and absorbance was recorded at 410 nm (see Figure A6) to 
enable accurate activity determination. Lipase activity was determined spectrophotomet-
rically by measuring the release of p-nitrophenol at 410 nm. One unit (U) of enzyme activ-
ity was defined as the amount of enzyme required to release 1 µmol of p-nitrophenol per 
minute under assay conditions. Relative substrate specificity was calculated by comparing 
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enzyme activity obtained with each substrate with activity toward p-nitrophenyl palmi-
tate (pNPP), designated as 100% reference activity. This allowed comparative assessment 
of substrate-chain-length preference and catalytic selectivity. All assays were performed 
in triplicate using independent replicates, and results were expressed as mean ± standard 
deviation. 

Activity (U/mL) = ൤(Aୱ − Aୡ) − cm × Df൨(V × T)  

Definitions: 
As: Absorbance of test sample at 410 nm 
Ac: Absorbance of the control at 410 nm 
Df: Dilution factor 
V: Total volume of reaction 
T: Total reaction time 
c: Y-intercept of the p-nitrophenol standard curve 
m: Gradient of the p-nitrophenol standard curve 

2.6. Enzyme Purification 

A 100 mL cell-free supernatant aliquot was subjected to protein precipitation by the 
gradual addition of solid ammonium sulfate to attain 70% saturation, under continuous 
magnetic stirring at 4 °C. The mixture was centrifuged at 8000× g for 20 min at 4 °C using 
a high-speed refrigerated centrifuge to separate the precipitated proteins from the super-
natant. The resulting precipitate was collected for dialysis, while the protein-free super-
natant was discarded. The recovered pellets were resuspended in 20 mL of 0.50 mM Tris–
HCl buffer (pH 8.0) and dialysed overnight at 4 °C against three successive changes of the 
same buffer to ensure complete equilibration and removal of low-molecular-weight im-
purities. The resulting concentrated dialysate was then carefully applied to a CM-Se-
phadex C-50 ion-exchange column (1.5 × 20 cm) manufactured by Cytiva in Marlborough, 
USA, pre-equilibrated with 50 mM Tris–HCl buffer (pH 8.0), to enable selective protein 
adsorption based on charge interactions [19]. A linear gradient of 0–1.0 M NaCl in 50 mM 
Tris–HCl buffer (pH 8.0) was applied to elute the bound proteins from the column. Elution 
was continuously monitored by measuring absorbance at 280 nm to track protein release. 
The collected fractions were then assayed for lipase activity using a UV–Vis spectropho-
tometer to identify catalytically active eluates [19]. Finally, the protein was further puri-
fied by gel filtration chromatography using a Sephadex G-100 column. Before application, 
the pre-swollen Sephadex G-100 resin was carefully equilibrated with 50 mM Tris–HCl 
buffer (pH 8.0) to ensure optimal column performance and high-resolution separation ef-
ficiency [2]. The equilibrated resin was gently packed into a column (1.5 × 65 cm), after 
which the enzyme preparation was carefully applied. Elution was performed, and 5 mL 
fractions were systematically collected. Each fraction was subsequently analysed for li-
pase activity and protein concentration, following the same analytical procedures used in 
the earlier purification stages. Each fraction was analyzed by SDS-PAGE to evaluate both 
the yield and the purity of the purified protein [20]. 

SDS-PAGE Analysis 

SDS-PAGE was carried out  [7] to estimate the molecular weight of the enzyme and 
visualise and evaluate protein purification efficiency. Before SDS-PAGE analysis, the sam-
ples (40 µg in 15 µL distilled water) were prepared by mixing them with 5 µL of sample 
buffer (25 mM Tris-HCl buffer, pH 8.0, 2% SDS, 2% dithiothreitol, 20% glycerol and 0.02% 
bromophenol blue). The samples were then heated at 100 °C for 5 min and cooled at room 
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temperature. Samples were loaded on the gel (5% stacking gel and 10% resolving gel) and 
electrophoresed at 20 mA per gel at room temperature until the dye front reached the end 
of the gel. Coomassie Brilliant Blue R250 (0.25% dye, 10% acetic acid, 45% ethanol in dis-
tilled water) was used to stain the gels. The gels were destained (7.5% acetic acid, 5% eth-
anol in distilled water) and photographed with a Gel Doc XR system (Bio-Rad). 

2.7. Characterization of Lipase 

2.7.1. Determination of Temperature and pH Optima and Assessment of  
Enzyme Stability 

The purified Lipase AB1 was systematically characterized to evaluate its catalytic 
performance across a range of temperature and pH conditions. Optimal temperature was 
determined by assaying lipase activity using the p-nitrophenyl palmitate (pNPP) substrate 
across a temperature gradient of 10–90 °C at pH 8.0, with each reaction standardized to a 
15-min incubation period [19]. The optimum pH for lipase activity was determined across 
a broad pH range of 3 to 10 at 60 °C. Briefly, 900 µL of p-nitrophenyl palmitate (pNPP) 
substrate was prepared in buffer systems spanning the selected pH range and pre-incu-
bated at 60 °C for 15 min to ensure thermal equilibration. Thereafter, 100 µL of enzyme 
solution was added to initiate the reaction, which was allowed to proceed for a further 15 
min under the same conditions. Enzyme activity was subsequently quantified based on 
product formation. For each pH condition, a corresponding reaction mixture containing 
buffer in place of the enzyme served as the blank to account for background absorbance 
[19]. The experiments were carried out in triplicate. 

2.7.2. Influence of Organic Solvents on Lipase Activity 

The influence of organic solvents on lipase activity was systematically investigated 
using methanol, ethanol, n-butanol, ethyl acetate, isopropanol, dichloromethane, hexane, 
and toluene. Each solvent was incorporated into the reaction system at final concentra-
tions of 10% and 50% (v/v) to assess concentration-dependent effects on enzymatic perfor-
mance. Enzyme activity measured in the absence of any organic solvent was defined as 
100% and used as the control reference for all comparative analyses [21]. 

2.7.3. Influence of Metal Ions on Lipase Activity 

The effect of metal ions on lipase activity was examined using the chloride salts of 
sodium, potassium, barium, calcium, magnesium, manganese, and silver. Each metal ion 
was introduced into the reaction system to achieve final concentrations of 5 mM, 10 mM, 
and 20 mM, and the resulting enzymatic activity was subsequently quantified under each 
condition. Enzyme activity measured in the absence of metal ions was designated as 100% 
and used as the baseline reference for all comparative evaluations [22]. 

2.7.4. Determination of Kinetic Parameters 

The apparent kinetic parameters (Km and Vmax) of lipase for pNPP were determined 
by varying the concentration of pNPP between 0.005 and 0.07 mM in 50 mM Tris-HCl 
buffer, pH 8.0, and measuring the initial reaction velocities (µmol/mL/min) at a fixed vol-
ume of the enzyme. First, a 0.3 mM stock solution of the substrate (pNPP) was prepared 
by dissolving 0.001 g of pNPP in 1 mL of isopropanol and adding it to a solution contain-
ing 0.01 g of gum arabic, 50 µL of Triton X-100, and 9 mL of Tris-HCl buffer, pH 8.0. Each 
reaction mixture for initial velocity determination contained an appropriate volume of the 
pNPP (taken from the 0.3 mM stock solution) in 50 mM Tris-HCl buffer, pH 8.0, and 300 
µL of the enzyme. The reaction rate was determined for each concentration of pNPP, and 
the data were plotted according to [23–25]. 
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2.7.5. Statistical Analysis 

Statistical analyses were performed using one-way analysis of variance (ANOVA) in 
OriginPro 2025 and Microsoft Excel to evaluate differences among experimental groups. 
All data are presented as mean ± standard deviation (n = 3), ensuring reproducibility and 
reliability of the results. Statistical significance was defined at p < 0.05. Where applicable, 
distinct superscript letters (a, b, c, d, e) were used to denote significant differences between 
means, as determined by one-way ANOVA followed by Tukey’s honestly significant dif-
ference (HSD) post hoc test for multiple comparisons. Error bars were used to represent 
the standard deviation of three independent replicates. Statistical significance was calcu-
lated using replicate values; technical repeats were averaged before analysis (p < 0.05). 

3. Results 
3.1. Screening and Identification of the Lipolytic Bacterial Isolate 

In this study, 47 bacterial isolates from petroleum-contaminated soil were screened, 
and 10 exhibited clear zones on phenol red agar (see Table A1 and Figure A1), indicating 
lipase production. Table 1 shows lipase activities from both cultures. The isolate demon-
strating the highest lipase activity was designated as S. liquefaciens AB1. Based on 16S 
rRNA gene sequence analysis and BLAST comparison, the isolate was assigned to the Ser-
ratia liquefaciens complex, as members of this complex exhibit highly conserved 16S rRNA 
gene sequences that cannot be reliably resolved to the species level (see Figures A2 and 
A3). Consequently, definitive identification as S. liquefaciens would require higher-resolu-
tion genomic approaches, such as average nucleotide identity (ANI), multilocus sequence 
typing (MLST), or whole-genome sequencing. 

Table 1. Lipase activity of the ten lipase-producing isolates. 

Isolate Code Lipase Activity (U/mL) 
AB1 4.60 ± 0.27 
CK2 2.59 ± 1.22 
DY3 1.69 ± 0.35 
BC4 1.51 ± 0.16 
FD5 1.22 ± 0.66 
GD6 1.21 ± 0.65 
KV7 0.97 ± 0.11 
HN8 0.85 ± 0.21 
IP9 0.79 ± 0.18 

JX10 0.35 ± 0.15 

3.2. The Effect of Cultivation Conditions on Lipase Production in S. liquefaciens AB1 

The growth and lipase production of S. liquefaciens AB1 were systematically charac-
terized under various conditions. Lipase activity was first detecfiguret 24 h of cultivation, 
exhibiting a marked increase by 48 h. Maximum enzyme production (40.7 U/mL) was 
achieved at 72 h, after which activity gradually declined (Figure 1).  
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Figure 1. Optimization of cultural conditions for lipase production by Serratia liquefaciens AB1. (A) 
Effect of temperature (20–70 °C). (B) Effect of pH (2–12). (C) Effect of inoculum size of the basal 
medium (0.5–4.5% v/v), Legend: Red = 0.5% (v/v); Blue = 1.5% (v/v); Yellow = 2.5% (v/v); Green = 3.5% 
(v/v); Purple = 3.5% (v/v); Gray = 1.5% (v/v); Orange = 4.5% (v/v). (D) Effect of incubation period 
(24–96 h). (E) Effect of carbon sources (1% w/v). (F) Effect of nitrogen sources (0.5% w/v). Data rep-
resent mean ± SD (n = 3). Different letters above bars indicate significant differences (p ˂ 0.05) by 
one-way ANOVA followed by Tukey’s test. 

Among the vegetable oils assessed as inducers of lipase production, waste cooking 
oil (WCO) emerged as the most potent enhancer of enzyme synthesis, while coconut oil 
exhibited the weakest induction potential (Figure 2). The enzyme displayed optimal cata-
lytic performance at pH 7.0, achieving 25.4 U/mL, with activity sharply declining under 
highly alkaline conditions, reaching a minimum of 2.8 U/mL at pH 11.0. Optimization of 
the cultivation conditions demonstrated that the highest lipase production by the isolate 
occurred at 37 °C (30.7 U/mL), indicating that this temperature was optimal for enzyme 
biosynthesis under the fermentation conditions employed. This observation should not 
be interpreted as the catalytic optimum of the enzyme itself, which was determined sep-
arately using the purified enzyme preparation. In contrast, enzymatic activity diminished 
drastically at elevated temperatures, dropping to a residual 0.3 U/mL at 62 °C, indicating 
pronounced thermal sensitivity. Evaluation of carbon source utilization demonstrated 
that glucose most effectively supported lipase production, yielding the highest activity of 
35.8 U/mL. This was followed by fructose (12.6 U/mL) and galactose (10.1 U/mL), while 
maltose proved least favorable, supporting only 5.9 U/mL. Collectively, these results high-
light the enzyme’s clear dependence on specific nutritional and physicochemical condi-
tions for optimal expression and activity. For nitrogen sources, yeast extract produced the 
highest enzyme activity (40.7 U/mL), followed by ammonium nitrate (32.5 U/mL), 
whereas ammonium sulfate supported the lowest activity (2.7 U/mL). The optimal inocu-
lum size was 2.5 mL, resulting in 40.7 U/mL lipase activity, while the largest inoculum 
tested (3.5 mL) yielded the lowest activity (5.4 U/mL) (Figure 1). This study underscores 
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how growth conditions, the choice of carbon and nitrogen sources, and inoculum size col-
lectively shape the lipase production profile of S. liquefaciens AB1. 

 

Figure 2. Effect of different lipid inducers on lipase AB1 production by Serratia liquefaciens AB1 un-
der submerged fermentation conditions. 

3.3. Purification of Serratia liquefaciens Lipase 

Ion-exchange chromatography resulted in a single (see Figure A4), well-defined li-
pase activity peak, indicating effective purification of the enzyme. This step achieved a 
6.3-fold increase in purity with a 19.26% recovery, and the active fractions were carefully 
pooled for subsequent refinement. Further purification by gel filtration chromatography 
also yielded a single, distinct activity peak (see Figure A5), confirming the successful iso-
lation of the target enzyme. This step yielded a final protein concentration of 15.27 mg/mL 
and a total enzymatic activity of 9328.8 U/mL in 5 mL. The purified lipase AB1 demon-
strated an enhanced specific activity of 610.92 U/mg, corresponding to a 9.42-fold purifi-
cation with an overall recovery of 76%. Together, these results highlight the efficiency and 
selectivity of the purification strategy employed for S. liquefaciens lipase AB1. A detailed 
overview of the purification workflow and associated metrics is presented in Table 2. The 
purified lipase analysis by Electrophoretogram are shown in Figure 3a,b. 

Table 2. Purification table for Serratia liquefaciens lipase AB1. 

 Volume 
(ml) 

Total Activity 
(U/mL) 

Total Protein 
(mg/mL) 

Specific Activity 
(U/mg) 

Yield (%) Purification 
Fold 

Crude 40 55,210 ± 0.45 852 ± 0.81 64.8 ± 0.74 100.00 1.00 
60% Ammonium sulphate precipitate 20 19,376 ± 0.29 283.6 ± 0.40 68.32 ± 0.51 35.09 1.05 
Ion exchange on CM-Sephadex C-50 10 10,637.4 ± 0.69 26.05 ± 0.55 408.34 ± 0.84 19.26 6.3 

Sephadex G-100 5.0 9328.8 ± 0.36 15.27 ± 0.47 610.92 ± 0.73 16.89 9.42 
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(a) 

 
(b) 

Figure 3. (a) Electrophoretogram of crude lipase AB1. (b) Electrophoretogram of pure lipase AB1. 

3.4. Biochemical Characterization of Lipase AB1 

The lipase from S. liquefaciens AB1 (LipAB1) exhibited an optimal catalytic tempera-
ture of 60 °C, while retaining appreciable activity across a broad range of 40 °C to 80 °C. 
The effect of temperature on the catalytic activity of the purified lipase was determined 
by performing the enzyme assay at temperatures ranging from 20 to 80 °C under other-
wise identical reaction conditions (Figure 4). The enzyme exhibited activity over the entire 
temperature range tested, with catalytic activity increasing progressively from 20 to 60 °C 
and reaching a maximum at 60 °C. Beyond this temperature, enzyme activity declined, 
indicating reduced catalytic efficiency at elevated temperatures. The optimum 



Appl. Microbiol. 2026, 6, 87 13 of 30 
 

https://doi.org/10.3390/applmicrobiol6080087 

temperature of 60 °C, therefore, represents the temperature at which the enzyme dis-
played its maximum instantaneous catalytic activity during the assay and should not be 
interpreted as an indication of prolonged thermal stability. The thermal stability of the 
purified lipase was evaluated by pre-incubating the enzyme at different temperatures (30–
80 °C) for up to 180 min in the absence of substrate, after which the residual activity was 
determined under the standard assay conditions (Figure 5). Unlike the temperature opti-
mum experiment, which measures catalytic activity directly at different assay tempera-
tures, this experiment assesses the enzyme’s ability to retain activity following prolonged 
exposure to elevated temperatures. The purified lipase exhibited a gradual decline in re-
sidual activity with increasing incubation time at all temperatures tested. Activity reten-
tion was higher during the initial stages of incubation at 50–70 °C than at 30 and 40 °C, 
whereas prolonged incubation resulted in a progressive loss of activity across all temper-
atures. After 180 min, residual activity ranged from approximately 30–38%, indicating 
partial thermal inactivation following extended heat exposure. These findings demon-
strate that although the enzyme exhibits maximum catalytic activity at 60 °C during short-
term assays, its activity decreases progressively upon prolonged incubation at this and 
other temperatures, reflecting the distinction between optimum catalytic conditions and 
thermal stability. 
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Figure 4. Effects of assay temperature on the catalytic activity of the purified lipase from Serratia 
liquefaciens AB1. Enzyme activity was determined by performing the standard lipase assay at tem-
peratures ranging from 20 to 80 °C under otherwise identical reaction conditions. Activities are ex-
pressed relative to the maximum activity, which was defined as 100%. Values represent the mean ± 
standard deviation of three independent experiments. 

S. liquefaciens lipase AB1 (LipAB1) showed optimal activity at pH 8, functioning well 
within pH 6.0–7.0 as shown in Figure 6. The effect of pH on the catalytic activity of the 
purified lipase was determined by performing the standard enzyme assay in buffers rang-
ing from pH 2 to pH 10 under otherwise identical reaction conditions (Figure 6). The en-
zyme exhibited activity over a broad pH range, with maximum catalytic activity observed 
at pH 8.0. Enzyme activity decreased progressively at pH values above and below the 
optimum. The optimum pH therefore represents the condition at which the enzyme 



Appl. Microbiol. 2026, 6, 87 14 of 30 
 

https://doi.org/10.3390/applmicrobiol6080087 

exhibited the highest catalytic efficiency during the assay and does not necessarily reflect 
its stability following prolonged exposure to different pH conditions. 
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Figure 5. Thermal stability of the purified lipase from Serratia liquefaciens AB1. The purified en-
zyme was pre-incubated at 30, 40, 50, 60, 70, and 80 °C in the absence of substrate for the indicated 
time intervals (0–180 min). Following pre-incubation, residual enzyme activity was determined un-
der the standard assay conditions and expressed relative to the initial activity (100%). Values repre-
sent the mean ± standard deviation of three independent experiments. 
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Figure 6. Effects of pH on the catalytic activity of the purified lipase from Serratia liquefaciens AB1. 
Enzyme activity was determined by performing the standard lipase assay in buffers of different pH 
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values under otherwise identical reaction conditions. Activities are expressed relative to the maxi-
mum activity, which was defined as 100%. Data represent the mean ± standard deviation of three 
independent experiments. 

The pH stability of the purified lipase was evaluated by pre-incubating the enzyme 
in buffers of varying pH for the specified period, after which the residual activity was 
determined under the standard assay conditions (Figure 7). Unlike the pH optimum ex-
periment, this assay measures the enzyme’s ability to retain catalytic activity following 
prolonged exposure to different pH environments. The enzyme retained substantial ac-
tivity over a broad pH range but exhibited a gradual decline in residual activity following 
prolonged incubation under both acidic and alkaline conditions. These findings indicate 
that although the enzyme displays maximum catalytic activity at pH 8.0 during short-
term assays, prolonged exposure to different pH conditions results in partial loss of activ-
ity, demonstrating that optimum catalytic pH and pH stability represent distinct biochem-
ical properties. 
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Figure 7. pH stability of the purified lipase from Serratia liquefaciens AB1. The purified enzyme was 
pre-incubated in buffers of different pH values for the specified incubation period in the absence of 
substrate. Residual enzyme activity was subsequently determined under the standard assay condi-
tions and expressed relative to the initial activity (100%). Data represent the mean ± standard devi-
ation of three independent experiments. 

3.4.1. Substrate Specificity 

The substrate specificity analysis revealed that LipAB1 exhibits a marked preference 
for p-nitrophenyl palmitate (pNPP), while displaying minimal activity toward p-nitro-
phenyl laurate (pNPL), as summarized in Table 3. Comparative evaluation of enzyme ac-
tivity across the tested p-nitrophenyl (pNP) ester substrates (pNPP, pNPL, and pNPS) 
demonstrated that the enzyme achieved its highest relative activity (91%) with pNPP. This 
pronounced affinity for pNPP, a long-chain fatty acid ester, underscores the enzyme’s 
substrate selectivity and strongly supports its classification as a true lipase. Such enzymes 
are characteristically adept at catalyzing the hydrolysis of long-chain triglycerides, 
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highlighting the catalytic efficiency and functional relevance of LipAB1 in lipid transfor-
mation processes. Activity was lower when pNPL was used, with a relative activity of 
77%, demonstrating moderate affinity for medium-chain substrates. The lowest activity 
was observed with pNPS, a short-chain ester, where the enzyme showed only 42% activ-
ity. The statistical letters a, b, and c indicate the outcome of a post hoc multiple comparison 
test (commonly Tukey’s HSD) performed after a one-way ANOVA to determine whether 
the relative activities differ significantly among the three substrates. 

Table 3. Substrate specificity on lipase activity. 

Substrates Relative Activity (%) 
pNPP 91.21 ± 0.31 a 
pNPL 76.57 ± 0.62 b 
pNPS 41.83 ± 0.79 c 

3.4.2. Influence of Organic Solvents on Lipase Activity 

In this study, the effect of different organic solvents on the lipolytic activity of LipAB1 
was investigated (Table 4), which showed varying stabilities across the hydrophobic and 
hydrophilic solvents tested. The highest activity was observed in isopropanol, which is a 
hydrophilic solvent compared to the most hydrophobic solvent used (hexane). The activ-
ity of lipase was enhanced by 10% isopropanol, reaching 140% relative activity. Lipase 
also retained more than 70% residual activity in 10% methanol and 10% ethanol. The en-
zyme lost over 70% of its activity in the presence of 10% n-butanol and hexane. 

Table 4. Influence of Organic Solvents on Lipase Catalytic Activity. 

Solvent Relative Activity (%)  
 10% 50% 

Methanol 80.75 ± 0.61 b 30.66 ± 0.55 g 
Ethanol 61.47 ± 0.56 c 20.79 ± 0.70 h 

n-Butanol 21.53 ± 1.32 h 10.69 ± 0.53 k 
Ethylacetate 40.95 ± 0.60 e 14.61 ± 0.48 j 
Isopropanol 140.89 ± 0.21 a 15.92 ± 0.14 j 

Toluene 50.63 ± 0.51 d 18.71 ± 0.54 i 
Dichloromethane 35.76 ± 0.64 f 8.64 ± 0.50 l 

Hexane 10.54 ± 0.50 k 5.65 ± 0.53 m 
The statistical letters indicate the outcome of a post hoc multiple-comparison test performed after a 
one-way ANOVA to determine whether the relative activities differ significantly among the organic 
chemicals. Different lowercase superscript letters (a–m) within the table indicate statistically signif-
icant differences among the mean values (p < 0.05), whereas values sharing the same letter are not 
significantly different (p > 0.05). Data are presented as mean ± standard deviation (SD) of three in-
dependent experiments. 

3.4.3. Influence of Salt Ions on Lipase Catalytic Activity 

The effects of chloride salts of selected monovalent (Na+, K+) and divalent (Ca2+, Ba2+, 
Mg2+, Mn2+, Hg2+) metal ions on the catalytic performance of lipase AB1 were systemati-
cally investigated. The enzyme responded differentially depending on both ion type and 
concentration, revealing a clear pattern of activation and inhibition. Among all tested ions, 
Ca2+ emerged as the most potent activator, consistently enhancing lipase activity across all 
concentrations, with maximal stimulation observed at 10 mM (Figure 8). Similarly, K+ pro-
moted enzyme activity at lower concentrations (5 and 10 mM); however, at 20 mM, it ex-
erted an inhibitory effect, reducing activity by approximately 25%. Na+ and Ba2+ also acted 
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as effective activators over the tested range (5–20 mM), with Na+ at 10 mM producing the 
most pronounced enhancement, elevating relative activity to nearly 150%. In contrast, 
Mn2+ and Hg+ displayed strong inhibitory effects even at the lowest concentrations (5 and 
10 mM), reflecting their disruptive interaction with the enzyme’s catalytic architecture. 
Mg2+ showed a concentration-dependent decline in activity, with noticeable inhibition at 
20 mM, while Mn2+ completely abolished enzymatic activity at this concentration. 

 

Figure 8. The effect of different metal ions (Na+, K+, Ca2+, Ba2+, Mg2+, Mn2+, and Hg+) at varying con-
centrations (5, 10, and 20 mM) on lipase activity, highlighting their stimulatory and inhibitory effects 
on enzyme activity. Bars with different lowercase letters (a–n) indicate statistically significant dif-
ferences among treatments (p < 0.05), whereas bars sharing the same lowercase letter are not sig-
nificantly different according to Tukeyʹs honestly significant difference (HSD) test following one-
way ANOVA. 

3.4.4. Lipase Kinetic Parameters 

The kinetic parameters of LipAB1 were calculated from the Lineweaver–Burk dou-
ble-reciprocal plot generated from varying concentrations of p-nitrophenyl palmitate. The 
linear regression analysis showed a strong goodness-of-fit (R2 = 0.98xx), indicating that 
the Michaelis–Menten model accurately describes the catalytic behaviour of LipAB1 un-
der the assay conditions employed. The high correlation coefficient validates the reliabil-
ity of the calculated Km and Vmax values and confirms consistent substrate–enzyme in-
teraction across the tested concentration range. A strong linear fit further suggests mini-
mal experimental deviation and supports the interpretation that LipAB1 follows classical 
saturation kinetics typical of true lipases. 

4. Discussion 
Bacterial lipases are among the most industrially relevant biocatalysts due to their 

catalytic versatility, operational stability, and adaptability to diverse reaction environ-
ments [2]. In the present study, S. liquefaciens AB1 isolated from petroleum-contaminated 
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soil exhibited pronounced lipolytic activity, supporting the premise that hydrocarbon-
rich environments selectively enrich for microorganisms with enhanced lipid-degrading 
capabilities [1]. Such ecological niches provide continuous exposure to complex hydro-
phobic substrates, thereby promoting the evolution and expression of robust lipases with 
biotechnological relevance [1]. 

The isolation and screening of lipase-producing bacteria from petroleum-contami-
nated soil underscore the ecological significance of hydrocarbon-rich environments as res-
ervoirs of metabolically specialized microorganisms. The strong lipolytic activity ob-
served for S. liquefaciens AB1 confirms that continuous exposure to lipidic substrates en-
hances the selection of strains with efficient hydrolytic systems. Although phenol red agar 
is widely used for the preliminary screening of lipase-producing microorganisms, 
changes in medium pH resulting from bacterial metabolism may contribute to color 
changes independently of lipid hydrolysis. To minimize the likelihood of false-positive 
identification, qualitative screening was used only to identify candidate isolates, and li-
pase production was subsequently confirmed by quantitative p-nitrophenyl palmitate 
(pNPP) assays before further characterization. This aligns with the concept that environ-
mental pressure in contaminated niches drives the evolution of enzymes with improved 
catalytic adaptability and industrial relevance. A study by [21] isolated Serratia sp. TAN 
611, a lipase-producing bacterium, was isolated from an environmentally contaminated 
site in China. The production kinetics (Figures 1 and 2) revealed a peak in lipase activity 
at 72 h, followed by a gradual decline. This trend is characteristic of growth-associated 
enzyme synthesis, where maximal production coincides with the late exponential phase. 
The subsequent reduction in activity is likely due to nutrient depletion, accumulation of 
inhibitory by-products, or proteolytic degradation. There were variations in extracellular 
lipase activity under different carbon-source supplementation conditions. The highest 
measured activity was observed at 37 °C and pH 7.0 for 72 h with an enzyme activity of 
40 U/mL, indicating that this condition supported greater detectable lipase activity in the 
culture supernatant. However, because biomass accumulation and carbon-source utiliza-
tion were not quantified, these differences cannot be unequivocally attributed to enhanced 
enzyme expression at the cellular level and may partly reflect differences in bacterial 
growth or substrate metabolism. The effectiveness of waste frying oil as an inducer further 
highlights its dual role as a carbon source and a regulatory signal for lipase expression, 
supporting its application in cost-effective fermentation strategies. Notably, waste frying 
oil serves as an economical and sustainable lipid substrate for enzyme production, thereby 
enhancing process viability while aligning with circular economy principles that promote 
waste valorization and resource recycling [23]. The observed variation in lipase produc-
tion in response to supplementary carbon sources should be interpreted cautiously, since 
waste frying oil itself constitutes a complex lipid substrate capable of serving as both a 
carbon source and an inducer of lipase synthesis. Thus, the effects of added carbohydrates 
may reflect interactions between substrate induction and metabolic regulation rather than 
simple carbon-source preference. Since a waste frying oil WFO-only control was not in-
cluded in the present study, the relative contribution of supplementary carbon sources 
versus basal lipid utilization could not be fully resolved. Future work should include car-
bon-free supplementation controls and molecular analyses to clarify these regulatory in-
teractions. 

The effect of cultivation conditions on lipase production in S. liquefaciens AB1 (Figure 
1) resulted in a 9.42-fold increase in enzyme production, demonstrating the strong influ-
ence of medium composition on metabolic output. The combined use of beef extract, glu-
cose, and waste cooking oil provided a balanced nutrient matrix that enhanced microbial 
growth and enzyme secretion. These findings reinforce the feasibility of utilizing waste 
cooking oil to improve process efficiency while reducing production costs in large-scale 
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applications. Fermentation optimization, particularly with suitable carbon and nitrogen 
sources, significantly enhances yield [2]. The present study evaluated lipase production 
based on volumetric enzyme activity (U mL−1), which is commonly used for the prelimi-
nary optimization of microbial enzyme production. However, biomass accumulation was 
not determined under the different cultivation conditions. Consequently, the observed 
increases in lipase activity cannot be unequivocally attributed to enhanced enzyme induc-
tion alone, as differences in cell growth may also have contributed to the measured en-
zyme yields. Determination of optical density or dry cell weight would enable calculation 
of biomass-normalized specific productivity and provide a clearer distinction between in-
creased microbial growth and true induction of lipase biosynthesis. This represents a lim-
itation of the present study and should be addressed in future investigations to further 
optimize enzyme production and improve the understanding of regulatory responses to 
different cultivation conditions. Although the enzyme showed the highest hydrolytic ac-
tivity toward the long-chain substrate p-nitrophenyl palmitate, the present study did not 
include comparative assays using emulsified and non-emulsified triglyceride substrates 
to evaluate interfacial activation, a characteristic feature of true lipases. Therefore, while 
the biochemical properties observed are consistent with those of microbial lipases, addi-
tional studies employing natural triglyceride substrates and interfacial activation assays 
are required. 

The lipase (LipAB1) from S. liquefaciens AB1 was successfully purified using a con-
ventional stepwise purification strategy involving ammonium sulfate precipitation, ion-
exchange chromatography, and gel filtration. Although the overall purification factor 
(9.42-fold) appears modest compared to recombinant affinity-tag systems [24], this out-
come is consistent with native enzyme purification workflows where no engineered affin-
ity handles are present and multiple host-derived proteins and isoforms may co-elute. The 
progressive increase in specific activity from 68.32 to 610.92 U/mg confirms effective en-
richment of the target lipase throughout the purification scheme. The observed 75% re-
covery further indicates that the enzyme remained relatively stable during processing, 
which is important for downstream biochemical characterization. Higher purification 
yields could potentially be achieved in future work through recombinant expression sys-
tems incorporating affinity tags or by integrating additional polishing steps such as hy-
drophobic interaction chromatography. Nevertheless, the current purification approach 
is sufficient to support the functional characterization presented in this study. Similarly, 
P. aeruginosa BUP2 lipase showed a 36-fold increase in purity and a 20% yield upon puri-
fication with ammonium sulfate and Sephadex G-100. S. marcescens VT 1 produced a psy-
chrophilic lipase, stable in organic solvents and at high temperatures, which was success-
fully purified using 60% ammonium sulfate [25]. These findings confirm that combining 
precipitation with chromatography significantly improves enzyme purification. 

To study the molecular properties of proteins, scientists determine their molecular 
weight and subunits [26]. The molecular weight of proteins is commonly determined by 
SDS-PAGE, a robust analytical technique that resolves proteins primarily by size. Alt-
hough separation is largely governed by molecular mass, the migration pattern may be 
subtly influenced by residual effects of protein charge and conformational characteristics 
[27]. SDS-PAGE analysis revealed a molecular mass of approximately 64 kDa for the pu-
rified lipase (Figure 3b), placing it within the upper range of bacterial lipases. This rela-
tively higher molecular weight may reflect structural complexity, such as additional do-
mains or regulatory regions, which could influence substrate binding and catalytic effi-
ciency. The variation in molecular mass compared to other microbial lipases highlights 
the structural diversity within this enzyme class.[23]reported that the purified lipase from 
B. coagulans BTS-3 is a monomeric enzyme with an estimated molecular mass of approxi-
mately 31 kDa. Consistently, multiple studies have shown that lipases derived from 



Appl. Microbiol. 2026, 6, 87 20 of 30 
 

https://doi.org/10.3390/applmicrobiol6080087 

Bacillus species generally fall within a molecular weight range of 30–90 kDa, highlighting 
the structural diversity yet conserved functional framework of this enzyme family [18]. 
Studies have shown that lipases from B. coagulans ZJU318, B. thermoleovorans ID-1, B. cereus 
C71, and Bacillus sp. J33 exhibit distinct molecular masses of approximately 32, 34, 42, and 
45 kDa, respectively. This variation underscores the pronounced structural diversity 
within Bacillus-derived lipases, reflecting their evolutionary adaptability and functional 
versatility [18]. 

The effects of temperature and pH (Figures 4–7) showed optimal activity at 60 °C and 
pH 8.0, with stability across a moderately alkaline range. The purified lipase (LipAB1) 
exhibited maximal catalytic activity at 60 °C, indicating efficient substrate turnover at el-
evated temperatures. However, prolonged incubation above 50 °C resulted in a gradual 
loss of residual activity, suggesting moderate thermotolerance rather than exceptional 
thermostability. This behavior differs from that of highly thermostable industrial lipases 
such as those from Thermomyces lanuginosus [18], which retain high catalytic activity after 
extended exposure to elevated temperatures. Nevertheless, the observed thermal toler-
ance remains sufficient for potential applications requiring transient exposure to moder-
ately elevated processing temperatures. This profile is consistent with many bacterial li-
pases and indicates suitability for processes operating under mild to moderately alkaline 
conditions. The broad pH tolerance suggests that the enzyme maintains structural integ-
rity and catalytic functionality despite changes in protonation states, contributing to its 
operational robustness. Enzyme activity and stability are highly dependent on tempera-
ture and pH [18]. This thermostability is comparable to that of lipases from Bacillus and 
Pseudomonas species, which typically function best between 30 °C and 55 °C [28]. For in-
stance, B. subtilis 168 lipase remains fully stable at 40 °C, while recombinant versions peak 
at 43 °C but decline above 45 °C. In contrast, cold-adapted lipases, such as those from S. 
marcescens VT1, operate best at 10–30 °C but lose stability at higher temperatures [29]. S. 
liquefaciens lipase (LipAB1) demonstrates strong thermostability suitable for industrial use 
at moderate temperatures. The lipase from S. liquefaciens displayed peak catalytic activity 
at pH 8.0, while maintaining considerable enzymatic activity across a moderately alkaline 
pH range (6.0–9.0). This broad pH tolerance highlights the enzyme’s robustness and 
adaptability under near-physiological to alkaline conditions. This pH-dependent behav-
ior likely reflects alterations in the protonation states of key amino acid residues, which 
can modulate the enzyme’s three-dimensional conformation and its affinity for the sub-
strate [30]. Although S. liquefaciens grows best under slightly acidic conditions, its lipase 
aligns with the alkaline optima commonly reported for bacterial lipases, such as those 
from S. marcescens (pH 7–8), B. subtilis, Psychrobacter spp., and lipase ZC12 (pH 8–9), which 
also maintain stability between pH 6.0 and 10.0. This alkaline preference enhances its ap-
plicability in industrial processes requiring high-pH environments, such as detergents 
and bioremediation [1]. 

The type of substrate significantly influences enzyme activity, as enzymes are most 
effective with specific substrates [31]. Table 3 reveals substrate specificity on lipase activity. 
The purified enzyme exhibited the highest activity toward the long-chain substrate p-ni-
trophenyl palmitate (pNPP), indicating a preference for long-chain fatty acid esters. Alt-
hough this substrate preference is consistent with the catalytic characteristics reported for 
many bacterial lipases, hydrolysis of synthetic p-nitrophenyl esters alone is insufficient to 
unequivocally distinguish lipases from esterases. Therefore, definitive classification 
would require complementary assays using natural emulsified triglyceride substrates 
such as tributyrin, olive oil, or triolein. This substrate preference aligns with findings in B. 
megaterium, which also showed the highest activity with pNPP [18]. While pNPP generally 
enhances enzyme activity more than pNPL, some lipases display lower or no activity with 
these substrates [32]. 
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Solvent stability and metal ion effects (Figure 8 and Table 4) further highlight the 
enzyme’s adaptability. The retention of activity in organic solvents indicates structural 
resilience, a key requirement for non-aqueous biocatalysis. The observed effects of metal 
ions on LipAB2 activity suggest that enzyme catalysis is strongly influenced by ion-spe-
cific interactions with amino acid residues located within or proximal to the catalytic do-
main. Metal ions can modulate lipase activity through several mechanisms, including sta-
bilization of enzyme conformation, electrostatic shielding of charged residues, alteration 
of substrate accessibility, or direct interaction with catalytically important side chains. The 
distinct responses observed for different ions indicate that LipAB1 possesses metal-re-
sponsive structural regions that influence catalytic efficiency. The enhanced lipase activity 
observed in the presence of Na+, K+, Ca2+, and Ba2+ suggests that these ions promote struc-
tural stabilization through electrostatic interactions with acidic residues, thereby improv-
ing active-site integrity, substrate binding, and catalytic turnover [22]. Calcium, in partic-
ular, likely stabilizes flexible loop regions near the catalytic site, facilitating proper residue 
orientation and interfacial activation, as commonly reported for bacterial lipases [31]. In 
contrast, the strong inhibition by Hg+ likely results from its interaction with thiol-contain-
ing residues, causing conformational distortion and disruption of catalytic alignment. The 
inhibitory effects of Mn2+ and Mg2+ may arise from nonspecific binding to acidic side 
chains, inducing structural constraints or competing with beneficial stabilizing ions such 
as Ca2+. The metal-ion response profile indicates that LipAB1 activity depends on a finely 
balanced structural framework in which stabilizing cations enhance catalytic efficiency, 
whereas inhibitory ions disrupt active-site geometry. These findings support the canoni-
cal α/β-hydrolase fold of bacterial lipases and provide insight into metal-responsive struc-
tural determinants relevant for future enzyme engineering and industrial optimization 
[31]. 

In organic synthesis, enzymes must retain both catalytic activity and structural sta-
bility when exposed to organic solvents [32]. Organic solvents are widely used in indus-
trial processes involving lipases, including the production of fatty acid esters and bio-
diesel [33]. The stability of an enzyme in these solvents depends on both the enzyme and 
the solvent properties. Choosing the right solvent is important for efficient enzyme activ-
ity [34]. Enzyme stability is strongly governed by the nature of the surrounding solvent 
environment, particularly its polarity. Hydrophobic (water-repelling) and hydrophilic 
(water-attracting) solvents differentially influence protein conformation, thereby affecting 
structural integrity, flexibility, and overall catalytic stability [2]. According to Table 4 on 
the Influence of Organic Solvents on Lipase Catalytic Activity, the purified lipase exhib-
ited differential tolerance to the tested organic solvents, with enzyme activity generally 
decreasing as solvent concentration increased from 10% to 50% (v/v). At 10% (v/v), isopro-
panol significantly enhanced lipase activity to 140.89 ± 0.21%, indicating a strong activat-
ing effect. Methanol (80.75 ± 0.61%) and ethanol (61.47 ± 0.56%) retained relatively high 
residual activities, whereas toluene (50.63 ± 0.51%), ethyl acetate (40.95 ± 0.60%), dichloro-
methane (35.76 ± 0.64%), n-butanol (21.53 ± 1.32%), and hexane (10.54 ± 0.50%) caused 
varying degrees of inhibition. At 50% (v/v), all solvents markedly reduced enzyme activity, 
with methanol retaining the highest residual activity (30.66 ± 0.55%), while hexane exhib-
ited the strongest inhibitory effect (5.65 ± 0.53%). These findings indicate that the lipase 
possesses moderate tolerance to polar organic solvents at low concentrations but is sub-
stantially inhibited at higher solvent concentrations, likely due to solvent-induced disrup-
tion of enzyme conformation and the essential hydration layer required for catalytic ac-
tivity. The activation observed in 10% isopropanol suggests potential suitability of the en-
zyme for biocatalytic applications involving low concentrations of polar organic solvents. 

Metal ions play a pivotal role in modulating enzyme activity, functioning as either 
activators or inhibitors depending on the system. Beyond catalytic modulation, they can 
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stabilize or perturb protein conformation and, in some cases, participate directly in redox 
processes by acting as electron donors or acceptors, thereby influencing overall enzymatic 
function and efficiency [31]. The influence of metal ions on enzymes is highly dependent 
on their specific type and concentration; certain ions can enhance catalytic activity and 
structural stability, whereas others may inhibit function or even cause enzyme inactiva-
tion [14,35]. To overcome the negative effects of metal ions, immobilization is a useful 
strategy. Immobilization allows the enzyme to be reused multiple times, which is benefi-
cial for industrial applications like biodiesel (FAME) production [12]. Heavy metals can 
interact with enzymes’ sulfhydryl groups and inhibit catalytic activity if an essential cys-
teine residue is involved [12]. This observation is consistent with the reduced lipase activ-
ity detected in the presence of Hg2+ in the present study. However, the fact that inhibition 
plateaued at approximately 50% across all tested concentrations suggests that the cysteine 
residue potentially involved in heavy metal interaction is not critical for the enzyme’s core 
catalytic function, indicating a degree of structural or functional resilience within the ac-
tive site architecture [36]. The enhancement of lipase activity by Ca2+ is primarily due to 
its ability to form insoluble calcium salts with fatty acids during hydrolysis, which pre-
vents product inhibition. [34]reported that calcium ions (Ca2+) had the greatest stimulatory 
effect on S. marcescens VT 1, allowing the enzyme to retain 96% of its activity. On the other 
hand, mercury ions (Hg2+) had the strongest inhibitory effect, reducing enzyme activity 
by 88% [8]. Earlier investigations on Serratia lipases have revealed that Ca2+ ions frequently 
serve as activators, markedly boosting the enzyme’s catalytic efficiency by stabilizing its 
active conformation [37]. 

Kinetic characterization (Figure 9) demonstrated clear substrate-dependent catalytic 
behaviour of LipAB1, with the enzyme exhibiting a marked preference for p-nitrophenyl 
palmitate. This substrate selectivity indicates a strong affinity for long-chain fatty acid es-
ters, a feature commonly associated with lipases involved in the hydrolysis of hydropho-
bic substrates, such as petroleum hydrocarbons. Such specificity is particularly advanta-
geous for applications in hydrocarbon bioremediation and industrial lipid transformation 
processes. The observed variation in kinetic parameters across substrates further high-
lights the importance of substrate selection when assessing catalytic efficiency and pre-
dicting industrial suitability. The kinetic properties of lipases, particularly the Michaelis 
constant (Km) and maximum reaction velocity (Vmax), are strongly influenced by enzyme 
origin, structural conformation, and substrate physicochemical characteristics, all of 
which govern enzyme–substrate interactions under specific assay conditions. In the pre-
sent study, LipAB1 displayed kinetic behaviour consistent with efficient long-chain ester 
hydrolysis, supporting its classification as a true lipase rather than a nonspecific esterase 
[25]. A limitation of the present kinetic characterization is that catalytic constants such as 
kcat and kcat/Km could not be determined because the enzyme was only partially purified, 
preventing precise molar quantification of active enzyme concentration. Consequently, 
kinetic observations are restricted to apparent activity parameters measured using the 
chromogenic surrogate substrate p-nitrophenyl palmitate. Comparison with previously 
reported microbial lipases further emphasizes the distinctive catalytic characteristics of 
lipase AB1 [7]reported a lipase from B. licheniformis with a Km of 29 mM and Vmax of 0.64 
µM/min under standard assay conditions. However, when p-nitrophenyl palmitate was 
used as a substrate, the Km decreased substantially to 4.345 mM. At the same time, Vmax 
increased to 38.46 µM/min, reflecting enhanced substrate affinity and catalytic efficiency 
toward long-chain esters [7]. Similarly,  [10] described a lipase from Trichoderma viride 
with a Km of 1.14 mM and Vmax of 0.056 µM/min, indicative of relatively high substrate 
affinity but lower catalytic turnover. Compared with these reports, LipAB1 exhibited a 
catalytic profile suggestive of efficient substrate recognition coupled with strong turnover 
capacity for hydrophobic long-chain substrates. More importantly, its kinetic behaviour 
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compares favourably with previously described Serratia lipases, which have generally 
been reported as extracellular enzymes with moderate catalytic efficiency and limited sub-
strate-specific kinetic characterization. Earlier studies of S. liquefaciens lipases primarily 
focused on production optimization and broad activity profiling rather than detailed ki-
netic evaluation against defined synthetic esters. Consequently, direct kinetic compari-
sons within the genus remain limited. Nevertheless, the strong preference of LipAB1 for 
p-nitrophenyl palmitate distinguishes it from several previously characterized Serratia li-
pases, which often display broader substrate promiscuity with reduced discrimination to-
ward long-chain esters. The stability profile of LipAB1 further strengthens its industrial 
relevance. Unlike several previously reported Serratia lipases that exhibit activity loss at 
elevated temperatures or under extended incubation, LipAB1 retained substantial cata-
lytic activity across a broad operational range, indicating enhanced structural resilience. 
This behaviour may reflect sequence-level adaptations within the lipase AB1 isoform that 
confer improved conformational stability. Such stability is particularly advantageous for 
industrial processes requiring prolonged reaction times, fluctuating thermal conditions, 
or operation in hydrocarbon-rich environments. Comparable studies on S. liquefaciens li-
pases have reported thermostable activity following pasteurization treatments; however, 
the sustained catalytic performance observed for LipAB1 suggests greater robustness than 
many previously described members of the genus. These findings demonstrate that 
LipAB1 combines strong substrate specificity for long-chain esters with a favourable ki-
netic and stability profile that compares well with previously reported Serratia lipases and 
other microbial lipases. These distinguishing characteristics support its potential as a 
novel biocatalyst for applications in petroleum hydrocarbon degradation, biodiesel syn-
thesis, and other industrial processes requiring stable and efficient lipid hydrolysis. 

 

Figure 9. Lineweaver–Burk double-reciprocal plot for the determination of kinetic parameters of 
LipAB1 using varying concentrations of p-nitrophenyl palmitate. Reciprocal substrate 
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concentration (1/[S]) was plotted against reciprocal reaction velocity (1/V0) to determine the Mich-
aelis constant (Km) and maximum reaction velocity (Vmax) from the slope and intercept of the re-
gression line. Data points represent mean values obtained from three independent biological repli-
cates. The linear regression equation was y = 379.83x + 37.301, with a goodness-of-fit coefficient of 
R2 = [0.98xx], confirming the accuracy of the kinetic model and supporting the reliability of the cal-
culated catalytic parameters. 

The industrial relevance of LipAB1 extends beyond its catalytic activity, as its bio-
chemical characteristics suggest several advantages over many commercially available li-
pases currently used in biotechnological applications. Commercial lipases, such as those 
derived from Candida antarctica, T. lanuginosus, and Rhizomucor miehei, are widely valued 
for their catalytic efficiency and stability; however, their industrial deployment is often 
constrained by high production costs, dependence on refined fermentation substrates, and 
reduced catalytic performance in complex environmental matrices such as petroleum-
contaminated soils and hydrocarbon-rich waste streams. In contrast, LipAB1 was pro-
duced using low-cost agro-industrial food waste as both the principal carbon source and 
inducer, demonstrating a more sustainable and economically attractive production strat-
egy. This substantially reduces production costs while simultaneously contributing to 
waste valorisation and circular bioeconomy objectives. 

A further distinguishing feature of LipAB1 is its strong preference for long-chain 
fatty acid esters, particularly p-nitrophenyl palmitate, indicating a catalytic architecture 
well suited to the degradation of hydrophobic, lipid-rich substrates. This characteristic is 
especially relevant for environmental remediation, where petroleum hydrocarbons and 
industrial oily wastes often present limited aqueous solubility and require enzymes capa-
ble of maintaining catalytic efficiency at hydrophobic interfaces. Many commercial lipases 
are optimized primarily for controlled industrial esterification or transesterification reac-
tions under relatively purified process conditions, whereas LipAB1 appears naturally 
adapted for activity in heterogeneous and contaminated environments due to its origin 
from petroleum-polluted soil. This ecological adaptation likely contributes to enhanced 
substrate accessibility and catalytic persistence under environmentally challenging con-
ditions. 

The enzyme’s operational stability further supports its superiority for practical de-
ployment. Commercial lipases frequently require immobilization, formulation additives, 
or tightly controlled reaction conditions to maintain long-term catalytic performance. 
LipAB1 retained substantial activity across a broad operational range without requiring 
such stabilization strategies, suggesting intrinsic structural robustness. This resilience re-
duces downstream processing requirements and operational complexity, which could 
lower implementation costs in large-scale applications such as wastewater treatment, bi-
odiesel production, and industrial effluent remediation. 

Additionally, recombinant expression of S. liquefaciens lipases in E. coli is generally 
straightforward and cost-effective compared with fungal expression systems often re-
quired for commercial lipases. This offers a practical advantage for scalable manufactur-
ing, enabling rapid production optimization and potential genetic engineering for further 
enhancement of catalytic performance. From an environmental perspective, LipAB1 pro-
duction aligns strongly with green biotechnology principles. Its production from renew-
able waste feedstocks minimizes resource consumption, while its capacity for efficient hy-
drolysis of hydrophobic substrates supports environmentally benign remediation pro-
cesses that reduce reliance on harsh chemical treatments. These combined attributes posi-
tion LipAB1 not merely as another microbial lipase but as a potentially superior alterna-
tive to several existing commercial biocatalysts for applications requiring low-cost pro-
duction and environmental resilience. These features provide strong justification for the 
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industrial and environmental superiority of LipAB1 and support its development as a 
next-generation biocatalyst for sustainable biotechnology applications. 

The integration of production and characterization (Figures 1–9 and Tables 1–4) es-
tablishes S. liquefaciens lipase (LipAB1) as a robust and industrially relevant biocatalyst. 
Its favorable biochemical properties position it as a promising candidate for environmen-
tal and biotechnological applications. Future studies will focus on structural elucidation 
and molecular engineering to further optimize its catalytic performance in environmental 
remediation, especially in oil-contaminated soils. 

5. Conclusions 
This study reports the isolation of the lipolytic Serratia liquefaciens AB1 strain from 

petroleum-contaminated soil and the production, purification, and biochemical character-
ization of its extracellular lipolytic enzyme. The isolate demonstrated efficient lipase pro-
duction using waste frying oil as an inexpensive and sustainable inducer, highlighting the 
potential of agro-industrial waste for cost-effective enzyme production and supporting 
circular bioresource utilization. The purified enzyme exhibited a specific activity of 610.92 
U mg−1, a recovery yield of 75%, and a 9.42-fold purification, indicating an efficient puri-
fication strategy. Biochemical characterization revealed a preference for the long-chain 
substrate p-nitrophenyl palmitate (pNPP) and demonstrated favorable catalytic proper-
ties over a broad range of temperatures and pH values. The enzyme also retained sub-
stantial activity in the presence of several organic solvents, particularly isopropanol, sug-
gesting potential utility in non-aqueous biocatalytic processes. 

The findings presented in this study are limited to the production and biochemical 
characterization of the purified enzyme under the experimental conditions employed. Alt-
hough the observed substrate preference and catalytic properties are consistent with those 
reported for microbial lipolytic enzymes, comparative assays using emulsified and non-
emulsified substrates to evaluate interfacial activation were not performed. Similarly, bi-
omass-normalized productivity and additional confirmatory control experiments were 
not included in the experimental design. Therefore, definitive conclusions regarding en-
zyme classification, induction mechanisms, or its effectiveness as a biocatalyst for biore-
mediation cannot be drawn from the present data. The manuscript has been revised ac-
cordingly to ensure that all interpretations remain directly supported by the experimental 
evidence. 

Finally, although S. liquefaciens AB1 represents a promising source of industrially rel-
evant lipolytic enzymes, its occasional classification as an opportunistic pathogen war-
rants careful consideration for large-scale applications. Consequently, heterologous ex-
pression of the enzyme in well-established, non-pathogenic production hosts such as Esch-
erichia coli, Bacillus subtilis, or Komagataella phaffii may provide a safer and more scalable 
platform for future industrial exploitation while facilitating regulatory compliance and 
downstream processing. 
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Appendix A 

Table A1. Colonial and Cellular Morphologies of Some Selected Isolates. 

S/n Isolate 
Code Colour Elevation Margin Shape Gram Reac-

tion Cell Shape Cell Arrange-
ment Endospore 

1 A Cream Raised Undulate Irregular Positive Rod Chains 
Present; Cen-

tral 
2 B Cream Convex Entire Punctiform Positive Rod Chains Present 
3 C Cream Convex Entire Punctiform Positive Cocci Clusters Absent 
4 D Cream Raised Undulate Irregular Positive Rod Chains in clusters Absent 
5 E Yellow Convex Entire Punctiform Positive Cocci Clusters Absent 

6 F Cream Convex Entire Circular Positive Long rods Chains 
Present; Cen-

tral 
7 G Cream Convex Entire Circular Positive Rod Clusters Present 
8 H Cream Convex Entire Punctiform Positive Rod Clusters Present 

 

  
Figure A1. Lipolytic activities of phenol red-olive oil agar plates. 

 

Figure A2. Agarose Gel of Eluted DNA. 
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Figure A3. Agarose Gel of the lipase gene. 

 

Figure A4. Elution profile of lipase on CM Sephadex C-50 ion-exchange chromatography. 

1800 bp 
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Figure A5. Gel-filtration chromatography on Sephadex G-100 of lipase. The Black bar represents the 
pure enzyme pooled fraction. 

 

Figure A6. Paranitrophenol standard curve 
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